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ABSTRACT 

 

Thioesters are ubiquitous functional groups in both chemistry and biology owing to 

their unique chemical properties. Thioester bonds are less stable than ester or amide 

bonds, but they are relatively stable in physiological environment. My main focus is the 

chemical biology of thioesters in this thesis. In the first part, I demonstrated the 

development of several chemical tools to study the protein S-palmitoylation, a biological 

original thioester. These chemical tools including a second-generation fluorescence-

based turn-on depalmitoylation probe DPP-5 (Chapter 2) and mitochondrial-targeted APT 

inhibitor mitoFP (Chapter 3) to probe S-palmitoylation “eraser” activity in the live cells, as 

well as a fluorescence-based turn-on palmitoylation probes for high-throughput screening 

of S-palmitoylation “writer” inhibitors (Chapter 4). Furthermore, I demonstrated how these 

chemical tools could be applied to biological research by showing the discovery of a 

mitochondrial S-depalmitoylase, ABHD10, and how S-depalmitoylation regulates 

mitochondrial redox homeostasis by one of the ABHD10's substrates, PRDX5. In the 

second part, I first explored the utility of highly reactive thioester in the biomolecule 

labeling. Then I employed a bio-orthogonal ester-esterase technology developed by our 

lab towards the creation of an RNA labeling method via the unique ester-masked enol 

ester acylating reagents (Chapter 5). It is my hope that chemical tools described in this 

thesis will facilitate more discoveries in the protein S-palmitoyaltion research, which in 
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turn fuels advancements in pharmacological tools to understand and treat human 

diseases. I also expect the ester masked thioester system could be further optimized for 

biomolecule proximity labeling purposes, and also provide insights to the development of 

novel approaches to mask highly reactive species. 
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CHAPTER 1 

INTRODUCTION 

1.1 General introduction to thioesters 

Thioesters are a class of compounds resulting from the bonding of sulfur with an 

acyl group with the general formula R-S-CO-R'. They are the product of esterification 

between a carboxylic acid and a thiol. The thioester bond is a common functional group in 

both chemistry and biology as it displays a wealth of attractive properties1. Based on the 

thiolate species, thioesters can be categorized into S-alkyl thioester and S-aryl thioester. 

Most biologically relevant thioesters are S-alkyl thioesters due to their higher thermostability 

compared to S-aryl thioesters.  

Thioesters belong to a broader class of acyl compounds. Among biologically 

relevant acyl compounds, thioesters are more reactive than amides and esters2. For 

example, the transfer of an acyl group from acetyl-CoA to water produces acetic acid (or 

more properly, its conjugate base acetate, which predominates at neutral pH). This is 

simply the hydrolysis of acetyl-CoA, and such a hydrolysis has a relatively large negative 

biochemical standard free energy change (ΔG°’) associated with it: ΔG°’ = −7.5 kcal/mol 

(−31.4 kJ/mol), which is slightly more exergonic than hydrolysis of the terminal phosphate 

of ATP. Acyl-CoA has a relatively high acyl group transfer potential. By comparison, the 

ΔG°’ for hydrolysis of a typical ester is about −5 kcal/mol (−21 kJ/mol). The ester stability 

is mediated by resonance structures, in which the lone pair of oxygen atom donates 

electron density to the antibonding orbital of the carbonyl bond. This causes the C-O bond 

to be partially double-bonded and prevents it from rotating. However, the C-S bond in the 

thioester does not have as many multiple-bond properties as the C-O bond in the ester, 
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because the 3p orbital of sulfur does not overlap well with the 2p orbital of carbon3. Thus, 

the carbonyl thioesters have a higher partial positive charge than their corresponding ester 

carbons, which makes them more likely to be attacked by nucleophiles4. Furthermore, 

thiolates or thiols are both more stable leaving groups, as the larger sulfur atom allows the 

negative charge to be distributed more evenly5. 

Therefore, the thermodynamic stability of thioesters6, especially S-alkyl thioester, 

places them at the center of a reactivity scale toward nucleophile addition, somewhere 

above unreactive amides and poorly reactive oxoesters, but below overactivated carboxylic 

acid anhydrides and acyl chlorides. Such an intermediate level of reactivity confers them 

with the capacity to transfer their acyl group under relatively mild conditions and on a 

biologically relevant time scale.   

S-aryl thioesters, on the other hand, are an important reaction intermediate in 

organic synthesis. Aryl thiol compounds generally have lower pKa than alkyl thiol 

compounds, making them a better leaving group in acyl transfer reactions. For example, 

aryl thiols are widely used as catalysts in the native chemical ligation reaction to boost both 

thiol-thol exchange reaction and acyl transfer reaction7. 

 

1.2 Chemical transformation of thioesters 

There is a broad range of strategies for thioester synthesis. Esterification of an acyl 

compound with a thiol compound represents the most widely used approach to synthesize 

thioesters. Acyl chlorides or anhydrides can react with thiol compounds in the presence of 

base at ambient temperature. Carboxylic acids can be preactivated by coupling reagents 

such as ethyl-3(3-dimethylaminopropyl)carbodiimide (EDC)8,9, dicyclohexylcarbodiimide 
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(DCC)10, carbonyldiimidazole (CDI)11, ynamide12 or other activation reagents13,14, then 

react with thiol compounds to form a thioester. Metal-catalyzed routes for thioester 

synthesis15 have  also been developed, including carbonylation of olefins and aryl halides, 

coupling of aryl electrophiles and thiol-carboxylates, and oxidative coupling of aldehydes 

and thiols. 

In organic synthesis, numerous one-step transformations have been developed to 

make aldehydes16, ketones17–19, acids20, amides21, esters22, thioethers23 or heterocycles24. 

One of the most significant conversions is the transformation of thioesters into amides. A 

thioester can readily react with a primary or secondary amine to yield an amide at an over 

100-fold faster reaction rate compared to oxoester4.  

 

1.3 Thioesters in biology: Ubiquitin ligase 

Ubiquitination is a protein post-translational modification that regulates multiple 

cellular processes including cell cycle control, DNA repair, signal transduction, and 

immunity25. It requires the sequential interaction and activity of three enzymes (E1, E2, and 

E3)26. Ubiquitin (Ub) can be attached to target proteins in various ways: as a monomeric 

molecule or as a variety of polymeric chains linked by seven lysine residues or the N-

terminal methionine of Ub27. The modifications can be removed by isopeptidases28, and 

are thus highly dynamic and tightly controlled. 

Canonical Ub conjugation cascades entail ATP-dependent Ub adenylation by an E1 

activating enzyme, forming a high-energy thioester bond between a Ub and a catalytic 

cysteine residue on E1. This is followed by the recruitment of E2 conjugating enzymes and 

the transfer of Ub from the E1 catalytic cysteine to the E2 catalytic cysteine in a process 
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called E1–E2 thioester transfer (or transthioesterification)29,30. Then, an amino group from 

the substrate attacks the E2-Ub thioester to form an amide bond. This process can be 

catalyzed either noncovalently or by forming an E3-Ub thioester bond prior to conjugation 

using E3 protein ligases31.  

Studies have shown that the thioester bond between ubiquitin and Ub ligase is 

resistant to ‘natural’ hydrolysis (in absence of any other nucleophile or subsequent 

ligases)32. The long half-life of S-alkyl thioester intermediates relative to the lifespan of 

short-lived cellular proteins suggests that ubiquitin-like modifications may initiate from 

thioester intermediates that are already present in cells, instead of always starting from 

adenylation. Ub ligase-Ub thioester intermediates may act as reservoirs of Ub that react 

rapidly to external stimuli33. 

 

1.4 Thioesters in biology: Coenzyme A (CoA) 

The most common biologically derived small molecule thioester, Coenzyme A, was 

identified by Fritz Lipmann in 194634 and its structure was determined in 195335. The 

structure, is composed of the pantothenic acid (vitamin B), cysteamine, and an adenine 

nucleotide with both a 5’-pyrophosphate and a 3’-monophosphate. Coenzyme A (CoA) 

functions as a cofactor for numerous enzyme-catalyzed reactions in animal, plant, and 

microbial metabolism36,37.  

CoA occurs in cells as several forms including free CoA, its acyl-CoA thioester and 

4’-phosphopantetheine38. Most carboxylic acids must be activated to enter metabolic 

pathways by conversion to their corresponding acyl-CoA thioesters39. The conversion of a 

carboxyl group to a thioester occurs in biochemical reactions by four main routes: (1) 
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Esterification of a carboxyl group, driven by ATP hydrolysis: generally, thioesters originate 

from or interconverted with an acyl phosphate or an acyl adenylate40, both of which are 

synthesized from ATP and carboxylic acid via phosphorylation or adenylation. This process 

is catalyzed by acyl-CoA synthetases41; (2) Oxidative decarboxylation of an α-keto acid: 

under aerobic conditions, pyruvate, originating from glycolysis and β-oxidation of fatty 

acids, is oxidized in the mitochondria42. This irreversible reaction is catalyzed by pyruvate 

dehydrogenase to generate acetyl-CoA43; (3) Thiol exchange reaction; (4) Acyl group 

exchange reaction. These latter two reactions are not a net synthesis of thioester, rather 

the use of a thioester intermediate. 

As mentioned in 1.1, the S-alkyl thioester has favorable thermodynamic and kinetic 

properties for acyl-CoA involved biochemical reactions. Thermodynamically, the thioester 

linkage releases more free energy upon hydrolysis than an oxygen ester. The high transfer 

potential facilitates the acyl transfer reaction to form a more stable amide and ester bond, 

or leads to thiol exchange and conversion to acyl phosphate44. Kinetically, the pKa of the 

thioester α-proton has been reported to be two units less than that of the corresponding 

oxoester or ketone45. The enhanced acidity of thioesters over other carbonyl derivatives 

serves as an advantage for thioesters for soft enolization. Subsequently, the thioester 

enolate reacts with an electrophile to form a new carbon-carbon bond, as in the formation 

of acetoacetate46 or citrate47. 

 

1.5 Thioesters in biology: Protein S-palmitoylation 

Protein S-acylation refers to the protein post translational modification of the 

cysteine thiol group by conjugation with long chain fatty acid derived acyl groups via 
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thioester linkage. These acyl additions can range in length from 16–20 carbons, with 

palmitate (C16:0) (S-palmitoylation) being the most common form, though myristate 

(C14:0), palmitoleate (C16:1), stearate (C18:0), oleate (C18:1), and arachidonate (C20:4) 

have also been observed48–52. S-acylation, in particular S-palmitoylation, has attracted 

much interest in the protein post translational modification field due to the enzymatic 

regulation of both its addition and removal, as well as its wide-ranging effects on the activity 

and localization of substrate proteins, with more than 10% of the human proteome 

susceptible to S-palmitoylation53,54. 

S-palmitoylation is catalyzed by two classes of evolutionarily conserved enzymes: 

“writers” (protein acyltransferases) catalyze acyl group addition, while “erasers” (acyl 

protein thioesterases) cleave the resultant thioester bond. In humans, there are 23 known 

Asp–His–His–Cys (DHHC) domain-containing protein acyltransferases, which are thought 

to be membrane proteins associated with the Golgi, endoplasmic reticulum and plasma 

membranes55,56. In addition, seven identified metabolic serine hydrolase (mSH) superfamily 

acyl protein thioesterases are localized primarily in lysosomes (PPT1 and 2) and the cytosol 

(APT1 and 2; ABHD17A, B and C)57. 

 

1.5.1   Biological Implications of Protein S-Palmitoylation  

Since its discovery in viral envelope glycoproteins over 40 years ago58,59, protein S-

palmitoylation has been documented in a wide range of proteins including cytoskeletal 

elements60–62, soluble enzymes63,64, signal transducers65–69, scaffolds70–72, receptors73,74, 

ion channels75–78, and adhesion molecules79,80. The incorporation of the hydrophobic 

palmitate group changes the biochemical and biophysical properties of modified proteins, 
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affecting their stability, trafficking, localization, activity, and signaling81–84, all of which have 

implications for the pathogenogenesis of cancer85,86, neurodegenerative diseases87, and 

microbial infections88. 

 

1.5.2   Tools and Techniques for Studying Protein S-Palmitoylation  

This subchapter describes the basic principles and specific details of the main 

biochemical approaches that researchers used to study protein S-palmitoylation. 

Metabolic labeling by radiolabeled palmitate isotopes: Historically, protein 

palmitoylation study has been hindered by the lack of efficient, specific, rapid, and highly 

sensitive detection methods. Traditional methods to detect and quantify palmitoylated 

proteins have depended on metabolic incorporation of isotope-labeled fatty acids followed 

by immunoprecipitation89,90. In this experiment, cultured cells expressing the target protein 

are treated with [3H]-palmitate, which is nearly identical to the naturally occurring palmitate, 

for a duration that depends on the protein and its S-palmitoylation turnover rate. During the 

treatment time, the [3H]-palmitate will be incorporated into endogenous S-palmitoylation 

site(s), resulting in radiolabeled protein that can be visualized by autoradiography. 

Alternatively, a pulse-chase mode could be applied to study dynamic protein S-

palmitoylation turnover. After cultured cells have been incubated for a certain time with [3H]-

palmitate, the media is swapped with normal [1H]-palmitate, which results in the decrease 

of radioactivity over time. While this approach is the least perturbative compared to other 

approaches, described below, it has several drawbacks compared to other metabolic 

labeling methods. It requires a long exposure time (usually weeks to months), primarily due 

to the weak radioactive signal. Peseckis et. al. described an improved approach by using 
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the radioactive iodinated fatty acid analog ω-[125I]-palmitate to yield brighter signals with 

shorter exposure times91. However, the use of radioactive reagents presents serious safety 

challenges. 

Metabolic labeling by clickable palmitate analogs: To avoid the use of radioactive 

palmitate analogs, clickable fatty acid analogs are synthesized by introducing a small 

chemical tag (alkyne or azide) at the ω or methyl end of the fatty acid92. The small size of 

the chemical tags minimize interference with fatty acyltransferase substrate recognition and 

catalytic efficiency. After metabolic incorporation into endogenous S-palmitoylation site by 

hijacking existing cellular biosynthesis machinery, a bio-orthogonal copper catalyzed 

Huisgen 1,3-dipolar cycloaddition reaction93 conjugates the fatty acid-modified proteins to 

fluorophores or affinity tags (e.g., biotin). Thus, the fatty acid modified proteins, now 

conjugated with fluorophores, can be visualized by fluorescence microscopy or in-gel 

fluorescence; those conjugated with biotin can be used for both detection (immunoblot) and 

enrichment (pulldown). In addition, hydroxylamine treatment at neutral pH selectively 

cleaves the thioester bond94, making it suitable for distinguishing the fatty acid modification 

between amide and thioester linkage.  

Both alkyne and azide versions of fatty acid analogues have been developed. The 

azido fatty acid probes were first developed95,96 and used to identify 21 putative 

palmitoylated proteins in the mitochondrial matrix of rat liver cells. Later, the alkyne fatty 

acid probes were synthesized and showed efficient metabolic incorporation into fatty 

acylated proteins97–99. Alkyne and azide fatty acid probes both effectively labeled cellular 

fatty acylated proteins. However, metabolic labeling with alkyne fatty acids in combination 

with azide conjugates exhibited lower background signal than the reverse click partner, 
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resulting in improved detection sensitivity100,101. All these studies demonstrated that Alk-

C18 (17-octadecynoic acid or 17-ODYA) can be used to robustly label protein S-

palmitoylation.  

The metabolic labeling by clickable palmitate analogs has been widely and routinely 

used in assays studying target protein S-palmitoylation, such as: (1) Validation of target 

protein S-palmitoylation; (2) Identification and validation of target protein S-palmitoylation 

site; (3) Visualization of cellular distribution of palmitoylated protein102–104; (4) Identification 

of writers and erasers84; (5) Study of target protein S-palmitoylation turnover rate98. Most 

importantly, in combination with quantitative proteomic methods such as stable isotope 

labeling by amino acid in culture (SILAC)105, 17-ODYA metabolic labeling can be used to 

quantify dynamic protein palmitoylation, leading to the discovery of numerous novel 

palmitoylated proteins106,107. For example, Martin et. al. used 17-ODYA metabolic labeling 

to profile the dynamic protein S-palmitoylation in the presence of a pan-serine hydrolase 

inhibitor and identified palmitoylation events that were stabilized by lipase inhibition, and 

those events for which rapid turnover is independent of inhibitor treatment108. 

Despite 17-ODYA metabolic labeling being the least invasive approach compared 

to others, it suffers two main drawbacks. First, treatment with high concentrations of fatty 

acid analogues can exert pleiotropic effects on metabolism40,109. Palmitate can not only 

evoke mitochondrial fragmentation but can also cause marked dilation of the endoplasmic 

reticulum (ER)110. Second, the efficiency of metabolic incorporation highly depends on the 

stability of target protein and its palmitoylation turnover rate111,112. Thus, multiple 

approaches should be applied to validate protein S-palmitoylation. 
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Acyl-biotin exchange (ABE): The labile nature of S-acylation provides the 

opportunity for selective cleavage of the thioester bond, exposing a free sulfhydryl group 

on the cysteine residue to which can be stably attached functionalities such as the biotin 

affinity group in ABE113. In a typical ABE experiment, free cysteine thiols are first alkylated 

with the thiol-reactive compounds N-ethylmaleimide (NEM), methyl methanethiosulphonate 

(MMTS)114, or 2,2’-dithiodipyridine (DTDP)115. Half of the sample is then treated with 

hydroxylamine (HA) under neutral pH to selectively hydrolyze thioester linkages. The 

negative control is treated identically with the same reaction buffer without HA. The newly 

generated free thiol group then reacts with another thiol-reactive reagent coupled to an 

affinity tag like biotin, such as Biotin-HPDP. Stably biotinylated proteins are then enriched 

with streptavidin agarose beads and can be detected by immunoblot or mass spectroscopy 

techniques. 

The ABE method quantifies protein S-palmitoylation at a given moment, and thus it 

doesn’t depend on the S-palmitoylation turnover rate, making it a more sensitive approach 

to identify protein S-palmitoylation. However, both false positive and false negative results 

can occur during the assay. False negative results are mainly caused by the loss of 

thioester linkage prior to HA treatment. False positive results may come from incomplete 

thiol alkylation before HA treatment116 and the enrichment of thioester modifications other 

than palmitoylation117. Thus, both ABE and 17-ODYA metabolic labeling are necessary to 

validate protein S-palmitoylation: ABE to validate S-acylation and 17-ODYA to validate 

palmitoylation. 

Acyl-resin-assisted capture (Acyl-RAC): Acyl-RAC is a recently described alternative 

technique118 derived from a modification of the biotin switch assay for protein S-nitrosothiols 
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(SNOs)119. It works similarly to ABE assays, except the Acyl-RAC assay uses thiol-reactive 

Sepharose beads to capture free sulfhydryl groups after HA treatment. Compared with the 

ABE assay, Acyl-RAC uses fewer steps, decreasing the possibility of errors occurring 

during the assay. However, the Acyl-RAC assay is less robust for the protein targets that I 

have been working on compared with the ABE assay.  

Acyl-PEG exchange (APE): Both ABE and Acyl-RAC assays fail to provide the 

quantitative information on isoform of target protein S-palmitoylation. To analyze the 

endogenous levels of protein S-palmitoylation in cells, a mass-tag labeling method based 

on hydroxylamine-sensitivity of thioesters and selective maleimide modification of cysteines 

was developed120,121. It works similarly to ABE assay except the APE assay uses 5KD or 

10KD PEG linked maleimide to capture free sulfhydryl groups after HA treatment, resulting 

in mobility shifts of S-acylated proteins that can be readily monitored by Western blot of 

target proteins. Ideally, Acyl-PEG exchange can not only quantify the number of acylation 

sites, but also show the relative amount of protein in each acylation state. However, some 

proteins are resistant to PEGylation at cysteine residues, possibly due to steric constraints. 

In cellulo imaging techniques. Fluorescence microscopy is routinely used to test the 

subcellular localization and trafficking of palmitoylated proteins. Typically, the localization 

of endogenous palmitoylated proteins can be monitored by immunofluorescence, in which 

cells are fixed and incubated with antibodies raised against the desired proteins to detect 

the palmitoylated proteins. However, this approach cannot distinguish between unmodified 

protein and its S-palmitoylation isoformss. To tackle this limitation, Gao et. al. combined 

17-ODYA metabolic labeling and proximity ligation assay (PLA) to visualize cellular protein 

S-palmitoylation at the single protein level102–104. An acyl group reporter must be present 
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on the target protein for a signal to be detected. The major drawback of this method is that 

it can’t monitor dynamic protein S-palmitoylation due to the fixation step. 

Exogenously expressed palmitoylated proteins are frequently used to examine the 

localization of mutant variants122. This approach usually requires fusing the target protein 

to a genetically encoded tag, such HA, FLAG, myc or a fluorescent protein. Fluorescent 

protein tagging has been used to monitor both steady-state and transient localization for 

many S-palmitoylated proteins. However, the large size of fluorescent proteins may cause 

target protein mis-localization123. On the other hand, small tags like HA or FLAG have 

smaller effects on protein localization. But only steady-state localization information can be 

acquired due to the fixation step. 

In conclusion, there is no single assay that can confirm target S-palmitoylation owing 

to non-overlapping drawbacks and caveats associated with each different assay. 

Therefore, multiple assays are necessary to validate target protein S-palmitoylation and 

site identification. When one studies how S-palmitoylation influence target protein 

localization, in cellulo imaging methods can provide direct visualization information, but 

other types of experiments are needed to confirm the observation.  

 

1.5.3 “Writer”: DHHC Protein S-Acyltransferases (DHHC-PATs) 

The enzyme that catalyzes S-acylation was found in yeast nearly 20 years after 

palmitoylation was first discovered124,125. Palmitoylation writer enzymes, DHHC Protein S-

Acyltransferases (DHHC-PATs), were named after the highly conserved Asp-His-His-Cys 

tetrapeptide motif in the enzyme active site. Prokaryotes don’t encode DHHC-PATs, 

although bacterial proteins can hijack the DHHC-PATs in eukaryotic hosts126–128. In 
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eukaryotic cells, there are 5-7 DHHC enzymes in yeast and 23 DHHC enzymes in 

mammals129. These enzymes are multidomain integral membrane proteins that localize to 

organelle membranes such as plasma membrane, Golgi apparatus and endoplasmic 

reticulum. In recent years, the development of chemical biological tools allowed 

researchers to study the physiological and pathophysiological function of DHHCs and 

annotate the substrates for each DHHC isoform.  

DHHC proteins use a two-step ping-pong mechanism for catalysis130. First, the 

active site cysteine reacts with acyl-CoA and is autoacylated. Then, the acyl chain is 

transferred from the DHHC protein to a cysteine residue on the substrate protein. The Asp-

His-Cys residues form a catalytic triad in which Asp and His increase the nucleophilicity of 

the thiol group on cysteine. Point mutations of any of these three amino acids yields a 

catalytically incompetent enzyme131. However, further understanding of the DHHC enzyme 

mechanism is largely hindered by the lack of high-resolution structures of this family132.  

The first crystal structures of DHHC proteins were reported in 2018133. The atomic 

structures of two different DHHC-PATs, namely human DHHC20 (zDHHC20) and a 

catalytically inactive mutant of zebrafish zDHHC15 (zfDHHS15) were determined, as well 

as the structure of zDHHC20 in complex with the suicide inhibitor 2-bromopalmitate 

(2BP)134. The structures reveal that the four transmembrane (TM) helices of DHHC-PATs 

form a teepee-like structure, with the DHHC cysteine-rich domain (DHHC-CRD) and the C 

terminus projecting into the cytosol. Two zinc ions bind to the DHHC-CRD in CCHC zinc-

finger domain135 that impart structure stability and help position the active site cysteine. 

Above the active site, four TM helices form a cavity where the acyl chain of acyl-CoA is 

inserted. The structure also points to key hydrophobic residues on the TM helices and 
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cavity lining that likely determine acyl chain recognition and chain-length selectivity. In 

addition, the zDHHC20 structure also suggests the existence of a basic patch for CoA 

binding, which was confirmed by recent study from the same group136. In this new work, 

Banerjee group combines X-ray crystallography with all-atom molecular dynamics 

simulations to elucidate the structure of the precatalytic complex of human zDHHC20 in 

complex with palmitoyl-CoA. The structure confirms that the CoA headgroup binds to the 

basic patch though polar and ionic interactions and palmitoyl-CoA acts as a bivalent ligand 

where the interaction of the DHHC enzyme with both the fatty acyl chain and the CoA 

headgroup is important for catalytic chemistry to proceed.  

It is worth noting that the structures determined so far are essentially identical, 

despite the different catalytic states, origin species, DHHC members and crystallization 

conditions. Alphafold prediction gives similar structures across all 23 human DHHC 

isoforms137,138, suggesting the DHHC family enzymes may share similar structural features.  

Another intriguing aspect about DHHC-PATs has been the mechanisms of substrate 

recognition since certain DHHC-PATs feature protein-protein interaction domains. Among 

the human DHHC isoforms, DHHC3, 7, 5, 8, 14, 16, 17, 20, and 21 are predicted to have 

PDZ-binding motifs, and DHHC6 is predicted to have an SH3 domain139. Some DHHC-

PATs have also been shown to interact quite specifically with their substrates140,141, but no 

crystal structure of the full-length DHHC-PAT-substrate complex has yet been reported, 

except the crystal structure of the complex of the ankyrin-repeat (AR) domain of DHHC17 

with SNAP25 peptide fragment142. Several studies have shown that DHHC-PATs can work 

on multiple substrates and individual substrates can be S-acylated by multiple DHHC-

PATs143–146. However, a comprehensive analysis of the key motifs and/or domains that 
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govern enzyme-substrate interactions is required to understand the biological function of 

DHHC-PATs and provide insights to develop selective inhibitors against individual DHHC-

PATs isoform. 

 

1.5.4 DHHC inhibitors  

Although genetic tools have already been widely used to perturb activity of DHHC-

PATs to gain insights into their cellular function, compensatory effects among DHHC-PATs 

remain the major drawback. In addition, genetic perturbation often requires long 

experimental time periods, makes it unsuitable to study the temporal regulation of DHHC-

PATs. Thus, chemical perturbation is an attractive approach to study the highly dynamic S-

palmitoylation process. However, DHHC inhibitor development remains scant due to the 

lack of robust high-throughput assays for DHHCs. Recently, the acylation-coupled lipophilic 

induction of polarization (Acyl-cLIP) assay was successfully adapted for DHHC-PATs147–

149. In this assay, a 5-carboxyfluorescein–tagged peptide from human NRas (aa177-189) 

is palmitoylated by DHHC-PATs and inserted into detergent micelles, resulting in a change 

in fluorescence polarization (FP). In our group, this assay achieves a z-value of ~0.7, 

suggesting the potential application for high-throughput screening. But the assay suffers 

from limited dynamic range, and also requires a relatively large amount of protein, which is 

difficult to purify.  

As mentioned above, only a limited number of poorly defined DHHC inhibitors have 

been reported. Lipid-based covalent inhibitors represent the largest group of DHHC 

inhibitors that feature an aliphatic chain that can presumably insert into DHHC lipid binding 

pocket and an electrophilic warhead for covalent cysteine binding. Of previously reported 
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lipid based covalent inhibitors, including 2-bromopalmitate (2BP)134, tunicamycin150 and 

cerulenin151, 2BP remains the most routinely used agent for the study of S-acylation in cells. 

However, the low potency, poor selectivity152,153 and high cytotoxicity154 curtail their 

application. In addition, 2-BP has also shown to inhibit APT enzyme activity within its range 

of working concentrations in cells155. Therefore, extra caution should be considered when 

applying 2BP as a putative DHHC inhibitor. 

The major drawbacks of 2BP come from poor amino acid selectivity of highly active 

α-bromo carbonyl group156 and potential metabolic conversion of carboxylate into CoA 

moieties in cells157. To develop a pan inhibitor with improved specificity and selectivity 

against DHHC-PATs, our group recently disclosed an acrylamide-based zDHHC inhibitor, 

CMA, which has decreased cytotoxicity and an altered reactivity profile as compared to 

2BP149. CMA features a C14 linear alkyl chain and an N-cyanomethyl group, it shows 

slightly improved inhibition in Acyl-cLIP assay, less toxicity and an altered reactivity profile 

as compared to 2BP. However, CMA is also a lipid-based covalent inhibitor and preliminary 

proteomics reveals it could potentially react with over 270 protein targets in HEK293T cells.  

Non-lipid based small molecules are particularly appealing as they might be able to 

avoid off-targets caused by lipid binding. Screens that focus on S-acylation of particular 

proteins have revealed several inhibitors with diverse scaffolds. Several peptides derived 

from putative binding interface were also shown to inhibit S-acylation of specific targets in 

cells158,159.  

Taken together, current DHHC inhibitors highlight the need for novel small 

molecules with high affinity and good selectivity against DHHC-PATs to assign biological 

roles to enzymes and substrates associated with their widespread modification. The 
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development of robust methods for both the study of DHHC proteins as well as for high-

throughput screening and optimizing inhibitors requires a profound biological and 

biochemical understanding of the DHHC proteins. Furthermore, due to the growing 

recognition of the important roles of palmitoylation in human pathophysiology, targeted 

DHHC isoform-specific inhibitors not only provide useful pharmacological tools, may prove 

beneficial in treating various human diseases. 

 

1.5.5 “Eraser”: Acyl protein thioesterase (APT) 

The first enzymes that catalyze the S-deacylation were discovered earlier than 

DHHC-PATs160,161. Most palmitoylation eraser enzymes, acyl protein thioesterase (APT), 

belong to the metabolic serine hydrolase (mSH) superfamily including APT1/2, PPT1, and 

ABHD17A/B/C. Several APT structures have been solved and they reveal some common 

features of APTs162–168. All known APTs share a characteristic α/β-hydrolase fold, a 

hydrophobic cleft that accommodates the acyl chain and an active site S-H-D catalytic 

triad57. Mechanistically, the carboxylate side chain of aspartic acid serves as a general base 

to activate serine nucleophile, then hydroxylate side chain of serine attacks the thioester 

carbonyl group to scissile the bond, resulting in a fatty acid ester. A water molecule then 

hydrolyses the ester to release the fatty acid product and regenerate the free serine residue 

for entry into the next reaction cycle of the active enzyme169. 

The development of the activity-based protein profiling (ABPP) technique provides 

a robust and powerful tool to assay serine hydrolase family protein, including APTs170. In a 

typical assay for serine hydrolase profiling, a reporter-tagged fluorophosphate probe is 

added to a complex proteome to covalently react with serine hydrolase protein. Typically, 
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FP-tetramethylrhodamine (FP-TAMRA) is used for rapid gel-based analysis and FP-Biotin 

is used for mass-spectrometry based quantitative analysis. Slight modification of the ABPP 

workflow makes the assay suitable for inhibitor identification. The so-called competitive-

ABPP assay contains a small molecule pretreatment step prior to the reaction with FP-

TAMRA; any reduction in probe labeling thus corresponds to inhibition171. Competitive-

ABPP lead to the discovery of several highly potent and specific APT inhibitors that have 

been widely used to study the biological function of APTs.  

In addition, to understand dynamic APT regulation, our group has developed both 

turn-on and ratiometric fluorescent probes to monitor APT activity in physiological contexts. 

Turn-on depalmitoylation probes (DPPs) feature an S-acylated cysteine conjugated to a 

pro-fluorescent molecule via a carbamate linker. Enzymatic de-acylation generates a free 

thiol on the cysteine, which triggers a rapid cyclization reaction and releases a fluorescent 

product172. An S-octanoyl cysteine surrogate was used instead of S-palmitoyl cysteine to 

improve solubility for application in live cells, yielding DPP-2 probes that can robustly detect 

APT activity in cellulo. Modification of DPP-2 with an additional lysine group to mimic APT1 

substrate HRas173 yields DPP-3 that has a preferred detection of APT1 over APT2. 

Deployment of DPP-3 in A431 cells successfully revealed that rapid growth factor 

stimulation results in the inhibition of APT activity. To study mitochondrial APT activity, 

mitoDPP-2 and mitoDPP-3 were synthesized123. Based on DPP-2 and DPP-3, they were 

equipped with an extra triphenylphosphonium (TPP) group for mitochondria targeting174. 

We observed active APT activity in mitochondria, and further established that APT1, which 

is previously assumed to reside in the cytosol and on the Golgi apparatus, is also localized 

to mitochondria. 
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Ratiometric probes (RDPs) feature an α, β-unsaturated cyanoacetamide linker 

between a coumarin fluorophore and a S-octanoyl cysteine. The free thiol generated from 

APT S-deacylation proceed intramolecular Michael addition reaction, resulting in the 

decreased π-system and blue-shifting the fluorophore emission175. The fluorescence ratio 

of deprotected (λem = 470 nm) to protected (λem = 575 nm) RDPs permits normalization 

of fluorescent signal to probe concentration. RDPs were successfully applied to monitor 

APT activity in colon organoids, an ex vivo model of human metabolism.  

 

1.5.6 APT inhibitors  

Both reversible and irreversible APT inhibitors with various structure scaffolds have 

been developed, including Benzodiazepinediones176, β-Lactones177–179, Boronic acids180, 

Triazole urea181,182, Chloroisocoumarins183, Piperazine amides184, Fluorophosphate108.  

Palmostatin B/M (PalmB/M) are the most commonly used pan-APT inhibitors, due 

to their high potency (APT1 IC50 = 5.4 nM for PalmB and 2.5 nM for PalmM)177–179. 

Treatment of PalmB or PalmM induces NRas mis-localization from the plasma membrane 

and partially restores E-Cadherin localization at cell–cell junctions. However, siRNA 

knockdown of APT1 did not statistically alter the N-Ras localization, which suggests that 

PalmB inhibits other APTs. Indeed, the latter study used ABPP to identify ABHD17A/B/C 

as additional targets of PalmB, and these enzymes can regulate N-Ras palmitate turnover 

and subcellular localization185. This observation is further validated by showing ABD957, a 

potent and selective covalent inhibitor of the ABHD17 family proteins, can impair N-Ras 

depalmitoylation and localization186. In addition, ABD957 impaired N-Ras signaling and 

worked in synergy with the MEK inhibitor PD901 to hamper cell growth in N-Ras mutant 
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cancer cells, which suggests that ABHD17 inhibitors may have value as targeted therapies 

for NRAS-mutant cancers.  

APT1 and APT2 have 68% sequence identity187, therefore immense effort has been 

made to develop isoform specific inhibitor. Ultimately, a high-throughput screening effort 

used a fluorescence polarization-based competitive ABPP assay against both APT1 and 

APT2 reveals common piperazine amide chemotype181, but diverges through additional 

modifications to impart isoform selectivity. Further optimization leads to the highly potent 

and isoform selective inhibitor ML348 for APT1, and ML349 for APT2184. 

 

1.6 Current Challenges, Opportunities 

Christian de Duve188 once proposed a Hadean “Thioester World” which should have 

preceded the succeeding the RNA world. The “Thioester World” represents a very early 

hypothetical stage in the origin of life in which thioesters provided the energetic and catalytic 

framework via its high-energy bond and high acyl transfer reactivity. The thioester world is 

an important hypothesis in the understanding of early life processes, and may explain 

essential reactions expected in the prebiotic world. Even in modern life, thioesters are still 

considered as an important biological species.  

In particular, protein S-palmitoylation has drawn lots of attention in recent decades 

as the modification itself and the enzymes that catalyze the reversible reaction are 

implicated in a number of diseases. Our knowledge of the therapeutic relevance of this 

modification increased with the development of chemical tools to assay or perturb this 

enzymatic process. 
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The first DHHC-PAT structures provide an atomic view of how the palmitoyl group 

is recognized and transferred, and novel in vitro screening assays allow the development 

of more potent and safer DHHC inhibitors189. Better high-throughput screening assays are 

urgently needed to accelerate the pace to discover diverse scaffold for more potent and 

selective DHHC inhibitors. 

The novel imaging probes and selective APT inhibitors have greatly boosted the S-

depalmitoylation study, and provide a more discriminating view to dissect the biological 

function of each APT190. However, it is possible that more APTs remain uncovered, based 

on the fact that genetic knockdown of known APTs has little effect on target protein S-

palmitoylation. Development of second generation DPPs with improved S-depalmitoylase 

selectivity will provide a robust tool to help annotate new APTs. In addition, localized 

targeted chemical tools will provide opportunities to explore new biology in specific 

organelles.  

Apart from its biological relevance, thioesters are also widely used in chemistry. For 

example, thioester-based polymers have been synthesized191,192. Introducing thioesters in 

place of ester or amide analogues allows the modification of polymer thermal properties 

without compromising structural similarity. Further thioester functionalization via exchange 

reactions and amidation are well established in incorporating further functionalities. Another 

example is the use of an aryl thiol compound as a catalyst to generate more reactive S-aryl 

thioesters in native chemical ligation. The unique chemical properties of thioesters provides 

opportunities to develop novel chemical biology tools193. The second part of this thesis will 

present the development of a thioester-based acylation reagent with an ester cage. 
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1.7 Scope of this Thesis 

Chapter 2 presents the development of a new generation of DPPs to improve the 

specificity of S-depalmitoylase detection. 

Chapter 3 presents the development of a novel mitochondrial-targeted APT inhibitor 

to elucidate how mitochondrial APT regulates antioxidant buffering in that organelle, and 

the identification of ABHD10 as a novel mitochondrial APT that regulates mitochondrial 

redox homeostasis through PRDX5 activation. 

Chapter 4 introduces a turn-on fluorescence based high-throughput screening assay 

for DHHC-PATs. 

Chapter 5 presents the design and synthesis of an ester caged thioester acylation 

reagent for RNA labeling. 

Chapter 6 summarizes this dissertation, and provides a broader perspective and 

outlook. 
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CHAPTER 2 

A FLUORESCENT PROBE WITH IMPROVED WATER SOLUBILITY PERMITS THE 

ANALYSIS OF PROTEIN S‑DEPALMITOYLATION ACTIVITY IN LIVE CELLS 

 

2.1 Introduction 

As stated in 1.5.5, our group recently unveiled depalmitoylation probes (DPPs), a 

new family of fluorescent probes that permit the analysis of APT activity in real time and 

in live cells1. We found that DPPs are capable of measuring endogenous levels of APTs 

in a range of cell types. Moreover, we used the DPPs to uncover rapid growth factor-

mediated alterations in the APT activity, revealing connections between receptor tyrosine 

kinases and dynamic lipidation signaling. 

Depalmitoylation probe 1 (DPP-1), the simplest DPP with a palmitoylated 

substrate, was quite insoluble and failed in live cell experiments. To create DPPs capable 

of deployment in live cells, we found that we needed instead to use a non-natural 

surrogate acylation substrate mimetic, S-octanoylation (a C8 lipid), in our first-generation 

S-depalmitoylase probes, DPP-2 and DPP-3. This shorter lipid modification increased 

water solubility and cell permeability, as indicated by the ability to perform in vitro 

biochemical assays without detergents and the robust signal in live cells due to 

endogenous S-depalmitoylases, respectively. However, the usage of a shorter lipid 

modification is potentially problematic, as thioesterases that cannot act on a natural S-

palmitoyl protein thioester and are not components of the S-depalmitoylation pathway 

could process these first-generation DPPs, resulting in false-positive signals. Therefore, 
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the utility and specificity of the DPPs could be dramatically enhanced if they utilized a 

natural palmitoyl lipid modification as a substrate.  

 

2.2 Results 

We reasoned that we could improve the design of the first-generation DPPs and 

allow for a palmitoyl modification by increasing the solubility of the probe scaffold. The 

rhodol-based scaffold on which the DPPs are based affords several synthetically tractable 

positions at which to install solubilizing groups. We chose to use a piperazine moiety on 

the xanthene portion of the rhodol scaffold, which has previously been used to make 

modified fluorescent probes2. We targeted two new molecules: (1) depalmitoylation probe 

4 (DPP-4), which has an acetyl-amide modification on the piperazine, and (2) 

depalmitoylation probe 5 (DPP-5), which has a succinylated amide and therefore features 

a carboxylic acid. Both DPP-4 and DPP-5 utilize a simple palmitoylated cysteine residue 

 
 
Figure 2.1 Structure and mechanism of enzymatic activation of DPP-4 and DPP-5. 
An S-palmitoylated peptide substrate is tethered to a rhodol fluorophore through a 
carbamate linkage. Thioesterase activity on the substrate results in carbamate cleavage 
and release of a fluorescent product. A piperazine linker allows derivatization of the 
probes with additional functional groups to increase water solubility and utility in live cells. 
 
 
 
 



 

42 
 

with a methyl-amide modification and the substrate for the S-depalmitoylases (Figure 

2.1). Importantly, the new modifications are not located at the key substrate recognition 

portion of the probe, which we reasoned would minimize interference with APT enzymatic 

activity. 

Synthesis of DPP-4 and DPP-5 each proceeded smoothly over four steps 

(Scheme 2.1). Once we had them in hand, we compared the new probes to DPP-1 in in 

vitro assays with recombinantly expressed human APT1 and APT2 (Figure 2.2A). Both 

DPP-1 (Figure 2.2B) and DPP-4 (Figure 2.2C) display very slow kinetics with APT1 and 

 
 

Scheme 2.1 Synthetic scheme for DPP-4 and DPP-5.  
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APT2 in the absence of detergents. After incubation for 30 min with 1 μM probe and 50 

nM APT1 or APT2, DPP-1 and DPP-4 showed only 50- or 30-fold and 70- or 30-fold 

enhancement in the intensities of their fluorescence signals, respectively (Figure 2.2E,F). 

DPP-5, however, showed a rapid turn-on response to both APT1 and APT2 (Figure 2.2D), 

with a 350-fold increase in the intensity of the fluorescent signal with both enzymes 

 

 
 
Figure 2.2 In vitro activation of DPPs. (A) Structures of DPP-1 (first-generation probe) 
and the two new probes, DPP-4 and DPP-5. In vitro assays of 1 μM (B) DPP-1, (C) DPP-
4, and (D) DPP-5 in HEPES (20 mM, pH 7.4, 150 mM NaCl) with or without 50 nM purified 
APT1 or 50 nM APT2 (λex 490/20 nm; λem 545/20 nm). Error bars are standard errors of 
the mean (n = 4). Fluorescence emission spectra of (E) DPP-1, (F) DPP-4, and (G) DPP-
5 in HEPES (20 mM, pH 7.4, 150 mM NaCl) after treatment for 30 min with or without 50 
nM APT1 or 50 nM APT2 (λex 485 nm). All data normalized to the background of the probe 
alone. 
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(Figure 2.2G), likely due to enhanced water solubility afforded by the additional 

carboxylate.  

Indeed, LogP analysis of DPP-1, DPP-4, and DPP-5 corroborates the higher water 

solubility of DPP-5 compared to those of DPP-1 and DPP-4 (Table 2.1). Kinetic analysis 

revealed DPP-5 has kinetic parameters comparable to those of previously reported N-

Ras-based semisynthetic substrates for APT1 and APT2 (Table 2.2). We were unable to 

perform quantitative analysis of DPP-1 and DPP-4 because of their slow kinetics in the 

absence of detergents. Given that DPP-5 showed robust activity with APT1 and APT2 in 

the absence of detergents, we next assessed whether the in vitro performance 

enhancement translated to live cells. 

We loaded HEK293T cells with 1 μM DPP-5 for 20 min and then analyzed the 

fluorescent signal by fluorescence microscopy. Cells loaded with DPP-5 displayed a 

bright, intracellular fluorescent signal (Figures 2.3A). To determine whether the observed 

signal was due to endogenous S-depalmitoylases, we deployed PalmB3,4, a β-lactone-

based pan-inhibitor of the S-depalmitoylases. Pretreatment of the HEK293T cells prior to  

 

Table 2.1 LogP analysis of DPP-1, DPP-4 and DPP-5  

 LogP 

DPP-1 1.57 

DPP-4 1.74 

DPP-5 0.79 

  

Table 2.2 Kinetic Parameters of APT1 and APT2 with DPP-5  

 KM (μM) kcat (s−1) kcat/KM (s−1 M−1) 

APT1 1.6 0.044 2.8 × 104 

APT2 2.1 0.066 3.1 × 104 
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Figure 2.3 Activation of DPP-5 by endogenous S-depalmitoylases in live 
mammalian cells. (A) HEK293T (C) HepG2 (E) Hela cells treated with either DMSO or 
5 μM PalmB for 30 min, washed, loaded with 1 μM DPP-5 with DMSO and 5 μM PalmB 
for 20 min, and imaged by epifluorescence microscopy. (B) HEK293T (D) HepG2 (F) Hela 
quantification of the experiment depicted in panel A, C, E. Error bars are standard errors 
of the mean (n = 3). Statistical analysis performed with a two-tailed student’s t test with 
unequal variance: **P < 0.01, and ***P < 0.005. Scale bars are 20 μm.  
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addition of DPP-5 abolished ∼95% of the fluorescent signal (Figure 2.3B). We next 

sought to assay whether DPP-5 also functions in other cell lines. We repeated the PalmB 

imaging experiments in HepG2 (Figure 2.3C,D) and HeLa cells (Figure 2.3E,F). 

Treatment of both cell lines with 1 μM probe for 20 min resulted in a robust intracellular 

fluorescent signal. Critically, pretreatment of the cells with 5 μM PalmB blocked more than  

 ∼95% of the turn-on response, confirming DPP-5 is measuring endogenous enzyme-

mediated S-depalmitoylation. Additionally, 10 μM ML348, an APT1-specific inhibitor, 

decreased the intensity of the signal from DPP-5 by ∼30% in HepG2, whereas 10 μM 

ML349, an APT2-specific inhibitor, resulted in no change in signal5 (Figure 2.4). 

Furthermore, treating cells with a combination of 

both inhibitors affects DPP-5 to the levels similar 

to that seen with the APT1 inhibitor alone. The 

unaccounted differential reduction in the 

intensity of the DPP-5 signal with PalmB and 

ML348 reinforces the general reactivity of DPP-

5 with all possible S-depalmitoylases and 

suggests enzyme-targeted analogues of DPP-5 

would be useful additions to the S-

palmitoylation toolbox. 

To compare the signal obtained with 

DPP-5 to DPP-1 and DPP-4, we performed 

imaging experiments in HEK293T cells with 

identical concentrations of each probe and 

 
Figure 2.4 Quantification of live cell 
imaging of DPP-5 with APT1 and 
APT2 selective inhibitors. HepG2 
cells treated for 30 min with 1 μM 
Hoechst 33342, and either DMSO, 10 
μM ML348 (APT1 specific inhibitor), 
ML349 (APT2 specific inhibitor) or 10 
μM of each ML348 and ML349, 
washed, loaded with 1 μM DPP-5 20 
min, and then analyzed by 
epifluorescence microscopy. Error 
bars are s.e.m., n = 12. Statistical 
analysis performed with a two-tailed 
Student’s t-test with unequal variance, 
*** P value < 0.005, **** P value < 
0.0008. 
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identical microscope settings. While DPP-5 treatment resulted in a robust fluorescent 

signal, DPP-1 and DPP-4 displayed very low, almost undetectable levels of fluorescence 

(Figure 2.5). Collectively, these results indicate that the additional carboxylate functional 

group dramatically improves the performance of DPP-5 both in vitro and in live cells. 

Finally, we sought to test whether 

DPP-5 could detect dynamic alterations 

in the S-depalmitoylases. Exogenous 

palmitate has been shown to cause ER 

stress and affects β-cell viability6,7. 

Aberrant S-palmitoylation has been 

demonstrated to be one of the 

mechanisms by which excess palmitate 

induces ER stress, but the role of S-

palmitoylation dynamics in this process 

is largely unexplored. To this end, we 

chose to test whether lipid stress 

through palmitate treatment causes a 

response from the S-depalmitoylases. 

We found that pretreatment of HepG2 

cells with 1 mM palmitate for 6 h poststarvation resulted in an ∼50% increase in the 

intensity of the S-depalmitoylase signal as measured by DPP-5 (Figure 2.6A,B). 

Furthermore, pretreatment of HepG2 cells with PalmB reduces the intensity of the DPP-

5 signal, indicating that palmitate induces activation of S-depalmitoylase activity at the 

 
 
Figure 2.5 Comparison of DPP-1, DPP-4 and 
DPP-5. HEK293T cells treated for 30 min with 
1 μM Hoechst 33342, washed, loaded with 1 
μM of either DPP-1, DPP-4 or DPP-5 for 20 
min, and then analyzed by epifluorscence 
microscopy. Images for brightfield, DPP-
1/DPP-4/DPP-5, Hoechst 33342 nuclear stain, 
and an overlay of DPP-1/DPP-4/DPP-5 and 
Hoechst 33342 are shown for each set of 
conditions. 20 μm scale bar shown. 
 



 

48 
 

location at which DPP-5 is measuring the signal (Figure 2.6B). To rule out the possibility 

that the changes in fluorescence signal are due to differential accumulation of DPP-5 in 

cells upon palmitate treatment, we performed imaging with a control probe, diacetyl 

rhodol, which maintains the pro-fluorophore core. Once it enters cells, the diacetyl rhodol 

probe will be rapidly activated by intracellular esterases, allowing us to measure cell 

permeability and uptake of a related, non-APT active compound (Figure 2.7A). We found 

no measurable effect on the fluorescence signal from HepG2 cells loaded with 1 μM 

diacetyl rhodol probe with 1 mM palmitate addition in cells (Figure 2.7B,C). Collectively, 

these data show that the S-depalmitoylases respond to local lipid homeostatic levels. This 

observation also suggests that caution should be taken when adding exogenous lipids to 

 
 
Figure 2.6 Exogenous palmitate activates S-depalmitoylase activity. (A) HepG2 cells 
treated with 1% BSA with or without 1 mM palmitate for 6 h poststarvation, washed, 
loaded with 1 μM DPP-5 for 20 min, and imaged by epifluorescence microscopy. (B) 
Quantification of experiment in HepG2 cells, pretreated with 1% BSA ± 1 mM Palmitate, 
treated with 1 μM Hoechst 33342 and DMSO/5 μM PalmB for 30 min, washed, loaded 
with 1 μM DPP5 for 20 min, and then analyzed by epifluorescence microscopy is shown. 
Error bars are s.e.m., n = 10. Statistical analysis performed with a two-tailed Student’s t-
test with unequal variance, ** P value = 0.003, *** P value < 0.0001. We have noticed that 
PalmB is not effective in presence of BSA. Scale bars are 20 μm. 
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metabolically label the proteome with lipids, as the lipid changes could cause alterations 

in the activities of the S-depalmitoylases, perturbing the system. Moreover, we have 

observed different responses to palmitate stress with other probes8, which are based on 

an intramolecular cyclization of an electrophilic coumarin derivative9 to yield a ratiometric 

response on APT activity, possibly because of differences in subcellular localization of the 

probes or APT preference, further illustrating the complexity of S-depalmitoylase 

regulation. Further investigation of these differential responses, and the downstream 

effects on proteome lipidation levels, is therefore warranted. 

 
 
Figure 2.7 Palmitate treatment doesn't influence cell uptake of diacetylrhodol. (A) 
Structure of diacetyl-rhodol. (B) HepG2 cells, pretreated with 1% BSA ± 1 mM Palmitate, 
treated with 1 μM Hoechst 33342 for 30 min, washed, loaded with 1 μM Diacetyl-rhodol 
for 20 min, and then analyzed by epifluorescence microscopy. Two representative images 
for each treatment with brightfield, DPP-5, Hoechst 33342 nuclear stain, and an overlay 
of DPP-5, and Hoechst 33342 are shown for each set of conditions. (C) Quantification of 
experiments shown in (B). 20 μm scale bar shown. 
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2.3 Discussion 

To conclude, we presented the design, synthesis, and biological evaluation of 

DPP-4 and DPP-5, two new fluorescent probes for monitoring S-depalmitoylase activities. 

We found that DPP-5 is capable of measuring S-depalmitoylase activity robustly in vitro 

and in live cells because of the enhanced solubility endowed by an additional carboxylic 

acid modification. DPP-5 improves upon the previously developed DPPs by utilizing a 

natural lipid substrate, rather than a surrogate synthetic substrate. DPP-5, along with 

future derivatives with additional substrate modifications to enhance S-depalmitoylase 

selectivity1, will provide important tools for studying the regulation of proteome lipidation 

through dynamic S-depalmitoylases. 

 

2.4 Experimental Details 

General materials and methods. DMEM Glutamax (10569-010, Gibco), FBS (Gibco/Life 

Technologies, Qualified US origin), Live Cell Imaging Solution (A14291DJ, Molecular 

Probes), Opti-MEM (31985-070, Gibco), Hoechst 33342 (Fisher), were purchased as 

mentioned in parenthesis. Silica gel P60 (SiliCycle, 40-63 µm, 230-400 mesh) was used 

for column chromatography. Analytical thin layer chromatography was performed using 

SiliCycle 60 F254 silica gel (precoated sheets, 0.25 mm thick). All chemicals for synthesis 

were purchased from Sigma-Aldrich (St. Louis, MO) or Fisher Scientific (Pittsburgh, PA) 

and used as received. 1H NMR and 13C NMR spectra were collected in NMR solvents 

CDCl3 (Sigma-Aldrich, St. Louis, MO) at 25 ºC using a 500 MHz Bruker Avance II+ 

spectrometer with 5 mm QNP probe or 400 MHz bruker DRX400 at the Department of 

Chemistry NMR Facility at the University of Chicago. 1H-NMR chemical shifts are reported 
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in parts per million (ppm) relative to the peak of residual proton signals from (CDCl3 7.26 

ppm). Multiplicities are given as: s (singlet), d (doublet), t (triplet), q (quartet), dd (doublet 

of doublets), m (multiplet). 13C-NMR chemical shifts are reported in parts per million (ppm) 

relative to the peak of residual proton signals from (CDCl3 77.16 ppm). Analysis of NMR 

was done in iNMR version 5.5.1. and NMR plots were obtained from Topspin 2.1. High 

resolution mass was obtained from Agilent 6224 TOF High Resolution Accurate Mass 

Spectrometer (HRA-MS) using combination of APCI and ESI at the Department of 

Chemistry Mass Spectrometry Facility at the University of Chicago. Low resolution mass 

spectral analyses and liquid chromatography analysis were carried out on an Advion 

Expression-L mass spectrometer (Ithaca, NY) coupled with an Agilent 1220 Infinity LC 

System (Santa Clara, CA). In vitro biochemical assays with purified APT1/APT2 enzymes 

were performed on Biotek synergy Neo2 plate reader. 

 

In vitro kinetic assays and emission spectra of DPP-1, DPP-4, and DPP-5. 150 µL of 

2 µM DPP-1, DPP4 or DPP-5 in HEPES (20 mM, pH = 7.4, 150 mM NaCl) were added 

to a 96-well optical bottom plate (Nunc 265301, Thermo Scientific) at room temperature. 

150 µL of either HEPES buffer alone or HEPES buffer containing 100 nM APT1 or APT2 

(purification using previous methods1), was added using a multi-channel pipette, resulting 

in a final concentration of 1 µM DPP-1/DPP4/DPP-5 and 50 nM APT1 or APT2. 

Fluorescence intensities (λex 490/20 nm, λem 545/20 nm, Gain 80, read from bottom with 

height 4.5 mm, and sweep method) were measured at 15 s time intervals for 30 min at 

37 °C. Following the 30 min kinetic run, emission spectra were obtained (λex 480/20 nm, 

λem 515-700 nm, Gain 80, read from bottom with height 4.5 mm, and sweep method). 
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Enzyme kinetics analysis of DPP5. 150 µL of 1 M DTT in HEPES buffer was added to 

different concentrations of 150 µL DPP-5 and then the stable fluorescence intensities of 

totally deacylated product were measured by the methods described above. 

Fluorescence intensity of per molar deacylated-product was then calculated by linear 

least-squares fitting of plots of fluorescence vs. concentration. For Michaelis-Menten 

constant, in vitro kinetics curves were obtained for different final concentrations of DPP-

5 in HEPES with 50 nM APT1 or APT2. The fluorescence intensities measured were then 

normalized to the concentrations of product by fluorescence-intensity-per molar-product. 

A Lineweaver–Burk plot was used to calculate the Michaelis constant, KM, and the 

maximum velocity, Vmax, which is proportional to kcat by concentration of APT1 or APT2. 

All fits have R2 values of > 0.99.  

 

LogP ananyis of DPP-1, DPP-4 and DPP-5. 2 µL of 1 mM of DPP-1/4/5 was dissolved 

in 500 µL of HEPES buffer in two 1.5 ml tubes. To one of those added 500 µL of 1-octanol 

and shaken for 10 min followed by keeping undisturbed for 10 min and then withdrawing 

10 µl of aqueous phase from both tubes and taken in 96 well plate reader. To this 190 µL 

of 1M NaOH added and fluorescence intensities (λex 490/20 nm, λem 545/20 nm, Gain 

80, read from bottom with height 4.5 mm, and sweep method) were measured at 15 s 

time intervals for 1 hr at room temperature. The fluorescence read out at saturation was 

used to calculate LogP values by following equation:  

logP = log (F°Ct / Faq)  

F°Ct = Ftotal - Faq  



 

53 
 

Where,  

F°Ct = Fluorescence of 1-°Ctanol fraction.  

Faq = Fluorescence of the aqueous fraction after treatment with 1-°Ctanol.  

Ftotal = Fluorescence of the aqueous fraction with no treatment with 1-°Ctanol.  

 

Cell culture and maintenance. HEK293T (ATCC), HeLa cells (ATCC) and HepG2 cells 

(gift from Prof. Yamuna Krishnan) were maintained in DMEM Glutamax (10% FBS, 1% 

P/S) at 37 °C and 5% CO2. HEK293T and HeLa cells are listed in the database of 

commonly misidentified cell lines maintained by ICLAC (http://iclac.org/databases/cross-

contaminations/). We obtained fresh cells from ATCC or early passage aliquots from the 

Cellular Screening Center, University of Chicago, which were frozen down at an early 

passage (passage 6) in individual aliquots. The cells were then used for less than 30 

passages for all experiments. Multiple biological replicates were performed with cells from 

different passages and freshly thawed aliquots. There was no testing for mycoplasma 

infection or further authentication because early passage cells were used for all 

experiments.  

 

Epifluorescent imaging of DPP-5 with PalmB. 250,000 HEK293T cells/well, 120,000 

HeLa cells/well, or 100,000 HepG2 cells/well were plated in 700 µL DMEM glutamax (10% 

FBS + 1% P/S) into 4-well chambered imaging dish (D35C4-20-1.5-N, Cellvis), which 

were precoated with 5 µg Poly-D-lysine (30-70 KDa, Alfa Aesar) for 2 h. After 20-24 h, the 

media was replaced by 1 µM Hoechst 33342 and DMSO/5 µM PalmB in 400 µL DMEM 

glutamax. After 30 min of incubation at 37 °C, the cells were washed with 400 µL of Live 
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Cell Imaging Solution and replaced by 1 µM DPP-5 with DMSO or 5 µM of PalmB in Live 

Cell Imaging Solution. After 20 min of incubation at 37 °C, images were obtained on an 

inverted epifluorescence microscope (Olympus IX83) attached with EMCCD camera 

(Photometrics Evolve Delta) with 40x oil objective (N/A 1.3) for DPP-5 (excitation filter 

500/20, dichroic chroma 89007, emission filter 535/30), Hoechst 33342 (excitation filter 

402/15, emission filter 455/50, dichroic chroma 89013), and brightfield. Analyses were 

performed in ImageJ (Wayne Rasband, NIH). For data analysis, the average fluorescence 

intensity per image in each experimental condition was obtained by selecting ROI in 

Brightfield and applying that to the corresponding DPP-5 image, average background 

fluorescence intensity was subtracted and data was normalized to the average 

fluorescence intensity of the DMSO control. Each experiment was repeated in at least 

two biological replicates with identical results.  

 

Epifluorescent imaging of DPP-5 with ML348 and ML349. 16,000 HepG2 cells/well 

were plated in 100 µL DMEM glutamax (10% FBS) into 4 wells of a 96-well chambered 

imaging dish (P96-1-N, Cellvis), which were precoated with 0.7 µg Poly-D-lysine (30-70 

KDa, Alfa Aesar) for 2 hrs. After 24 h, cells were washed with Live Cell Imaging Solution 

and replaced by 1 µM Hoechst 33342 and DMSO/10 µM ML348/10 µM ML349/10 µM of 

both ML348 and ML349 in 100 µL DMEM glutamax. After 30 min of incubation at 37 °C, 

the cells were washed with 100 µL of Live Cell Imaging Solution and replaced by 1 µM 

DPP-5 in Live Cell Imaging Solution. After 20 min of incubation at 37 °C, images were 

obtained on an inverted epifluorescence microscope (Lieca DMi8) equipped with a 

camera (Hamamatsu Orca-Flash 4.0) with 63x oil objective (N/A 1.4) and light source 
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(Sutter Lamda XL, 300 W Xenon) for DPP-5 (YFP filter cube 1525306), Hoechst 33342 

(DAPI filter cube), and brightfield using leica LASX software. Analyses were performed in 

ImageJ (Wayne Rasband, NIH). Each experiment was repeated in three biological 

replicates and 8-12 images were considered for plotting bar graphs for quantification. For 

detailed data analysis, the average fluorescence intensity per image in each experimental 

condition was obtained by selecting ROI in Brightfield and applying that to the 

corresponding DPP-5 image, average background fluorescence intensity was subtracted 

and data was normalized to the average fluorescence intensity of the control experiment.  

  

Epifluorescent imaging for comparing DPP-1, DPP-4 and DPP-5. 250,000 HEK293T 

cells/well were plated in 700 µL DMEM glutamax (10% FBS + 1% P/S) into three wells of 

a 4-well chambered imaging dish (D35C4-20-1.5-N, Cellvis), which were precoated with 

5 µg Poly-Dlysine (30-70 KDa, Alfa Aesar) for 2 h. After 18 h, the media was replaced by 

1 µM Hoechst 33342 in 400 µL DMEM glutamax. After 30 min of incubation at 37 °C, the 

cells were washed with 400 µL of Live Cell Imaging Solution and replaced by 1 µM DPP-

1/DPP-4/DPP-5 in Live Cell Imaging Solution. After 20 min of incubation at 37 °C, images 

were obtained and analyzed as described above.  

 

Epifluorescent imaging of DPP-5 with palmitate. 100,000 HepG2 cells/well were 

plated in 700 µL DMEM glutamax (10% FBS) into two wells of a 4-well chambered 

imaging dish (D35C4-201.5-N, Cellvis), which were precoated with 5 µg Poly-D-lysine 

(30-70 KDa, Alfa Aesar) for 2 hrs. After 18 h, media was replaced by 500 µL DMEM 

glutamax for starvation. After 6 h of starvation, cells were treated for another 6 h with 500 
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µL of 1% BSA ± 1 mM Palmitate made with DMEM glutamax. Then, 20 µL of 21 µM 

Hoechst 33342 in DMEM glutamax was added to each well such that final concentration 

of Hoechst 33342 is 1 µM. After 30 min of incubation at 37 °C, the cells were washed with 

400 µL of Live Cell Imaging Solution and replaced by 1 µM DPP-5 in Live Cell Imaging 

Solution. After 20 min of incubation at 37 °C, images were obtained and analysis was 

performed as described above. Each experiment was repeated in two biological replicates 

with identical results.  

 

Epifluorescent imaging of DPP-5 with PalmB on palmitate treatment. 13,000 HepG2 

cells/well were plated in 100 µL DMEM glutamax (10% FBS) into 4 wells of a 96-well 

chambered imaging dish (P96-1-N, Cellvis). After 18 h, media was replaced by 100 µL 

DMEM glutamax for starvation. After 6 h of starvation, cells were treated for another 6 h 

with 100 µL of 1% BSA ± 1 mM Palmitate made with DMEM glutamax. Then, 100 µL of 1 

µM Hoechst 33342 prepared in 1% BSA ± 1 mM Palmitate with DMSO/5 µM PalmB was 

added to respective wells. After 30 min of incubation at 37 °C, the cells were washed with 

100 µL of Live Cell Imaging Solution and replaced by 1 µM DPP-5 in Live Cell Imaging 

Solution. After 20 min of incubation at 37 °C, images were obtained on Leica epi-

fluorescent microscope and analyzed as described above.  

 

Epifluorescent imaging of diacetyl rhodol on palmitate treatment. 13,000 HepG2 

cells/well were plated in 100 µL DMEM glutamax (10% FBS) into 2 wells of a 96-well 

chambered imaging dish (P96-1-N, Cellvis). After 18 h, media was replaced by 100 µL 

DMEM glutamax for starvation. After 6 h of starvation, cells were treated for another 6 h 
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with 100 µL of 1% BSA ± 1 mM Palmitate made with DMEM glutamax. Then, 100 µL of 1 

µM Hoechst 33342 prepared in 1% BSA ± 1 mM Palmitate was added to respective wells. 

After 30 min of incubation at 37 °C, the cells were washed with 100 µL of Live Cell Imaging 

Solution and replaced by 1 µM diacetyl rhodol in Live Cell Imaging Solution. After 20 min 

of incubation at 37 °C, images were obtained on Leica epifluorescent microscope and 

analyzed as described above.   

 

2.5 Synthetic procedures 

Synthesis of 4 (Boc-Rhodol). Adapted from literature2. To a mixture of 1 (2.143 g, 1.0 

eq, 12.02 mmol) and 210 (3.053 g, 1.0 eq, 11.82 mmol) in a pressure flask, TFA (5 mL) 

was added, and the resulting reaction mixture was stirred at 95 °C for 9 h. The reaction 

mixture was diluted 3x with 30 mL of DCM, followed by rotatory evaporation to remove 

the residual TFA. To the resultant crude material, Et3N (7.2 mL, 5 eq, 51.7 mmol) and 

MeOH (25 mL) were added. After stirring for 5 min, Boc2O (2.106 g, 0.93 eq, 9.6 mmol) 

was added. After stirring the resultant reaction mixture overnight at room temperature, the 

MeOH was removed by rotatory evaporation. To the crude mixture, K2CO3 (4.287 g, 3.0 

eq, 31.0 mmol), pivalic anhydride (2.1 mL, 1.0 eq, 10.3 mmol) and DMF (15 mL) were 

added and the reaction stirred for 1 h. The reaction mixture was diluted with 30 mL DCM, 

filtered, and evaporated. The crude product was purified by column chromatography 

(Silica; 0-20% EtOAc:DCM) to yield 3. The combined fractions of 3 were evaporated and 

dissolved in MeOH (60 mL), to which 3 M NaOH (30 mL) was added, and reaction mixture 

stirred for 30 min at room temperature. The reaction mixture was then evaporated by 

rotatory evaporation, the crude product was diluted by DCM (50 mL), and then washed 
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by aq. HCl (pH ~ 3-4). The aqueous layer was further extracted by DCM 2 x 30 mL, the 

combined organic layer was dried over Na2SO4, and then evaporated to give a crude 

product. Purification by column chromatography (Silica; 0-5% MeOH:DCM) yielded 4 

(3.892 g, 65%). Rf: 0.41 (Silica; 5% MeOH:DCM). 1H-NMR (500 MHz; CDCl3): δ 9.04-

8.92 (b, 1H), 8.02 (dd, J = 6.4, 1.9 Hz, 1H), 7.61-7.55 (m, 2H), 7.10-7.09 (m, 1H), 6.73 (d, 

J = 8.8 Hz, 1H), 6.67-6.64 (m, 2H), 6.60-6.52 (m, 3H), 3.51 (d, J = 4.7 Hz, 4H), 3.21 (s, 

4H), 1.46 (s, 9H). 13C-NMR (126 MHz; CDCl3):170.3, 162.1, 154.9, 153.8, 153.5, 148.6, 

134.0, 129.8, 129.6, 129.5, 129.2, 126.2, 125.2, 114.3, 112.5, 111.3, 110.7, 103.1. 80.6, 

53.5, 52.4, 49.2, 47.7, 28.5, 27.2, 27.1. HRA-MS(+): Calculated for C29H28N2O6 [M+] 

500.1947; found 500.1953.  

 

Synthesis of 6. To a solution of 4 (306.4 mg, 0.612 mmol, 1.0 eq) in dry THF (7 mL). Et3N 

(0.8 M, 0.77 mL, 0.613 mmol, 1.0 eq) was added. The resultant solution was added 

dropwise over 15 min to a solution of triphosgene (181.6 mg, 0.612 mmol, 1.0 eq) in dry 

THF (5 mL) in an ice bath. After 5 min, the ice bath was replaced by a 40 °C water bath 

and N2 flushed through the reaction mixture to evaporate the solvent completely. Then, 

the 40 °C water bath was removed and the crude product was suspended in dry THF (4 

mL). To this reaction mixture, 51 (0.32 M, 1.88 mL, 0.609 mmol, 1.0 eq), followed by Et3N 

(0.8 M, 0.77 mL, 0.613 mmol, 1.0 eq), were added dropwise. After 15 min of stirring, the 

reaction mixture was quenched by five drops of 1M HCl and the solvent evaporated by 

rotary evaporation. The crude reaction crude was purified by column chromatography 

(Silica; 5-25% EtOAc:DCM) to yield 6 (259.8 mg; 46%). Rf: 0.39 (Silica; 15% 

EtOAc:DCM). 1H-NMR (500 MHz; CDCl3): δ 8.05 (t, J = 6.5 Hz, 1H), 7.70-7.62 (m, 2H), 
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7.50-7.45 (m, 6H), 7.33-7.09 (m, 11H), 6.84-6.63 (m, 5H), 6.15-6.07 (m, 1H), 4.35 (m, 4.9 

Hz, 1H), 3.61 (t, J = 4.8 Hz, 4H), 3.25 (d, J = 4.5 Hz, 4H), 2.90 (d, J = 0.8 Hz, 2H), 2.83-

2.68 (m, 5H), 1.53 (s, 10H). 13C-NMR (126 MHz; CDCl3): δ 169.4, 169.1, 169.1, 155.0, 

154.6, 153.0, 153.0, 152.9, 152.8, 152.4, 152.2, 151.9, 151.9, 144.4, 135.1, 129.8, 129.6, 

129.5, 128.9, 128.8, 128.0, 126.8, 126.6, 125.0, 124.0, 123.9, 117.3, 117.3, 116.5, 116.4, 

112.3, 110.3, 110.2, 109.1, 102.2, 82.8, 82.7, 80.1, 67.2, 67.1, 67.1, 67.0, 58.5, 48.1, 31.3, 

30.8, 30.7, 30.3, 28.4, 26.3, 26.1. HRA-MS(+): Calculated for C54H52N4O8S [M+] 

916.3506; found 916.3508.  

 

Synthesis of 7. To a solution of 6 (408 mg, 0.445 mmol, 1.0 eq) in MeOH (10 mL), I2 

(226 mg in 4 mL MeOH; 0.890 mmol, 2.0 eq) was added dropwise over 5 min. The 

reaction mixture was quenched with a solution of 0.2 M sodium citrate and 0.2 M sodium 

ascorbate at pH ~3-4 until the yellow color disappeared. The quenched reaction mix was 

diluted with DCM (25 mL) and washed with brine (25 mL). The aqueous layer was washed 

again with DCM (25 mL). The combined organic layers were dried over Na2SO4 and 

evaporated by rotary evaporation. The resultant crude containing the disulfide product 

was suspended with 1 mL H2O and dissolved with minimal amount of MeOH. Then TCEP-

HCl (638 mg, 2.23 mmol, 5.0 eq) was added. The reaction mixture was stirred at room 

temperature until no starting material was observed by LC-MS. The reaction was treated 

with 20 mL 0.1 M HCl and extracted with 25 mL DCM. The aqueous layer was washed 

again with DCM (25 mL). The combined organic layers were dried over Na2SO4 and 

evaporated by rotary evaporation. The resultant crude containing the free thiol product 

was dissolved with 4 mL DCM and added into palmitoyl chloride (405 µL, 1.335 mmol, 
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3.0 eq). The red solution was treated with Et3N dropwisely until no starting material was 

observed by LC-MS. The resulting reaction mixture was diluted with DCM (25 mL) and 

washed with concentrated NaHCO3 followed by brine (20 mL). The aqueous layer was 

washed again with DCM (20 mL) and the combined organic layers were dried over 

Na2SO4 and evaporated by rotary evaporation. Purification by column chromatography 

(Silica; 0-100% Ethyl acetate in Hexane plus 2% MeOH) afforded 7 as light red oil (240.4 

mg, 59.2%). Purity was assayed by LC/MS. Rf: 0.53 (Silica; 1:2 EtOAc:DCM). 1H-NMR 

(500 MHz; CDCl3): δ. 8.03 (d, J = 7.5 Hz, 1H), 7.69-7.61 (m, 2H), 7.16-7.10 (m, 2H), 6.83-

6.77 (m, 2H), 6.70-6.61 (m, 3H), 6.26 (m, 1H), 4.83-4.71 (m, 1H), 3.59 (s, 4H), 3.48 (dd, 

J = 14.2, 5.9 Hz, 1H ), 3.37-3.31 (m, 1H), 3.23 (s, 4H), 3.06 (s, 2H), 2.95 (s, 1H), 2.87 (t, 

J = 4.7 Hz, 1H), 2.81 (t, J = 4.2 Hz, 2H), 2.56 (m, 2H), 1.65 (dt, J = 14.9, 7.5 Hz, 3H), 1.27 

(s, 32H), 0.89 (t, J = 6.9 Hz, 3H). 13C-NMR (126 MHz; CDCl3): δ 198.6, 169.3, 169.2, 

155.1, 154.6, 152.8, 152.3, 152.2, 151.9, 135.1, 129.8, 128.9, 126.6, 125.2, 80.1, 44.1, 

31.9, 29.6, 29.5, 29.4, 29.3, 29.2, 29.1, 28.9, 28.4, 27.3, 25.5, 22.6, 14.1. HRA-MS(+): 

Calculated for C51H68N4O9S [M+] 912.4707; found 912.4720.  

 

Synthesis of DPP-4. A solution of 7 (61.0 mg, 66.8 µmol, 1.0 eq) in 20% TFA:DCM (5 

mL) was stirred for 30 min at room temperature, followed by dilution with DCM (3x 20 mL) 

and evaporation by rotatory evaporation. The resulting crude was suspended in DCM (5 

mL) and acetic anhydride (51 μL, 0.540 mmol, 8.0 eq) was added followed by slowly 

addition of DIEA until reaction was completed. The reaction mix was diluted with DCM 

(20 mL) then washed with concentrated NaHCO3 followed by brine (20 mL). The aqueous 

layer was washed again with DCM (20 mL) and the combined organic layers were dried 
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over Na2SO4 and evaporated by rotary evaporation. Purification by column 

chromatography (Silica; 50% DCM in ethyl acetate with 0-5% MeOH) afforded DPP-4 as 

colorless oil (35.0 mg, 61.4%). Rf: 0.2 (Silica; 1:1 EtOAc:DCM). 1H-NMR (500 MHz; 

CDCl3): δ 8.03 (s, 1H), 7.69-7.62 (m, 2H), 7.17-7.10 (m, 2H), 6.85-6.77 (m, 2H), 6.70-

6.67 (m, 2H), 6.62 (dd, J = 8.9, 2.2 Hz, 1H), 6.25 (br, 1H), 4.82-4.70 (m, 1H), 3.79-3.74 

(m, 2H), 3.63 (t, J = 4.9 Hz, 2H), 3.48 (dd, J = 14.1, 5.9 Hz, 1H), 3.37-3.24 (m, 5H), 3.06 

(s, 2H), 2.96 (s, 1H), 2.88 (t, J = 3.7 Hz, 1H), 2.83 (t, J = 3.8 Hz, 2H), 2.56 (m, 2H), 1.66 

(m, 2H), 1.27 (m, 27H), 0.89 (t, J = 7.0 Hz, 3H). 13C-NMR (126 MHz; CDCl3): δ 198.8, 

171.3, 169.5, 169.3, 169.2, 155.3, 153.1, 152.6, 152.5, 152.3, 152.0, 135.2, 129.9, 129.0, 

128.9, 126.7, 125.2, 124.1, 117.4, 116.7, 112.5, 110.3, 109.6, 102.5, 82.7, 60.5, 58.8, 

48.5, 48.2, 46.0, 44.2, 41.1, 32.0, 31.2, 29.8, 29.7, 29.5, 29.3, 29.0, 27.4, 26.4, 25.7, 22.8, 

21.4, 21.2, 14.3, 14.2. HRA-MS(+): Calculated for C48H62N4O8S [M+] 854.4288; found 

854.4261.  

 

Synthesis of DPP-5. A solution of 7 (63.4 mg, 69.4 µmol, 1.0 eq) in 20% TFA-DCM (5 

mL) was stirred for 30 min at room temperature, followed by dilution with DCM (3x 20 mL) 

and evaporation by rotatory evaporation. The resulting crude was suspended in DCM (5 

mL) and succinic anhydride (55.6 mg, 0.555 mmol, 8.0 eq) was added followed by slowly 

addition of DIEA until reaction was completed. The reaction mix was acidified with 10 mL 

1M HCl and diluted with DCM (20 mL) then washed with brine (20 mL). The aqueous 

layer was washed again with DCM (20 mL) and the combined organic layers were dried 

over Na2SO4 and evaporated by rotary evaporation. Purification by column 

chromatography (Silica; 0-10% MeOH in DCM) afforded DPP-5 as a pink solid (43.8 mg, 
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69.1%). Rf: 0.33 (Silica; 5% MeOH:DCM). 1H-NMR (500 MHz; CDCl3): δ 8.03 (d, J = 7.5 

Hz, 1H), 7.69-7.62 (m, 2H), 7.16-7.09 (m, 2H), 6.85-6.76 (m, 2H), 6.67 (dd, J = 7.8, 4.9 

Hz, 2H), 6.60 (dd, J = 8.9, 2.0 Hz, 1H), 6.44 (d, J = 4.8 Hz, 1H), 4.81-4.71 (m, 1H), 3.76 

(s, 2H), 3.70 (s, 2H), 3.64 (s, 1H), 3.47 (dd, J = 14.1, 6.1 Hz, 1H), 3.35-3.23 (m, 4H), 3.06 

(s, 2H), 2.95 (s, 1H), 2.87 (t, J = 4.1 Hz, 1H), 2.81 (dd, J = 4.7, 2.8 Hz, 2H), 2.72-2.65 (m, 

4H), 2.57 (q, J = 7.2 Hz, 2H), 1.67-1.60 (m, 2H), 1.25 (d, J = 7.0 Hz, 24H), 0.89 (t, J = 6.9 

Hz, 3H). 13C-NMR (126 MHz; CDCl3): δ 198.9, 176.6, 170.4, 169.5, 169.4, 155.3, 153.1, 

152.5, 152.3, 152.0, 135.2, 130.0, 129.0, 128.9, 126.6, 125.2, 124.1, 117.4, 116.6, 112.4, 

110.3, 109.5, 102.4, 82.8, 48.2, 48.0, 45.0, 44.2, 41.5, 32.0, 31.2, 31.1, 29.8, 29.7, 29.5, 

29.4, 29.3, 29.0, 28.8, 28.0, 27.4, 26.6, 26.5, 25.6, 22.8, 14.2. HRA-MS(+): Calculated for 

C50H64N4O10S [M+] 912.4343; found 912.4344. 
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Compound 6 
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Compound 7 
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CHAPTER 3 

ABHD10 IS AN S-DEPALMITOYLASE AFFECTING REDOX HOMEOSTASIS 

THROUGH PEROXIREDOXIN-5 

 

3.1 Introduction 

As stated in 1.5.5, unbiased mass spectrometry-based protein profiling 

approaches have revealed that many resident mitochondrial proteins are S-palmitoylated, 

including those involved in fatty acid transport and metabolism, the electron transport 

chain, ATP synthesis and antioxidant defense and redox signaling, such as the 

peroxiredoxins (PRDXs)1–3. The presence of S-palmitoylated mitochondrial proteins is 

particularly interesting because the enzymatic machinery for the installation and removal 

of protein lipidation in the mitochondria is, to date, mostly undescribed. Aside from reports 

implicating DHHC8 and 13 in mitochondrial function, data regarding DHHC activity and 

localization in mitochondria remain limited4,5. Until very recently, there were no reports of 

enzyme-mediated S-depalmitoylation in this organelle. To look for potential mitochondrial 

APTs, we generated mitochondrial-targeted S-depalmitoylation probes (mitoDPPs), a 

toolkit of small molecule-based fluorescent probes that are selectively targeted to the 

mitochondria and measure S-deacylase activity within this compartment6,7. Using 

mitoDPPs, we uncovered S-depalmitoylation activity in mitochondria and found that 

APT1, which was previously annotated primarily as a cytosolic protein8, is also localized 

to this organelle—revealing a potential for enzymatic regulation of mitochondrial protein 

lipidation6. However, although we observed mitochondrial APT (peptide S-deacylation) 

activity in mitochondria, and despite the multitude of mitochondrial proteins that appear 
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in the mass spectrometry-based S-palmitoylation catalogs, no function of mitochondrial 

S-depalmitoylation had been identified. 

Here, we sought to determine whether there is a functional consequence of protein 

S-depalmitoylation in mitochondria. Using a pan-APT inhibitor, we first observed that 

blocking global S-depalmitoylation diminishes the antioxidant capacity of mitochondria. 

To confirm that the diminished antioxidant capacity was not mediated by a cytosolic target, 

we then synthesized and validated a spatially constrained mitochondrial pan-APT 

inhibitor, mitoFP, which strongly suggested that the phenotype was due to a 

mitochondrial-localized protein. Surprisingly, we determined that this regulatory function 

was not modulated by APT1, the only annotated mitochondrial APT, but by ABHD10, a 

putative mitochondrial-resident protein related to APT1 that belongs to the metabolic 

serine hydrolase (mSH) superfamily9. We characterized ABHD10 through in vitro 

biochemical and cell-based assays, as well as high-resolution structural studies, which 

revealed that ABHD10 has peptide S-depalmitoylase activity. Finally, we found that the 

antioxidant activity of PRDX510, a key player in the mitochondrial antioxidant machinery, 

is regulated by ABHD10 via S-depalmitoylation of its active site, providing a connection 

between lipidation-regulated ABHD10 activity and mitochondrial redox homeostasis. 

Collectively, these results provide an example of a cellular function mediated by 

mitochondrial S-depalmitoylation, expand the family of S-depalmitoylases with a new APT 

family member and reveal a novel mode of redox regulation by PRDX lipidation. 

 

3.2 Results 
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Although we recently found that APT1 is enriched in mitochondria and multiple 

mitochondrial proteins appear in unbiased S-palmitoylation datasets, no functional role 

for S-depalmitoylation has been described in mitochondria. However, perturbing DHHC 

writer S-palmitoylases has been shown to influence mitochondrial function4,5, including 

redox buffering, oxidative phosphorylation and apoptosis11, which indicates that protein 

lipidation is important for mitochondrial physiology. We reasoned that the alterations in 

mitochondrial function resulting from treatment with APT inhibitors would offer clues as to 

which S-palmitoylated mitochondrial targets are functionally relevant. 

Mitochondria are a major source of reactive oxygen species (ROS)12, and a 

multitude of mitochondrial ROS regulatory proteins have been identified in S-

palmitoylation datasets1,13. To test whether S-depalmitoylation plays a role in the 

regulation of mitochondrial redox status, we first used a pan-APT inhibitor PalmB14, to 

inhibit all APTs. To measure mitochondrial antioxidant buffering capacity, we used 

mitoPY1, a turn-on fluorescent probe, whose signal reflects H2O2 levels in mitochondria15. 

If APTs regulate the redox buffering capacity of mitochondria, then inhibiting APTs with 

PalmB would alter the ability of cells to combat oxidative stress, resulting in an enhanced 

mitoPY1 signal. We treated HEK293T cells with either 10 µM PalmB or DMSO vehicle in 

the presence of 2 µM mitoPY1, followed by induction of oxidative stress (100 µM H2O2 for 

10 min). We observed enhanced mitoPY1 signal following H2O2 stimulation in cells 

treated with PalmB as compared to the DMSO-pretreated controls (Figure 3.1A,B), 

suggesting that inhibition of S-depalmitoylation is connected to deactivation of the cellular 

machinery that regulates mitochondrial H2O2 levels. 
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Figure 3.1 Connections between S-depalmitoylation and mitochondrial redox 
buffering capacity. (A) Representative images showing that PalmB treatment diminishes 
the mitochondrial redox buffering capacity, as measured by mitoPY1 in HEK293T cells 
when exposed to H2O2. Scale bar, 25 µm. (B) Quantification of the relative fluorescence 
intensity from mitoPY1 shown in (A). Statistical analyses performed with a two-tailed 
Student’s t-test with unequal variance (n = 6 images). Data expressed as mean ± s.e.m. 
and normalized to control cells treated with DMSO. (C) ABE assay confirms S-acylation 
of PRDX3 and PRDX5 in HEK293T cells, with calnexin as a known S-palmitoylated 
protein control. Input: total protein before enrichment; Output: S-acylated protein enriched 
via biotin-labeled thiols on hydroxylamine (HA) treatment. (D) Metabolic labeling with 17-
ODYA (50 µM) further validates that PRDX3 and PRDX5 are S-palmitoylated in HEK293T 
cells. The signal difference between −HA and +HA lanes indicates that the palmitoylation 
modification occurs on cysteine residues. (E) PRDX3 and PRDX5 are prone to S-
acylation in vivo as determined by an ABE assay performed on mouse tissues. (F) Pan-
APT inhibitor PalmB treatment increases the S-palmitoylation level of PRDX3 and 
PRDX5, as determined by an ABE assay in HEK293T cells.  
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To further underscore the connection between APT activity and mitochondrial 

redox regulation, we looked to see if treatment with PalmB influences the lipidation levels 

of key mitochondrial H2O2 first-responder antioxidant proteins, PRDX3 and PRDX516. 

First, we used an acyl–biotin exchange (ABE) assay17 to confirm cysteine acylation, and 

then 17-octadecynoic acid (17-ODYA) metabolic labeling18,19  to confirm that PRDX3 and 

PRDX5 are susceptible to S-palmitoylation (Figure 3.1C,D). Additionally, we performed 

ABE on various mouse tissues to validate PRDX3 and PRDX5 lipidation in vivo (Figure 

3.1E). After establishing PRDX3 and PRDX5 S-palmitoylation, we then observed that 

inhibiting APTs with PalmB resulted in an increase in the lipidation status of PRDX5 

(Figure 3.1F), providing a potential connection between APT inhibition, mitochondrial 

PRDX lipidation and redox buffering capacity in the mitochondria. However, although the 

PalmB-mediated mitochondrial ROS effect phenotype is intriguing, PalmB inhibits S-

depalmitoylation activity in all cellular compartments, including the cytosol20 and 

mitochondria6. As a result, we cannot attribute the diminished mitochondrial antioxidant 

capacity specifically to either cytosolic or mitochondrial APTs. 

To elucidate the direct role of mitochondrial APTs in the observed phenotype, we 

set out to develop a spatially constrained pan-APT inhibitor. We based our inhibitor on 

hexadecyl fluorophosphonate (HDFP)19, which relies on a serine-reactive electrophilic 

fluorophosphonate moiety coupled with a lipid to target lipid-active mSHs, including all 

known APTs (Figure 3.2A). We reasoned that a derivative of HDFP could be targeted to 

mitochondria with the addition of a triphenylphosphonium (TPP) group21, which has been 

successfully used to deliver a range of cargo to the mitochondria on the basis of the 

electrochemical gradient. We also shortened the lipid chain to enhance membrane 
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permeability. With this design in hand, we synthesized mitoFP in three steps (Figure 

3.2B). Briefly, condensation of (4-iodobutyl)triphenylphosphonium with triethyl phosphite 

yielded intermediate 1. The Lewis acid bromotrimethylsilane facilitated hydrolysis of 1, 

resulting in the dihydroxy intermediate 2. Difluorination by diethylaminosulfur trifluoride 

(DAST) and subsequent nucleophilic monosubstitution in the presence of octanol 

produces mitoFP (3) with a 36% overall yield. 

Once synthesized, we confirmed in vitro that mitoFP inhibits APT1 using our 

established fluorescent S-depalmitoylation substrate DPP-57,22; as expected, we 

observed a dose-dependent inhibition of APT1. Next, we tested whether mitoFP was a 

mitochondrial-specific APT inhibitor in live cells by measuring APT activity using our 

previously developed APT probes, DPP-220 and mitoDPP-26, to assess the effects of 

mitoFP on cytosolic and mitochondrial APT activity, respectively. We performed a mitoFP 

dose–response experiment in HEK293T cells and measured DPP-2 and mitoDPP-2 

signal via epifluorescence microscopy (Figure 3.3A). Even at the highest concentration 

tested (12 μM), mitoFP had a minimal effect on the DPP-2 signal, indicating that the 

cytosolic APTs are relatively unperturbed by the inhibitor. In contrast, treatment with 

 
Figure 3.2 Design and synthesis of mitoFP. (A) Design of mitoFP (right), based on the 
known pan-lipase inhibitor, HDFP (left). The electrophilic fluorophosphonate (red) reacts 
with active site serine in serine hydrolases, while the triphenylphosphonium group (blue) 
selectively delivers mitoFP to mitochondria. (B) Schematic for chemical synthesis of 
mitoFP.  
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Figure 3.3 MitoFP selectively inhibit mitochondrial APTs. MitoFP dose-dependent 
response in (A) HEK293T (B) HepG2 cells of mitochondrial and cytosolic APT activity as 
measured by epifluorescence microscopy using the mitochondrial-localized APT probe, 
mitoDPP-2, and the cytosolic APT probe, DPP-2. Data expressed as mean ± s.e.m. (n = 6 
images) and normalized to control cells treated with DMSO alone. (C) images for 
comparison of mitoFP potency to deactivate mitochondrial APTs in comarison to PalmB 
in HEK293T cells. Cells were treated with 1 μM Hoechst 33342, 100 nM MitoTracker Deep 
Red, and either DMSO as control or 2.5 μM mitoFP or 10 μM PalmB for 30 min. Cells 
were then washed, loaded with 500 nM mitoDPP-2 (left) or 1μM DPP-2 (right) for 10 min, 
and then analyzed by epifluorescence microscopy. Images for brightfield, MitoTracker, 
mitoDPP-2/DPP-2 and Hoechst 33342 nuclear stain are shown for each set of conditions. 
25 μm scale bar shown. Two biological replicates with similar results were performed. (D) 
Quantification of the relative fluorescence intensity from mitoDPP-2 (white) and DPP-2 
(gray) in HEK293T cells comparing deactivation of mitochondrial and cytosolic APT 
activity, respectively, by mitoFP and PalmB. 
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mitoFP caused a dose-dependent decrease in the mitoDPP-2 signal, validating its 

efficient, spatially specific inhibition of mitochondrial APTs. Treatment with 2.5 µM mitoFP 

blocked the mitoDPP-2 signal as efficiently as 10 µM PalmB, indicating robust inhibition 

of mitochondrial APTs with minimal effect on the cytosolic DPP-2 signal (Figure 3.3C,D). 

We obtained similar results using hepatocellular carcinoma HepG2 cells, confirming the 

general applicability of mitoFP as a mitochondrial-specific APT inhibitor (Figure 3.3B). 

Together, these experiments establish mitoFP as a tool for perturbing mitochondrial APT 

activities for functional studies.  

We next investigated whether pretreating cells with mitoFP results in a reduction 

in mitochondrial antioxidant capacity, as seen with PalmB treatment. We pretreated 

HEK293T cells with either 3 µM mitoFP or DMSO vehicle in the presence of 2 µM 

mitoPY1, followed by H2O2 stimulation. Cells pretreated with mitoFP showed significantly 

higher fluorescence signal—and thus higher H2O2 levels—than control cells (Figure 

 
Figure 3.4 Selective inhibition of mitochondrial APTs reduces mitochondrial redox 
buffering capacity. Quantification of the relative fluorescence intensity from mitoPY1 
showing that mitoFP diminishes the mitochondrial redox buffering capacity in (A) 
HEK293T (B) HepG2 cells exposed to H2O2. Quantification of the relative fluorescence 
intensity from mitoPY1 showing that (C) ML348 (5 µM) or (D) APT1 siRNA knockdown 
does not alter mitochondrial redox buffering capacity in HEK293T cells exposed to H2O2. 
Statistical analyses performed with a two-tailed Student’s t-test with unequal variance 
(n = 5 images). Data expressed as mean ± s.e.m. and normalized to control cells treated 
with (C) DMSO or (D) NT siRNA. Dots represent individual data points.   
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3.4A). We repeated the experiment in HepG2 cells, which yielded similar results and 

suggests a role for mitochondrial APTs on mitochondrial redox capacity across cell types 

(Figure 3.4B). The recapitulation of PalmB-triggered diminishment of mitochondrial H2O2 

buffering capacity with mitoFP points to a direct connection between mitochondrial redox 

regulation and local APTs, which we presumed was via mitochondrial pools of APT1. 

We have demonstrated that the APT1-specific inhibitor ML34823,24, previously 

shown to inhibit cytosolic APT1, can efficiently inhibit mitochondrial APT1 as well6. 

Therefore, we tested whether inhibition of APT1 with ML348 decreases mitochondrial 

antioxidant capacity, which would suggest that mitochondrial pools of APT1 affect the 

response observed with PalmB and mitoFP. We pretreated HEK293T cells with either 

5 µM ML348 or DMSO vehicle in the presence of 2 µM mitoPY1 and stimulated with H2O2 

and, intriguingly, found that pharmacological inhibition of APT1 had no effect on the H2O2-

induced mitoPY1 signal (Figure 3.4C). Genetic perturbation of APT1 via RNAi also 

showed no significant difference in mitochondrial redox buffering capacity during oxidative 

stress (Figure 3.4D). Taken together, these results suggest that there is a mitochondrial 

enzyme other than APT1 that is targeted by both PalmB and mitoFP, and which regulates 

mitochondrial redox buffering capacity. 

To identify the potential S-depalmitoylase, we used our S-depalmitoylation probe 

DPP-220 to perform a fluorescence imaging-based screen in cells overexpressing a library 

of α/β-hydrolase domain-containing protein (ABHD) family members25 related to APT1 

and APT29 (Figure 3.5A). As expected, we observed an increase in the DPP-2 

fluorescence signal in cells overexpressing known S-depalmitoylases, such as APT1, 

APT2 and PPT1 . Strikingly, overexpression of ABHD10 resulted in an enhancement of 
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DPP-2 fluorescence similar to that of APT1—suggesting that ABHD10 has peptide S-

deacylase activity (Figure 3.5B). ABHD10 is a putative mitochondrial protein26 annotated 

as a lipase for acyl glucuronide (AcMPAG) deglucuronidation27,28, but as yet has no 

identified endogenous substrates. Thus, given that ABHD10 possessed peptide S-

deacylase activity in live cells and is purportedly mitochondrial, it became the candidate 

for further investigation. 

 

 
Figure 3.5 ABHD10 regulates mitochondrial redox buffering capacity. (A) 
Dendrogram depicting known APTs (red) and members of the mSH family screened for 
potential peptide S-deacylase activity in HEK293T cells. (B) Epifluorescence-based 
screening with S-deacylase probe DPP-2 in cells overexpressing a library of proteins 
related to the known APTs. Letters ‘m’ and ‘r’ indicate mouse and rat, respectively. Data 
expressed as mean ± s.e.m. (n ≥ 2 images from two biological replicates) and normalized 
to control cells treated with empty vector. ABHD10 (blue), a putative mitochondrial protein, 
enhances DPP-2 signal to a similar extent as APT1 (red). (C) Competitive activity-based 
protein profiling (ABPP) of serine hydrolases in HEK293T cells treated with the indicated 
concentrations of mitoFP shows a dose-dependent inhibition of ABHD10 activity. (D) 
Quantification of the relative fluorescence intensity from mitoPY1 showing that ABHD10 
knockdown diminishes the mitochondrial redox buffering capacity in HEK293T cells. (E) 
Quantification of the relative fluorescence intensity from mitoPY1 showing that ABHD10 
overexpression increases mitochondrial redox buffering capacity in HEK293T cells. 
Statistical analyses performed with a two-tailed Student’s t-test with unequal variance 
(n = 5 images). Data expressed as mean ± s.e.m. and normalized to control cells treated 
with NT siRNA (D) or empty vector (E). Three biological replicates were performed.  
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We assayed whether ABHD10 is inhibited by mitoFP using competitive activity-

based protein profiling (ABPP)23 with the established serine hydrolase ABPP probe, FP-

TAMRA, in both HEK293T and HepG2 cells. We observed a dose-dependent decrease 

of fluorescence signal from a band at ~25 kDa, signifying inhibition of APT1 activity by 

mitoFP (Figure 3.5C). APT1 is not entirely inhibited by mitoFP at low concentrations, as 

expected, because APT1 is also present in the cytosol. Notably, an additional target at 

 
Figure 3.6 Competitive ABPP confirms that ABHD10 is a target of mitoFP. (A) 
Competitive ABPP in siRNA treated HepG2 cells (first two lanes from left) confirms the 
bands representing ABHD10. Lanes 4-11 (from left) show that mitoFP inhibits ABHD10 in 
a dose-dependent manner. The asterisk shows the marker lane. (B) Competitive ABPP 
(upper panel) to examine cytosolic and mitochondrial serine hydrolase targets of mitoFP 
in HepG2 cells. Coomassie staining (lower panel) is used as loading control. Asterisk 
indicates the marker lane. (C) Western blot analysis to examine purity of cytosolic and 
mitochondrial fractions. High VDAC indicates that fractions are highly enriched for 
mitochondria. Two biological replicates with similar results were performed. 
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~28 kDa was inhibited by mitoFP (Figure 3.5C), which we identified via RNAi-mediated 

knockdown as the mitochondrial-targeting peptide-cleaved, mature ABHD10 (Figure 

3.6A). We also performed ABPP in both enriched mitochondrial and cytosolic fractions 

prepared from mitoFP-treated HepG2 cells, which further confirmed that ABHD10 is a 

target of mitoFP and that ABHD10 is highly enriched in mitochondria (Figure 3.6B,C). 

We investigated whether ABHD10 is the enzyme responsible for the effect on 

mitochondrial redox homeostasis observed with mitoFP treatment. While the basal 

mitoPY1 signal was unaffected in cells with RNAi knockdown of ABHD10, oxidative stress 

resulted in a striking increase in mitochondrial H2O2 levels compared to control cells 

(Figure 3.5D). In contrast, overexpression of ABHD10 decreases mitoPY1 signal in both 

basal and H2O2 stimulation conditions (Figure 3.5E). Consistent tetramethylrhodamine 

methyl ester (TMRM) signal between control and various ABHD10 perturbation conditions 

confirmed that this effect is not due to the disruption of the mitochondrial membrane 

potential. Additionally, no significant changes in signal from PY1, an indicator of cytosolic 

H2O2 levels29, on H2O2 stimulation confirmed that the diminished mitochondrial 

antioxidant capacity was not due to alterations in cytoplasmic redox buffering machinery 

modulated by ABHD10 perturbation. Given that ABHD10 has a role in regulating 

mitochondrial redox buffering capacity, we next sought to characterize it biochemically 

and structurally. 

To confirm ABHD10 is a mitochondrial S-deacylase in live cells, we expressed 

ABHD10 in HEK293T cells and measured mitochondrial APT activity using mitoDPP-2, 

the mitochondria-targeted APT activity probe. Overexpression of wild-type (WT) human 

ABHD10 results in increased mitoDPP-2 signal, signifying higher S-deacylase activity, as 
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compared with both overexpression of the catalytically inactive ABHD10 (S152A) mutant 

(Figure 3.7A,B) or the empty vector. 

Given that ABHD10 expression resulted in enhanced APT activity in live cells, as 

measured by DPP fluorescence, we tested whether it had S-depalmitoylase activity in 

vitro. We purified the mature form of human ABHD1027 and its active site-mutated variant 

(S152A) for in vitro S-depalmitoylation assays with DPP-522. Unlike DPP-2, which has a 

surrogate octanoyl lipid rather than a natural palmitoyl lipid, DPP-5 uses a physiologically 

relevant cysteine S-palmitoyl substrate, and therefore directly reports on peptide S-

depalmitoylase activity. Enzymatic assays with DPP-5 revealed that ABHD10 does indeed 

possess S-depalmitoylase activity (Figure 3.7C). Kinetic analysis showed that ABHD10 

has a slower turnover rate compared with APT1, but a lower KM (Table 3.1). Consistent 

 
Figure 3.7 Biochemical characterization of ABHD10. (A) Representative images 
confirming mitochondrial S-deacylation activity of ABHD10 (WT versus S152A) in 
HEK293T cells as measured using mitoDPP-2, a mitochondrial APT probe. Scale bar, 
25 µm. (B) Quantification of relative fluorescence intensities from mitochondrial marker 
MitoTracker (white) and mitoDPP-2 (gray) in each set of conditions shown in a. Statistical 
analyses performed with a two-tailed Student’s t-test with unequal variance (n = 8 images 
from two biological replicates). Data expressed as mean ± s.e.m. and normalized to cells 
expressing ABHD10 (S152A). Dots represent individual data points. (C) In vitro kinetic 
assay showing S-depalmitoylation activity of recombinant mature ABHD10 (500 nM, red) 
and S152A variant (500 nM, blue) compared to control without added enzyme (gray) as 
measured using the peptide S-depalmitoylase probe DPP-5 (5 µM). Data expressed as 
mean ± s.e.m (n = 4 biological replicates) and normalized to relative emission of control 
(gray) at t = 0. 
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with the ABPP results, the S-depalmitoylation activity of ABHD10 was subject to inhibition 

by both mitoFP and PalmB. Interestingly, ABHD10 is even more sensitive to mitoFP 

inhibition in vitro (Table 3.2). Taken together, these in vitro and in live cell assays indicate 

that ABHD10 possesses mitochondrial S-depalmitoylase activity. 

In acquiring kinetic parameters for ABHD10, we observed slower kinetic 

parameters (kcat/KM) for ABHD10, compared with APT1 in vitro (Table 3.1). This contrasts 

with the robust activity observed in live cells (Figure 3.7A,B), suggesting additional 

regulatory controls for ABHD10 activity in live cells may exist. To gain insights into the 

molecular basis of ABHD10 S-depalmitoylase activity, we managed to acquire the crystal 

structure of mouse ABHD10. 

The crystals produced X-ray diffraction patterns at a resolution of 1.66 Å. As 

expected, mature ABHD10 possesses a canonical α/β hydrolase domain with a catalytic 

triad formed by S100–H227–D197 (Figure 3.8A,B). Notably, the catalytic serine points 

directly toward the junction of two pockets, one of which is covered by a ‘cap’ domain and 

is presumably for lipid chain insertion (binding pocket) on the basis of the hydrophobicity 

 

Table 3.1 Kinetic parameters comparison of APT1, APT2 and ABHD10 at 37 °C 
with substrate DPP-5.  

 KM (μM) kcat (s−1) kcat/KM (s−1 M−1) 

APT1 1.6 0.044 2.8 × 104 

APT2 2.1 0.066 3.1 × 104 

ABHD10 0.21 0.00024 1.1 × 103 

  

Table 3.2 Inhibition Parameters of ABHD10 and APT1 with mitoFP  

 K (μM-1) IC50 (μM) 

ABHD10 0.89 0.78 

APT1 0.38 1.82 
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of its interior surface, the presence of a methyl pentanediol molecule from the 

crystallization liquor and comparison with inhibitor-bound APT124, while the other pocket 

is open to the solvent for substrate binding (Figure 3.8C). Additionally, alignment of the 

structures for ABHD10 and APT1 shows that the typical lipase ‘cap’ domain of ABHD10 

is replaced by a loop in APT1 (Figure 3.8D)24,30. The ‘cap’ versus loop size difference 

may affect the accessibility of the catalytic serine and explain the slower turnover rate that 

we observed. Overall, these structural elements confirm that ABHD10 is suited for S-

depalmitoylase activity. 

Having characterized the S-depalmitoylase activity of ABHD10 and confirmed that 

key mitochondrial H2O2-reactive antioxidant proteins, such as PRDX3 and PRDX5, are 

 
 

Figure 3.8 Structural characterization of ABHD10. (A) X-ray diffraction structure of 
mature ABHD10 from Mus musculus (PDB: 6NY9). The ‘cap’ domain (blue) sits above 
the catalytic triad (shown as sticks) and forms pockets. (B) Enlarged view of the Asp–His–
Ser catalytic triad shown with weighted 2Fo − Fc electron density map (carve = 1.5). 
Length of hydrogen bonds between Asp and His (2.7 Å) and His and Ser (3.1 Å) is shown. 
(C) The surface of two major cavities within the mouse ABHD10 crystal structure is shown, 
along with the hydroxyl group of the active serine (shown in sticks), which points towards 
the junction of the two cavities. (D) Structure alignment of mouse ABHD10 (green) and 
human APT1 (blue, PDB: 1FJ2). The dotted black line indicates the cap domain of 
ABHD10, which is replaced with a loop in APT1. Both active site serines of ABHD10 and 
APT1 are shown in sticks. 
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palmitoylated (Figure 3.1C,D), we tested whether ABHD10 regulates their lipidation 

levels. In HEK293T cells, we found that ABHD10 knockdown had no significant effect on 

the lipidation levels of PRDX3 or ALDH6A1, another lipidated mitochondrial protein 

(Figure 3.9A). However, for PRDX5 the ABE assay output signal increased when 

 
 

Figure 3.9 ABHD10 modulates PRDX5 S-palmitoylation. (A) ABE assay in HEK293T 
cells demonstrates that PRDX5 S-palmitoylation level increases on ABHD10 knockdown, 
whereas no changes are observed for PRDX3 and ALDH6A1. Five biological replicates 
were performed. (B) ABE assay in HEK293T cells with ABHD10 overexpression 
compared to empty pcDNA3 vector transfected cells. PRDX5 signal decreased in 
ABHD10 overexpressing cells. Three biological replicates were performed. (C) ABE 
assay in HeLa cells demonstrates that PRDX5 S-palmitoylation level increases upon 
ABHD10 knockdown, whereas no changes are observed for PRDX3. Percentages of S-
palmitoylation of PRDX3 and PRDX5 in NT and ABHD10 siRNA treated conditions are 
shown below respective blot. Experiment was performed once. (D) ABE assay in 
HEK293T cells demonstrates that APT1 knockdown does not elevate S-palmitoylation 
level of either PRDX3 or PRDX5. Three biological replicates were performed. (E) ABE 
assay on immunoprecipitated PRDX5-Flag expressed in HEK293T cells confirms that 
ABHD10 knockdown enhances S-palmitoylation of overexpressed PRDX5 (left). 
HEK293T cells were transfected for 16 hr with a PRDX5-flag expression vector and then 
treated with either NT siRNA or ABHD10 siRNA for 24 hr, and then PRDX5-Flag was 
pulled down and analyzed by ABE. Two biological replicates with similar results were 
performed. 
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ABHD10 was knocked down (Figure 3.9A) and decreased when ABHD10 was 

overexpressed, demonstrating that ABHD10 regulates PRDX5 lipidation levels (Figure 

3.9B). Similarly, ABHD10 knockdown in HeLa cells also increased the lipidation of PRDX5 

(Figure 3.9C). APT1 knockdown did not yield any changes in the S-palmitoylation levels 

of either PRDX3 or PRDX5 (Figure 3.9D). 

Immunoprecipitation ABE further 

confirmed that the lipidation levels of 

overexpressed PRDX5-FLAG were 

increased on ABHD10 knockdown (Figure 

3.9E). We therefore hypothesized that the 

ABHD10-mediated changes in PRDX5 

lipidation have functional consequences 

for the antioxidant activity of PRDX5. 

The mature form of PRDX5 

contains three cysteine residues at amino 

acid positions 100, 125 and 204 (Figure 

3.10A). Of these, Cys 100 and Cys 204 

participate in the catalytic cycle of PRDX5 

in mitochondria22. To ascertain which 

cysteine residue(s) on PRDX5 are S-

palmitoylated, we expressed wild-type 

PRDX5-Flag and all three cysteine to 

serine single point mutants in HEK293T 

 
 

Figure 3.10 PRDX5 S-palmitoylation site 
is its active site. (A) Protein map showing 
the three cysteine residues in mature 
PRDX5. (B) ABE assay in HEK293T cells 
expressing various PRDX5-Flag constructs 
(WT and three Cys to Ser mutants) shows 
that S-palmitoylation occurs at the catalytic 
site Cys 100. Two biological replicates 
performed. (C) Metabolic labeling with 17-
ODYA in HEK293T cells expressing PRDX5-
Flag (WT and C100S mutant) confirms that 
S-palmitoylation occurs at catalytic site 
Cys100. Two biological replicates with 
similar results were performed. 
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cells and analyzed their S-acylation levels by ABE (Figure 3.10B). While PRDX5WT, 

PRDX5 C125S and PRDX5 C204S all showed comparable S-palmitoylation levels, we 

observed a complete abrogation of signal for PRDX5 C100S, indicating that Cys 100 is 

the primary S-acylation site of PRDX5. We confirmed the S-palmitoylation using 

metabolic labeling with clickable lipids, again demonstrating complete abrogation of signal 

enrichment for PRDX5 C100S (Figure 3.10C). Intriguingly, Cys 100 is the catalytic 

residue of PRDX5 and hence is required for nucleophilic attack on H2O2, which only 

occurs when Cys 100 is in the free thiol form. S-Palmitoylation therefore masks the 

reactivity of this critical residue, and thus, ABHD10 can directly modulate mitochondrial 

antioxidant ability through depalmitoylation of PRDX5. 

Finally, to test for the functional relevance of ABHD10 in mitochondrial redox 

homeostasis, we examined whether perturbation of ABHD10-dependent redox regulation 

affected cell viability under various oxidative stress conditions. ABHD10 knockdown 

resulted in a reduction of cell viability in both HEK293T and HeLa cells under H2O2-

mediated oxidative stress conditions (Figure 3.11A,B). Additionally, treatment of 

HEK293T cells with paraquat, a potent mitochondrial ROS inducer31, yields diminished 

cell viability at concentrations as low as 50 µM in ABHD10 knockdown cells, with minimal 

effect on control cells (Figure 3.11C). We also tested whether the influence of ABHD10 

knockdown on cell viability on H2O2 stimulation is affected by PRDX5 perturbation by 

PRDX5 knockdown, which does not affect cell viability under normoxia32. We found that 

PRDX5 knockdown abrogates H2O2-induced cell toxicity on ABHD10 knockdown in both 

HEK293T (Figure 3.11D) and HeLa cells (Figure 3.11E). Together, these data show that 

reduced ABHD10 levels with concomitant enhanced PRDX5 lipidation increases cell 
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Figure 3.11 ABHD10 knockdown amplifies ROS-induced cell death. (A) HEK293T or 
(B) Hela cells transfected with either NT siRNA or ABHD10 siRNA were challenged with 
varying concentrations of H2O2 and then analyzed for viability by the MTS assay. 
Statistical analyses performed with a two-tailed Student’s t-test with unequal variance (n = 
6 biological replicates in (A) and n = 9 biological replicates in (B)). Data expressed as 
mean ± s.e.m. and cells with various concentrations of H2O2 are normalized to respective 
cells treated with NT or ABHD10 siRNA and H2O. Dots represent individual data points. 
(C) HEK293T transfected with either NT siRNA or ABHD10 siRNA were challenged with 
varying concentrations of paraquat and then analyzed for viability by the MTS assay. 
Statistical analyses performed with a two-tailed Student’s t-test with unequal variance (n = 
6 biological replicates). Data expressed as mean ± s.e.m. and cells with various 
concentrations of H2O2 are normalized to respective cells treated with NT or ABHD10 
siRNA and H2O. Dots represent individual data points. Cell viability assays in (D) 
HEK293T cells and (E) HeLa cells demonstrate the effect of ABHD10 knockdown induced 
cell death (left panel) when treated with 25 μM H2O2 is abrogated when PRDX5 is 
knockdown (right panel). Statistical analyses performed with a two-tailed Student's t-test 
with unequal variance (n = 4 biological replicates). Data expressed as mean ± s.e.m. and 
cells treated with 25 μM H2O2 are normalized to respective cells treated with NT or 
ABHD10 siRNA and H2O. 
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death under oxidative stress conditions and establishes that ABHD10 regulates 

mitochondrial redox homeostasis (Figure 3.12).  

 

2.3 Conclusion 

ABHD10 is different from the other APTs thus far identified. While PPT1 is located 

in lysosomes, APT2 in the cytosol and the Golgi25, ABHD17A, B and C in membranes25 

and APT1 in the cytosol, membrane, Golgi and the mitochondria8,33, ABHD10 appears to 

be exclusively located in the mitochondria. Additionally, unlike APT1, our structural and 

biochemical data indicate that ABHD10 has an extensive ‘cap’ domain and also 

possesses slower kinetic parameters than APT1 in vitro, suggesting additional regulatory 

 
Figure 3.12 PRDX5 regulation by ABHD10-mediated S-depalmitoylation. The active 
site cysteine of PRDX5 is regulated by S-palmitoylation, which then blocks the H2O2-
quenching antioxidant activity of the protein. ABHD10-mediated S-depalmitoylation 
releases the active form of PRDX5, which then reacts with H2O2 in a disulfide-mediated 
redox cycling mechanism. TXN, thioredoxin; Palm–CoA, palmitoyl–coenzyme A; PAT, 
protein acyltransferases. 
  



90 
 

mechanisms. If so, this would not be entirely novel, as we have previously observed 

growth factor-mediated dynamic regulation of cytosolic APTs20 and helped to identify the 

phosphorylation-mediated regulatory site on APT134. While we identified one substrate 

for ABHD10, potentially it has additional mitochondrial substrates. Recently developed 

libraries of synthetic palmitoylated peptide substrates could provide powerful methods to 

study the substrate specificity of ABHD1035, but assigning natural substrates to APTs is 

often a challenge due to compensation between APTs and an incomplete understanding 

of regulatory elements. However, the addition of ABHD10 to the APT family makes 

assigning more substrates and functions now possible. Indeed, an ABHD10 inhibitor is 

already available, which will aid in studying its APT function in live cells with temporal 

control36. 

Mitochondria generate ROS byproducts, which can be both advantageous and 

deleterious37. Therefore, maintaining mitochondrial redox homeostasis is crucial for 

cellular health. Peroxiredoxins are the major regulators of H2O2 levels, due to their high 

reactivity towards peroxides. Since H2O2 is both necessary at low levels and toxic at high 

levels, the PRDXs are tightly regulated by a variety of processes16, such as 

phosphorylation, oxidation and nitrosylation. Our finding that PRDX5 is regulated by S-

palmitoylation modification at the active site cysteine not only represents a direct 

mechanism for regulating the activity of a peroxiredoxin, but is also a rare instance of S-

palmitoylation directly modifying an enzyme active site38. Future work will involve 

identifying additional consequences of PRDX5 lipidation, including its impact on PRDX5 

stability, trafficking and membrane localization. Additionally, assessing whether other 

peroxiredoxins are similarly regulated, both in the mitochondria and in other cellular 
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compartments, will help further to elucidate the role of PRDX lipidation. The redox 

buffering capacities of compartments within the cell are interconnected, so there is 

potentially feedback with other PRDXs. The data presented here suggest that other 

targets of PRDX5 also contribute to cell survival in oxidative stress conditions. Moreover, 

we showed that PRDX3, another mitochondrial peroxiredoxin, is also lipidated, but is not 

regulated by ABHD10. This suggests that additional regulatory APTs exist along these 

pathways, warranting extensive further interrogation. 

Determining localization-based enzymatic activities via genetic approaches, that 

is, knocking down or out a target gene product, is challenging, especially when protein 

targets reside in several cellular compartments. In this work, we supplemented genetic 

approaches with the development of a spatially constrained APT inhibitor, mitoFP. While 

synthesizing TPP-tagged inhibitors is not challenging, confirming the proper localization 

of a novel inhibitor is often not possible. Here, due to our previous development of 

spatially constrained activity probes for APTs6, coupled with organelle-specific 

ABPP9,19,39–41, we were able to validate the targeting and potency of mitoFP in live cells. 

Using mitoFP, we conclude that ABHD10 activity in the mitochondria mediates the 

antioxidant stress phenotype observed with pan-active, nontargeted APT inhibitors. 

Further use of mitoFP will help us and others to continue to illuminate mitochondrial S-

depalmitoylation function and regulation. 

This work focuses entirely on the erasers of S-palmitoylation, the APTs. However, 

equally important to the regulation of PRDX5 is the lipid installation. Although perturbation 

of both DHHC8 and 13 disrupts mitochondrial metabolic functions4,5, no known writers 

have definitively been localized to the mitochondria. It is possible that PRDX5 is lipidated 
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before mitochondrial import and then released in an active form once in the mitochondria. 

In this scenario, the lipid modification could be regulating PRDX5 trafficking to the 

mitochondria, as was previously observed for BAX11. However, there may also be 

DHHCs, or as yet undiscovered acyltransferases, present in or at the mitochondria that 

mediate PRDX5 lipidation. Future work exploring acyltransferase activity on these 

mitochondrial targets, likely involving the development of better chemical probes and 

inhibitors, will help to complete the regulatory picture of mitochondrial proteome S-

palmitoylation. 

 

2.4 Experimental Details 

General materials and methods. DMEM GlutaMAX (Gibco), FBS (Gibco/Life 

Technologies, Qualified US origin or Gemini Benchmark 100–106), Live Cell Imaging 

Solution (Molecular Probes), Opti-MEM (Gibco), Lipofectamine 3000 reagent (Invitrogen), 

Lipofectamine RNAiMAX transfection reagent (Invitrogen), polyethylenimine (PEI) 

(Sigma; average Mw ≈ 25,000 by LS, average Mn ≈ 10,000 by GPC, branched), 

Dynabead Protein G magnetic beads (Invitrogen), MitoTracker Deep Red FM (Invitrogen), 

Hoechst 33342 (Fisher), 2-bromopalmitate (Sigma), MitoPY1 (Sigma), PY1 (Sigma), 

PalmB (EMD Millipore), Charcoal-filtered FBS (ThermoFisher, catalog no. A3382101), 

MTS (BioVision), phenazine methosulfate (Sigma) were purchased from the sources 

given in parentheses. Short interfering RNAs (siRNAs) targeting human ABHD10 

(SI04229519), human APT1/LYPLA1 (SI03246586) and human PRDX5 (SI00096971, 

SI02638888, SI02638902), as well as nontargeting (NT) control siRNA (SI03650325), 

were purchased from Qiagen. Silica gel P60 (40–63 µm, 230–400 mesh; SiliCycle) was 
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used for column chromatography. Analytical thin-layer chromatography was performed 

using precoated 60 F254 silica gel sheets (0.25 mm thick; SiliCycle). DPP-220, DPP-522 

and mitoDPP-27 were synthesized as previously reported. All chemicals for synthesis 

were purchased from Sigma-Aldrich or ThermoFisher Scientific and used as received. 

ML348 was purchased from Tocris. NMR spectra (1H and 13C) were collected in the NMR 

solvent CDCl3 (Sigma-Aldrich) at 25 °C using a 500 MHz Bruker Avance II+ spectrometer 

with 5 mm QNP probe at the Department of Chemistry NMR Facility, University of 

Chicago. 1H-NMR chemical shifts are reported in parts per million (ppm) relative to the 

peak of residual proton signals (CDCl3: 7.26 ppm). Multiplicities are given as: t (triplet), q 

(quartet), br (broad), m (multiplet). 13C-NMR chemical shifts are reported in ppm relative 

to the peak of residual proton signals (CDCl3: 77.16 ppm). NMR analysis was done in 

TopSpin 3.5pl7. High-resolution mass data were obtained from an Agilent 6224 TOF High-

Resolution Accurate Mass Spectrometer (HRA–MS) using a combination of atmospheric 

pressure chemical ionization and electrospray ionization at the Department of Chemistry 

Mass Spectrometry Facility, University of Chicago. Low-resolution mass spectrometry 

and liquid chromatography analyses were carried out on an Advion Expression-L mass 

spectrometer coupled with an Agilent 1220 Infinity LC System. 

 

Imaging. For fluorescence microscopy, an inverted epifluorescence microscope (Lieca 

DMi8) equipped with a Hamamatsu Orca-Flash 4.0 camera, a 63× oil objective (numerical 

aperture 1.4) and a 300 W Xenon light source (Sutter Lamda XL) was used. Leica LASX 

software was used to obtain images for mitoPY1/DPPs (YFP filter cube 1525306), 
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Hoechst 33342 (ET 402/15×, Quad-S, ET 455/50 m), MitoTracker (ET 645/30×, Quad-S, 

ET 705/72 m) and bright field. 

 

Western blots. After SDS–PAGE, proteins were transferred onto methanol-preactivated 

Immobilon-P PVDF membranes (pore size 0.45 µm; Millipore) using a semi-dry transfer 

cell (Bio-Rad). After transfer, the membranes were blocked for 1 h with TBST wash buffer 

(20 mM Tris, pH 7.5, 150 mM NaCl, 0.1% Tween-20) containing 3% BSA (Fisher or 

Thermo Scientific). Considering the long procedure for the assay, we cut each membrane 

into several small membranes containing the target protein band on the basis of molecule 

weight. Each membrane was then incubated with primary antibody in 3% BSA–TBST. 

The membrane was washed with TBST five times for 5 min (5 × 5 min) followed by 1 h 

incubation with either anti-rabbit IgG horseradish peroxidase (HRP) or anti-mouse IgGκ 

BP-HRP in 3% BSA–TBST, washed 5 × 5 min with TBST and then visualized using 

SuperSignal West Pico PLUS chemiluminescent substrate (ThermoFisher Scientific) and 

recorded on a chemiluminescent western blot imaging system (Azure Biosystems C300). 

Additional western blots in this study were performed identically. For antibody dilutions 

and vendor information, see Table 3.3.  
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Cell culture. Unless otherwise stated, HEK293T (ATCC), HeLa (from C. He, University 

of Chicago) and HepG2 cells (from Cellular Screening Center, University of Chicago) 

were plated and maintained in DMEM GlutaMAX (supplemented with 10% BS and 1% 

penicillin/streptomycin) at 37 °C and 5% CO2. For all experiments, cells had undergone 

fewer than 25 passages and hence mycoplasma contamination was not tested. HEK293T, 

HeLa and HepG2 cells are not listed in the database of commonly misidentified cell lines 

maintained by ICLAC (http://iclac.org/databases/crosscontaminations/). Cells were plated 

the day before all experiments. For all treatments, cells were first washed with fresh 

growth medium, which was then replaced with fresh growth medium containing the drug 

Table 3.3 List of the antibodies used in this study. SCB: Santa Cruz Biotechnology; 
CST: Cell Signaling Technology 

Protein Species Dilution Company Cat. No. 

Calnexin Rabbit 1:4000 Abcam ab22595 

ABHD10 Rabbit 1:1000 Abcam ab214085 

ABHD10 Rabbit 1:1000 Sigma HPA036991 

APT1 Rabbit 1:1000 Abcam ab91603 

APT2 Rabbit 1:1000 Abcam ab151578 

PRDX5 Rabbit 1:1000 Proteintech 17724-1-AP 

PRDX3 Rabbit 1:1000 Abcam ab73349 

FLAG Mouse 1:1000 Invitrogen MA1-91878 

ALDH6A1 Mouse 1:1000 SCB SC-365160 

ACOT1/2 Mouse 1:1000 SCB sc373919 

Streptavidin-HRP conjugates Goat 1:2000 CST 3999S 

α-Tubulin-HRP Goat 1:2000 Proteintech hrp-66031 

Anti Rabbit IgG- HRP Goat 1:4000 CST 7074S 

Anti Mouse IgGκ BP-HRP- HRP Goat 1:4000 SCB sc-516102 
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and/or probe. Where indicated, treatments also included Hoechst 33342 (1 µM) and 

MitoTracker Deep Red (100 nM) for nuclear and mitochondrial visualization, respectively. 

Transfections were conducted with either PEI (for plasmids), Lipofectamine 3000 (for 

plasmids) or Lipofectamine RNAiMAX (for siRNAs) according to the manufacturer’s 

recommended protocols, which were scaled according to the volume of the culture dish. 

 

Plasmid cloning. All plasmids were constructed by Gibson Assembly from PCR products 

generated using Q5 Hot Start DNA Polymerase (New England Biolabs) or Phusion 

Polymerase (generated in-house). The pcDNA3 vector was a gift from C. He and pET-

30a was used as described previously20. Genes for human PRDX5, human ABHD10, 

mouse ABHD10 and primers were synthesized by Integrated DNA Technologies. The 

complementary DNAs for PRDX5 and ABHD10 were cloned into the pcDNA3 vector for 

mammalian expression. In addition, both human and mouse ABHD10 were truncated to 

remove the mitochondria localization signal peptide (residues 1–52 for human ABHD10 

(Q9NUJ1-1) and 1–43 for mouse (Q6PE15-1)), optimized using the IDT Codon 

Optimizing Tool and cloned into the pET-30a vector containing a His-tag for Escherichia 

coli expression. All newly constructed plasmids were sequence-verified at the University 

of Chicago Comprehensive Cancer Center DNA Sequencing and Genotyping Facility and 

are available on request. 

 

Assessment of mitochondrial H2O2 following depalmitoylation inhibition. HEK293T 

cells (300,000 cells per well) or HepG2 cells (125,000 cells per well) were plated in four-

well chamber slides (D35C4-20-1.5-N, Cellvis) precoated with 5 µg poly-D-lysine (30–
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70 kDa, Alfa Aesar). After 20–24 h, cells were pretreated with 10 µM PalmB, 5 µM ML348 

or 2.5 µM mitoFP for 30 min at 37 °C. Control cells were pretreated with vehicle (DMSO). 

Hoechst 33342 and MitoTracker Deep Red were included for nuclear and mitochondrial 

visualization, respectively, as was 2 µM of the mitoPY1 (Sigma). After pretreatment, cells 

were briefly washed with DPBS, and treated with 100 µM H2O2 in fresh DPBS (400 µl) for 

10 min at 37 °C. Control cells were untreated. Cells were then imaged on an inverted 

epifluorescence microscope. Analyses were performed in ImageJ (by W. Rasband, NIH). 

For data analysis, the average fluorescence intensity per image in each experimental 

condition was obtained by gating cells using the bright-field image and applying that mask 

in the corresponding mitoPY1 image. All data were normalized to the average 

fluorescence intensity of the DMSO-pretreated control that was not exposed to H2O2. 

Each experiment was repeated in at least two biological replicates with identical results. 

 

ABE of cell culture samples. Volumes here are representative of an experiment using 

cells from a 10 cm plate. HEK293T cells were washed with DPBS, lysed with 1 ml RIPA 

lysis buffer containing protease inhibitors (1 mM PMSF and 50 mM N-ethylmaleimide 

(NEM, Acros)) and subject to end-over-end rotation overnight at 4 °C. The cell debris was 

pelleted by centrifugation at 13,000g for 15–30 min at 4 °C and the supernatant collected. 

Protein concentration was measured using the BCA assay and equal amounts of total 

protein from each sample were subjected to acetone precipitation for 2 h at −20 °C. The 

resulting pellet was dissolved by sonication in 100 μl per mg of protein of 4% SDS buffer 

(resuspension buffer: 150 mM NaCl, 50 mM HEPES, 5 mM EDTA, pH 7.4) containing 

50 mM NEM. Triton buffer (0.2%: 150 mM NaCl, 50 mM HEPES, 5 mM EDTA, pH 7.4; 
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250 μl per mg of protein) containing 50 mM NEM was added and protein solution was 

rotated end-over-end for 3 h at 25 °C. Two subsequent acetone precipitations were 

performed to remove excess NEM. The resulting protein pellet was dissolved in 105 μl of 

resuspension buffer by sonication. The protein sample was divided into two equal parts 

for ±HA (Acros) treatment in fresh 50-μl tubes. Each sample was treated with 150 µl of 

either –HA buffer (0.2% Triton buffer) or +HA buffer (0.2% Triton buffer containing 

1.33 mM HA, pH ~7.3). Samples were first incubated at room temperature with shaking 

for 1 h, and then proteins were precipitated by chloroform–methanol precipitation to 

remove excess HA. Protein pellets were dried for 20–30 min at room temperature and 

resuspended by sonication in 60 μl of resuspension buffer containing 10 µM EZ-Link 

HPDP-Biotin (ThermoFisher, catalog no. 21341). Protein solutions were diluted with 

240 μl of biotin buffer (0.2% Triton buffer, 10 µM EZ-Link HPDP-Biotin) and incubated for 

2 h at room temperature with shaking. Excess biotin was removed via acetone 

precipitation. Protein pellets were dissolved in 30 μl per mg of protein of resuspension 

buffer by sonicating, and the total volume was brought to 1200 μl with 0.2% Triton buffer. 

Undissolved residues were removed via centrifugation at 14,000 r.p.m. for 5 min at 4 °C. 

Protein concentrations were measured using the BCA assay. Protein (35 µg) was 

transferred to a fresh tube to serve as the loading control for normalizing levels of protein 

of interest (‘input’). Protein (350–400 µg) was transferred to a new tube and diluted to 

0.6–0.8 mg ml−1 with wash buffer (0.1% SDS, 0.2% Triton X-100, 150 mM NaCl, 50 mM 

HEPES, 5 mM EDTA, pH 7.4). Streptavidin–agarose beads (80 µl per mg of protein; 

ThermoFisher, catalog no. 20361) were added to the protein solution, which was then 

incubated at 4 °C overnight with end-over-end rotation. Unbound proteins were removed 
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by washing six times with 1 ml washing buffer and spinning for 1 min at 6,000 r.p.m. each 

time. Bound proteins were eluted by boiling the beads for 10 min at 95 °C with 1× Laemelli 

sample buffer (containing 20–30 mM DTT). The protein was resolved on 10% or 12% 

SDS–PAGE gels and subjected to western blotting using the protocol described above. 

 

Mouse tissues ABE assay. The use of vertebrate animals (Mus musculus, mouse) in 

the laboratory of B. Dickinson has been approved by the Institutional Animal Care and 

Use Committee under the Animal Care and Use Protocol no. 72531, ‘Mouse models of 

lipid signaling regulation’. For ABE performed on mouse tissue samples, organs were 

isolated from 7-week-old female C57BL/6J mice, quickly washed with Hanks’ balanced 

salt solution, and immediately flash-frozen. Following mechanical homogenization, 

samples were lysed in 2–5 ml (depending on organ mass) of HEPES lysis buffer (150 mM 

NaCl, 40 mM HEPES, 0.5% Triton, 3 mM EDTA, pH 7.4 with protease inhibitors and 1 mM 

PMSF) containing 50 mM NEM, vortexed vigorously and rotated end-over-end for 8 h. 

After centrifugation at 15,000 g, the supernatant was removed and subjected to 

sequential acetone and chloroform–methanol precipitations to yield dry protein. The 

resulting protein pellet was then processed as described above. 

 

PalmB ABE assay. A solution of PalmB (10 μM) or DMSO in DMEM GlutaMAX (10% 

charcoal-filtered FBS and 1% fatty acid-free BSA) was added to HEK293T cells grown to 

90% confluency. Cells were incubated for 1.5 h, washed twice with ice-cold PBS and 

processed as described in the ABE protocol. 
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17-ODYA Metabolic labeling. Volumes here are representative of an experiment using 

cells from a 10 cm plate. HEK293T cells were washed with DPBS and then treated with 

50 μM 17-ODYA absorbed on 5% BSA in DMEM GlutaMAX supplemented with 10% 

charcoal-filtered FBS. Cells were then incubated for 6 h, unless noted differently, at 37 °C 

with a supply of 5% CO2. Cells were washed once in DPBS, lysed with 1 ml HEPES lysis 

buffer (150 mM NaCl, 50 mM HEPES, 0.2% SDS, 1% Triton-100, pH 7.4, with EDTA-free 

protease inhibitor and 1 mM PMSF) and subject to end-over-end rotation overnight at 

4 °C. The cell debris was pelleted by centrifugation at 13,000g for 15–30 min at 4 °C and 

the supernatant collected. Protein concentration was measured using the BCA assay and 

1 mg of protein was placed into a new tube. First, the same volume of HEPES buffer 

(150 mM NaCl, 50 mM HEPES, pH 7.4) was added to adjust the SDS concentration to 

0.1%, and then all samples were diluted with the click reaction buffer (150 mM NaCl, 

50 mM HEPES, 0.1% SDS, 0.5% Triton-100, pH 7.4) for a final protein concentration of 

1 mg ml−1. Master mix (8 µl) made from 22 µl each of 5 mM Azide-PEG3-biotin (Sigma), 

5 mM TBTA (Combi-Blocks), 50 mM CuSO4 and 5 mM TCEP was added for a 1 ml ‘click’ 

reaction. The resulting solution was incubated for 1 h at room temperature with shaking. 

EDTA (121 µl of 100 mM solution) was added to quench the click reaction and proteins 

were precipitated by chloroform–methanol precipitation. The protein pellet was dissolved 

in 50 μl of resuspension buffer by sonicating and 150 µl of 0.2% Triton buffer was added. 

Protein was further precipitated by chloroform–methanol precipitation. The resulting 

protein pellet was dissolved in 105 μl of resuspension buffer by sonication. Protein 

samples were divided into two equal parts for ±HA treatment by placing 50 μl into fresh 

tubes. Each sample was treated with 150 µl of either –HA buffer (0.2% Triton buffer) or 
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+HA buffer (0.2% Triton buffer containing 1.33 mM HA, pH ≈ 7.3). Samples were first 

incubated at room temperature with shaking for 1 h, and then proteins were precipitated 

by chloroform–methanol precipitation to remove excess HA. Protein pellets were dried for 

20–30 min at room temperature and resuspended in 30 μl of resuspension buffer per mg 

of protein by sonicating, and the total volume was brought to 1,200 μl with 0.2% Triton 

buffer. Undissolved residues were removed by centrifugation at 14,000 r.p.m. for 5 min at 

4 °C. Protein concentrations were measured using the BCA assay. Protein (35 µg of each) 

was transferred to a fresh tube to serve as the ‘input’ sample, as described above. Protein 

(450–600 µg) was transferred to a new tube and treated as described for the ABE assay. 

 

Dose curve of mitoFP in live cells. HEK293T cells (22,000 cells per well) or HepG2 

cells (10,000 cells per well) were plated in ten wells of a 96-well plate (P96-1-N, Cellvis), 

which were either precoated with 0.7 µg poly-D-lysine (for HEK293T cells) or used as is 

(for HepG2 cells). After 20–24 h, cells were pretreated with 1.2, 2.5, 6 or 12 µM mitoFP 

for 30 min at 37 °C. Control cells were treated with DMSO vehicle. All treatments included 

Hoechst 33342 and MitoTracker Deep Red. Cells were then washed with imaging buffer, 

and probed for 10 min at 37 °C with either 1 µM DPP-2 or 500 nM mitoDPP-2 in fresh 

imaging buffer (100 µl). Cells were imaged on an inverted epifluorescence microscope. 

Six images from two biological replicates were used for analysis. Data analysis was 

performed as described above, and the data were normalized to the average 

fluorescence intensity of the DMSO-treated control. 
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Comparison of PalmB and mitoFP inhibition of APT activity. HEK293T cells (30,000 

cells per well) or HepG2 cells (10,000 cells per well) were plated in ten wells of a 96-well 

plate in the same manner as for the mitoFP dose curve in live cells. After 20–24 h, cells 

were treated with 2.5 µM mitoFP or 10 µM PalmB for 30 min at 37 °C. Control cells were 

treated with DMSO vehicle. Cells were then washed with imaging buffer and probed for 

13 min at 37 °C with either 1 µM DPP-2 or 500 nM mitoDPP-2 in fresh imaging buffer 

(100 µl). Images were obtained on an inverted epifluorescence microscope. Six images 

from two biological replicates were used for analysis. Data analysis was performed as 

mentioned above, and the data were normalized to the average fluorescence intensity of 

the DMSO-treated control. 

 

Assessment of APT1, ABHD10 and PRDX5 knockdown efficiency. HEK293T cells 

(550,000 cells per well) were plated in 2 ml DMEM GlutaMAX (10% FBS) into a six-well 

dish. After 20–22 h, cells were transfected with 44 pmol of siRNA targeting either APT1 or 

ABHD10, or a NT siRNA control. At 44 h posttransfection, cells were washed with 1 ml 

DPBS and lysed with 500 µl of RIPA buffer (50 mM Tris, 150 mM NaCl, 0.5% 

deoxycholate, 0.1% SDS, 1.0% Triton X-100, pH 7.4, PMSF and protease inhibitor 

cocktail). Lysed cells were collected and vortexed for 5 s and end-over-end rotated at 4 °C 

overnight. Protein concentration of each sample was measured by the BCA assay 

(ThermoFisher Scientific). Laemmli (6×) SDS sample buffer (Alfa Aesar) containing 

180 mM DTT was added, and proteins were denatured by heating at 90 °C for 10 min. An 

equal amount of protein from each sample was resolved on 12% SDS–PAGE gels and 

subjected to western blotting using the protocol described above. For checking PRDX5 
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knockdown efficiency, HeLa cells (500,000 cells per well) were plated and 25 pmol of 

siRNAs was used. 

 

Assessment of mitochondrial H2O2 following APT1 or ABHD10 knockdown, and 

ABHD10 overexpression. HEK293T cells (140,000 cells per well) were plated in four-

well chamber slides, as detailed above. After 18–20 h, 150 µl of media was removed from 

each well and the cells were transfected with 12.5 pmol of siRNA targeting either APT1 or 

ABHD10. Control cells were transfected with NT siRNA following the manufacturer’s 

conditions. At 44–48 h posttransfection, cells were pretreated with 2 µM mitoPY1 for 

30 min at 37 °C. Cells were then washed with DPBS and treated with fresh DPBS with or 

without 100 µM H2O2 for 10 min at 37 °C. Images were obtained on an inverted 

epifluorescence microscope. Data analysis was performed as described above. Data 

were normalized to the average fluorescence intensity of the NT siRNA-transfected 

control that was not treated with H2O2. Each experiment was repeated in at least two 

biological replicates with identical results. Similar experiments were also done in 

HEK293T cells transfected with 600 ng of ABHD10 vector or control vector. 

 

Assessment of cytoplasmic H2O2 following knockdown of ABHD10. HEK293T cells 

(150,000 cells per well) were plated in four-well chamber slides, as detailed above. After 

18–20 h, 150 µl of media was removed from each well and the cells were transfected with 

12.5 pmol of siRNA targeting either ABHD10 or NT siRNA control following manufacturer’s 

conditions. At 48 h posttransfection, cells were pretreated with 5 µM PY1 for 30 min at 

37 °C. Cells were then washed with DPBS (400 µl) and treated with fresh DPBS (400 µl) 
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with or without 100 µM H2O2 for 13 min at 37 °C. Images were obtained on an inverted 

epifluorescence microscope. Data analysis was performed as described above. Data 

were normalized to the average fluorescence intensity of the NT siRNA-transfected 

control that was not treated with H2O2. 

 

Epifluorescence-based genetic overexpression screen. HEK293T cells (16,000–

18,000 cells per well) were plated in 96-well plates as described above. After 18–22 h, 

cells were transfected with 80 ng of either empty vector plasmid or individual plasmids 

containing the protein targets. At 40–44 h posttransfection, the media was replaced with 

100 µl of fresh media containing 1 µM Hoechst 33342 and 100 nM MitoTracker Deep Red. 

After 30 min, the cells were washed with 100 µl of imaging buffer and 70 µl of 1 µM DPP-

2 in fresh imaging buffer was added to the cells. Cell were incubated for 10 min at 37 °C 

and then imaged from 25 min onwards on an inverted epifluorescence microscope set on 

automated focus mode. Multiple images from two biological replicates were used for 

analysis. Data analysis was performed as described above, and the data were normalize 

d to the average fluorescence intensity of empty vector plasmid-transfected control cells. 

ABPP. HEK293T or HepG2 cells were incubated with various concentrations of mitoFP 

for 2 h, and lysed in SDS-free RIPA lysis buffer. Knockdown lysates from APT1 or ABHD10 

siRNA-transfected cells were obtained by treating cells with SDS-free RIPA lysis buffer. 

After 30 min of lysis on ice, 50 µg of protein from total cell, cytosolic and mitochondrial 

fractions were incubated with 2 μM FP-TAMRA19 (ThermoFisher) for 1 h at room 

temperature, then quenched with 6× Laemelli sample buffer (containing 60 mM DTT). 

Proteins were resolved with 12% SDS–PAGE and visualized with Chemidoc XRS (Bio-
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Rad) using the Cy3 channel. As a loading control, Coomassie Blue was used to stain total 

protein. 

 

Mitochondria isolation. Mitochondrial and cytosolic fractions from HepG2 cells were 

performed according to the manufacturer’s recommended protocol with Mitochondria 

Isolation Kit for Cultured Cells (Pierce, catalog no. 89874). 

 

Imaging with mitoDPP-2. HEK293T cells (140,000 cells per well) were plated in four-

well chamber slides as described above. After 18–20 h, the cells were transfected with 

600 ng of either pcDNA3-ABHD10 WT or -ABHD10 S152A. Control cells were transfected 

with the empty pcDNA3 vector backbone. At 32–35 h posttransfection, nuclei and 

mitochondria were stained with Hoechst 33342 and MitoTracker Deep Red, respectively, 

for 30 min at 37 °C. Cells were then briefly washed with imaging solution and probed with 

500 nM mitoDPP-2 in fresh imaging solution. After 10 min at 37 °C, images were obtained 

on an inverted epifluorescence microscope, and data analyses were performed as 

described above. For data analysis, the average fluorescence intensity per image in each 

experimental condition was obtained by gating cells using the bright-field image, and 

applying that mask to the corresponding MitoTracker and mitoDPP-2 images. Eight 

images from two biological replicates were used to quantify the images, and the data were 

normalized to the average fluorescence intensity of the MitoTracker channel of cells 

transfected with the empty vector plasmid. 

For assessing mitochondrial membrane integrity in HEK293T, cells were plated, 

treated as described above and replaced with fresh growth media containing 1 µM 
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Hoechst 33342 and 100 nM TMRM. Cells were then incubated at 37 °C for 30 min, 

washed and replaced with 400 µl of imaging solution. Images were obtained on an 

inverted epifluorescence microscope using TRITC/RFP filter settings, and data analyses 

were performed as described above. Eight images from two biological replicates were 

used to quantify the images, and the data were normalized to the average fluorescence 

intensity of control cells. 

 

In vitro kinetic assay of APTs following mitoFP-mediated inhibition. In vitro 

biochemical assays with purified APT1 or ABHD10 enzymes were performed on a Biotek 

synergy Neo2 plate reader. APT1 or ABHD10 (100 nM) was incubated for 30 min at 37 °C 

with 1.2, 2.4, 6, 12, 24, 60 or 120 μM mitoFP equal in HEPES buffer (20 mM, pH 7.8, 

150 mM NaCl). Controls were incubated with an equal volume of DMSO. At the end of 

30 min, the incubated APT1 or ABHD10 solutions (150 µl) were added to a 96-well optical 

bottom plate (ThermoFisher Scientific, Nunc 265301) at room temperature. Wells 

containing HEPES buffer alone served as negative controls. Using a multichannel pipette, 

150 µl of a solution of 2 µM DPP-5 in HEPES buffer was added, for a final concentration 

of: 1 µM DPP-5; 50 nM enzyme; and 0, 0.6, 1.2, 3, 6, 12, 30 or 60 μM mitoFP. 

Fluorescence intensities (excitation wavelength λex = 490/20 nm, emission wavelength 

λem = 545/20 nm, Gain 80, read from bottom with height 4.5 mm and sweep method) were 

measured at 15s time intervals for 30 min at 37 °C. Incubations of 12 μM PalmB with 

100 nM APT1, and 6 μM PalmB with 100 nM ABHD10 were run in parallel and served as 

positive controls. The initial velocity was calculated from linear regression of the first 20 

data points of APT1 and the first 30 data points for ABHD10 (n = 4) and the one-phase 
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exponential decay analysis (Y = Span × exp(−KX) + Plateau) was done using GraphPad 

Prism v.6.0e. 

 

Purification of recombinant ABHD10. BL21-competent E. coli were transformed with 

both the pGro7 chaperone plasmid and plasmids encoding transit peptide-cleaved human 

ABHD10 (either WT or S152A) or mouse ABHD10. The cells were cultured in 500 ml 2× 

YT media with 33 μg ml−1 chloramphenicol, 40 μg ml−1 kanamycin and 0.5 mg ml−1 L-

arabinose in a 2L flask shaking at 37 °C until optical density OD600 ≈ 0.6, at which point 

1 mM IPTG was added. Cultures were then grown at 25 °C for an additional 20 h. Bacteria 

were harvested by centrifugation and lysed by sonication in 25 ml lysis buffer (50 mM Tris, 

1 M NaCl, 20% glycerol, 10 mM TCEP, pH 7.5). Cell debris was discarded and the lysis 

supernatant was incubated with 1 mL Takara His60 Ni Superflow Resin with gentle 

rotation at 4 °C for 1 h. The His-tagged proteins were purified using a standard protocol 

of washing and eluting the resin with wash buffer-1 (20 mM imidazole, 50 mM Tris, 1 M 

NaCl, 20% glycerol, 10 mM TCEP, pH 7.5), wash buffer-2 (40 mM imidazole, 50 mM Tris, 

1 M NaCl, 20% glycerol, 10 mM TCEP, pH 7.5) and elution buffer (300 mM imidazole, 

50 mM Tris, 1 M NaCl, 20% glycerol, 10 mM TCEP, pH 7.5). The purified proteins were 

then desalted on GE Disposable PD-10 Desalting Columns and stored in the protein 

storage buffer (50 mM Tris, 100 mM NaCl, 2 mM TCEP, 50% glycerol, pH 7.5). The purity 

of the elution fractions was validated by 12% SDS–PAGE gel. Purified proteins were 

stored in individual aliquots in protein storage buffer at −20 °C (for more immediate use) 

or −80 °C (for long-term storage). 
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In vitro kinetics of recombinant human and mouse ABHD10. DPP-5 (150 µl of 10 µM) 

in HEPES (20 mM, pH 7.8, 150 mM NaCl) was added to the 96-well optical bottom plate. 

HEPES buffer alone (150 µl) or HEPES buffer containing 1 μM proteins (human, mouse 

or S152A variant ABHD10, purified as described above; 150 µl) were added using a 

multichannel pipette, resulting in a final concentration of 5 µM DPP-5 and 500 nM 

proteins. Fluorescence intensities (λex = 490/20 nm, λem = 545/20 nm, gain 50, read from 

bottom with height 4.5 mm and sweep method) were measured at 1-min time intervals for 

12 h at 37 °C. The Michaelis–Menten kinetics regression analysis was performed using 

GraphPad Prism v.6.0e. 

 

Crystallization of truncated mouse ABHD10. Mouse ABHD10 was purified from Ni-

resin as described above. Mouse ABHD10 was solubilized in buffer A (20 mM Tris, pH 8.0) 

with PD-10 Desalting Columns and loaded onto a Q Sepharose Ion-Exchange column for 

gradient-elution with buffer B (1 M NaCl, 20 mM Tris, pH 8.0). Fractions were collected 

and verified by 12% SDS–PAGE. Pure fractions were combined and loaded onto a 

Superdex 200 Increase 10/300 GL column (GE Healthcare Life Sciences). The fractions 

eluted by SEC buffer (10 mM Tris, 50 mM NaCl, pH 8.0) were again verified by SDS–

PAGE and concentrated to 35 mg ml−1. The pure protein was then aliquoted, flash-frozen 

in liquid nitrogen and stored at −80 °C. The crystallization was performed using the 

hanging-drop vapor diffusion technique. The high-throughput screening of crystallization 

conditions was set up by a Mosquito Crystallization Robot (TTP Labtech) at 4 °C using 

commercially available screening kits from Hampton Research Corp. The best crystals 

were obtained from 25 mg ml−1 proteins mixed with the precipitant solution from Natrix 2 
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(0.08 M strontium chloride hexahydrate, 0.04 M sodium cacodylate trihydrate, pH 6.0, 

35% v/v (±)-2-methyl-2,4-pentanediol (MPD), 0.012 M spermine tetrahydrochloride). 

Following optimization of pH at 6.4 and precipitant concentration at 25%, crystals were 

grown in the 2 μl of 1:1 protein and buffer solution mixture drops hanging on siliconized 

glass slides, harvested by soaking the cryo buffer (same as precipitant buffer except that 

the MPD concentration increased to 50%) and flash-frozen in liquid nitrogen. 

 

Assessment of S-palmitoylation levels of PRDX3 and PRDX5 on ABHD10 

knockdown by ABE assay. HEK293T cells plated in 10-cm dishes were transfected 

when 30–40% confluent with control siRNA (NT) or ABHD10 siRNA. After 44–48 h, cells 

were lysed and processed as described in the ABE protocol. For quantification, five 

biological replicates in HEK293T cells were used and S-palmitoylation levels of PRDX3 

and PRDX5 were normalized by the following equation using the output signal (S) for 

corresponding proteins and calnexin from western blots 

 

Relative S−Palmitoylation of PRDX = [S(PRDX−10)×S(CANX−NT)]/[S(PRDX−NT)×S(CANX−10)] 

S(PRDX−10)=Chemiluminescence signal of PRDX upon ABHD10 knockdown 

S(PRDX−NT)=Chemiluminescence signal of PRDX in control cells 

S(CANX−10)=Chemiluminescence signal of calnexin upon ABHD10 knockdown in control 

cells 

S(CANX−NT)=Chemiluminescence signal of calnexin in control cells 

Similar experiments in HEK293T cells were performed in three biological replicates 

to assess S-palmitoylation levels of PRDX3 and PRDX5 on APT1 knockdown. For 
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assessing S-palmitoylation levels of PRDX3 and PRDX5 in HeLa cells on ABHD10 

knockdown, we took 24 mg of total protein as input, and used 211 mg of total protein for 

biotin enrichment and measured percentages of S-palmitoylation as follows 

 

Relative S−Palmitoylation of protein=[S(Output)/211]/[S(Input)/24] 

S(Output)=Chemiluminescence signal of protein in output sample 

S(Input)=Chemiluminescence signal of protein in input sample 

 

PRDX5 immunoprecipitation ABE assay. HEK293T cells plated in 10-cm culture dishes 

were transfected with 10 µg of pcDNA3-PRDX5-Flag WT plasmid and PEI 

(PEI:DNA = 4:1)42 when 30–40% confluent. After 16 h, the media was removed and 

transfected with 150 pmol of either ABHD10 or NT siRNA for another 24 h. Cells were 

then lysed in SDS-free RIPA lysis buffer and rotated end-to-end for 2 h at 4 °C before 

insoluble material was removed by centrifugation at 14,000 r.p.m. for 15 min at 4 °C. 

Immunoprecipitation was performed overnight at 4 °C with anti-FLAG antibody-incubated 

protein G magnetic beads (prepared according to the manufacturer’s recommended 

protocol). Inputs were taken from lysates (10% of the lysate volume) before 

immunoprecipitation. Beads were washed once with SDS-free RIPA lysis buffer and then 

incubated with 500 μl SDS-free RIPA lysis buffer containing 50 mM NEM for 2 h at 25 °C 

with end-to-end rotation. Beads were washed three times with SDS-free RIPA lysis buffer 

then equally separated into two new tubes. One tube was incubated with SDS-free RIPA 

lysis buffer containing 0.8 M HA (pH 7.4), and the other was incubated with SDS-free RIPA 

lysis buffer and rotated end-to-end for 1 h at room temperature. Beads were washed two 
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times with SDS-free RIPA lysis buffer before incubating with 10 μM EZ-Link HPDP-Biotin 

for 2 h at 25 °C with end-to-end rotation. Beads were washed twice and eluted with 50 mM 

glycine solution (pH 2.8). The supernatant was neutralized with 1 M Tris before boiling for 

10 min at 95 °C with 6× Laemelli sample buffer. The protein was resolved on 12% SDS–

PAGE gels and western blotting was conducted using the protocol described above. 

 

PRDX5 palmitoylation site identification by ABE. HEK293T cells plated in 10-cm 

culture dishes were transfected when 30–40% confluent with 15 µg of either the pcDNA3-

PRDX5-Flag WT plasmid (control) or individual plasmids containing each cysteine to 

serine point mutant. After 42–48 h, cells were washed with DPBS, lysed and processed 

as described above for the ABE protocol. Input and output samples for C100S were taken 

three times more than corresponding samples for WT, C125S and C204S. 

 

PRDX5 palmitoylation site identification by metabolic labeling. HEK293T cells plated 

in 10-cm culture dishes were transfected when 30–40% confluent with 15 µg of either the 

pcDNA3-PRDX5-Flag WT or C100S mutant plasmid. After 44 h, cells were metabolically 

labeled with 50 µM 17-ODYA for 3 h and then processed using the metabolic labeling 

protocol described above. 

 

Cell viability experiment. For the H2O2 experiment, HEK293T or HeLa cells transfected 

with NT siRNA or ABHD10 siRNA for 24 h were replated into a 96-well plate. After 24 h, 

the media was replaced with 200 µl pyruvate-free DMEM GlutaMAX (10% FBS) 

containing either H2O or 25 or 50 µM H2O2. After 36 h incubation at 37 °C, the media was 
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replaced with 200 µl of 1× MTS reagent (10× PBS stock solution containing 0.6 mM MTS 

and 0.033 mM phenazine methosulfate, pH 5.2–5.4)43 in DMEM GlutaMAX and incubated 

at 37 °C for 1–2 h. The plate was then gently shaken and absorbance was measured at 

490 nm using a plate reader. Cells treated with NT or ABHD10 siRNA and no H2O2 were 

set to 100% viability. Each group of cells with various concentrations of H2O2 was 

normalized to respective cells treated with H2O as follows: 

 

Percentage cell viability(c) = A(c)/A(0) × 100 

A(c) = Average absorbance at concentration c 

A(0) = Average absorbance at concentration 0 

 

For the H2O2 experiment with PRDX5 knockdown, HEK293T or HeLa cells were 

transfected with NT siRNA, PRDX5 siRNA, ABHD10 siRNA or cotransfected with 

ABHD10 siRNA and PRDX5 siRNA (for the non-cotransfected group, NT siRNA was 

added to make the total amount of siRNA consistent between groups) for 24 h (for the 

HeLa cells, we replaced the media without siRNA after 12 h to decrease toxicity stemming 

from the transfection reagent) and then were replated into a 96-well plate. The rest of the 

protocol was the same as described above. 

For the paraquat experiment, HEK293T cells transfected with NT siRNA or 

ABHD10 siRNA for 24 h were replated into a 96-well plate. After 24 h, the media was 

replaced with 200 µl pyruvate-free DMEM GlutaMAX (10% FBS) containing either H2O 

or 50, 100 or 200 µM aqueous paraquat. After 12 h at 37 °C, the media was replaced with 

200 µl of pyruvate-free DMEM GlutaMAX (10% FBS). After 24 h, the media was replaced 
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with 200 µl of 1× MTS reagent (10× PBS stock solution containing 0.6 mM MTS and 

0.033 mM phenazine methosulfate, pH 5.2–5.4) in DMEM GlutaMAX and incubated at 

37 °C for 1 h. The plate was then gently shaken, and absorbance was measured at 

490 nm using a plate reader. Quantification was performed as described above. 

 

3.5 Synthetic procedures 

Synthesis of 1. (4-Iodobutyl)triphenylphosphonium44 (1.2 g, 1.0 equiv., 2.10 mmol) was 

dissolved in excess triethyl phosphite (1.80 ml, 5.0 equiv., 10.5 mmol) and heated at 

155 °C for 4 h. Excess triethyl phosphite was removed at 80 °C under vacuum to yield 1 

as a colorless oil (0.79 g), which was used without further purification. 

 

Synthesis of mitoFP (3). Compound 1 (0.79 g, 1.0 equiv., 1.36 mmol) was dissolved in 

dichloromethane (DCM) (30 ml) and cooled to 0 °C. Bromotrimethylsilane (1.10 ml, 

6.0 equiv., 8.33 mmol) was added and the reaction was stirred first for 30 min at 0 °C and 

then for 2 h at room temperature. Then, 15 ml water was added to quench the reaction. 

The aqueous phase was separated and an additional 10 ml of water was used to extract 

the product from the organic phase. The combined aqueous phase was washed once 

with 15 ml DCM. The aqueous solution was azeotroped with toluene (3×) to yield 2 as a 

yellow oil, which was used without further purification. Compound 2 was dissolved in 25 ml 

dry DCM and cooled to 0 °C, followed by dropwise addition of DAST (2.1 ml, 11.7 equiv., 

15.9 mmol). The reaction was first stirred at 0 °C for 15 min, and then at room temperature 

for another 15 min to generate the difluoro intermediate. Octanol (5 ml in total) was added 

dropwise at 45 °C until no difluoro intermediate was detected by LC–MS. The reaction 
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was quenched with water and extracted with DCM. The organic layer was washed with 

water and then brine. The organic layer was then dried over Na2SO4, and then 

concentrated and purified by column chromatography (Silica; 0–5% MeOH in 1:1 

DCM:EtOAc) to yield mitoFP (3) (0.264 g, 36%). Rf: 0.45 (Silica; 10% MeOH in 1:1 

DCM:EtOAc). 1H-NMR (500 MHz; CDCl3): δ 7.82–7.68 (m, 15H), 4.11 (q, J = 7 Hz, 2H), 

3.54–3.48 (m, 2H), 2.07–1.99 (m, 4H), 1.88–1.82 (m, 2H), 1.66–1.62 (m, 2H), 1.31–1.25 

(br, 10H), 0.86 (t, J = 6.8 Hz, 3H). 13C-NMR (126 MHz; CDCl3): δ 135.4, 135.3, 133.7, 

133.6, 130.8, 130.7, 118.3, 117.6, 67.6, 67.5, 31.8, 30.4, 30.3, 29.2, 29.1, 25.3, 22.7, 

14.2. HRA–MS+: calculated for C30H40FO2P2 [M+] 513.2482; found 513.2587. 
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Compound 3, mitoFP 

 
 

1H-NMR (500 MHz; CDCl3) 

 
 
13C-NMR (126 MHz; CDCl3) 
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LC-MS Analysis 
 

UV signal at 254 nm.  

ESI (+) shows m/z at 513.3 for mitoFP. 
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CHAPTER 4 

A HIGH-THROUGHPUT FLUORESCENT TURN-ON ASSAY FOR INHIBITORS OF 

DHHC FAMILY PROTEINS 

 

4.1 Introduction 

As stated in 1.5.1, DHHCs and APTs regulate the cycle of proteome-wide 

acylation/deacylation and subsequent cell signaling, impacting cellular homeostasis and 

function. Moreover, in recent years, both DHHCs and APTs have emerged as targets for 

the mitigation of human pathologies. For example, the S-palmitoylation and S-

depalmitoylation of N-Ras by zDHHC91 and ABHD172,3, respectively, drive its activation 

and signal propagation and therefore could be targeted in N-Ras-dependent cancers. 

Perturbing the S-palmitoylation cycle of STAT3 by inhibiting either zDHHC7 or APT2 

activity can preclude TH17 cell differentiation and reduce symptoms of inflammatory 

bowel disease4. Additionally, zDHHC20 activity has been implicated in cellular 

transformation and lung tumorigenesis via regulation of epidermal growth factor receptor 

(EGFR) signaling, while zDHHC20 is upregulated in colorectal cancer5,6. Thus, disruption 

of S-acylation represents an emerging strategy for the treatment of disease. 

While potent pan-active and isoform-specific S-deacylase (APT) inhibitors exist, 

parallel tools – much less ones with clinical potential – for the DHHC-PATs remain scant. 

As stated in 1.5.4, 2-Bromopalmitate (2BP) is the most commonly used DHHC inhibitor, 

but low potency, high cytotoxicity, and poor selectivity significantly curtail its applications7. 

Our lab recently developed an acrylamide-based zDHHC inhibitor8, CMA, which has 

decreased cytotoxicity and an altered reactivity profile as compared to 2BP. However, like 
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2BP, CMA is a lipid-based molecule with limited selectivity that targets a broad spectrum 

of zDHHC family proteins, making it unsuitable for probing the biology of individual 

zDHHCs. 

A central challenge in the identification and development of DHHC inhibitors is a 

lack of robust high-throughput screening (HTS) assays. Table X lists the main DHHC 

assays that have been developed. Most recently, the acylation-coupled lipophilic 

induction of polarization (Acyl-cLIP) assay has been successfully adapted for zDHHC3, 

7, and 208–10. In this assay, a fluorophore-labeled peptide is palmitoylated by a zDHHC 

enzyme and inserted into detergent micelles, resulting in a change in fluorescence 

polarization (FP). However, the dynamic range of this assay is limited, and It requires 

large quantities of DHHC protein that is difficult to purify.  

Here, we report the development of palmitoyl transferase probes (PTPs), a panel 

of palmitoyl-CoA mimetic pro-fluorescent probes that report on DHHC activity in vitro. 

Using the PTPs, we develop a DHHC screening assay with a direct, sensitive, and simple 

readout of enzyme activity. After validating the assay with three human zDHHCs (2, 3, 

and 20) and confirming its sensitivity to known DHHC family inhibitors 2BP and CMA, we 

conduct a pilot screen of a library of 1,687 acrylamide-containing molecules against 

zDHHC20, establishing the suitability of the assay for HTS.      

 

4.2 Results 

DHHC catalysis of protein S-acylation is thought to occur via a two-step 

mechanism11. First, the active site cysteine of the signature DHHC (Asp-His-His-Cys) 

motif is auto-acylated by an acyl-CoA donor, resulting in an acyl:DHHC thioester 
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intermediate. Then, the acyl moiety is transferred from the DHHC cysteine to a protein 

substrate via a transacylation reaction (Figure 4.1A). In designing a probe to provide a 

direct readout of DHHC activity, we sought to exploit the DHHC recognition of the acyl 

(frequently palmitoyl) CoA donor. We hypothesized that a pre-palmitoyl CoA mimetic 

fluorescent probe could be recognized by DHHC family proteins, with enzyme processing 

triggering fluorophore release (Figure 4.1B). Our lab has previously reported S-

 
Figure 4.1 Design of palmitoyl transferase probes (PTPs): CoA substrate-based 
turn-on probes for DHHC activity. (A) The hypothesized two-step mechanism of DHHC 
acylation. The enzyme first forms an auto-acylated intermediate via nucleophilic attack of 
the active site cysteine on the acyl-CoA thioester. The DHHC enzyme then transfers the 
acyl chain to a bound substrate. (B) Design and mechanism of PTPs. An S-acylated 
cysteamine (blue box) is tethered to a pro-fluorescent molecule by a carbamate linker. A 
DHHC enzyme recognizes the pro-fluorescent molecule as an acyl donor and cleaves the 
thioester bond of the probe. The free thiol group then cyclizes and cleaves the carbamate 
linkage to release a fluorescent product (deep green). The isoform specificity and physical 
properties of the molecule can be tuned by modulating the acyl modification (turquoise 
box) and functional groups on the piperidine group (light green box). 
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depalmitoylation probes (DPPs), whose deacylation results in thiol-initiated cleavage of a 

carbamate linker and release of the fluorescent product12. Intriguingly, we observed that 

the structure of DPP-513 shares some similarities with palmitoyl CoA, namely a palmitoyl 

 
Figure 4.2 In vitro and in silico validation of the DPP-5/DHHC interaction. (A) DPP-
5 can be uncaged by DHHC family interactions. Purified zDHHC2, 3, and 20 were 
incubated with DPP-5 (4 μM), and the resulting fluorescence signal was normalized to 
the signal generated by the hydroxylamine (HA)-deprotected probe to give the percent 
deprotection. Data are presented as the mean ± standard deviation (n = 3). (B) Docking 
studies of DPP-5 (green) with zDHHC20 (PDB: 6BML). Surface colored by electrostatic 
potential (top) and cartoon (bottom) views of the representative low energy 
conformations. Electrostatic surface potential was generated using an Adaptive Poisson-
Boltzmann Solver (APBS) server with default settings. Positively (blue) and negatively 
(red) charged surfaces are displayed at the contour levels of +5 and–5 kBT/e, 
respectively, where kB is the Boltzmann constant, T is temperature, and e is the charge 
on an electron. Selected hydrogen bond interactions are shown as dashed yellow lines. 
The side chain of key residues is highlighted. 
 

DHHC2

DHHC3

DHHC20

DPP-5

A

B
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chain, a cysteamine, and a polar terminal functional group – leading us to posit that this 

probe could be recognized by DHHC family proteins and serve as a starting scaffold for 

a fluorescence-based DHHC probe. To substantiate this hypothesis, we performed 

docking in Autodock Vina with a previously reported crystal structure of zDHHC2014,15. 

Analysis of the lowest-energy conformations revealed that the lipid chain of DPP-5 could 

be docked into the hydrophobic groove, while its carboxylate could engage with the highly 

positive adenosine diphosphate (ADP) binding pocket (Figure 4.2B). 

 
 

Figure 4.3 Docking studies of PTP-1 with zDHHC20. (A) Structure of PTP-1. (B) 
Docking studies of PTP-1 (green) with zDHHC20 (PDB: 6BML). Surface colored by 
electrostatic potential (top) and cartoon (bottom) views of the representative low energy 
conformations. Electrostatic surface potential was generated using an Adaptive Poisson-
Boltzmann Solver (APBS) server with default settings. Positively (blue) and negatively 
(red) charged surfaces are displayed at the contour levels of +5 and–5 kBT/e, 
respectively, where kB is the Boltzmann constant, T is temperature, and e is the charge 
on an electron. Selected hydrogen bond interactions are shown as dashed yellow lines. 
The side chain of key residues is highlighted. 
 

PTP-1

A

B
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To validate these in silico observations, we then tested the ability of DHHC family 

proteins to uncage DPP-5 in vitro. Excitingly, incubation of purified human zDHHCs 2, 3, 

and 20 with DPP-5 resulted in a significant increase in fluorescent signal, confirming that 

the thioester bond of DPP-5 could be cleaved by DHHC family proteins (Figure 4.2A). 

Therefore, we next aimed to optimize this fluorogenic scaffold for interactions with DHHC 

family proteins and generate a family of palmitoyl transferase probes (PTPs). As an APT 

 
 

Figure 4.4 Docking studies of PTP-2 with zDHHC20. (A) Structure of PTP-2. (B) 
Docking studies of PTP-2 (green) with zDHHC20 (PDB: 6BML). Surface colored by 
electrostatic potential (top) and cartoon (bottom) views of the representative low energy 
conformations. Electrostatic surface potential was generated using an Adaptive Poisson-
Boltzmann Solver (APBS) server with default settings. Positively (blue) and negatively 
(red) charged surfaces are displayed at the contour levels of +5 and–5 kBT/e, 
respectively, where kB is the Boltzmann constant, T is temperature, and e is the charge 
on an electron. Selected hydrogen bond interactions are shown as dashed yellow lines. 
The side chain of key residues is highlighted. 
 

PTP-2

A

B
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substrate, DPP-5 contains a palmitoylated cysteine, which is absent in the palmitoyl CoA 

substrate of DHHCs (Figure 4.1B, 4.2A). We thus reasoned that removal of the methyl 

amide from DPP-5 would both minimize steric clashes and result in a better acyl-CoA 

mimic (PTP-1) (Figure 4.3A). Docking against zDHHC20 revealed a tightly bound ligand-

receptor complex, but also that the probe did not engage a highly conserved key residue 

of the basic patch, Lys13514,16 (Figure 4.3B). In silico screening to maximize this ADP- 

 

 
Scheme 4.1 Synthetic scheme for PTPs.  
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binding pocket interaction demonstrated that replacement of succinic acid with glutaric 

acid (PTP-2) resulted in further optimized interactions (Figure 4.4A,B). Given that 

different DHHC isoforms might have individuated interactions in the CoA binding region, 

we also synthesized two additional probes, one with a terminal morpholino group (PTP-

3) and one with an internal amino group (PTP-4) (Figure 4.5A). Notably, each of these 

 
 

Figure 4.5 PTP family probes report DHHC family protein activity. (A) Structures of 
the palmitoyl transferase probes (PTPs) synthesized and tested in this work. All probes 
feature a palmitoylated cysteamine, with variably modified piperidine groups. (B) 
Uncaging of PTPs by DHHC family proteins. Each PTP (4 µM) was incubated with purified 
human zDHHCs 2, 3, or 20 for 3 hours. Fluorescent output was monitored over time, 
normalized to the signal generated by the hydroxylamine (HA)-deprotected probe to give 
the percent deprotection. Data are presented as the mean ± standard deviation (n = 3). 
(C) Detection of inhibition by PTPs. Preincubation of each zDHHC (2, 3, and 20) with 
known DHHC family inhibitors 2BP and CMA (20 µM) abrogated the PTP fluorescent 
output. Data are presented as the mean ± standard deviation (n = 6).      
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probes share a native substrate mimetic, a masked fluorophore, and a polar group to 

facilitate binding. Synthesis of all PTP 

probes proceeded smoothly via a 

modular synthetic route (Scheme 4.1). In 

brief, common precursor 5 was 

synthesized by triphosgene-mediated 

carbamate formation between trityl 

protected cysteamine 4 and Boc-rhodol. 

Following trityl deprotection and lipidation 

to give PTP precursor 6, a series of 

functional groups were installed via 

acylation to yield PTP1-4. 

With this small panel of probes in 

hand, we first screened them against 

zDHHC20 to identify the best substrate, 

i.e., the most uncaged molecule, for this 

protein. While all probes gave significant 

fluorescent signal, PTP-2 emerged as the 

probe most deprotected by zDHHC20, 

paralleling the docking experiments 

(Figure 4.2B, 4.3B, 4.4B, 4.5B). 

Moreover, incubation with the DHHA 

mutant of zDHHC20, a variant lacking a 

 
 

Figure 4.6 Validation and characterization 
of PTP-2. (A) PTP-2 (4 µM) was incubated 
with either WT zDHHC20 or its inactive 
mutant (DHHA) and the fluorescent output 
(PTP-2 uncaging) was monitored over time. 
Data are presented as the mean ± standard 
deviation (n=3). (B) zDHHC20 was incubated 
with PTP-2 at a 1, 2, 4, 6, 8, 16, 24, and 32 
µM, and the initial velocity (RFU/min) was 
plotted against the stated concentrations to 
give the Km and kcat. (C) Tabulation of kinetic 
parameters for PTP-2 and palmitoyl CoA with 
zDHHC20) Quantification of (B) (error bars 

are  s.e.m, n = 5). Student’s t-test; **P < 
0.001. 100 µm scale bar shown.   
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key catalytic cysteine, resulted in an 80% decrease in fluorescent signal (Figure 4.6A). 

We next measured the enzyme kinetics to elucidate the affinity of the zDHHC20/PTP-2 

interaction. We determined the Km and kcat to be 24.3 μM and 0.160 s-1, respectively, 

while the calculated kcat/Km value was 6.58 x 103 M-1s-1 (Figure 4.6B,C). These kinetic 

parameters are comparable to those of the natural substrate palmitoyl-CoA, suggesting 

that PTP-2 could indeed behave as an acyl-CoA mimic. Finally, to establish the 

adaptability of this assay for other DHHC family proteins, we also screened the probes 

against zDHHC2 and 3. Interestingly, we observed here that PTP-3, the morpholino 

compound, was the best substrate for these two zDHHCs (Figure 4.5B). Together, these 

data confirm the ability of the PTP fluorogenic probe family to report on the activity of 

DHHC family proteins in vitro. 

We next sought to establish the suitability of this assay for a high-throughput 

screen. The Z’-factor is a statistical characteristic used to evaluate the quality of an assay, 

with a Z’-factor > 0.5 indicating congruence with an HTS17. Here, evaluation of the Z’-

factor during the linear reaction rate time (t = 30 min) afforded a value of 0.77 for 

 
Figure 4.7 Validation of the fluorescence assay using known inhibitors. Dose-
response curves of 2BP (A) and CMA (B) inhibition of zDHHC20 with a pre-incubation 
time of 30 min, measured by the fluorescent assay with PTP-2. The IC50 values were 
calculated from a four-parameter dose-response curve, and the data represented mean 
± standard deviation (n = 3). 
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zDHHC20. This Z’-factor compares favorably with other published assays, including 

DHHC-acyl-cLIP (Z’ = 0.553), and reflects the large dynamic range (~1,000 RFU) of the 

assay. A similarly robust Z’-factor was observed for zDHHCs 2 and 3 (t = 30 min, 0.78 

and 0.83, respectively). We then confirmed the ability of this assay to detect zDHHC 

inhibition using known inhibitors. zDHHC2, 3, and 20 were incubated with 20 µM of either 

2BP or CMA and the fluorescent readout recorded. Here, we observed that both CMA and 

2BP were able to inhibit zDHHC2, 3, and 20 (Figure 4.5C). Specifically, CMA and 2BP 

were found to have IC50’s of 0.463 ± 0.07 µM and 2.020 ± 0.29 µM (Figure 4.7A,B), 

respectively, comparable to those reported by the zDHHC20 acyl-cLIP assay (1.35 ± 0.26 

μM and 5.33 ± 0.77 μM). These results establish the utility of the PTP-based fluorescence 

assay for HTS.  

Having validated the compatibility of the assay for HTS, we next conducted a pilot 

screen. As our previous work has verified the ability of acrylamide-containing molecules 

to inhibit DHHC family proteins, we screened a library of 1,687 acrylamide-containing 

compounds in 384-well plate format at a fixed concentration of 25 µM, with CMA as a 

positive control and 30 minutes of pre-incubation (Figure 3A). With a threshold set for at 

least 30% inhibition at 25 µM, we found that 29 molecules from this library moderately 

inhibited zDHHC20. Re-testing 8 random molecules (Figure 3B) at 25 µM, but with an 

abbreviated pre-incubation time (10 min), confirmed this finding (Figure 3C). This 

inhibition was also cross-validated using the DHHC-acyl-cLIP assay, wherein the 

identified molecules showed moderate inhibition at 25 µM against zDHHC20 (Figure S8). 

Together, these data confirm the suitability of this assay as a high-throughput method to 

identify DHHC inhibitors. 



132 
 

 

4.3 Discussion 

The increasing awareness of the importance of DHHC activity in both health and 

disease states underscores the need for chemical inhibitors to probe the biology and 

therapeutic potential of these targets. However, the development of inhibitors is hindered 

by the limitations of current biochemical assays for DHHC activity. In this letter, we 

introduce a fluorescence-based assay for DHHC activity based on CoA substrate 

mimetics – a rare small molecule-based assay for a PTM writer protein. Using in silico 

modeling as a guide, we rationally designed a panel of pro-fluorescent PTPs that 

 
Figure 4.8 High-throughput screen of an acrylamide library against zDHHC20. (A) A 
1,687-member acrylamide library was screened against zDHHC20 using PTP-2, with 
CMA included as a positive control. Data are presented as the mean ± standard deviation 
(n = 2). Hits were defined as inhibiting enzyme activity by at least 30% at 25 µM (dotted 
line). (B) Structures of a panel of molecules identified in the screen described in (A). (C) 
Re-screening of a selection of hit compounds shown in (B) against zDHHC20 using PTP-
2 and with a 10 min inhibitor preincubation time. (D) Secondary validation of screening 
hits using a fluorescence polarization assay. Fluorescence polarization (FP) screening of 
selected hit compounds against zDHHC20, with activity normalized to DMSO. Data are 
presented as the mean ± standard deviation (n=3) in (C) and (D). 
 



133 
 

capitalize on DHHC recognition of palmitoyl-CoA during the auto-acylation step of its 

catalytic cycle, uncaging the probe and providing a turn-on fluorescent readout of DHHC 

activity. The flexible and modular synthesis of the PTPs suggests that the PTP library 

could be easily expanded to other DHHC family members and even adapted to other 

transferases, such as N-myristoyltransferase family proteins (NMTs). We demonstrate 

that this assay is amenable to high throughput screening of zDHHC inhibitors based on 

the fluorescence readout, reagent cost and quantity, and excellent Z’-factors for three 

DHHC protein family members (0.77-0.84). As a proof-of-concept, we screened 1,687 

acrylamide-based molecules against zDHHC20 in duplicate in a 384-well plate format. 

From this pilot screen, we identified several moderately potent, non-lipidic compounds, a 

selection of which were validated using DHHC-acyl-cLIP. While the activity of these 

compounds was limited, we anticipate that a larger HTS has the potential to identify more 

drug-like and perhaps isoform-selective DHHC inhibitors. 

 

4.4 Experimental Details 

General materials and methods. For biochemical and biological experiments, TCEP 

(UBPBio), n-Dodecyl-β-D-maltoside (DDM) (Cayman chemical) and 2-bromopalmitate 

(Sigma) were purchased from the sources given in parentheses. DPP-5, CMA, and RSK6 

were synthesized as previously reported8. Docking was performed with the AutoDock 

Vina (v. 1.2.0). Preparation of the receptor and the ligands was done with the MGL 

Autodock Tools package (ADT). The human zDHHC20 structure (PDB: 6BML) without 

2BP was used as the receptor. The allowed conformational space, the “docking box,” was 

centered on the 2BP binding pocket as defined by Rana et al. (PDB: 6BML). For each 
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ligand, 100000 models were generated, and 20 protein-ligand complexes with lowest 

energy were selected for analysis. The results were analyzed with Chimera18.  

 

Plasmid cloning. All newly cloned plasmids were constructed by Gibson assembly from 

PCR products generated using Q5 Hot Start DNA Polymerase (New England Biolabs). 

The human DHHC2/3/20 in pCE-puro backbone was a gift from S. Bamji (University of 

British Columbia). Plasmid pcDNA 6.1 eGFP-GobX was a gift from M. Machner at NIH, 

and GobX was cloned into pET-30A containing a His6 tag at N-terminal for E. coli 

expression as described previously8. All customized primers were synthesized by 

Integrated DNA Technologies (IDT). All of the DHHC library plasmids and newly 

constructed plasmids used in this work were sequence-verified at the University of 

Chicago Comprehensive Cancer Center DNA Sequencing and Genotyping Facility and 

are available on request. 

 

Purification of human zDHHC2, 3, and 20 

Expression in Hek293T cells: HEK293T cells (~3 x 106 cells per dish) were plated 

in a 15 cm dish (Corning). After 24 hours, at ~70-80% confluency, cells were transfected 

with 33 μg of pCE-puro myc-His6-human zDHHC20 isoform 3 using PEI. Two days post 

transfection, cells were harvested and washed twice with DPBS.  

Expression in Sf9 cells: Recombinant baculovirus encoding myc-His6-human 

zDHHC20 was generated by cloning myc-His6-human zDHHC20 into a pFastBac1 vector 

and obtained following transfection and two rounds of amplification in Sf9 cells (Novagen), 

as previously reported19. Then, 200 mL of Sf9 insect cells (2.5 x 106 cells/mL) were 
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infected with the baculovirus encoding cloning human zDHHC20. After incubation at 28 

°C for 48 h, infected cells were harvested by centrifugation at 3000xg and then washed 

with DPBS and flash frozen until purification.  

Protein Purification: Cells were lysed with the lysis buffer (50 mM Tris, 150 mM 

NaCl, 1 mM EDTA, 10% glycerol, 1 mM TCEP, pH 7.4 with 20 mM DDM and a protease 

inhibitor cocktail) and rotated end-over-end at 4 ˚C for 1 hour. After centrifugation at 

12,000xg at 4 ̊C for 40 min, cell debris was discarded, and the cell lysate was diluted 

twice with DDM-free lysis buffer before incubation with Takara His60 Ni Superflow Resin 

(500 µL for a 15 cm dish of HEK293T cells and 3 mL for a 200 mL culture of Sf9 cells) via 

end-over-end rotation at 4 ̊C for 1 hour. The Ni resin was then washed with equilibrium 

buffer (10 mM imidazole, 50 mM Tris, 1 M NaCl, 20% glycerol, 10 mM TCEP, pH 7.5) and 

spun down at 4,000 rpm in 4 ̊C for 5 min. After three wash cycles, the His-tagged proteins 

were eluted via incubation (3x) with a column volume of elution buffer (300 mM imidazole, 

50 mM Tris, 1 M NaCl, 20% glycerol, 10 mM TCEP, pH 7.5). The purity of the eluted 

fractions was assessed by SDS-PAGE gel electrophoresis, and the presence of each 

zDHHC protein was confirmed via anti-myc Western blotting. The fractions with zDHHC 

proteins were combined and concentrated as needed using the Amicon Ultra-4 

Centrifugal Filter Unit, 10 kDa. The concentration of zDHHC 20 was determined initially 

by Bradford assay (Bio-Rad) and for subsequent batches, by fluorescence polarization 

(FP) assay. The concentrations of zDHHC2 and 3 were determined by Coomassie Blue. 

Purified protein was stored at -20 ̊C (for immediate use) or -80 ̊C (for long-term storage). 
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In vitro fluorescence polarization (FP) assay. The FP assay was adopted from a 

previously method8 and used to validate selected compound inhibition. Here, a 48 µl 

protocol with 1 hour inhibitor preincubation was used, and all inhibitors were tested at 25 

μM concentration. Measurements were recorded on Synergy Neo2 Hybrid Multi-Mode 

Reader (BioTek Instruments, Inc.) with Dual FP Green filter cube. Fluorescence 

polarization (λex = 485/20 nm, λem = 528/20 nm, gain = 35, top reading with height 8.0 

mm, and filter switching method) was measured at 1-min time intervals for 1 hour at 37 ̊C. 

Assay data were exported in Microsoft Excel. The assay was performed in kinetics mode, 

and the difference taken between average values at the end (t = 114-120 min) and the 

beginning (t = 0-6 min) was used to determine the enzyme activity.  

 

In vitro fluorescence-based palmitoyl transferase probe (PTP) assay. PTP screening 

against DHHC2/3/20. To balance sensitivity, replicability, and resources (DHHC enzyme), 

20 µL was determined to be the lowest tractable volume for all studies. For a 20 µL 

protocol, 1.5 µL of purified human zDHHC2/3/20 enzyme (with the concentration across 

batches normalized to FP = 40 at 1 hour) in protein storage buffer and 8.5 µL of PTP 

reaction buffer (PBS, with 2 µM TCEP, pH=7.4) were added to a 384-well optical bottom 

plate (ThermoFisher). PTP reaction buffer with protein storage buffer (total volume 10uL) 

was used as a blank. Then, 10 µL of 8 µM of PTPs 1-4 in PTP reaction buffer was added 

to initiate the reaction, resulting in a final concentration of 4 µM PTP. Fluorescence 

measurements (λex = 485/20 nm, λem = 528/20 nm, gain=80, top reading with height 8.0 

mm) were recorded on Synergy Neo2 Hybrid Multi-Mode Reader (BioTek Instruments, 
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Inc.) in kinetics mode at 10-min time intervals for 2 hours at 37 C̊. Assay data were 

exported to Microsoft Excel and analyzed using Prism 9 (GraphPad).  

 

Known inhibitor validation. For a 20 µL protocol, 1.5 µL of purified human zDHHC2, 3, 

or 20 in protein storage buffer and 6.5 µL of PTP reaction buffer (PBS, with 2 µM TCEP, 

pH=7.4) were added to a 384-well optical bottom plate (ThermoFisher). Then, 2 µL of 

each 5x inhibitor stock (CMA or 2BP) in PTP reaction buffer was added, resulting in a 10 

uL total volume mixture with 20 µM inhibitor. The resulting reactions were incubated in 

37 ̊C for 1 hour. Before the addition of the PTP solution, 8 µL of 10 µM PTP (PTP-2 or 

PTP-3) in PTP reaction buffer was mixed with 2 µL of 5x inhibitor stock in PTP reaction 

buffer. This solution was added to the 384-well plate to initiate the reaction, resulting in a 

final PTP concentration of 4 µM while also maintaining the inhibitor concentration. To 

determine IC50 values, the final concentrations of each inhibitor (2BP and CMA) were 0, 

0.0156, 0.0625, 0.25, 1, 4, 16, and 64 µM. Fluorescence measurements (λex = 485/20 

nm, λem = 528/20 nm, gain=80, top reading with height 8.0 mm) were recorded on Synergy 

Neo2 Hybrid Multi-Mode Reader (BioTek Instruments, Inc.) in kinetics model with 45-sec 

intervals (inhibitor validation) and 2-min time intervals (IC50) for 2 hours at 37 ̊C. Assay 

data were exported to Microsoft Excel and analyzed using a four-parameter dose-

response curve in Prism 9 (GraphPad).  

 

PTP kinetic parameter measurement. 1.5 µL of purified human zDHHC20 enzyme in 

protein storage buffer and 8.5 µL of PTP reaction buffer (PBS, with 2 µM TCEP, pH=7.4) 

were added to a 384-well optical bottom plate (ThermoFisher). 10 µL of PTP-2 at a range 
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of concentrations in PTP reaction buffer was added to initiate the reaction, resulting in 1, 

2, 4, 6, 8, 16, 24, and 32 µM PTP-2 in the final reaction. Fluorescence measurements (λex 

= 485/20 nm, λem = 528/20 nm, gain=80, top reading with height 8.0 mm) were recorded 

on Synergy Neo2 Hybrid Multi-Mode Reader (BioTek Instruments, Inc.) in kinetics model 

with 45-second intervals for 2 hours at 37 ̊C. Assay data were exported in Microsoft Excel, 

and the initial velocity was calculated from linear regression analysis of the first 8 data 

points.  

 

High-throughput screening. The chemical library (1056890-Y25) was purchased from 

ENAMINE, and all compounds were screened at 25 µM concentration. The step-by-step 

protocol can be found in Appendix 1 in this chapter.  

 

4.5 Synthetic procedures 

General materials. For chemical synthesis, reagents and solvents were purchased from 

commercial sources and used without further purification. Silica gel P60 (SiliCycle, 40–

63 μM, 230–400 mesh) was used for column chromatography. Analytical thin-layer 

chromatography was performed using SiliCycle 60 F254 silica gel (pre-coated sheets, 

0.25 mm thick) with detection at 214 nm. Low-resolution-mass spectral analysis and liquid 

chromatography analysis were carried out on an Advion Expression-L mass spectrometer 

(Ithaca, NY) with electron spray ionization (ESI) in the positive mode coupled to an Agilent 

1220 Infinity LC System with an Agilent Poroshell 120 column (Santa Clara, CA). 

Automated flash column chromatography purification was carried out on a Biotage system 

Isolera One using SNAP Biotage columns. NMR spectra were recorded on the BRUKER 
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Ascend 400 at the Department of Chemistry NMR Facility, University of Chicago, for 1H-

400 MHz and 13C-101 MHz measurements. Chemical shifts are given in parts per million 

(δ) referenced to TMS (δ = 0.00 ppm 1H-, 13C-NMR). Coupling constants are given in 

Hertz. High resolution mass spectra measurements were performed on an Agilent 6224 

TOF. Using a combination of atmospheric pressure chemical ionization and electrospray 

ionization at the Department of Chemistry Mass Spectrometry Facility, University of 

Chicago. 

 

Boc-Rhodol13 was synthesized according to the literature. 

Synthesis of 3. Compound 1 (1.05 g, 1.0 eq, 1.38 mmol) was dissolved 25 mL DCM/DMF 

(1:1) solution. Trityl chloride (1.65 g, 1.1 eq, 1.38 mmol) and triethylamine (1.05 g, 1.0 eq, 

1.38 mmol) was added, and the solution was stirred at room temperature for 2 hours. 

Then the mixture was concentrated in vacuo and the crude product was dissolved in 100 

mL DCM and washed with saturated NaHCO3 solution and Brine. The organic phase was 

dried, filtered and concentrated in vacuo. The product 2 was used for the next step without 

further purification. NaH (1.05 g, 1.0 eq, 1.38 mmol) was suspended in 25 mL dry THF at 

0 ℃ under nitrogen. Compound 2 in 10 mL dry was added dropwise. The reaction mixture 

was stirred for 15 min, followed by the addition of MeI (1.05 g, 1.0 eq, 1.38 mmol). The 

ice bath was removed after 30 min and the reaction mixture was stirred at room 

temperature overnight. THF was removed by rotary evaporation, and the crude product 

was diluted with ethyl acetate and washed with water and brine. The organic phase was 

dried with Na2SO4, filtered, and concentrated. The resultant crude product was purified 
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by column chromatography (Silica; 0-100% DCM:hexane) to yield compound 3 (1.77 g, 

67% over two steps) as a colorless oil. Rf: 0.61 (Silica; DCM). 1H NMR (400 MHz, CDCl3): 

δ 7.49 – 7.39 (m, 6H), 7.30 (dd, J = 8.6, 6.8 Hz, 6H), 7.25 – 7.19 (m, 3H), 3.06 (t, J = 7.5 

Hz, 2H), 2.71 – 2.53 (m, 3H), 2.37 (d, J = 8.3 Hz, 2H), 1.43 (s, 9H). 13C NMR (101 MHz, 

 
 

Scheme 4.2 Full synthetic scheme for PTPs.  
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CDCl3): δ 155.39, 144.83, 129.65, 127.94, 126.72, 79.51, 66.74, 48.06, 34.71, 34.53, 

30.23, 28.46. HRA-MS (+): Calculated for C27H31NO2S [M+] 433.2075; found 433.2094. 

 

Synthesis of 4. A solution of compound 3 (1.77 g, 1.0 eq, 4.09 mmol) in 20% TFA in DCM 

(20 mL) was stirred for 1 hour at room temperature. Once Boc deprotection was complete, 

the reaction was diluted with DCM (3x 20 mL) and concentrated via rotary evaporation. 

The resultant crude product was purified by column chromatography (Silica; 0-10% 

MeOH:DCM) to yield compound 4 (1.30 g, 95%) as a white solid. Rf: 0.45 (Silica; 10% 

MeOH in DCM). 1H NMR (400 MHz, CDCl3): δ 9.16 (s, 2H), 7.47 – 7.35 (m, 6H), 7.31 – 

7.23 (m, 6H), 7.23 – 7.17 (m, 3H), 2.58 (dd, J = 8.9, 6.3 Hz, 2H), 2.32 (t, J = 7.7 Hz, 2H), 

2.24 (s, 3H). 13C NMR (101 MHz, CDCl3): δ 144.09, 129.50, 128.20, 127.07, 67.49, 47.76, 

32.42, 27.08. HRA-MS (+): Calculated for C22H23NS [M+] 333.1551; found 333.1559. 

 

Synthesis of 5. To a solution of triphosgene (440 mg, 1 eq, 1.48 mmol) in dry THF (20 

mL) at 0°C, a solution of Boc-Rhodol (740 mg, 1 eq, 1.48 mmol) with triethylamine (1.85 

mL; 0.80 M in THF; 1 eq) in dry THF (10 mL) was added dropwise over 20 min. The ice 

bath was then replaced by a 40 °C water bath, and nitrogen was flushed through to 

evaporate the THF. Dry THF (20 mL) was freshly added to the reaction mixture, followed 

by slow addition of compound 4 (460.0 mg, 0.93 eq, 1.38 mmol) in 8 mL of THF. This was 

followed by the dropwise addition of triethylamine (1.76 mL; 0.80 M in THF, 0.95 eq) until 

the reaction was complete by LC-MS. The reaction mixture was evaporated, and the 

crude product was purified by column chromatography (Silica; 0-75% EtOAc:hexane) to 

yield compound 5 (802 mg, 65%) as light red oil. Rf: 0.61 (Silica; 50% EtOAc:hexane). 1H 
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NMR (400 MHz, CDCl3): δ 8.02 (dd, J = 7.3, 3.9 Hz, 1H), 7.70 – 7.56 (m, 2H), 7.47 – 7.38 

(m, 6H), 7.34 – 7.24 (m, 6H), 7.21 (tdd, J = 7.4, 4.8, 1.5 Hz, 3H), 7.19 – 7.12 (m, 1H), 

7.07 – 6.96 (m, 1H), 6.80 – 6.56 (m, 5H), 3.65 – 3.52 (m, 4H), 3.22 (q, J = 4.6 Hz, 5H), 

3.12 (t, J = 7.4 Hz, 1H), 2.80 (d, J = 14.1 Hz, 3H), 2.51 (q, J = 7.0 Hz, 2H), 1.49 (s, 9H). 

13C NMR (101 MHz, CDCl3): δ 169.48, 154.68, 153.69, 153.15, 152.81, 152.66, 152.61, 

152.31, 151.95, 144.71, 144.62, 135.00, 129.73, 129.67, 129.60, 128.78, 128.38, 128.02, 

127.99, 126.86, 126.79, 126.66, 125.01, 124.09, 117.47, 117.38, 116.19, 112.32, 110.34, 

110.23, 109.38, 102.40, 82.88, 80.11, 67.07, 67.02, 48.90, 48.54, 48.23, 35.27, 35.20, 

30.20, 29.63, 28.45. 

 

Synthesis of 6. Compound 5 (300.0 mg, 1.0 eq, 0.35 mmol) was dissolved in 15 mL 

MeOH, then I2-MeOH solution was slowly added (for 1 eq I2, add 88.8 mg I2 to 1 mL 

MeOH) until the reaction was complete by LC-MS. The reaction mixture was then 

quenched with a solution of 0.2 M sodium citrate and 0.2 M sodium ascorbate at pH ~3-

4 until the yellow color disappeared. The quenched reaction mixture was diluted with DCM 

(50 mL) and washed with brine (30 mL). The aqueous layer was washed again with DCM 

(25 mL). The combined organic layers were dried over Na2SO4 and solvent was removed 

by rotary evaporation. The resultant crude product containing the disulfide was 

resuspended in 9:1 MeOH: H2O (10 mL), and TCEP•HCl (300 mg, 3 eq, 1.05 eq) was 

added. The reaction mixture was stirred at room temperature for 30 min until the reaction 

was complete by LC-MS. The reaction mixture was diluted with 50 mL DCM and washed 

with brine (30 mL). The aqueous layer was washed again with DCM (25 mL). The 
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combined organic layers were dried over Na2SO4 and solvent was removed by rotary 

evaporation. 

The resultant crude material was dissolved in 10 mL DCM, then palmitoyl chloride 

(320 μL, 3 eq, 1.05 mmol) was added dropwise, followed by slow addition of triethylamine 

until the reaction was complete by LC-MS. The reaction mixture was then diluted with 20 

mL DCM and quenched with 30 mL 5% HCl. The aqueous layer was washed again with 

DCM (20 mL). The combined organic layers were dried over Na2SO4 and solvent was 

removed by rotary evaporation. The resultant crude product was purified by column 

chromatography (Silica; 0-50% EtOAc:hexane) to yield compound 6 (167 mg, 56%) as 

near white solid. Rf: 0.78 (Silica; 50% EtOAc:hHexane). 1H NMR (400 MHz, CDCl3): δ 

8.05 – 7.99 (m, 1H), 7.69 – 7.56 (m, 2H), 7.15 (d, J = 7.4 Hz, 1H), 7.10 (dd, J = 5.8, 2.2 

Hz, 1H), 6.86 – 6.73 (m, 2H), 6.71 – 6.63 (m, 2H), 6.60 (dd, J = 8.9, 2.4 Hz, 1H), 3.57 (t, 

J = 5.2 Hz, 5H), 3.49 (t, J = 7.1 Hz, 1H), 3.21 (t, J = 5.3 Hz, 4H), 3.16 – 3.10 (m, 4H), 3.05 

(s, 1H), 2.56 (td, J = 7.6, 5.8 Hz, 2H), 1.64 (p, J = 7.2 Hz, 2H), 1.48 (s, 9H), 1.37 – 1.13 

(m, 24H), 0.87 (t, J = 6.8 Hz, 3H). 13C NMR (101 MHz, CDCl3): δ 199.28, 198.93, 169.44, 

154.66, 154.03, 153.76, 153.15, 152.82, 152.64, 152.29, 151.99, 134.97, 129.71, 128.88, 

128.77, 128.36, 126.66, 125.01, 124.07, 117.38, 116.25, 112.30, 110.26, 110.21, 109.34, 

102.38, 82.83, 80.08, 77.24, 49.16, 48.77, 48.21, 44.24, 35.51, 35.47, 31.93, 29.70, 

29.67, 29.64, 29.59, 29.41, 29.36, 29.24, 28.95, 28.43, 26.92, 26.33, 25.62, 25.60, 22.70, 

14.13. 

 

Synthesis of PTP-1. A solution of compound 6 (50 mg, 1.0 eq, 58 µmol) in 20% TFA in 

DCM (5 mL) was stirred for 30 min at room temperature. Once Boc deprotection was 
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complete, the reaction was diluted with DCM (3x 5 mL) and solvent was removed by 

rotary evaporation. The resulting crude was suspended in DCM (5 mL) and succinic 

anhydride (36 mg, 420 µmol, 7.2 eq) was added, followed by slow addition of triethylamine 

until the reaction was completed. The reaction mix was acidified with 10 mL 1M HCl and 

diluted with DCM (20 mL) then washed with brine (20 mL). The aqueous layer was 

washed again with DCM (20 mL) and the combined organic layers were dried over 

Na2SO4 and evaporated by rotary evaporation. Purification by column chromatography 

(Silica; 0-10% MeOH in DCM) afforded PTP-1 as a pink solid (40.7 mg, 81%). Rf: 0.32 

(Silica; 5% MeOH:DCM). 1H NMR (400 MHz, CDCl3): δ 8.01 (d, J = 7.4 Hz, 1H), 7.69 – 

7.56 (m, 2H), 7.15 (d, J = 7.4 Hz, 1H), 7.10 (dd, J = 6.5, 2.3 Hz, 1H), 6.82 (td, J = 8.5, 2.3 

Hz, 1H), 6.76 (d, J = 8.6 Hz, 1H), 6.71 – 6.63 (m, 2H), 6.59 (dd, J = 8.9, 2.4 Hz, 1H), 3.77 

(t, J = 5.2 Hz, 2H), 3.69 (s, 1H), 3.64 (t, J = 5.2 Hz, 2H), 3.57 (t, J = 7.1 Hz, 1H), 3.48 (t, 

J = 7.1 Hz, 1H), 3.25 (dt, J = 15.4, 5.3 Hz, 4H), 3.17 – 3.02 (m, 5H), 2.70 (tt, J = 10.5, 5.1 

Hz, 4H), 2.56 (td, J = 7.5, 5.6 Hz, 2H), 1.65 (h, J = 7.0 Hz, 2H), 1.24 (s, 24H), 0.87 (t, J = 

6.7 Hz, 3H). 13C NMR (101 MHz, CDCl3): δ 199.34, 198.99, 176.87, 176.77, 172.68, 

170.30, 169.46, 154.04, 153.78, 153.08, 152.66, 152.38, 152.28, 151.93, 135.04, 129.78, 

128.89, 128.86, 127.79, 126.61, 125.05, 124.05, 117.47, 117.43, 116.21, 116.18, 113.95, 

112.31, 110.29, 110.24, 109.71, 102.50, 82.77, 77.37, 77.05, 76.73, 51.94, 49.18, 48.80, 

48.27, 48.09, 45.00, 44.24, 44.21, 41.52, 35.52, 35.51, 31.93, 29.70, 29.69, 29.67, 29.66, 

29.63, 29.58, 29.41, 29.36, 29.24, 28.95, 28.83, 28.71, 27.89, 27.08, 26.91, 26.31, 25.62, 

25.60, 22.70, 14.13. 
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Synthesis of PTP-2. A solution of compound 6 (45.5 mg, 1.0 eq, 53 µmol) in 20% TFA in 

DCM (5 mL) was stirred for 30 min at room temperature. Once Boc deprotection was 

complete, the reaction was diluted with DCM (3x 5 mL) and solvent was removed by 

rotary evaporation. The resulting crude was suspended in DCM (5 mL) and glutaric 

anhydride (46 mg, 403 µmol, 7.6 eq) was added followed, by slow addition of triethylamine 

until the reaction was completed. The reaction mix was acidified with 10 mL 1M HCl and 

diluted with DCM (20 mL) then washed with brine (20 mL). The aqueous layer was 

washed again with DCM (20 mL) and the combined organic layers were dried over 

Na2SO4 and evaporated by rotary evaporation. Purification by column chromatography 

(Silica; 0-10% MeOH in DCM) afforded PTP-2 as a light red oil (24.5 mg, 53%). Rf: 0.35 

(Silica; 5% MeOH:DCM). 1H NMR (400 MHz, CDCl3): δ 8.08 – 7.97 (m, 1H), 7.71 – 7.57 

(m, 2H), 7.20 – 7.07 (m, 2H), 6.91 – 6.71 (m, 2H), 6.71 – 6.67 (m, 1H), 6.65 (s, 0H), 6.60 

(dd, J = 8.9, 2.4 Hz, 1H), 4.19 – 3.94 (m, 1H), 3.77 (q, J = 4.5 Hz, 1H), 3.69 – 3.53 (m, 

2H), 3.53 – 3.45 (m, 1H), 3.35 (s, 1H), 3.24 (dt, J = 11.4, 5.3 Hz, 4H), 3.20 – 3.08 (m, 3H), 

3.05 (s, 1H), 2.56 (td, J = 7.5, 5.4 Hz, 2H), 2.46 (q, J = 7.5 Hz, 4H), 1.99 (p, J = 7.4 Hz, 

2H), 1.63 (dd, J = 13.2, 5.6 Hz, 2H), 1.24 (t, J = 2.8 Hz, 24H), 0.87 (t, J = 6.7 Hz, 3H), 

0.84 (s, 1H). 13C NMR (101 MHz, CDCl3): δ 198.98, 171.03, 169.46, 153.09, 152.65, 

152.44, 152.29, 151.94, 135.03, 129.77, 128.86, 127.80, 126.62, 125.05, 124.05, 117.46, 

116.22, 113.95, 112.31, 109.70, 102.50, 82.77, 77.23, 55.99, 48.80, 48.46, 48.17, 45.12, 

44.23, 41.28, 35.52, 32.01, 31.93, 29.70, 29.67, 29.64, 29.59, 29.41, 29.36, 29.24, 28.95, 

26.90, 26.31, 25.60, 22.70, 20.13, 14.13. 
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Synthesis of PTP-3. A solution of compound 6 (57.7 mg, 1.0 eq, 67 µmol) in 20% TFA in 

DCM (5 mL) was stirred for 30 min at room temperature. Once Boc deprotection was 

complete, the reaction was diluted with DCM (3x 5 mL) and solvent was removed by 

rotary evaporation. A solution of 7 (51 mg, 4.8 eq, 0.32 mmol), EDCI (61 mg, 4.8 eq, 0.32 

mmol), HOBt (43 mg, 4.8 eq, 0.32 mmol) and triethylamine (18.0 μL, 2.0 eq, 0.13 mmol) 

in 10 mL dry DCM was stirred at room temperature for 10 min. Then the deprotected 6 in 

5 mL of DCM was transferred to the reaction and stirred at room temperature until the 

reaction was complete by LC-MS. The reaction was then diluted with 30 mL of DCM and 

washed with Sat. NaHCO3. The aqueous layer was washed again with 20 mL DCM, and 

the combined organic layers were dried with Na2SO4, filtered, and concentrated. The 

resultant crude product was purified by column chromatography (Silica; 0-8% 

MeOH:DCM) to yield PTP-3 (35.7 mg, 59%) as colorless oil. Rf: 0.44 (Silica; 5% 

MeOH:DCM). 1H NMR (400 MHz, CDCl3): δ 8.05 – 7.98 (m, 1H), 7.67 – 7.58 (m, 2H), 

7.15 (d, J = 7.4 Hz, 1H), 7.12 – 7.07 (m, 1H), 6.85 – 6.79 (m, 1H), 6.76 (dd, J = 8.7, 1.3 

Hz, 1H), 6.71 – 6.64 (m, 2H), 6.60 (dd, J = 8.9, 2.4 Hz, 1H), 3.76 (d, J = 6.0 Hz, 2H), 3.74 

– 3.68 (m, 4H), 3.63 (d, J = 5.5 Hz, 2H), 3.57 (t, J = 7.1 Hz, 1H), 3.49 (t, J = 7.1 Hz, 1H), 

3.24 (dt, J = 11.8, 5.3 Hz, 4H), 3.17 – 3.08 (m, 3H), 3.05 (s, 1H), 2.75 (dd, J = 8.5, 6.5 Hz, 

2H), 2.57 (ddd, J = 10.7, 7.8, 5.7 Hz, 4H), 2.50 (t, J = 4.7 Hz, 4H), 1.70 – 1.59 (m, 3H), 

1.24 (t, J = 2.5 Hz, 24H), 0.87 (t, J = 6.8 Hz, 3H). 13C NMR (101 MHz, CDCl3): δ 199.28, 

198.93, 170.10, 169.41, 156.28, 154.01, 153.74, 153.09, 152.67, 152.45, 152.30, 151.94, 

143.66, 135.01, 129.76, 128.89, 128.86, 127.79, 126.63, 125.04, 124.05, 117.46, 117.41, 

116.21, 113.94, 112.29, 110.27, 110.22, 109.75, 102.49, 82.72, 77.24, 68.78, 68.68, 

66.90, 54.46, 53.77, 49.18, 48.79, 48.53, 48.20, 45.16, 44.24, 44.21, 41.74, 41.18, 35.52, 
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35.49, 31.93, 31.03, 30.72, 29.70, 29.69, 29.66, 29.63, 29.58, 29.41, 29.36, 29.24, 28.95, 

26.91, 26.32, 25.62, 25.60, 22.70, 14.13. 

 

Synthesis of PTP-4. A solution of compound 6 (59.5 mg, 1.0 eq, 69 µmol) in 20% TFA in 

DCM (5 mL) was stirred for 30 min at room temperature. Once Boc deprotection was 

complete, the reaction was diluted with DCM (3x 5 mL) and solvent was removed by 

rotary evaporation. A solution of 8 (97 mg, 6.0 eq, 0.41 mmol), EDCI (61 mg, 4.6 eq, 0.32 

mmol), HOBt (43 mg, 4.6 eq, 0.32 mmol) and triethylamine (19.0 μL, 2.0 eq, 0.13 mmol) 

in 10 mL dry DCM was stirred at room temperature for 10 min. Then the deprotected 6 in 

5 mL of DCM was transferred to the reaction and stirred at room temperature until the 

reaction was complete by LC-MS. The reaction was then diluted with 30 mL of DCM and 

washed with 5% HCl. The aqueous layer was washed again with 20 mL DCM, and the 

combined organic layers were dried with Na2SO4, filtered, and concentrated. The 

resultant crude product was purified by column chromatography (Silica; 0-8% 

MeOH:DCM) to yield 9 (42.3 mg, 63%) as red oil. Rf: 0.41 (Silica; 5% MeOH:DCM). 1H 

NMR (400 MHz, CDCl3): δ 8.04 – 7.98 (m, 1H), 7.70 – 7.57 (m, 2H), 7.18 – 7.07 (m, 2H), 

6.87 – 6.71 (m, 2H), 6.71 – 6.63 (m, 2H), 6.57 (dd, J = 8.9, 2.5 Hz, 1H), 4.25 (s, 2H), 4.19 

– 4.03 (m, 1H), 3.91 (s, 2H), 3.80 (dq, J = 6.2, 3.3 Hz, 2H), 3.63 – 3.52 (m, 3H), 3.47 (q, 

J = 7.7 Hz, 1H), 3.37 – 3.20 (m, 5H), 3.17 – 3.07 (m, 3H), 3.05 (s, 1H), 2.56 (td, J = 7.5, 

5.5 Hz, 2H), 1.71 – 1.59 (m, 2H), 1.45 (s, 9H), 1.25 (q, J = 4.1 Hz, 24H), 0.87 (t, J = 6.7 

Hz, 3H). 13C NMR (101 MHz, CDCl3): δ 199.27, 198.93, 170.89, 169.91, 169.39, 156.28, 

154.77, 154.23, 153.99, 153.72, 152.97, 152.73, 152.30, 152.27, 152.09, 151.87, 135.10, 

129.85, 128.91, 127.79, 126.58, 125.07, 124.04, 117.57, 117.53, 116.16, 113.94, 112.38, 
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110.32, 110.28, 110.01, 102.66, 82.72, 82.69, 81.98, 77.25, 68.66, 55.99, 53.81, 50.84, 

49.20, 48.81, 47.96, 47.88, 44.46, 44.24, 44.21, 42.37, 41.73, 35.52, 31.92, 31.03, 29.69, 

29.67, 29.65, 29.63, 29.58, 29.41, 29.36, 29.23, 28.94, 28.16, 28.04, 26.90, 26.30, 25.61, 

25.59, 22.69, 14.13. 

A solution of compound 9 (9.7 mg) in 20% TFA in DCM (5 mL) was stirred for 30 

min at room temperature. Once Boc deprotection was complete, the reaction was diluted 

with DCM (3x 5 mL) and solvent was removed by rotary evaporation. The residue was 

dissolved in 970 μL DMSO to make 10 mM PTP-4 stock solution. 
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Appendix 1 to Chapter 4: Protocol for PTP-based HTS screen 
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Notes: 

1. The concentration of purified protein can differ among batches; we normalized the 

concentration to FP=40 (60 min.) for zDHHC20. 

2. We suggest including a known inhibitor, such as 2BP or CMA, as a positive control. 

3. The recommended 384-well plate layouts for both automated and manual HTS 

screens are shown at the end of each protocol.  

 

Reagent Preparation 

• PTP reaction buffer (1x PBS, 2 µM TCEP, pH=7.4) 

• PTP stock solution: 5 mM in DMSO 

• 5 mM stocks of library compounds and positive control  

 

Manually HTS screening  

1. Determine plate layout (see Plates 1&2) 

2. Prepare Master Mix I (MMI): PTP reaction buffer and purified zDHHC enzyme: N 

samples, two replicates each  

1) Measure enzyme (1.5 μL/reaction): 1.5*(2*(N+8)) μL 

2) Measure buffer (6.5 uL/reaction): 6.5*(2*(N+8)) µL 

3) Add the calculated amount of enzyme (a) into the calculated amount of 

buffer; (b) mix well, and store on ice.  

3. Dilute inhibitors into reaction buffer (note: we found a 96 well plate is superior for 

solution preparation).  

1) Determine the 96 well plate layout (see Plate 3) 
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2) Add 117 μL of PTP reaction buffer to each well of 96-well plate A.   

3) Add 3 μL 5 mM stock solution of inhibitor/control into the appropriate well to 

give 25 μM solutions, mixing well; for the negative control, DMSO is added 

instead.  

4. Add 8 μL MMI into the experimental wells of the 384-well plate. For the PTP-only 

blank well, add 8 μL PTP reaction buffer instead. 

5. Using a 10 μL multichannel pipette, transfer 2 μL inhibitor solution from 96 well 

plate A to the 384-well plate, mixing once. Place the 384-well plate at 37 ˚C for 30 

min. of preincubation. 

6. Prepare Master Mix II (MMII): PTP and inhibitor solution 

1) Dilute 6 μL of 5 mM PTP stock solution into 3 mL PTP reaction buffer to give 

a 10 μM PTP solution. Add 2 μL DMSO into 1 mL PTP reaction buffer to 

give a DMSO control solution. 

2) Add 30 μL of the 10 µM PTP solution to each well in 96 well plate B, using 

30 μL DMSO control solution for the well with the enzyme-only blank.  

3) Add 7.5 μL of inhibitor solution or DMSO to corresponding wells to make 

MMIII MMII contains 8 μM PTP and 25 μM inhibitor. 

7. Using 10 μL multichannel pipette, transfer 10 μL of MMII from 96 well plate B to 

the 384-well plate and mix once. Place plate into plater reader (Synergy Neo2 

Hybrid Multi-Mode Reader, BioTek Instruments) immediately. 

8. Record fluorescence measurements (λex = 485/20 nm, λem = 528/20 nm, 

gain=80, from the top with height 8.0 mm) in kinetics model with 10-min time 

intervals for 2 hours at 37 ˚C and export data to Microsoft Excel. 
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Plate 1: 384-well plate, screening layout – manual 

• A1/A24/P1/P24: positive control 

• C1/C24/N1/N24: DMSO 

• E1/E24/L1/L24: no enzyme 

• G1/G24/J1/J24: no PTP 

• A2-A23/C2-C23/E2-E23/G2-G23/I2-I23/K2-K23/M2-M23/O2-O23: Test region  

• Compounds screened (considering positive control, DMSO, and blank wells): 

2 Replicates: 86 compounds/plate  

3 Replicates: 58 compounds/plate 

Note that we observed manual multichannel pipetting was more reliable than electronic 

 

Plate 2: 384-well plate, screening layout – automatic    

• A1/A24/P1/P24: positive control 

• A2/A23/P2/P23: DMSO 

• A3/A22/P3/P22: no enzyme 

• A4/A21/P4/P21: no PTP 

• B1-O24: Test region  

• Compounds screened (considering positive control, DMSO, and blank wells): 

2 Replicates: 166 compounds/plate 

3 Replicates: 110 compounds/plate 
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Plate 3: 96-well plate A, dilution of library compounds   

In a 96 well plate, A1-H11 contain inhibitors to be tested. The well labels correspond to 

the inhibitor’s final position in the 384-well plate.  
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Appendix 2 to Chapter 4: NMR Spectra 
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Compound 3 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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Compound 4 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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Compound 5 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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Compound 6 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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PTP-1 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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PTP-2 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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PTP-3 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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Compound 9 

 

1H-NMR (400 MHz; CDCl3) 

 

13C-NMR (101 MHz; CDCl3) 
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CHAPTER 5 

THIOESTER-BASED ACYLATION REAGENT WITH AN ESTER CAGE 

 

5.1 Introduction 

 Cellular functions are tightly regulated by proteins, nucleic acids and their 

interactions, including protein–protein interactions (PPIs), protein–RNA interactions and 

protein–DNA interactions1,2. Molecular interaction networks play an important role in most 

biological processes, while their dysfunction has been linked to a wide range of human 

diseases, such as cancers, immune system disorders, and neurological disorders. As a 

result, methods for determining the subcellular organization and localization of these 

biopolymers have increased in scope and demand3. 

Proximity labeling was developed to provide a novel complementary approach to 

traditional methods, such as affinity purification4 and yeast two-hybrid assay5, for mapping 

molecular interactions in living cells6. Proximity labeling is conceptually based upon the 

idea of delivering a “catalyst”, most often an enzyme, to a protein or region of interest in 

a cell to catalyze the conversion of an inert small-molecule substrate to short-lived 

reactive intermediates, such as radical or activated ester, that can diffuse out from the 

catalyst active site to covalently tag endogenous biomolecules within a narrow radius7. 

The substrate molecule typically contains functional handles, such as azides or biotins, 

to enable subsequent enrichment of labeled biomolecules using streptavidin beads and 

their identification by mass spectrometry (for proteins) or nucleic acid sequencing (for 

RNA). The labeling radius is determined by both the half-life (usually 1–10 nm in living 

cells)8,9 of the reactive intermediates  and the concentration of quenchers in the 
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environment, such as water, glutathione and amines. From chemical perspective, the 

reactive intermediates include activated esters, radicals, and carbenes10.  

Activated ester usually refers to the Biotin-AMP, which is generated by biotin 

ligase. The first iteration of this method, BioID, employs a 33.5 kDa variant of the 

Escherichia coli biotin ligase BirA contains the single mutation R118G7,11. Following this 

initial report, several biotin ligase variants with improved catalytic efficiency have been 

reported, including BioID212, BASU13, AirID14, TurboID15, miniTurbo15. The mild nature of 

this methodology (simple exposure to biotin) has facilitated extensive use in vivo15–17. The 

activated ester species are modestly reactive (t1/2 ~ 5min) with ∼10 nm practical labeling 

radius measured by a stable protein complex as a molecular ruler9. 

Phenoxy radicals18, phenyl aminyl radicals19 and phenyl nitrenes20 are generated 

from peroxidase enzyme by oxidation of phenols, aniline and phenyl azide, respectively. 

Such radicals are short lived (<1 msec), have a small labeling radius (<10 nm) and can 

covalently react with electron-rich amino acids such as Tyr, Trp, His and Cys18. The first 

example of using peroxidase for proximity labelling was reported in 200820. The method, 

termed EMARS (enzyme-mediated activation of radical sources), employed HRP 

conjugated antibodies to direct labelling to specific cell surface proteins. However, HRP 

is inactive when expressed in the mammalian cytosol8,21, which limits the broad 

application. APEX is a soybean peroxidase that has been engineered to be more 

catalytically active, smaller, and can be expressed in all cellular compartments, 

significantly broadening the potential for interrogating cell biology. Since the introduction 

of the method in 2012, it has been employed extensively to probe intracellular protein–

protein interaction networks6. 
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Singlet carbenes are usually generated from the photosensitization of diazirines 

through their exposure to 350nm light22. In terms of reactivity, the singlet carbene displays 

polar reactivity, readily inserting into C–H and X–H bonds, found in all amino acids, in a 

concerted manner23. The primary challenge with all diazirine-based methods is their rapid 

reactivity with water, which results in hydrated products. While it is necessary to restrict 

diffusion and maintain a tight labelling radius, it also leads to very low labelling efficiencies 

which makes the analysis of low abundance proteins extremely challenging. Recently, 

Macmillan group describes a proximity labeling platform that exploits photocatalytic 

carbene generation to selectively identify protein-protein interactions on cell membranes, 

termed MicroMap (μMap)24,25. μMap employs an antibody-conjugated iridium 

photocatalyst which is excited by visible light (450 nm) to convert nearby diazidines into 

reactive carbenes via Dexter energy transfer, thereby labeling proximal proteins quickly. 

This energy transfer step only occurs within 1 nm, which when combined with the short 

solution half-life (t1/2~2 ns) exhibited by carbenes, enforces a tight labelling radius 

(approx. 4–5 nm). 

Building off of the abundance of protein proximity labeling technologies currently 

available, work has recently begun in the area of RNA proximity labeling. APEX2 labeling 

has been developed into APEX-seq26 by taking advantage of the guanine base’s 

propensity to participate in ROS-based reactions. This method has found broad utility in 

assessing RNA distribution across membrane-bound organelles, membrane-less 

organelles such as stress granules, and most recently in interrogating RNAs involved in 

RPIs27,28. Neverthless, the requirement of toxic H2O2 in achieving the reaction precludes 

its utility in vivo, and likely induces cellular stress, making perturbative studies difficult to 
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deconvolute. To this end, the light-inducible CAP-seq29 and Halo-seq30 methods bypass 

the need for toxic H2O2 by utilizing blue and green light activated enzyme (miniSOG) and 

ligand (Halo), respectively, to achieve ROS-mediated labeling on the G base.  

Recently, our group developed a genetically-encodable protein-fragment 

complementation technology based on a split esterase31. We found that BS2 esterase 

can bio-orthogonally unmask methylcyclopropyl ester-containing molecules in multiple 

cell lines, and this work was informed primarily by the notion that a number of molecules 

can be masked with esters, such that activity is dependent upon an unmasking event. 

Seeking to continue to leverage this principle, we wondered whether we could mask and 

unmask a thioester-based acylation reagent with our selective ester-esterase pair, and 

whether the system could function in a proximity-dependent manner. 

 In this chapter, I presented the development of thioester-based acylation reagent 

with an ester cage, and the preliminary data of its application on biomolecule labeling. 

 

5.2 Results 

As stated in the 1.1, S-aryl thioester is a highly reactive in the nucleophilic 

substitution reaction, especially with electron withdrawing group on the aromatic ring. It 

needs to be masked before deploying in the cells. Given that our masking group is an 

ester (Figure 5.1B), we considered to exploit keto-enol tautomerism (Figure 5.1C). 

Masking the highly disfavored enol form of S-aryl thioester should lead to rapid conversion 

to the keto form upon an unmasking event, deliver the highly reactive thioester which can 

then in principle undergo nucleophilic attack by surrounding biomolecules (Figure 5.1D). 

In addition, by using the reference of design principle of SHAPE reagent32, we reasoned 
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that a click handle could facilitate downstream enrichment process (Figure 5.1A). Take 

all into consideration, we designed and synthesized the O106 in three steps (Scheme 

5.1). The key to the successfully synthesis is the discovery of an iridium catalyzed stereo- 

and regioselective carboxylic addition reaction to thioynol ether to make α-alkoxy thioenol 

esters. 

 

There is no report of the structure of α-alkoxy thioenol esters, nor the known 

transformation to make this kind of compounds. The closest reaction that has been ever 

reported is a silver-catalyzed trans addition of carboxylic acids to ynol ethers to deliver 

(Z)-α-alkoxy enol esters33. The attempts of using various silver-based catalyst on thioynol 

ether substrates yield more than 90% of 1,2-product with less than 5% idea 1,1-product. 

 
 
Figure 5.1 Ester caged thioester-based acylation reagent 106: inspiration and 
design. (a) Functionalizable RNA 2’-OH acylation reagents contain two components: a 
good leaving group (brown) and a handle (blue). (b) BS2 esterase chemistry and its 
potential as a caging group (purple). (c) Masking the enol tautomer of a ketone-containing 
molecule with the BS2 esterase-selective cage. (d) O106 lead probe labeling of RNA. 
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The completely switched reactivity could be contributed to the different polarity on the 

triple bond owing to the electronegativity difference between sulfur and oxygen34,35. 

 

 
Scheme 5.1 Synthetic scheme for O106.  
 

 
 

Scheme 5.2 Silver-catalyzed regio- and stereoselective addition of carboxylic acids 
to ynol ethers and its failed application on thioynol ether. 

 
 

Scheme 5.3 Synthesis scheme for 4-nitrothioester model compound Thioester-N3  
 



 

170 
 

Therefore, a wide range of catalysts are screened in the model reaction and only 

iridium catalyst gives the right 1,1-product. Iridium catalyst screening reveals that 

[Ir(COD)OMe]2 gives the best yield (Table 5.1). Ligand screening suggested that 

bidentate ligands completely abolish the reactivity. For the phosphine ligand, electron rich 

ligands decrease the yield while electron poor ligands slightly increase the yield (Table 

5.2). Finally, solvent screening suggested the co-solvent of 1,2-dichloroethane (DCE) and 

acetonitrile works best, probably due to the combination of good catalyst solubility (DCE) 

and weak coordination property (acetonitrile) (Table 5.3). 

Table 5.1 Optimization of the catalyst  

 

 

Entry Catalyst NMR Yield 

1 

Sm(OTf)
3
, Cu(CH

3
CN)

4
PF

6
, CuI, CuCl, Pd(OAc)

2
, ZnCl

2
, NiBr

2
, 

CoBr
2
, Pd(dppf)Cl

2
, ZrCl

4
, Fe(acac)

3
,
 
RuCl

3
 

N.R. 

2 Ag
2
O 1,2 - product 

3 [Ir(COD)(MePPh
2
)
2
]PF

6
 N.R. 

4 [Ir(Cp*)Cl
2
]
2
 N.R. 

5 [Ir(COD)OMe]
2
 28% 

6 [Ir(COD)Cl]
2
 10% 

7 Ir(acac)
3
 21% 

8 [Ir(coe)OMe]
2
 9% 
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When apply the optimized reaction condition to the compound 1, the compound 2 

is acquired with 14% yield, probably due to the coordination interference by terminal 

hydroxyl group. The final conversion of the hydroxyl group to azide is challenging, and 

mitsunobu azidation is the only method that delivers O106 effectively. 

Based on previous work, we have found that BS2 accepts and unmasks 

methylcyclopropyl ester-containing molecules robustly regardless of differences in overall 

structural scaffold. With O106 in hand, we confirmed this activity, finding BS2 was capable 

of uncaging O106 completely in 3 minutes. We next tried to identify what biomolecule 

Table 5.2 Optimization of the ligand 

 

 

Entry Ligand Yield (%) 

1 None 28 

2 PPh3 5 

3 AsPh3 12 

4 CyJohnPhos 12 

5 XPhos 12 

6 P(F5Ph)3 35 

7 Dibppy (COOMe) 4 

8 Dibppy (tBu) 0 

9 COD (20%) 31 
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could be labeled with 4-nitrothioester. The in vitro protein labeling experiment with 

thioester model compound TE-N3 suggested that the 4-nitrothioester has poor reactivity 

with protein under physiological pH, consistent with the observation from the native 

chemical ligation that thioester selectively react with N-terminal cysteine. We then 

performed a dot blot experiment to assay RNA labeling. The thioester model compound 

TE-N3 and known SHAPE reagent NAI-N3 were incubated with RNA, followed by click 

reaction to conjugate a fluorophore. We observed a significant fluorescent signal from 

thioester treated RNA, though the intensity was much less than SHAPE reagent (Figure 

Table 5.3 Optimization of the solvent 

 

 

Entry Solvent NMR Yield (%) 

1 DCE 31 

2 Dimethoxyethane 14 

3 HPMA 0 

4 Toluene 39 

5 Octane 37 

6 Acetonitrile 45 

7 Dimethylformamide 0 

8 Dimethylacetamide 0 

9 Dioxane 12 

10 DCE/Acetonitrile=1:1 42 

11 Toluene/Acetonitrile=1:1 30 
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5.2A). We next performed in vitro dot blot experiment using purified to determine whether 

the unmasked thioester electrophile would undergo a reaction with in vitro transcribed 

RNA. We found that only in the presence of O106 and BS2 did we see robust clicked 

DBCO-488 signal, which was promptly abolished with the addition of RNAse A (Figure 

5.2B). dsDNA and ssDNA corresponding to the RNA was not labeled, nor did we observe 

 
 
Figure 5.2 BS2/O106 mediated labeling in vitro and in cells. (A) 2 μg RNA is subjected 
to the reaction DMSO or 10 mM of TE-N3 or NAI-N3 and subsequently click with DBCO-
488, then blotted. (B) In vitro transcribed RNA, dsDNA, and ssDNA (500 ng) is subjected 
to BS2/O106 (50 μM) or DMSO reaction and subsequent DBCO-488 click reaction 
followed by RNase A or DMSO treatment and blotted. (C) Example of plasmid maps used 
in this study (D) RNA extracted from BS2-containing HEK293T cells is treated as in (B) 
and blotted. (E) Total protein lysates from 6-well dishes of HEK293T cells run on an SDS-
PAGE that have been transfected with variably localized BS2s, as indicated by number 
below. 50 μM O106 was added to the cells for 15 min prior to lysis. DBCO-488 clicked on 
as described previously and labeled protein shown below. No significant labeling is 
observed relative to no BS2-containing cells. 
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any DNAse 1 susceptibility, which we predicted based on the fact that DNA does not 

contain that 2’-OH group.  

 Encouraged by these results but recognizing that in vitro labeling experiments 

bypass any of the nucleophilic noise that would be present in an in-cell environment such 

as protein side chains or metabolites, we challenged our labeling system further by 

performing dot blots with RNA purified from cell lysates. Recombinant BS2s localized to 

three compartments of interest of various degrees of “openness” and “closeness” 

(cytosol, ER membrane, and nucleus, accomplished via appended localization 

sequences) were transfected in HEK293T cells (Figure 5.2C) and 50 μM O106 was 

introduced for 15 minutes. We then lysed the cells, purified out the RNA, and subjected it 

to a click reaction with DBCO-488. Again, excitingly, only the in the presence of both O106 

and BS2 did we observe robust labeling, which was susceptible to RNAse A degradation 

(Figure 5.2D). It was especially interesting to note that regardless of where BS2 was 

localized, strong labeling signal was observed, suggesting a tightly enclosed environment 

is not required for successful labeling. Unsurprisingly, while no background labeling was 

observed in an in vitro setting, we did observe some background labeling in the in-cell 

context, which is presumably mediated by hydrolysis or weak activity by endogenous 

esterases. In addition, in cellulo protein labeling failed again, suggested that 4-

nitrothioester were not suitable for protein labeling (Figure 5.2E). 

 Once we determined that BS2-mediated O106 RNA labeling could occur in cells, 

we wanted to see if the labeling signal was occurring predominantly near where BS2 itself 

was localized. To do this, we leveraged our azide handle once again, this time through 

copper-mediated click chemistry of AF488 in cells. We localized BS2 to four 
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compartments: cytosol, ER membrane, nucleus, and nuclear pore (through a SENP2 pore 

protein fusion), with each containing an RFP tag. The live cells were labeled with 50 μM 

O106 for 15 minutes, followed by fixation and permeabilization. The permeabilized cells 

were subjected to AF488 clicking and subsequently imaged (Figure 5.3A). Remarkably, 

there was very good co-localization between the BS2 signal and the labeling signal, even 

in the sub-organellar case, suggesting that proximity labeling was a viable option for 

deploying this technology (Figure 5.3B). 

Of additional interest to us was whether labeling was localized to the cell in which 

O106 uncaging occurred only, as we would predict, or whether it could permeate nearby 

cells. To test this, we set up a co-culture experiment consisting of mixed populations of 

HEK293T cells, RFP-positive cells, BS2-positive cells, and RFP-positive/BS2-positive co-

cultured cells and performed labeling. Gratifyingly, labeling events were constrained to 

the cells in which BS2 was present only (Figure 5.4). 

 

 
Figure 5.3 Fluorescence imaging of BS2 localization and acylation activity. (A) 
Scheme of imaging protocol. (B) Live HEK293T cells containing various RFP-tagged 
BS2s are subjected to O106 labeling (50 μM) for 15 minutes and subsequently washed, 
fixed, and permeabilized. The azide labeled biomolecules are subjected to click reaction 
with AF488 dye and labeling events are imaged. 
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5.3 Discussion 

 In summary, I have demonstrated that 4-Nitrothioester can react with RNA in 

physiological environment. And a newly developed iridium catalyzed carboxylic addition 

reaction installs a bio-orthogonal ester to the enol form of thioester. Further, we 

established that the ester-masked enol thioester acylation reagent O106 can be 

unmasked efficiently in the presence of BS2 esterase both in vitro and in cellulo and newly 

formed 4-nitrothioester can label RNA. Cell imaging experiments demonstrated the 

colocalization of BS2 and labeled biomolecules, suggested that we may develop a 

thioester-based RNA proximity labeling with O106 and BS2 pair. 

 To test the hypothesis, we did the preliminary RNA-seq of organelle targeted BS2 

followed the protocol of APEX-seq with minor modification. After O106 labeling, we 

isolated RNA and conjugated the labeled biomolecule with biotin via click reaction to 

separate out labeled RNA populations from those that were unlabeled, enabling location-

 

 
Figure 5.4 BS2/O106 labeling is limited to single cells. HEK293T cells transfected 
with nucBS2 were co-cultured with RFP-positive HEK293T cells and labeling was 
performed as above. No substantial labeling overlap between the two populations was 
observed. 7 biological replicates shown. 
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specific RNA studies. As proof-of-concept, we chose to look first at the ER membrane 

and the nucleus, as these test cases have been well characterized by current methods26. 

In determining whether a given transcript was enriched specifically in a given organelle, 

we compared transcript abundances from erm- or nucBS2 with all requisite reaction 

components vs. general cytosolic BS2 with all requisite reaction components. In this way 

we could assess true differences across compartments, rather than simply comparing 

 

 
Figure 5.5 RNA-seq quantification of organelle transcripts with organellar targeted 
BS2. (A) Volcano plot showing nucleus targeted BS2 catalyzed enrichment of nuclear 
coding mRNA (yellow) and non-coding mRNAs (green) over coding mRNA (gray). (B) 
Volcano plot showing ER membrane targeted-BS2 catalyzed enrichment of secretory 
mRNAs (pink) over non-secretory mRNAs (blue). A transcript is considered enriched or 

de-enriched if it has a fold-change (FC) of ≥2 and is considered statistically significant if 

it has a p-value of ≤0.01. 
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transcripts enriched in the presence vs. absence of some critical reaction component. We 

additionally considered any transcript with a P-value of ≤ 0.01 as significant, while any 

transcript with a fold-change of ≥ 2 was considered enriched or de-enriched (Figure 

5.5A,B). Gratifyingly, in the ermBS2 vs. cytoBS2 case we observed general enrichment 

of secretory transcripts and general de-enrichment of non-secretory transcripts, as has 

been seen by other methods.  In addition, in the case of nucBS2 vs. cytoBS2, we 

observed the general enrichment of non-coding transcripts and the general de-

enrichment of coding transcripts. Interestingly, in tune with other current methods, we also 

observed enrichment of nuclear-associated protein-coding transcripts as well. 

Furthermore, we also did a more stringent test of our technology by fusing BS2 to 

an RBP whose interactions with RNA binding partners has been well-characterized: 

YTHDF1. YTHDF1 is an m6A reader protein that binds to m6A sites and promotes 

translation36,37. Its binding partners have been well studied through crosslinking- and 

antibody-based IP methods, PAR-CLIP38 and RIP-seq39 respectively. We therefore 

appended BS2 to YTHDF1 and assessed transcript enrichment vs. general cytosolic BS2. 

Excitingly, we saw great overlap between the three datasets, with 46% of the transcripts 

enriched by YTHDF1-BS2 only, vs. 54% enriched by multiple methods (31% enriched by 

both YTHDF1-BS2 and PAR-CLIP, 4% enriched by both YTHDF1-BS2 and RIP-seq, and 

19% enriched by all three methods) (Figure 5.6A). Additionally, when assessing enriched 

transcripts based on m6A presence, we found that an astounding 93% of enriched 

transcripts were known to contain at least one m6A site40,41 (Figure 5.6B). 
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 Despite the preliminary positive results from RNA-seq analysis, more validation 

experiments, like RT-qPCR and Fluorescence in situ hybridization (FISH), are needed to 

fully validate the RNA-seq results. These experiments are currently underway. Altogether, 

these results established that BS2-O106 could potentially be used as a viable new 

complement tool to current suite of proximity labeling strategies. We view this work as an 

 

 
Figure 5.6 RNA-seq quantification of RNA binding protein (RBP) transcripts with 
YTDHF1 targeted BS2. (A) Volcano plot showing transcripts enriched by YTHDF1-BS2 
color-coded for enrichment with other methods (PAR-CLIP, RIP-seq). (B) Venn diagram 
showing the comparison of transcripts enriched by different combinations of the three 
methods. (C) Volcano plot showing transcripts enriched by YTHDF1-BS2 color-coded for 
known presence of m6A. (D) Venn diagram showing the percentages of enriched 
transcripts that are known/not known to contain m6A. A transcript is considered enriched 

or de-enriched if it has a fold-change (FC) of ≥2 and is considered statistically significant 

if it has a p-value of ≤0.01. 
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important contributor to the RNA proximity labeling toolbox and hope that it is of broad 

use for those interested in understanding these types of complex interactions.  

 

5.4 Experimental Details 

Cloning. All plasmids were constructed by Gibson Assembly with PCR products 

generated using Q5 or Phusion DNA polymerases (NEB). The plasmids were sequenced 

by the University of Chicago Comprehensive Cancer Center DNA Sequencing and 

Genotyping facility. Full vector sequences are also available upon request. APEX2 

vectors used in this work were obtained through Addgene. 

 

In vitro transcription. A gene block containing an upstream T7 promoter (95 bp) was 

obtained from IDT and served as the reaction template. The template was PCR amplified 

to yield about 50 μg DNA. The following components were mixed together for the IVT in 

the following final concentrations: 10x transcription buffer (NEB, M0251S), 100 μL (final 

conc. 1x); 1 M MgCl2, 25 μL (final conc. 25 mM); 1 M DTT, 10 μL (final conc. 10 mM); 

SUPERase-in 30U/μL (Thermo, AM2694), 1 μL (final conc. 30U/mL); 25 mM NTP mix 

(100 mM NTPs, 50 μL ea.), 200 μL (final conc. 4 mM/NTP); DNA template, 50 μg (final 

conc. 50 μg/mL); T7 RNA polymerase (NEB, M0251S), 6.25 μL (final conc. 40 μg/mL); 

RNAse/DNAse-free H2O, to bring total reaction volume to 1 mL. All reaction components 

were mixed thoroughly by pipetting up and down several times, and incubated overnight 

at 37°C. 5 μL of Dnase was then added and incubated for an additional 30 min. at 37°C. 

The sample was then concentrated down to 150 μL and cleaned up using the RCC-5 RNA 

Clean & Concentrator Kit (Zymo, R1013). Loading dye was added and the sample was 
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boiled for 5 min. at 90°C. The sample was then loaded onto an 8M urea gel (pre-run for 

30 min. at 120V) for gel purification by splitting the sample evenly across 10 wells. After 

the run, the proper RNA band was excised from the gel using UV shadowing, and the 

RNA was extracted out of the urea gel using the ZR small-RNA PAGE Recovery Kit 

(Zymo, R1070). 

 

Recombinant protein expression and purification. The pET-BS2 plasmid (Table 4.1) 

was transformed into chemically-competent E. coli BL21 cells. 1 L cultures were grown at 

37°C in LB broth (40 μg/mL Kan) to mid log-phase (OD600 of 0.65). The cultures were 

then induced with 0.2 mM IPTG and incubated at 30°C overnight. Cells were harvested 

by 4°C centrifugation (4000xg for 15 min), the supernatants discarded, and the pellets 

were resuspended in lysis buffer (50 mM Tris (pH 7.5), 1 M NaCl, 10 mM TCEP, 20% 

glycerol) and protease inhibitor tablet (Thermo, A32963). The mixtures were then 

sonicated (total on time: 10 min; 10s on/20s off; amplitude 30%) and spun down at 12,000 

rpm for 40 min. BS2 was purified from the supernatants by nickel affinity chromatography 

and dialyzed into 50 mM sodium phosphate buffer (pH 7.5). Prior to storage at -80°C, 

15% glycerol was added. Final BS2 concentrations were measured using a standard BCA 

assay. 

 

In vitro dot blot. IVT RNA obtained as described above, as well as corresponding dsDNA 

and ssDNA (IDT), was subjected to reaction with BS2 (purified, as described above) and 

O106 as follows: 500 ng nucleic acid in 1x PBS was reacted with 50 μM O106 or DMSO 

control in the presence or absence of 200 nM BS2 for 15 min. at 37°C in a thermomixer 
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at 950 rpm. 100 μM DBCO-488 (Click Chemistry Tools, 1278-1) or DMSO control was 

added to the samples and they were incubated at 37°C in a thermomixer at 950 rpm for 

30 min. Samples were RCC-5 or DCC-5 cleaned up. Samples were subjected to RNAse 

A (Thermo, EN0531), DNAse I (Thermo, EN0525), or DMSO control at 37°C in a 

thermomixer at 950 rpm for 30 min. Samples were RCC-5 or DCC-5 cleaned up, blotted, 

and imaged on a BioRad ChemiDoc imager. 

 

Mammalian cell culture and plasmid transfection. HEK293T (ATCC) cells were 

cultured in DMEM (L-glutamine, high glucose, sodium pyruvate, phenol red; Corning) 

supplemented with 10% (vol/vol) fetal bovine serum (FBS, Gemini Benchmark) and 1% 

(vol/vol) penicillin/streptomycin (Gibco/Life Technologies). Cells were maintained in a 

water-saturated, 5% CO2-containing, 37°C incubator. Cells were used for experiments 

never exceeding passage number 25. Fresh HEK293T cells were obtained from ATCC 

and frozen down at an early passage number (5) in individual aliquots. There was no 

testing for mycoplasma infection as a result. Transient transfections were performed using 

Lipofectamine 3000 (Invitrogen; Thermo, L3000015) following the manufacturer’s 

protocol. 

 

In vivo dot blot. HEK293T cells were transfected with cytoBS2 (KJ128), nucBS2 (47-

17), ermBS2 (43-52), or a no BS2-containing dummy plasmid in biological duplicate. 24 

h post-transfection, 50 μM O106 was added to all wells and incubated for 15 min at 37°C. 

The cells were then washed 2x with 1x PBS, lysed, and the RNA was extracted and 

purified from the lysates using the Rneasy Plus Mini Kit (Qiagen, 74136). 100 μM DBCO-
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488 was added to the samples and they were incubated at 37°C in a thermomixer at 950 

rpm for 30 min. Samples were RCC-5 cleaned up, and subjected to RNAse A or DMSO 

control at 37°C in a thermomixer at 950 rpm for 30 min. Samples were RCC-5 cleaned 

up, blotted, and imaged on a BioRad ChemiDoc imager. 

 

Fluorescence microscopy. Cell treatment and CuAAC reaction. HEK293T cells were 

plated, on glass coverslips pre-treated with 0.1 mg/mL Poly-D-Lysine (for 2 h at RT) and 

contained within a 24-well dish, and transfected with cytoBS2-RFP (52-60), ermBS2-RFP 

(52-12), nucBS2-RFP (52-70), SENP2-BS2-RFP (nuclear poreBS2, 52-62), or no BS2- 

containing dummy plasmid in biological duplicate. 24 h post-transfection, 50 μM O106 or 

DMSO control was added for 15 min. at 37°C. The cells were then washed 2x with 1x 

PBS, fixed with 4% paraformaldehyde solution for 30 min. at RT, washed 2x with 1x PBS, 

permeabilized with ice cold MeOH for 5 min. at RT, and washed 2x with 1x PBS. The 

samples were then bathed in a CuAAC reaction solution composed in 1x PBS with the 

following final concentrations, adapted from a previously published method: 2 mM BTTAA 

(Click Chemistry Tools, 1236-100), 1 mM CuSO4, 10 μM 488-PEG4-alkyne (Sigma, 

761621), and 10 mM sodium ascorbate (prepared fresh). The BTTAA, CuSO4, and 488-

PEG4-alkyne were pre-mixed in 1x PBS for 5 min., and the sodium ascorbate was added 

immediately prior to cell bathing. The cells were incubated in this bath for 1 h at RT, 

followed by 3x washes with 1x PBS for 5 min. each, the second of which contained DAPI. 

The last 1x PBS wash was removed, and the cell-containing coverslips were then lifted 

from the 24-well plate, inverted, and transferred to fixative pre-dotted on a glass slide. 

The slides were dried for 5 h away from light prior to imaging. The cells on slides prepared 
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as above were imaged on an inverted epifluorescence microscope (Leica Dmi8) equipped 

with a camera (Hamamatsu Orca-Flash 4.0) with a 63x oil objective and light source 

(Sutter Lambda XL, 300W Xenon). The filters ET490/x, Quad-S, ET 525/x for 488-PEG4-

alkyne, Etx/x, Quad-S, Etx/x for RFP, ET402/x, Quad-S ET455/x, and brightfield were 

used accordingly, and navigated utilizing the Leica LAS X software. Image analysis was 

performed in ImageJ. 

 

RT-qPCR experiment of ERM targets with BS2 panel. Azide labeling and copper-free 

click reaction to install biotin on labeled RNAs. HEK293T cells plated in a 6-well dish were 

transfected with cytoBS2 (KJ128), ermBS2 (43-52), or a no BS2-containing dummy 

plasmid in biological triplicate. 24 h post-transfection, 50 μM O106 was added to all wells 

and incubated for 15 min at 37°C. The cells were then washed 2x with 1x PBS, lysed, 

and the RNA was extracted and purified from the lysates using the Rneasy Plus Mini Kit 

(Qiagen, 74136). The azide-labeled samples were eluted in 84 μL RNAase/DNAse-free 

H2O, to which 10 μL 10x PBS, 1 μL SUPERase-in, and 5 μL 25 mM DBCO-PEG4-Biotin 

(Sigma, 760749) were added for a total reaction volume of 100 μL/sample. The samples 

were incubated at 37°C, 950 rpm on a thermomixer for 2 h, followed by an RCC-25 (Zymo, 

R1017) cleanup. The biotin-labeled samples were eluted with 125 μL RNAse/DNAse-free 

H2O and, if not proceeding immediately, stored at -20°C overnight or -80°C long-term until 

ready to proceed with bead enrichment. 

 

Enrichment of biotin-labeled RNAs. Enrichment of labeled RNAs was performed using 

the previously-reported APEX-seq enrichment method, with some modification.173 
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Briefly, 10 μL Pierce Streptavidin Magnetic Beads (Thermo, 88816) were utilized per 25 

μg RNA sample. Beads were washed three times on/off the magnet with 500 μL binding 

& wash buffer (5 mM Tris-HCl, pH 7.5, 0.5 mM EDTA, 1 M NaCl, 0.1% Tween-20) per 

sample, followed by two 500 μL washes with solution A (100 mM NaOH, 50 mM NaCl) 

per sample, one 500 μL wash with solution B (100 mM NaCl), and a final resuspension 

of the beads in 125 μL solution B containing 1 μL SUPERase-in per sample. The 

resuspended beads were mixed thoroughly with the eluted, biotin-labeled RNA from 

above and incubated at 4°C for 2 h on a rotator. After this incubation, samples were 

washed three times with binding & wash buffer as described above, and enriched RNAs 

were digested off the beads by proteinase K as follows: washed beads were resuspended 

in 54 μL RNAse/DNAse-free H2O and 35 μL 3x digestion buffer (330 μL 10x PBS, pH 7.5, 

330 μL 20% N-laurylsarcosine sodium solution (Sigma, L7414), 66 μL 0.5 M EDTA, 16.5 

μL 1 M DTT, and 357.5 μL RNAse/DNAse-free H2O) was added to each sample. 1μL 

SUPERase-in and 10 μL of 20 mg/mL proteinase K (Sigma, P2308) was also added, 

bringing the total volume for the digestion to 100 μL. The samples were then incubated 

at 950 rpm on a thermomixer at 42°C for 1 h, followed by 55°C for 1 h. The beads were 

then placed on the magnet, and the supernatant was extracted and cleaned up using the 

RCC-5 kit for downstream applications (samples eluted in 6.5 μL water). Concentrations 

of RNA/sample were recorded. If not proceeding immediately, the samples were stored 

at -20°C overnight or -80°C long-term until ready to proceed. 

 

Reverse-transcription. The PrimeScript RT Reagent Kit was used to generate cDNA 

(Takara, RR037B). The RT reaction was assembled as follows: to each 6.5 μL enriched 
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RNA sample, 2 μL 5x PrimeScript buffer, 0.5 μL random 6-mer primers, 0.5 μL oligo-dT 

primers, and 0.5 μL PrimeScript RT enzyme were added for a total of 10 μL/reaction. The 

samples were thoroughly mixed and placed on a thermocycler with the following protocol: 

15 min. at 37°C followed by a 5 sec. 85°C RT inactivation step and a cooling to 4°C. If not 

proceeding immediately, cDNA samples were stored at 4°C overnight or -20°C long-term. 

 

NovaSeq library preparation. HEK293T cells plated in a 6-well dish were transfected 

with an array of BS2s or a no BS2-dummy plasmid in biological quadruplicate. The 

samples were treated as described in the above RT-qPCR experiment protocol, except 

the samples were not RT-ed or qPCR-ed. Instead, the total enriched RNA samples eluted 

in 6.5 μL H2O were diluted to a total volume of 50 μL and transformed into NovaSeq 

libraries using the KAPA mRNA HyperPrep Kit (Roche, KK8581, KK8441), containing an 

mRNA capture step prior to library generation. Typically, we yield 50-150 ng RNA from 

our enrichments, which is on the low end of KAPA’s recommended input, but we get high 

quality libraries using this kit. The manufacturer’s protocol is followed exactly, with the 

following exception: typically, 18-22 PCR cycles are required to achieve sufficient 

amplification, contrary to the 13-16 cycles recommended by the manufacturer, due to the 

relatively low total RNA input. The number of amplification cycles required for each library 

was pre-determined using qPCR prior to amplification of the entire libraries.  

 

Analysis of BS2-seq enrichment libraries. Kallisto was used to quantify transcript level 

abundances of the BS2-seq libraries. A fasta file corresponding to GRCh38 and hg38 was 

downloaded from the Ensembl website and a kallisto index was generated using the index 
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command with default arguments. Fold-change calculations were performed for ermBS2 

tpms+1 vs. cytoBS2 tpms+1 to assess transcripts enriched by BS2 at the ER membrane 

vs. those enriched by general cytosolic BS2. Transcripts with a FC ≥ 2 (Log10FC ≥ 0.30) 

and a P-value ≤ 0.01 (-Log10P-value ≥ 2) were considered significantly enriched. 

Transcripts were highlighted as secretory or non-secretory using previously published 

datasets and GO ontology. Similar analysis was performed for nucBS2 tpms+1 vs. 

cytoBS2 tpms+1 to assess transcripts enriched by BS2 in the nucleus vs. those enriched 

by general cytosolic BS2. Transcripts were highlighted as coding or non-coding according 

to the GRCh38 transcriptome annotations, and transcripts were specified as nuclear 

coding using GO ontology. Similar analysis was performed to assess subnuclear BS2 

targets, this time with BS2-SENP2 (nuclear pore BS2) or LMNA-BS2 tpms+1 vs. nucBS2 

tpms+1 to assess transcripts enriched by BS2 in subnuclear space vs. those enriched by 

general nucBS2. Transcript types were identified according to the GRCh38 transcriptome 

annotations, and comparisons of hits were made against nucAPEX-seq and APEX-

SENP2/LMNA-seq hits and nuclear MERFISH hits.175 Similar analysis was performed 

when assessing DNA/RNA binding protein-fused BS2 targets, with the BS2-YTHDF1 

tpms+1 vs. cytoBS2 tpms+1 comparison made to assess transcripts enriched by BS2-

YTHDF1 vs. general cytosolic BS2. Hits were compared to published PAR-CLIP and RIP-

seq datasets as well as an m6A transcript database.  

 

5.5 Synthetic procedures 

Azide-PEG-tBu ester42 were synthesized according to the literature. 
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Synthesis of TE-N3. To a 20 mL vial with the stir bar, 0.394 g azide-PEG-tBu ester is 

added into 2.6 mL SOCl2, followed by addition of 150 μL of con. HCl. Seal the reaction 

with a rubber cap and punctuate with 21G needle then react for 1d under room 

temperature. Remove the SOCl2 by rotavapor and 4-nitrothiophenol (455 mg) and DIEA 

(500μL) is added and react 1 d under room temperature. The reaction is quenched 4M 

HCl and extract by EtOAc (20 mL x 3) and washed by Brine. The combined organic layers 

were dried with Na2SO4, filtered, and concentrated. The resultant crude product was 

purified by column chromatography (Silica; 0-25% EtOAc:Hexane) to yield TE-N3 (120 

mg) as yellow solid. Rf: 0.30 (Silica; 25% EtOAc/Hexane). 1H NMR (400 MHz, CDCl3): δ 

8.22 – 8.14 (m, 2H), 7.59 – 7.51 (m, 2H), 3.78 (t, J = 6.0 Hz, 2H), 3.59 (dd, J = 5.5, 4.4 

Hz, 2H), 3.34 – 3.26 (m, 2H), 2.92 (t, J = 6.0 Hz, 2H). 13C NMR (101 MHz, CDCl3) δ 

193.29, 148.18, 135.97, 134.75, 123.97, 70.17, 66.32, 50.60, 44.27. HRA-MS(+): 

Calculated for C11H12NO4S [M+] 253.0409; found 253.0402.  

 

Synthesis of 1. To a stirred solution of tert-Butyldimethyl(2-propynyloxy)silane (2.0 mL, 

1.0 eq., 9.9 mmol) and Tetramethylethylenediamine (1.5 mL, 1.0 eq., 9.9 mmol) in dry 

THF (100 mL) at 0 ℃ under an N2 atmosphere was added dropwise of 2.5 M solution of 

nBuLi in hexane (4.2 mL, 1.0 eq., 9.9 mmol). After 5 min, thiosulfonates (Chin. J. Chem. 

2012, 30, 1611—1616) (3.1 g, 1.0 eq., 9.9 mmol) was added in one portion. The mixture 

was stirred and warmed to room temperature for 15 min. The reaction completion was 

checked by LC-MS and reaction mixture was quenched with a saturated solution of NH4Cl 

(150 mL). The solution was extracted by EtOAc (100 mL x 3) and washed by Brine. The 

combined organic layers were dried with Na2SO4, filtered, and concentrated. The 
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resultant crude product was purified by column chromatography (Silica; 0-20% 

EtOAc:Hexane) to yield 1 (2.12 g, 56%) as yellow solid. Rf: 0.63 (Silica; 10% 

EtOAc/Hexane). 1H NMR (400 MHz, CDCl3) δ 8.21 – 8.13 (m, 2H), 7.58 – 7.50 (m, 2H), 

4.58 (s, 2H), 0.92 (s, 9H), 0.15 (s, 6H). 13C NMR (101 MHz, CDCl3) δ 146.27, 142.64, 

125.69, 124.20, 100.95, 77.39, 77.07, 76.76, 68.82, 52.57, 25.80, 18.32, -5.09. HRA-

MS(+): Calculated for C15H21NO3SSi [M+] 296.0579; found 296.0582.  

 

Synthesis of 2. In a 25 mL vial equipped with a stir bar, compound 1 (0.76 g) and 1-

Methylcyclopropanecarboxylic acid (0.36 g) are dissolved in DCE/CAN (1:1) (10 mL), then 

Ir catalyst (100 mg) is added. Seal the tube and allow the reaction to perform 16h at 85℃. 

Cool down the reaction and filter through the celite, use DCM to wash the reaction flask. 

The organic solution is washed with Sat. NaHCO3 and Brine. The combined organic 

layers were dried with Na2SO4, filtered, and concentrated. The resultant crude product 

was purified by column chromatography (Silica; 0-15% DCM:EtOAc) to yield 2 (0.144 g, 

14%) as yellow oil. Rf: 0.12 (Silica; 10% DCM:EtOAc).  

 

Synthesis of O106. In a 25 mL vial equipped with a stir bar in ice bath, compound 2 

(0.133 g), and PPh3 (0.148 g) are dissolved in 4 mL THF. Then Diisopropyl 

azodicarboxylate (135 μL) and Diphenylphosphoryl azide (165μL) are added slowly at 

0℃. After 30 min, remove the ice bath and let the reaction continue overnight at room 

temperature. Concentrate the reaction and the resultant crude product was purified by 

column chromatography (Silica; 0-75% EtOAc/Hexane) to yield O106 (35 mg, 25%) as 

light-yellow oil. Rf: 0.63 (Silica; 25% EtOAc/Hexane).  
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Chapter 6 

SUMMARY AND PERSPECTIVES 

6.1 Thesis summary 

The thermodynamic stability of thioesters places them at the center of a reactivity 

scale for nucleophile addition among acyl compounds, somewhere above unreactive 

amides and poorly reactive oxoesters, but below overactivated carboxylic acid anhydrides 

and acyl chlorides. Therefore, thioesters are effectively many orders of magnitude more 

reactive than oxoesters as thiol or nitrogen nucleophiles as well as alkoxide1–3, while being 

relatively resistant to hydrolysis at neutral pH1,2,4,5, especially for S-alkyl thioesters. The 

intrinsic high stability of S-alkyl thioesters makes them an important biological species 

involved in various biological processes6. And S-aryl thioester reactivity can be tuned by 

changing the substitution group on the aromatic ring, making it an attractive acylation 

reagent in chemical biology application7. 

The first part of my thesis focused on the exploration of the biological roles of S-alkyl 

thioester, and in particular, protein S-palmitoylation. S-palmitoylation is an abundant and 

dynamic post-translational modification that facilitates protein trafficking and function8,9. 

The addition of this modification is catalyzed by ‘writer’ (DHHC-PATs), which attaches a 

16-carbon fatty acyl group to specific cysteines. The reverse reaction is catalyzed by 

‘eraser’ (APTs), which hydrolyze the thioester bond to participate in palmitate turnover. 

Chapters 2, 3 and 4 describe my efforts in the development of chemical approaches to 

study both writer and eraser enzymes of protein S-palmitoylation. 
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Chapter 2 presented the development of new generation DPPs with improved S-

depalmitoylase specificity. The first-generation DPPs are capable of monitoring dynamic 

APT activity in live cells. However, use of a natural C16 lipid limits the water solubility of 

the probe, requiring that the natural lipid be substituted by a C8 surrogate lipid. In DPP-5, 

the inclusion of succinylated piperazine improved solubility and enabled modification of the 

masking cysteine with the highly hydrophobic, natural C16 lipid substrate. The higher 

solubility and enhanced enzyme specificity of DPP-5 make it an excellent tool for visualizing 

global S-depalmitoylase activity both in vitro and in live cells10. During the discovery of 

ABHD10, DPP-5 also played a crucial role in validating the S-depalmitoylase activity of 

ABHD1011. We anticipate that DPP-5 can be a useful new tool to assay S-depalmitoylase 

activity. DPP-5 has been shared with many other groups since it was disclosed, and it 

helped one group discover and validate a new class of S-palmitoylation eraser12. 

Chapter 3 described the development of mitoFP, a mitochondria-targeted APT 

inhibitor, and the journey to discover a new mitochondrial APT, ABHD1011. Previously, our 

lab has developed chemical tools to selectively visualize APT activity in the mitochondria 

with mitoDPPs and identified APT1 as the first regulator of mitochondrial S-

depalmitoylation. To further understand the functional consequences of S-depalmitoylase 

activity in this organelle, I designed and synthesized the spatially constrained mitochondrial 

pan-APT inhibitor, mitoFP. Live cell imaging of mitochondrial H2O2 in combination with 

mitochondrial APT perturbation leads us to uncover that mitochondrial APT inhibition 

diminishes mitochondrial antioxidant buffering capacity. However, this effect was not 

mediated by APT1, the only known mitochondrial APT13, but rather by another 

mitochondrial resident protein, ABHD10, for which no endogenous function was yet known. 
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Biochemical assays, including the DPP-5 assay, demonstrated that ABHD10 is a new 

member of the S-palmitoylation eraser family. We then identified a key cellular antioxidant 

protein, peroxiredoxin 5 (PRDX5), as the first target of ABHD10 S-depalmitoylase activity. 

Furthermore, we show that S-palmitoylation exclusively occurs at the active site cysteine 

residue in PRDX5, providing a mechanism connecting ABHD10-mediated S-

depalmitoylation of PRDX5 and its antioxidant capacity. More broadly, expanding the APT 

family by the addition of ABHD10 will help assign more substrates and functions to 

mitochondrial S-depalmitoylation. Additionally, the new mitochondrial-targeted APT 

inhibitor will help the S-palmitoylation research community to further explore the function 

and regulation of this process in mitochondria. 

Chapter 4 presented the development of a turn-on fluorescence-based high-

throughput screening method for DHHC-PATs. By combining the docking and rational 

design, I repurposed the APT probes to measure DHHC-PATs activity in vitro. The modified 

PTPs serve as mimetics of DHHC-PATs cofactor Palm-CoA, and it can be recognized by 

DHHC-PATs. As a proof of concept, we performed an initial high-throughput screen with 

over 1,600 acrylamide compounds and identified a few that moderately inhibit DHHC20. 

Although we have only screened three DHHC isoforms, we anticipate that the modular and 

flexible synthesis of the PTPs may allow expansion of the library to other members of the 

DHHC family, and perhaps even adapted for other transferases, such as N-

myristoyltransferase family proteins (NMTs).  

Chapter 5 presented the efforts toward the development of an RNA proximity 

labeling method that utilizes an ester-caged S-aryl thioester that reacts with the 2’-OH 

position of RNA nucleosides in the presence of BS2 esterase. First, we showed that 4-
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nitrothioester can acylate RNA and designed an ester cage to mask the high reactivity of 

4-nitrothioester. Then an iridium-catalyzed regio- and stereoselective addition reaction was 

discovered to install the ester on the enol form of the thioester. We showed that the ester-

caged thioester can be processed by BS2 esterase and it can label RNA in cells that 

express the BS2 enzyme. Preliminary RNA-Seq data suggested that the BS2 esterase-

ester caged thioester pair can be used for RNA proximity labeling.  

6.2 Future perspectives on APTs 

The chemical tools presented in this thesis, such as DPP5 and mitoFP, enable us to 

gain a more discriminating view of APTs and can be used to gain insight into the subcellular 

organization and geographic distribution of S-depalmitoylase activity. However, we still do 

not fully understand how S-depalmitoylation is regulated, nor its biological consequences, 

particularly at the level of individual APTs. Next-generation DPPs should feature targeting 

capabilities for individual APTs and different organelles. For example, histone H3 is found 

to be S-palmitoylated14, but no APTs have been found present in the nucleus. A nuclear-

targeted DPP would be very useful to examine APT activity in this organelle.  

Substrate annotation also remains extremely challenging, owing to the highly 

dynamic process of protein S-palmitoylation and compensation between APTs. Take 

ABHD10 for example, where we identified PRDX5 as the first substrate and showed it 

played a crucial role in mitochondrial redox homeostasis. However, global substrate 

profiling remains a challenge: our attempt to profile ABHD10 substrates by combining the 

ABE assay and proteomics resulted in no clear substrates due to the compensation 

between APTs. Fortunately, a selective inhibitor of ABHD10 is already available, which will 

facilitate the study of APT function in live cells with temporal control15. In addition, a 
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fluorescent-quenched substrate library has been developed to map the substrate specificity 

APTs in vitro. These peptide substrates contain a palmitoylated cysteine that releases the 

quencher molecule upon thioester hydrolysis, thus generating a fluorescence signal. 

Furthermore, the authors demonstrated that a Scribble-derived peptide sequence was 

preferentially hydrolyzed by APT2 and not APT1, correlating with a published cellular study 

that showed APT2 was the enzyme that depalmitoylated Scribble16. This library could be 

potentially used to map the peptide specificity of ABHD10. 

By comparing enzyme kinetics with APT1, we noticed that ABHD10 has a lower 

turnover rate but it binds more tightly to the substrate. This measurement agrees with the 

observation of the presence of a unique cap domain in the structure of ABHD10, which 

might contribute to substrate recognition. Solving the lipid-bound ABHD10 structure and 

co-crystal structure of ABHD10-PRDX5 would provide insight into how lipid substrates are 

accommodated in the enzyme active site and engage in the catalytic reaction and ABHD10 

substrate recognition, respectively. In addition, unnatural amino acid photo-crosslinking 

followed by mass spectrometry could be applied to identify ABHD10 interacting proteins. 

Genetically engineering ABHD10 in proximity to the active sites or potential binding sites 

with a diazirine unnatural amino acid17,18 may capture its substrate. Using the ABHD10 

crystal structure as a guide, such incorporation sites could be within the cap domain. 

However, a high-throughput in vitro screening may be necessary to identify optimal 

incorporation position(s). 

 MitoFP provides a useful tool to study the biological function of mitochondrial protein 

S-palmitoylation. In addition to the regulation of redox homeostasis, as demonstrated in 

this thesis, mitochondrial APTs may regulate lipid homeostasis since mitochondria contain 
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a variety of unique lipid classes. Indeed, preliminary metabolomics experiments suggest 

that ABHD10 regulates cellular lipid composition to a certain degree. More metabolomics 

experiments with purified mitochondria and mitoFP treatment may result in a more dramatic 

effect. Furthermore, using mitoFP in combination with chemo-proteomic approaches19, we 

have now been able to evaluate the effects of perturbing the mitochondrial S-palmitoylome, 

identify targeted proteins, and assess the biological roles of mitochondrial APTs. The 

design principle of mitoFP described in this thesis work could also be applied to develop 

other organelle-targeted APT/DHHC inhibitors.  

6.3 Future perspectives on DHHC-PATs 

Mounting evidence has suggested that DHHC-PATs are involved in both 

physiological and pathological processes. Isozyme-selective inhibitors or pan-active 

inhibitors can be used to block a specific protein or a group of related proteins, thereby 

enhancing the understanding of S-acylation-mediated events by DHHC. It is anticipated 

that these methods will permit studies of the acute effects of S-acylation disruption without 

reliance on longer-term zDHHC depletion (e.g., using RNAi or CRISPR technology). In 

addition, the application of chemical inhibitors to DHHC proteins allows the direct evaluation 

of their potential as drug targets in cells and could provide a platform for future drug 

development. 

Despite the turn-on fluorescence-based assay described in this thesis being proven 

to be suitable for high-throughput screening, our preliminary screening of 1600 compounds 

failed to yield good hit compounds. A large library of compounds is needed to increase the 

chance to find lead compounds. For example, a study recently describes a FRET-based 

high throughput assay for the discovery of compounds that interfere with the auto-acylation 
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of zDHHC2. A screen of >350,000 compounds identified two related tetrazole-containing 

compounds that inhibited both zDHHC2 auto-acylation and substrate S-acylation in cell-

free systems20.  

The majority of the DHHC assays developed to date have been in vitro tests, but 

improved cell-based assays are also needed in this field. DHHC activity in cells can be 

monitored by tracking both the auto-acylation and substrate protein S-acylation, but the 

dynamic regulation of multiple DHHCs and APTs must be considered. For example, a 

recently developed novel yeast-based high-throughput method utilizes a reporter gene that 

responds to the acylation status of a palmitoylation substrate fused to a transcription 

factor21. However, the method relies on a highly specific DHHC-substrate pair that is 

uncommon in mammalian cells.   

In summary, a new era of pursuing highly potent and selective DHHC-PATs 

inhibitors is emerging, and the development of truly selective inhibitors of the zDHHC family 

would be a remarkable breakthrough for the field.  

6.4 Future perspectives on thioester-based acylation reagent  

The inspiration for applying 4-nitrothioester for RNA labeling comes from the RNA 

SHAPE chemistry that acylation reagent can react with 2’-OH on the RNA. The fact that 4-

nitrothioester reacts with RNA but not DNA provides strong evidence that the labeling event 

is installing 2’-O-acylation, but the further characterization of reaction products is required 

to fully understand the mechanism. In combination with the biorthogonal ester-esterase 

pair, our preliminary suggested 4-nitrothioester may serve as a reactive intermediate in the 

RNA proximity labeling. Thus, if 4-nitrothioester is proven to function as a SHAPE reagent, 

preparing RNA-seq libraries with RTs that go through stop sites and install mutations, or by 
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processing samples differently and looking at RT stops, would provide information not only 

about where a given transcript is located or which protein it interacts with, but also 

information about the shape of that RNA in the given context.  

The use of ester to mask the enol form of the acyl compound is key to linking 

esterase activity with the generation of the thioester intermediate. To use α-alkoxy thioenol 

esters as a thioester precursor in live cells for labeling purposes, both stability and thioester 

reactivity need to be considered. 4-nitrothioester has thus far proven to strike the best 

balance. Some leaving groups were too reactive and hydrolyzed immediately, while others 

were completely unreactive after ester unmasking and had half-lives on the order of tens 

of days. Efforts are currently underway to continue to tune the leaving group (and thus the 

reactivity) of our masked acylating probe. In principle, therefore, one goal could be to 

develop a suite of variably reactive probes to react with different biomolecules with various 

labeling radii.  

Despite our BS2 esterase / methylcyclopropyl ester selective unmasking-based 

genetically encoded technologies having been proven to be useful22, their widespread use 

will be considerably hindered by a critical failure: the methylcyclopropyl mask proved 

insufficiently bio-orthogonal in many cell lines, such as HepG2 cells. A better bio-orthogonal 

ester/esterase pair would facilitate the application in vivo. Our preliminary experiments 

have already established that a bulkier ester is stable in HepG2 cells and a large screen is 

currently underway to find a BS2 variant that can process the bulky ester effectively. 
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