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Chapter 1 

Prior work on optogenetics and myosins 

1.1 Introduction 

Motor proteins play countless roles in biology, each requiring the motor to be recruited and 

activated at a particular time and place inside the cell. To dissect these multiple roles, we must 

develop tools that allow us to control the recruitment and activation process. One promising 

technique for achieving this goal is through optogenetics (4). Optogenetics involves the 

engineering and application of optically-controlled, genetically encoded proteins, and is 

transforming the fields of neuro- and cell biology (5, 6). A major benefit of optogenetics is that 

proteins are activated using light, which allows for high temporal and spatial control over their 

protein of interest.  

Myosin VI is a motor protein whose study could particularly benefit from optogenetic 

control. It is the only myosin known to walk toward the pointed end of actin filaments (7, 8). 

This property enables it to perform a diverse array of cellular functions including cell division, 

endosome trafficking, autophagy, and Golgi and plasma membrane anchoring (9-12). Applying 

optogenetics to controlling myosin VI with light may therefore aid in the dissection of myosin 

VI’s roles in different parts of the cell.  

In this chapter, I first discuss the tools that are available to optogenetic engineering, with an 

emphasis on the Avena sativa LOV2 domain. I then review what is known about myosin 

regulatory mechanisms before discussing prior art on myosin VI regulation. Lastly, I outline the 

factors that make myosin VI amenable to control through the LOV2 domain.  
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1.2 The Avena sativa LOV2 domain as an optogenetic engineering platform  

1.2.1 Overview of optogenetic systems.  

One highly successful optogenetic strategy is to use or modify naturally-occurring light sensitive 

proteins that directly alter a cellular property of interest, such as using channelrhodopsin to 

manipulate membrane ion gradients (4). Another method is to fuse a target protein to a naturally 

light-sensitive protein that undergoes a conformational change in response to light. The new 

fusion protein is designed to sterically block the target protein’s binding to its partner in the dark, 

but release it for binding in the light.  

This latter engineering strategy has been employed using a variety of light-sensitive proteins, 

including cryptochromes (16), phytochromes (17, 18), photoactive yellow protein (PYP) (19), 

and the Light, Oxygen, Voltage sensing domain 2, or LOV2, from Avena sativa phototropin1 

(20-22). Each system has its own benefits (4), which are discussed below.  

Cryptochromes contain a photolyase-homology domain (PHD) that binds to both a flavin 

adenine dinucleotide (FAD) molecule that absorbs blue light and an additional flavin- or folate-

derived cofactor that acts as an antenna system to shuttle near-UV light to the FAD (23, 24). In 

Arabidopsis thaliana, this chromophore is 5,10- methenyltetrahydrofolate (MHTF) (25). Upon 

absorption of light, the energy of the photon is converted to semi-reduce the FAD molecule to a 

neutral semiquinone radical (FADH∙) (23). ATP binds in a pocket near the FAD chromophore 

and decreases the pKa of the nearby D398 residue (26). Upon light absorption, D398 donates its 

proton to FAD, creating a negative charge in this pocket that is thought to disrupt an interaction 

with the C-terminal region of the protein that exposes new interaction surfaces on the protein 

(25, 27). One consequence of this conformational change is that Cry2 proteins will self-associate 

into clusters (16, 28). The conformational change also allows them to bind to downstream 
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effectors, such as CIB1 in Arabidopsis thaliana (29, 30). Both of these effects have been used by 

optogenetic engineers to create time- and area-specific activation of protein activity (16, 29). 

Notable applications of these techniques include the regulation of endogenous receptors at the 

plasma membrane (31), as well as controlling the Cre DNA recombinase, a widely-used agent 

for tissue-specific manipulation of gene expression in higher organisms (32), with light in 

HEK293T cells (29).  

While the clustering effect can give a large dynamic range to a switch, in some instances, 

including myosin studies, the oligomeric state of a protein may be essential to interpreting its 

activation state. Clustering complicates this interpretation. Cry2-based tools also exhibit dark 

state reversion on the minute to tens of minutes scale, making these unsuitable in cases where 

fast reversion is required (4, 16, 29).  

Phytochromes, PYP, and LOV2 domains each take advantage of a modular signaling domain 

known as the PAS (Per-ARNT-Sim) domain, making this protein fold the most widely used 

optogenetic tool for applications outside of manipulating ion gradients through 

channelrhodopsins (4). Therefore, a more detailed discussion of this domain is warranted.  

 

1.2.2 Introduction to the PAS domain 

PAS (Per-ARNT-Sim) domains form a broad family of protein signaling domains that serve as 

detection modules for a diverse array of stimuli, and are found in every kingdom of life (33). The 

versatility of the domain is derived from its structure, which is an - protein fold composed of 

only 100-120 residues (34). The core element of the PAS domain is an antiparallel  sheet that 

contains five strands arranged in a 2-1-5-4-3 topological order (Figure 1A,B). Moglich et al. 

calculated the rmsd for the backbone atoms each pair of proteins among 47 PAS structures and   
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Figure 1. The PAS fold. (A) The Halorhodospira halophila PYP domain (bacteria) is shown on 

the left, and the Avena sativa LOV2 domain (plants) is shown on the right. Center: Overlaying 

the central -sheet contrasts the relatively high conservation of the central PAS fold with the 

variability in the flanking helices. The different chromophores bind the conserved pocket on the 

front side of the -sheet, with the output occurring on the opposite side of the sheet. Note that the 

conservation of the PAS fold spans kingdoms. (B) The domain architecture is laid out, with the 

length of the rectangles being roughly proportional to the number of residues in each structure. 

The 2-1-5-4-3 arrangement of the -strands is clear.  
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found the average rmsd of these strands to be just 1.9 ± 0.6 Å (33). On either terminus and 

interspersed throughout the strands of the  sheet are helices. Typically, the primary sequence 

order of a PAS domain is A-B-C-D-E-F-G-H-I. However, the length, orientation 

with respect to the  sheet, and even presence of these helices are not as well conserved as the 

central  sheet. Therefore, the  sheet is the central scaffold that defines the core of the PAS fold, 

whereas the helices vary from protein to protein, depending on its specific role (33). 

This pattern of conservation suggests a biochemical mechanism by which each PAS domain 

senses its particular stimulus and propagates that signal to other protein domains, or effectors, 

which are often fused to the C-terminus of the PAS domain. In each case, the  sheet undergoes 

a conformational change in response to a physical or chemical stimulus that is then propagated to 

the effector through a linker domain on one side of the  sheet. This linker is often  helical and 

either forms coiled-coils or lies directly against the  sheet, as is the case for the C-terminal J 

helix of the Avena sativa LOV2 (Light, Oxygen, Voltage) domain (35).  

On the opposite side of the sheet, many PAS domains bind cofactors that can either aid in the 

detection of a stimulus, such as the absorption of blue light by a bound flavin mononucleotide 

(FMN) in the LOV2 domain (36), or can serve as the signal itself, as in the citrate sensor CitA, 

which undergoes a conformational change in response to binding citrate (37). The PAS  sheet 

curls in towards one of its faces, forming a conserved pocket in which the cofactor binds. 

Capping the pocket are the E and F helices, which are customized to fit each cofactor. Though 

many PAS domains do not require a cofactor, the pattern of conservation and cofactor binding in 

those PAS domains that do bind small molecules suggest a general signal transduction 

mechanism whereby signal-specific helices on one side of a conserved  sheet cause a 

conformational change in the sheet that is propagated to effector-adapted helices on the opposite 
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face of the sheet. This propagation can occur through a variety of mechanisms that each depend 

on thermodynamically coupling the effector domain of interest to the conformational change in 

the PAS domain, such as through alteration of the oligomeric state of the protein (38), relief of 

steric inhibition (39, 40), or direct stabilization of the effector (41).  

The ability of PAS domains to control the function of diverse effector proteins lends them to 

applications in protein engineering, including optogenetics. The Moffat group has previously 

engineered a light-dependent response into a PAS:effector protein pair that already has the 

desired output (42). They did so by testing a series of constructs where the PAS-gated histidine 

kinase FixL from Bradyrhizobium japonicum had its N-terminal PAS domain substituted with 

the light-sensitive LOV domain from the Bacillus subtilis YtvA protein. Excitation of their 

optimal construct, “YF1”, causes FixL to phosphorylate its transcription factor target FixJ. YF1 

shows a 60-fold change in response to light in an in vivo -galactosidase assay where the LacZ 

gene was put under the control of the FixJ promoter of FixJ (42).  

While engineering a light-dependent response into a PAS:effector protein pair that already 

has the desired output is possible, more often the preferred approach is to reengineer a light-

responsive PAS to control a non-native effector (33, 42). There are several protein families 

within the PAS superfamily that react to light. Phytochromes are dimers of two, 125 kDa 

proteins that covalently bind to a tetrapyrrole chromophore within a GAF (cGMP 

phosphodiesterase/adenyl cyclase/FhlA) domain that is highly integrated with a PAS domain 

(43). In the case of Arabidopsis thaliana PhyB, which has been used to control proteins 

optogenetically (17, 18), the chromophore is a molecule of phycocyanobilin (PCB) that 

isomerizes upon illumination with red (max ≈ 655 nm) light (44, 45). This isomerization causes a 

conformational change in the “tongue” region of the phytochrome domain (PHY) that then 
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causes each PHY domain to move away from each other and more closely to their respective 

intrachain PAS-GAF domains (46). In the case of PhyB, this structural rearrangement enables it 

to bind the transcription factor phytochrome interaction factor 3 (PIF3) (47). Pfr, the red-light 

excited, biologically active form of PhyB, can be reverted to its inactive form Pr using far-red 

(max ≈ 735 nm) light (45). By tethering target molecules to PhyB and PIF3 in mammalian cells, 

Levskaya et al. were able to create an optogenetic protein recruitment system (18). By projecting 

patterns of 650 and 750 nm that were inverse to each other they demonstrated precise patterning 

of light-induced recruitment to the plasma membrane, with almost no activity outside the area 

excited with the 650 nm laser. By fusing the PIF to a RacGEF that promotes lamellipodia 

formation in cells, they could use this system to induce lammelipodia protrusion at precise places 

in the cell (18).   

The PhyB system is advantageous since the bidirectional reversion allows for precise control 

of protein activation. However, in most organisms the chromophore must be added to the system 

exogenously, or additional genetic work must be done to give the organism the ability to 

synthesize the chromophore themselves (18). Additionally, the large size of the proteins may 

make it unsuitable for some applications. 

Other light-reactive PAS families include the photoactive yellow protein (PYP) and LOV 

domain. PYP binds a p-coumaric acid molecule that absorbs light with max ≈ 446 nm (48, 49). 

PYP domains are found in bacteria where they regulate negative phototaxis (50). Similarly, LOV 

domains absorb light with max ≈ 447 nm (36) through binding to either an FMN or FAD 

cofactor (33). These domains are found in plant phototropins where they upregulate a variety of 

large scale plant responses to light, including phototropism (51). Though PYP has been 

successfully applied to controlling the DNA binding of several proteins, including the 
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transcription factor CREB, with light (19, 52, 53), LOV domains have been used more frequently 

in optogenetic applications (54). This is possibly due to the fact that FMN/FAD cofactors are 

available in all living systems, whereas p-coumaric acid must be added exogenously to PYP 

outside of its native organism (52). Among LOV domains, the Avena sativa LOV2 domain has 

proven to be a robust optogenetic tool capable of being engineered to control a variety of 

proteins, due in part to its small size and relatively straightforward mechanism for caging a 

peptide (21, 22, 41, 55). This protein is discussed in detail in the following section. 

 

1.2.3 The light-dependent conformational change of Avena sativa LOV2  

The ~150 AA Avena sativa LOV2 domain binds a flavin mononucleotide (FMN) cofactor with 

max ≈ 447 nm and undergoes a conformational change involving the unfolding of its N-terminal 

A’ helix and the much larger, C-terminal J helix upon absorbing blue light (Figure 2A) (36, 

56, 57). Specifically, upon absorption the FMN passes through an excited triplet state before 

being quenched by the formation of a covalent bond between the FMN’s C4a atom and the sulfur 

atom of the catalytic cysteine residue C450 (58, 59). This reaction has a quantum yield of 

approximately 0.5 and requires the donation of a hydrogen atom to the N5 atom of the FMN ring 

(60), which then alters the electrostatic environment around a conserved amino acid in the FMN 

binding pocket, Q513 on the I strand (Figure 2B) (61, 62). It was originally speculated that 

Q513 moved from hydrogen bonding the O4 to the newly protonated N5 atom and that this shift 

caused a change in the  sheet that disfavored J helix docking (62). This mechanism is 

supported by recent time-resolved vibrational spectroscopy experiments suggesting that J helix 

unfolding begins concomitantly with changes in -sheet structure in LOV2 (63). However, MD   
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Figure 2. The LOV2 domain and its light-induced conformational change. (A) Cartoon 

illustrating the conformational change in the LOV2 domain. The terminal helices go from 

primarily occupying a rigid, folded state in the dark to a flexible unfolded state in the light. 

(B) Top: a view of the LOV2 domain showing its output helices, the A’ helix at its N-

terminus and the J helix at its C-terminus, that unfold upon absorption of light. Bottom: 

rotated view of LOV2 core shows interacting residues N414 and Q513. The catalytic 

cysteine residue C450 is represented in sticks as well. Coordinated motions of Q513 and 

N414 are thought to drive the unfolding of the A’ and J helices.  
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simulations (64) and mutational studies (57, 65) suggest that upon C450 adduct formation Q513 

maintains a variety of hydrogen binding partners, including a water molecule that bridges the 

Q513-N5 bond in the lit state of LOV2. It also swings away from the FMN altogether, 

interacting with N414, which is adjacent to the A strand (64). N414 is thought to play a role in 

setting the solvent accessibility of the FMN. Accordingly, the photocycle lifetime is highly 

sensitive to mutations at N414 (57, 65). 

Additionally, since N414 is immediately adjacent to the A strand, which lies under the A’ 

helix, the coupled motions of Q513 and N414 are thought to destabilize the A’ helix (Figure 

2B). This, together with the twisting of the I strand through changes in the FMN binding 

pocket, are hypothesized to be the primary drivers of the light-dependent unfolding of the J 

helix (57, 63, 64). Despite the above evidence for Q513 driving these structural changes, 

mutation of either Q513 or N414 does not completely abolish the photocycle (57, 65). Thus, 

though the motion of Q513 may be the primary upstream driver of the unfolding of the A’ and 

J helices, the exact mechanism of signal transduction in LOV2 and its parent protein 

phototropin1 is still debated (66).  

When the light stimulus is removed, the C450-FMN bond spontaneously hydrolyzes in the 

dark on the seconds to minute time scale followed by rapid refolding of the A’ and J helices, 

thus completing the photocycle (56, 57, 59). The degree of this conformational change and the 

rate at which the helices refold in the dark can be independently altered by mutation (57, 67) 

which can be useful for tuning a photoswitch (20, 21). I discuss this practice and the general 

methodology used to design a photoswitch in the following section. 
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1.2.4 Designing optogenetic tools with AsLOV2 

Previously, the Sosnick and Moffat labs engineered the LOV2 domain to control DNA binding 

by fusing the tryptophan repressor (TrpR) to the C-terminus of the LOV to create a LOV2-and-

Tryptophan-Activated-Protein, or “LovTAP” (41). They did so by fusing the J helix to the N-

terminal helix in TrpR in such a way that the folding of the J helix sterically prevents TrpR 

from occupying its dimerized, DNA-bound conformation. The activity of TrpR was thus coupled 

to the light-dependent conformational state of the J helix, creating a protein showing light-

dependent DNA binding (41).  

Similarly, their next design, a collaboration with the Glotzer lab, sterically blocks, or “cages” 

a small PDZ domain-binding peptide that was fused to the C-terminal J helix (21). In this 

system, called Tunable Light-controlled Interacting Proteins, or “TuLIPs,” the light-induced 

unfolding of the J helix uncages a peptide that then binds a PDZ domain. Since light triggers 

the association of the LOV-peptide and PDZ domain, the association of any two proteins in vivo 

can be made light-dependent by fusing one partner to the PDZ domain and the other to the 

LOV2-peptide. This strategy has been utilized by several groups for the control of a variety of 

protein-protein interactions (54) including most recently epigenetic modifications (68).  

Whether the objective is to control a peptide (21), a small protein such as a transcription 

factor (41), or a kinase (22), the general strategy involved is to couple the conformational states 

of the LOV2 domain in the light and dark with the active and inactive states of the target protein, 

respectively (20). The conformational change in LOV2 is best thought of as a shift in the 

equilibrium constant of the J helix for the LOV2 domain from a tight binding state in the dark 

to a weakly binding state in the light (Figure 2A) (69). Following this line of thought, Yao et al. 

used NMR spectroscopy to estimate the amount of free energy available for coupling in the 



12 

 

LOV2 conformational switch by calculating the free energy change resulting from the shift in 

percent occupancy of the folded state of the J in the light and dark (69). They found it to be 

approximately 4 kcal/mol (69). This is far less than the 60-70 kcal/mol of energy expected from 

a typical blue photon absorbed by the LOV2 FMN. Various factors, including the sampling of 

multiple energetically favorable orientations by Q513 in the lit state likely contribute additional 

“slippage” to the switch (64). Nonetheless, 4 kcal/mol, equivalent to a fold change of about 600x 

in the J helix docking equilibrium constant, is far above the dynamic range of LOV2-based 

optogenetic tools made to date (54). Viewed from a positive angle, this means that the LOV2 

domain contains plenty of energy for the formation of effective switches. However, it also shows 

that there is much more left for engineers to learn in order to take advantage of the full range of 

power of the LOV2 domain conformational change.  

To further illustrate the considerations taken into account when engineering an optogenetic 

tool, we can look at the example of engineering light-controlled binding of an “activator” peptide 

to an “effector” protein. Most often, as in natural proteins, the most effective method is to fuse 

the peptide to the large J helix on the C-terminus of LOV2 to form a LOV2-activator fusion 

protein (33). As discussed above, the maximum free energy available in the J helix 

conformational change translates into a maximal change in activity for LOV2-based tools of 

approximately 600-fold. Therefore, the challenge is to tune the light- and dark-state affinities of 

the LOV2-activator for the effector to a level where a meaningful difference in complex 

formation will be observed. This level necessarily depends on the concentration range that one 

expects the proteins to exist at in the cell. Viewing this from the extremes, at a high 

effector:LOV-activator ratio, if the concentrations of both partners are well below the KD of the 

interaction then even a 600-fold increase in the availability of the peptide may not yield an 
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observable amount of bound effector. At the other end, it is clear that if the protein 

concentrations are above the dark state KD, then the effector will be captured even in the dark 

state and no change will be observed, even for a 600-fold elevation in peptide availability in the 

light. Therefore, the observability of light-dependent activation is dependent on the concentration 

of the proteins being studied. In addition to guiding the engineering process, this concentration 

dependence also makes it important that the optogenetic experimentalist optimizes his or her 

expression protocol to obtain consistent expression levels of each protein of interest in their 

cellular system. 

Maximizing the dynamic range of the switch also requires the LOV2-activator to be designed 

so that the binding site of the activator for the effector is sterically blocked by the LOV2 domain 

when the J helix is folded in the dark state. In the above example, this design process involves 

truncating residues from the J helix-activator fusion site to bring the binding site of the effector 

as close to the LOV2 domain as possible. This truncation also shifts the helical register of the 

binding site, so that in effect only sequences where the key binding residues of the activator are 

facing in toward the LOV2 domain need to be considered. However, as one begins to alter the 

sequence of the J helix, the affinity of the helix for the LOV2 domain may be altered, and is 

typically destabilized (20). In particular, disruption of the interaction between I539 on the J 

helix and the LOV2 core partially unfolds the J helix (70). Therefore, mutating residues N-

terminal to I539 is to be avoided, unless the activator has significant homology to the J helix 

(40), or when beneficial mutations are found a posteriori during mutagenesis screens (55). Once 

the LOV2-activator has been designed to eliminate binding to the effector in the dark state, 

compensatory mutations in the LOV2 domain are made to re-stabilize the folded state of the J 

helix. The degree of light-dependent conformational change in many LOV2 mutants has been 
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characterized by circular dichroism (CD) and nuclear magnetic resonance (NMR), with their 

corresponding photorecovery kinetics interrogated via UV-Vis spectroscopy (57, 67). Using 

different mutations, these two properties can be altered independently to tune the strength of the 

J helix docking affinity and the photocycle kinetics to the desired level for the system of 

interest.  

One particularly useful double mutation that was found in a rational search of LOV2 mutants 

is the T406A/T407A mutation on the A’ helix. As discussed above, the A’ helix plays a role 

in stabilizing the folded state of the adjacent J helix (57). Therefore, stabilizing the A’ helix 

may stabilize the J helix through their interaction in a linked equilibrium. The T406A/T407A is 

thought to accomplish this by replacing threonine residues with alanine, which has a higher 

helical propensity than C-branched amino acids. The increased helical propensity of the A’ 

helix stabilizes its folded state, which then contributes to the J helix stability. CD data shows 

that LOV2 domains with this double mutation have a larger fractional change in helicity between 

lit and dark states than the wild type protein (57).  In combination with its use in several 

optogenetic tools to suppress dark state binding of LOV2-activator fusion proteins (21, 71), these 

data suggest that this mutation works to stabilize the J helix in the dark.  

Other mutations have also been successfully used in optogenetic design. For example, 

G528A and I532A mutations on the J helix are thought to stabilize it by directly increasing its 

helical propensity (20, 21, 71). In practice, a battery of mutants are selected for testing when 

designing an optogenetic switch. This is made possible by the robustness of the photocycle in the 

LOV2 domain, which allows it to serve as a uniquely tunable platform for optogenetic 

engineering. 
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1.3 Myosin VI: A motor protein that is activated upon binding cargo 

1.3.1 The myosin head domain and its powerstroke 

There are three superfamilies of motor proteins: kinesins, dyneins, and myosins. Kinesins and 

dyneins walk on the micotubular component of the cytoskeleton, whereas myosins walk on actin 

(72). Kinesins move toward the + end of microtubules, generally toward the cell periphery, 

whereas dyneins move exclusively toward the – ends of microtubules, or generally towards the 

cell center. Therefore, each of these superfamilies of motor proteins play a distinct set of roles in 

the cell. As discussed in Section 1.3.3 below, a particular class of myosin, myosin VI, is 

particularly amenable to control by optogenetics. I therefore focus on reviewing myosins. I will 

also point out similarities between myosins and the other motors where convenient in order to 

understand the generalizability of optogenetic control of myosins to understanding motor 

proteins. 

There are at least 35 families or classes of myosins known to date, with at least 12 expressed 

in humans (73, 74). The number of classes of myosins is expected to grow as more species’ 

genomes are sequenced (75). Classes that are so-called “conventional” myosins form filaments 

and are involved in force-generation and contraction processes such as cytokinesis or muscle 

movement (Figure 3A) (72). The remaining “unconventional” myosins are recruited to various 

cargoes in the cell where they act as either dimers or monomers to maintain force on the actin 

cytoskeleton in either transport or tethering roles (72).  

Myosins each share a highly homologous, approximately 80 kDa actin-binding ATPase 

domain on their N-terminus and vary widely in their C-terminal domains (75, 76). Generally 

speaking, the nucleotide state of the ATPase determines the affinity of the myosin for actin 

(Figure 3B). When the nucleotide pocket binds either ATP or ADP-Pi, the head domain has only   
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Figure 3. Myosin classes and the mechanism of the myosin motor head. (A) Conventional 

myosins form filaments through their C-terminal tail domains in order to generate force between 

actin filaments. Unconventional myosins have cargo binding domains that allow them to sense or 

generate force between the actin cytoskeleton and cargo, often a membrane-bound organelle in 

the cell. These can operate as monomers or dimers. (B) ATP cycle of myosin head. When 

myosin binds ATP, the affinity for actin is decreased. Hydrolysis to the myosin:ADP:Pi state 

puts the myosin head in the prepowerstroke state (note the tilt of the oval motor domain). 

Binding to actin accelerates the release of Pi (blue dot) causing the myosin head to move through 

its powerstroke. The myosin in the ADP and apo states has a high affinity for actin, staying 

bound until ATP binds and the cycle resumes.  
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weak actin binding. Hydrolysis of ATP to ADP-Pi causes the head domain to undergo a 

conformational change involving a large swing of its converter and/or lever arm domains that lie 

just C-terminal to the head group. This puts the myosin in a “prepowerstroke” condition. Myosin 

then binds to the actin, accelerating the release of the phosphate group (77). Pi release causes the 

conformational change that set the prepowerstroke position of the lever arm to reverse (78). This 

swing is referred to as the “powerstroke” of the myosin, and is the force-generating portion of 

the ATP cycle. When in the ADP-bound or apo states, the myosin head binds tightly to actin. 

Since myosin bound to either ATP or ADP-Pi binds only weakly to actin, ATP binding to apo 

myosin effectively releases the myosin head from the actin filament. Thus, the cycle is 

completed and the myosin is free to take a new powerstroke or step along the actin (79).  

Though kinesins, dyneins, and myosins differ, each motor protein superfamily shares the 

common mechanism of coupling an ATP hydrolysis states to altering the affinity of a track 

binding domain. For kinesins, ATP hydrolysis and subsequent Pi release promotes the unfolding 

of the N-terminal 2.5 turns of the H4 helix, which binds in the interface between - and -

tubulin monomers (80, 81). For dyneins, a AAA+ domain causes a shift in its coiled-coil stalk 

domain upon ATP binding. This shift causes a conformational change in the dynein microtubule 

binding domain (MBD), exposing the H1 helix in the MBD which binds tightly to microtubules 

(82). The changes in affinities for the microtubule track are likewise coupled to conformational 

changes in kinesins and dyneins that promote the binding of the detached monomer to binding in 

front of the attached monomer (81, 82). The exact mechanisms of how this is accomplished in 

these two superfamilies is still debated (83, 84). 

The percentage of time that a myosin is bound to actin is referred to as its “duty ratio.” A 

high duty ratio is necessary for those myosins that act as transporters to fulfill their cellular 
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functions. These myosins associate to form dimers. They are kinetically tuned so that the myosin 

heads alternate powerstrokes, allowing them to take multiple steps in a hand-over-hand fashion 

along the actin filament. A high duty ratio is necessary to ensure that the head that is unbound 

from actin has enough time to hydrolyze its new ATP molecule, rebind to actin, and release Pi. 

For this reason, ADP release is often the rate-limiting step for myosins. The position of the 

nucleotide binding pocket relative to the lever arm – and therefore the direction of the 

intramolecular tension arising from pulling cargo – is thought to ensure that pocket in the leading 

head undergoes compression, slowing the ADP release. This idea is supported by the different 

kinetics of myosin VI (85). Myosin VI is the only unconventional myosin that walks toward the 

pointed end of filaments (7). Myosin VI must therefore experience intra cargo-actin strain from 

the opposite direction than other myosins, meaning that ADP release could not be the rate 

limiting step (86). Despite this, myosin VI has a high duty ratio just as other transport myosins 

(77, 86). Myosin VI manages this high duty ratio through a small, 25 amino acid insert near its 

nucleotide binding pocket, called insert-1 (87, 88). Once ADP is released, this insert promotes a 

slight structural change in the lead head of the myosin VI dimer that prevents ATP from binding, 

thus prolonging the amount of time myosin VI is bound to the actin (88, 89).  

 

1.3.2 The myosin tail domain and themes of regulation in myosin motors. 

Though myosins show some variability in their N-terminal motor domains, their C-terminal tail 

domains show the most diversity (74, 90). The diversity in the tail domains of myosins is 

reflective of the diverse cellular roles carried out by this superfamily of proteins (75). The 

localization of this diversity to the tail domains is due in part because the tail domain is where 

the myosins bind to their cargo, and in the case of conventional myosins, where they oligomerize 
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into filaments. This structural arrangement is necessary since if the myosin heads bound to their 

cargo they could not move relative to their cargo during the powerstroke of the ATP cycle, 

preventing them from generating force.  

The tail domains also play a large role in regulating myosin activity. Given their ability to 

create large scale changes in organelle shape and dynamics, myosin activity is tightly regulated 

in the cell. Regulation occurs on three levels: transcription of splice variants; intra- and 

intermolecular binding to regulatory molecules or protein domains, including cargo; and through 

the actin, which modulates the myosin head directly (75).  

Humans have 38 genes for myosins that belong to twelve classes (73, 74, 91). Barring 

systems with intentional redundancy, this leaves room for much time- and site- specific selection 

of myosins at the transcriptional level. The myosin V class, for example, has three genes in 

humans that each have different regulatory mechanisms and cargo in the cell (75, 92). In fact, 

while myosin Va and Vb are processive dimers with high duty ratios and walk on actin 

filaments, myosin Vc has a low duty ratio and only moves processively on actin bundles as a 

single motor dimer (92, 93). The stark variety in these myosins underscores the importance of 

being able to transcriptionally control myosins in a cell and cargo-dependent manner. Myosin VI 

on the other hand, is regulated through alternative splicing (9). In humans, myosin VI has four 

splice isoforms that each contain a different combination of two inserts in its tail domain, 

referred to as the short insert (9 AA, SI) and the long insert (21-31 AA, LI) (9, 94). Different 

splice isoforms are differentially expressed in different tissues, and the effects of the presence or 

absence of either insert are tissue-specific (9, 94). In some polarized cells, the presence of the LI 

is necessary for binding to clathrin coated vesicles (9), whereas in some cell lines myosin VI 

may not target to clathrin coated pits at all, depending on the cargo proteins expressed in that cell 
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line (94). Though the exact impact of each splice form is clearly nuanced, the no insert and small 

insert splice forms are generally preferred for vesicle sorting and Golgi maintenance (13, 95, 96), 

whereas isoforms containing the large insert are generally required for interaction with clathrin 

coated vesicles (9, 94). This level of regulation in myosin VI is not essential for mammalian life, 

since porcine myosin VI lacks both inserts (94).  

Once translated, myosin activity is further controlled through interactions with a variety of 

proteins and small molecules. Members of nearly every myosin class are phosphorylated, with 

the best studied example being the conventional myosin II (75). These myosins can have 

multiple phosphorylation sites in their tail domains, where phosphorylation usually promotes the 

disassembly of the myosin II filaments (75). In contrast, phosphorylation of associated proteins, 

or light chains, to the myosin II molecules usually upregulate activity of the motor, and in 

mammalian smooth muscle are the major control point for myosin II activity (97).  

A phosphorylation site that is conserved in both conventional and unconventional myosins is 

the so-called TEDS (Threonine (T), Glutamic acid (E), Aspartic acid (D), Serine (S)) site (98). 

This site on the motor domain is conserved across motor classes as either a phosphorylatable T/S 

residue or a negatively charged phosphomimetic D/E residue (98). Myosin VI is at least partially 

regulated at this site, as phosphorylation of this motor targets it to membrane ruffles and may 

influence how it interacts with actin in the cell (99, 100). Myosin 1, a structurally similar motor 

to myosin VI, is also regulated through phosphorylation. Phosphorylation at the TEDS site may 

increase ATPase activity and actin affinity by more than 20 fold in these motors (75). Some 

myosins rely on phosphorylation so heavily they actually evolved to have kinase domains as part 

of their architecture. Mammalian myosin IIIs contain kinase domains N-terminal to the motor 
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domain that autophosphorylate before phosphorylating multiple sites on the motor head to 

inactivate the protein (75).  

Myosins of classes II, V, VII, and X each show autoinhibition of the ATPase domain by their 

tail domains (75). Electron microscopy (EM) of class Va myosins shows that the tail domains in 

a myosin Va dimer fold up to interact with the motor domains to inhibit hydrolysis (101, 102). 

EM studies later revealed a similar mechanism for myosin VIIa (103, 104). Interestingly, though 

the enzymatic properties of the myosin VI ATPase do not appear to be altered by its tail domain, 

it seems that myosin VI is a folded up monomer in the absence of cargo (105-107). Details of 

this are discussed further in the following section.  

Given that myosins are ATPases, it is no surprise that Mg2+, a common cofactor in ATPases 

that coordinates the multi-charged phosphate tail of nucleotides in the ATPase active site, can 

affect myosin activity (75). Another important ion for myosin regulation is Ca2+. This ion 

commonly binds to myosin light chains, such as calmodulin domains that bind to the neck region 

of unconventional myosins, as well as the essential light chain (ELC) in conventional myosins. 

The effect of Ca2+ is myosin-specific. For example, Ca2+ binding to myosin I causes its CaM to 

dissociate from the lever arm, resulting in flexibility in this domain. The result is a less efficient 

motor (108). In contrast, Ca2+ binding to the ELC:RLC complex on some myosin-IIs causes the 

neck region to rigidify, relieving the myosin autoinhibition and leading to their activation (75).  

Conformational changes have also been observed upon addition of Ca2+ to class V and VI 

myosins, suggesting that Ca2+ transients, common in cells, can help regulate myosin activity (92, 

109). In myosin V, Ca2+ can completely relieve the autoinhibition of the head domains and cause 

myosin V to become processive (92). Pulses of Ca2+ have similarly been shown to activate 

myosin VI in the presence of certain lipids (109). The physiological relevance of these 
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phenomena are still disputed, however. Ca2+ binding dissociates the CaM from the myosin V 

neck, reducing its stiffness and the overall efficiency of the motor, suggesting this would not be a 

reasonable activation mechanism (110). For myosin VI, multiple previous studies showing 

activation of the molecule in the absence of Ca2+ suggest it is not essential for its function (106). 

More work is required to fully understand the interaction of myosin VI and Ca2+. 

However, one clearly relevant Ca2+-based myosin regulatory mechanism is through the actin 

track. In striated muscle, myosin II is completely regulated through conformational changes in 

actin-bound tropomyosin-troponin complexes (75). These actin-bound proteins change 

conformation to reveal the myosin binding site on actin upon binding Ca2+ that is released from 

the sarcoplasmic reticulum during muscle contraction (111). Numerous troponins are expressed 

that regulate the behavior of nonmuscle myosins as well (75).  

Interestingly, the time and area-dependent conformation of the actin track can also influence 

myosin behavior. Actin is itself an ATPase, and the nucleotide state of a given monomer depends 

on how long it has been incorporated into a filament, with “fresh” filaments being composed of 

actin in the ADP-Pi state and older filaments having monomers primarily in the ADP state (112). 

The nucleotide state of the filament affects its flexibility through conformational changes one of 

its subdomains (113). Myosin V and myosin VI have opposite preferences for young and old 

filaments, with myosin VI having longer run lengths on old actin (114).  

Myosins can also have preferences for certain actin structures. Myosin X for example, has 

been shown to only walk on actin bundle (115). This feature may help myosin X to diffuse faster 

to cellular structures containing these bundles such as filopodia, where it fulfills its biological 

function (115). The degree of this preference is still debated in the literature (75), and depends on 

the exact orientation of the dimerization domain of myosin X (116, 117).    
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Myosins are a diverse group of proteins that generate mechanical force in the cell by 

hydrolyzing ATP to cyclically interact with the actin cytoskeleton. The diversity in myosin 

regulatory mechanisms reflects both their diverse roles in the cell as well as their general 

importance to the cell. Within the myosin superfamily, only myosin VI walks toward the pointed 

end of filaments. This, together with the myriad of myosin VI regulatory features discussed 

above, makes this protein particularly interesting – and particularly challenging – to study. A 

more detailed discussion is warranted to understand the distinctive properties of this motor.  

 

1.3.3 Unique features of myosin VI and its roles in the cell 

Myosin VI is the only myosin to walk toward the pointed end of actin filaments (7, 8). It 

accomplishes this feat through two small inserts in its motor domain, referred to simply as 

“insert-1” and “insert-2” (Figure 4). As discussed in the previous section, insert-1 is positioned 

near the ATP-binding pocket of the motor head and prevents ATP binding to the lead head of the 

myosin VI dimer as a means of gating the lead head as it experiences strain (88). Insert-2 is 

comprised of 39 residues located just C-terminal to its converter domain. Replacement of insert-

2 with the lever arm of a barbed end-directed motor is sufficient to make myosin VI walk toward 

the barbed end of filaments. Thus, while insert-1 is important for load-dependent ATP activity, 

insert-2 is sufficient to reverse the direction of myosin VI (118, 119). Insert-2 forms a helix that 

is bent to form many contacts with the converter domain, effectively swinging the lever arm 120 

degrees relative to that of other myosins (88). These contacts are presumed to promote a large 

structural rearrangement of the converter domain that together cause a 140 degree swing in the 

lever arm through the powerstroke, twice the value seen for myosin II (120). The structures of 

the pre- and post-powerstroke states therefore predict a lever arm motion of 12 nm, in agreement 

with what was measured for S1 fragments of myosin VI (121).   
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Figure 4. Structural and regulatory features of myosin VI. Numbers are residues based on human 

myosin VI (UNIPROT ID: Q9UM54). Structural features: 3HB: three helix bundle, SAH: single 

alpha helix domain, MIU: motif interacting with ubiquitin, LI: Large insert, MyUB: myosin 

ubiquitin binding domain, SI: small insert, CBD: cargo binding domain. Regulatory sites: T405, 

TINT, DYD are residue codes for phosphorylation sites on myosin VI. RRL and WWY are 

conserved residue triplets required for binding to optineurin- and Dab2 class cargoes, 

respectively. LBR: lipid binding region. 
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The full 36 nm step size of myosin VI allows it to span the half-helical twist in the actin filament 

and maintain its track on the same face of the filament. This type of stepping prevents the myosin 

from spiraling around the filament and generating torsional strain. The 3HB unfolds when 

myosin VI is activated and extends its lever arm, accounting for the full step size of myosin VI 

(105).    

Given its unique position as the only pointed end-directed myosin, it is perhaps no surprise 

that myosin VI plays many important roles in the cell (122). These include transporting 

endocytic vesicles through cortical actin (94, 123, 124), regulating receptor-mediated trafficking 

(125), maintaining Golgi morphology (13), and coordinating the fusion of autophagic vesicles to 

lysosomes (12), among others (122). Functional myosin VI has also been shown to be critical for 

specialized structures in spermatid development (126, 127), and for the maintenance of 

microvilli in a human colonic cancer (Caco-2) cell line (128) and of stereocilia in inner ear hair 

cells (129-131). Furthermore, its roles in cell migration are thought to partially explain its 

upregulation in ovarian and prostate cancers (132-134).  

Myosin VI is able to accomplish these diverse roles through its C-terminal cargo binding 

domains (CBDs), which bind to a vast array of adaptor proteins, called “cargo” proteins, that 

recruit myosin VI to its various membranes of action in the cell. (76, 122, 135). These cargo 

proteins can be grouped into two classes that bind to distinct, conserved motifs on the myosin VI 

C-terminus (76). Disabled2, or Dab2, belongs to the class of cargo proteins that bind to a 

conserved WWY site on myosin (Figure 4) (136). Optineurin (OPTN) is a member of the other 

class, whose members bind to a conserved RRL motif (13).  

In addition to controlling where in the cell myosin VI is recruited, these cargo proteins also 

determine where myosin VI is active. The distinction between active and recruited is necessary 
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since, as discussed above, myosin VI is one of several myosin classes that are auto-inhibited 

(75). When myosin VI binds to its cargo, this auto-inhibition is relieved through a poorly 

understood mechanism likely involving the disruption of an interaction between its CBD and the 

myosin head. Dissociation both frees the head to bind tightly to actin while exposing 

dimerization sites throughout the tail domain of myosin VI, allowing it to become a processive 

dimer (1, 105, 137).  

Binding to members of either class of cargo protein is thought to relieve the auto-inhibition 

through the mechanism described above. Recently, however, myosin VI’s activation mechanism 

has been found to be more elaborate, with evidence now showing that myosin VI binds 

specifically to the signaling lipid PI(4,5)P2 as well as being activated using Ca2+ (Figure 4) (109, 

136).  

These outstanding questions on its activation mechanism, together with its many roles 

throughout the cell, make a method for controlling motor function with high spatial and temporal 

control particularly valuable for studying myosin VI. As discussed above, optogenetics provides 

an ideal approach to achieving this level of control. In the following section, I review the 

properties of myosin VI that make it an attractive target for optogenetic engineering. 

 

1.3.4 The structure of the myosin VI cargo binding domain and its suitability for 

optogenetic control 

To obtain light-controlled activation of myosin VI, we considered fusing a short peptide region 

of the myosin VI cargo protein Dab2 (Dab2pep, res. 674-711) to the C-terminus of the LOV2 J 

helix. Dab2pep has been crystallized in complex with the cargo binding domain (CBD) of myosin 

VI (Figure 5), and has been shown to recruit the myosin VI tail in vivo (137). Phichith et al.  
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Figure 5. The myosin VI CBD and Dab2pep co-crystal structure. Top: The myosin VI CBD co-

crystalized with Dab2pep in two orientations illustrating how two Dab2pep molecules straddle 

the CBDs. Bottom: View of N-terminal Dab2pep:CBD binding interface with aromatic residues 

shown in sticks. Viewing angle shown by eye in image on top right. 
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independently were able to activate full-length porcine myosin VI in vitro using high 

concentrations of a Dab2 truncation that included Dab2pep (1). Additionally, ITC experiments 

suggest that the N-terminal -helix of Dab2pep contains most of its binding affinity for myosin 

VI, making Dab2pep a suitable target for caging by the LOV2 domain.  

In the crystal structure of the CBD-Dab2pep complex, two CBDs and two Dab2pep molecules 

form a tetrameric structure (Figure 5). Each Dab2pep in the tetramer contains two helical regions 

that contact the CBDs. The two helices bind to opposite CBDs so that each Dab2pep binds across 

both CBDs in the tetramer. The modest interface between the two CBDs in the tetramer suggests 

that the Dab2peps promote myosin VI dimerization by tethering two myosin VI molecules in 

close proximity to each other, disrupting the interaction of the CBD to the myosin VI head 

domain and promoting myosin VI dimerization at various sites along its tail domain (1, 105, 

137). Whether Dab2pep directly competes with the interaction between the CBD and the myosin 

VI head is not known. ITC measurements indicate that the majority of the binding affinity for the 

CBD lies in the N-terminal helix of each Dab2pep (137). Taken together, these observations 

suggest that light-induced uncaging of the N-terminal region of two Dab2pep peptides may be 

sufficient to control myosin VI dimerization. Furthermore, the 2:2 stoichiometry of the 

CBD2:Dab2pep
2 tetramer results in a binding reaction dependent on the square of the 

concentrationof Dab2pep, which should amplify the switching capability of a LOV2-based 

optogenetic tool caging Dab2pep. 
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Chapter 2 

Recruitment and activation of myosin VI in vivo 

2.1 LOVDab design and implementation in mitochondrial recruitment assay 

To obtain light-controlled activation of myosin VI, we fused the portion of its cargo protein 

Dab2 (res. 674-711, Dab2pep) that binds to the myosin VI cargo binding domain (CBD) to the C-

terminus of the LOV2 J helix. Myosin VI cargo proteins tether myosin VI to membrane-bound 

organelles in vivo. Accordingly, we tested our designs using an assay that would recruit myosin 

VI to various membranes in the cell (Figure 6A). Mitochondria were an ideal first choice for 

such an assay since proteins can be targeted to the mitochondrial membrane by fusing the Tom70 

transmembrane helix (Tom70helix) to their N-termini (21). Additionally, myosin VI is not known 

to act on mitochondria, and overexpression of myosin VI in the cell should therefore not lead to 

increased background binding of myosin VI to this organelle. We thus cotransfected HeLa cells 

with Tom70helix-Fluorescent Protein (FP)-LOVDab and -LOVDab+ctrl fusion proteins and full-

length human myosin VI tagged with a complimentary FP on its N-terminus. Because the 

absorption max of EGFP is similar to that of LOV2, we alternate which of two FPs, mCherry or 

EGFP, is on myosin VI and which is on LOVDab. The protein we intend to watch in both the 

light and the dark states of LOV2 is fused to mCherry in order to avoid simultaneous excitation 

of LOV2.  

We first tested whether Dab2pep is sufficient to recruit full-length myosin VI using an 

uncaged, constitutively open fusion of Dab2pep to the C-terminus of the LOV2 J helix (Figure 

6B). Residues 674-679 of Dab2pep are mostly glycine and serine, suggesting that these residues 

could serve as a flexible linker between the LOV2 domain and the remaining residues in   
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Figure 6. (A) Diagram of desired function of LOVDab. In the dark, Dab2pep is prevented from 

binding myosin VI. When excited by blue light, the A’ and J helices of LOV2 unfold, 

releasing Dab2pep to recruit myosin VI to the membrane. An N-terminal tag targets LOVDab to 

a specific organelle in the cell. (B) Domain architecture of EGFP-LOVDab with the sequences of 

LOVDab+ctrl and LOVDab at the fusion site. (C) Recruitment assay from (A) performed using 

the constructs in (B). LOVDab+ctrl does not cage Dab2pep in the dark whereas LOVDab only 

recruits myosin VI to the mitochondria in the lit state. Scale bar: 5 m. (D) Alignment of LOV2 

with Dab2pep:CBD crystal structure (with zoom to boxed region on right) suggests LOVDab 

obstructs myosin VI binding to Dab2pep in the dark. Dark blue: A’ helix. (E) Time course of 

dark state photorecovery of constructs in (A) measured by circular dichroism (CD) at 222nm 

normalized to their respective values in the dark state. At time = 0 sec the LOV2 domains are 

fully excited and allowed to recover in the dark. 
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Dab2pep. This flexibility should prevent caging of the myosin VI binding site on Dab2pep even 

when the J helix is folded in the dark.  We refer to this construct as LOVDab+ctrl (Figure 6B). 

As expected, LOV2 fused to the full Dab2pep sequence recruits myosin VI to mitochondria in the 

dark (Figure 6C). Myosin VI is seen on puncta that correspond to the mitochondria visualized in 

the LOVDab+ctrl channel. We refer to this construct as LOVDab+ctrl (Figure 6B), since it is 

always myosin VI binding-competent.  

Having established that Dab2pep is sufficient for myosin VI recruitment, we next sought to re-

engineer LOVDab+ctrl to have light-dependent binding. Our strategy focuses on caging the 

aromatic residues F680, Y683, and F684 on the Dab2pep’s N-terminal helix that are buried upon 

CBD binding (Figure 5, bottom). These three residues must be close enough to the J helix that 

they are sterically prevented from binding the CBD when the J helix is folded in the LOV2 

dark state. This criterion is accomplished by reducing the number of intervening residues while 

maintaining a continuous helix encompassing the J helix and the N-terminal helix of Dab2pep. 

An additional variable is helical registry which controls the relative orientation of the J and the 

Dab2pep helices, and therefore the angle of the CBD-binding residues in Dab2pep with respect to 

the LOV2 domain. Additionally, disruption of the interaction between I539 on the J helix and 

the LOV2 core partially unfolds the J helix (70). These constraints together limit the amount of 

J sequence we can modify.  

We tested a small battery of constructs for light-dependent myosin VI binding using our 

mitochondrial recruitment assay (Figure 6A). One construct, which we refer to as LOVDab 

(Figure 6B), exhibits robust recruitment of myosin VI in response to light (Figure 6C). As 

intended, Tom70helix-FP-LOVDab localizes to the surface of mitochondria, which are visible as 

puncta (Figure 6C). When the LOV2 is in the dark state, mCherry-myosin VI fluorescence 
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shows a diffuse, cytosolic signature indicating that it is unbound and diffuse throughout the 

cytosol. Upon LOV2 activation via whole cell illumination with a blue, 488 nm laser, the myosin 

VI fluorescence is depleted from the cytosol and forms puncta corresponding to the mitochondria 

where Tom70helix-FP-LOVDab resides (Figure 6C). This indicates light-dependent binding 

between LOVDab and myosin VI.  

Small deviations from this sequence abolish this light-dependent recruitment. LOVDab 

lacking K544 shows minor switching that was often accompanied with high dark state binding. 

LOVDab lacking both A543 and K544 shows weak, constitutive binding, indicating that moving 

the Dab2pep closer to the LOV2 domain beyond these residues destabilized the J helix. The 

insertion of residues either C-terminal to K545 in the LOV2 sequence, or N-terminal to S678 in 

the LOVDab sequence, even when making compensatory insertions or deletions in the opposite 

fusion protein to maintain the myosin VI CBD binding site on the identical face of the J helix, 

prevents caging of Dab2pep. Adding S678 of Dab2pep to LOVDab produced a construct with 

similar switching as LOVDab. Following the predicted register of the helix, this fusion would 

position F680, a residue that is buried in the Dab2pep:CBD interface (Figure 5), facing toward 

the H-I loop of LOV2. However, this construct shows a small level of dark state binding, so 

we continued our study with LOVDab.  

Both LOVDab and LOVDab+ctrl contain the double mutation T406A/T407A on the A’ 

helix. This double mutation stabilizes the J helix by increasing the helicity of the neighboring 

A’ helix, which in turn improves caging of peptides fused to the J helix (21, 57). Modeling 

using the crystal structure of LOV2 and that of the Dab2pep
2:CBD2 complex suggests that 

LOVDab blocks Dab2pep from binding to the CBD of myosin VI by sterically occluding the CBD 

from its binding site on Dab2pep (Figure 6D). Interestingly, the largest steric clash is between the 
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CBD and the A’ helix, suggesting that both terminal helices contribute directly to the caging of 

Dab2pep. In contrast, the flexible Dab2pep residues 674-679 in LOV2Dabpep
+ctrl make this steric 

clash unlikely. This clash, together with the placement of Dab2pep F680 in the LOV2 L546 

position in LOVDab (55), may explain why this construct shows such robust light-dependent 

recruitment. 

We further probed the structural changes in LOVDab and LOVDab+ctrl using circular 

dichroism (CD) at 222 nm to interrogate the light triggered unfolding of the J helix and the 

uncaging of Dab2pep. In order to better replicate the protein used in the in vivo assays, we fused 

an EGFP to the N-termini of LOVDab and LOVDab+ctrl for our CD measurements. The observed 

25% fractional change in helicity in EGFP-LOVDab+ctrl compares well with our previously 

measured values for the LOV2 domain (57), suggesting that fusion to either EGFP or Dab2pep 

does not alter the extent of conformational change. We expect that Dab2pep forms a helical 

extension of the J helix in LOVDab, whereas Dab2pep is likely unfolded in EGFP-LOVDab+ctrl, 

as Dab2pep’s intrinsic helicity is only 0.64% (138). Consistent with this finding, the fractional 

change in helicity is smaller in EGFP-LOVDab than in EGFP-LOVDab+ctrl (Figure 6E), in part 

driven by the 20% higher intrinsic helicity of EGFP-LOVDab over EGFP-LOVDab+ctrl. This 

decrease in apparent unfolding of the J helix supports the notion that the Dab2pep is more tightly 

caged in LOVDab than in LOVDab+ctrl.  

 

2.2 LOVDab is a robust recruiter of myosin VI. 

One benefit of optogenetic approaches is their ability to control proteins at a subcellular level. 

Using a focused laser beam, myosin VI recruitment via LOVDab was performed selectively on 

subcellular regions (<5 m in diameter) in a reversible and repeatable manner (Figures 7A-C).  
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Overlaying the helix recovery CD trace of LOVDab on the mitochondrial fluorescence (Figures 

7C) shows that myosin VI unbinds from the mitochondria at a similar rate to the J helix 

refolding in the dark, indicating that myosin VI recruitment is occurring through our LOV2 

construct. 

To test the generalizability of this recruitment, we targeted LOVDab to two other 

membranes, the plasma membrane. By fusing LOVDab to beta-2-adrenergic receptor (B2AR), 

we demonstrate recruitment of myosin VI to the plasma membrane in response to light (Figures 

7D,E). The flat shape of the HeLa cell makes it more challenging to observe the contrast in 

cytosolic versus membrane-bound myosin VI as compared to that with mitochondria in the 

previous assay. Therefore, LOVDab is a robust recruiter of myosin VI.  

 

2.3 Myosin VI recruits and activates myosin VI on peroxisomes. 

2.3.1 Myosin VI is recruited to peroxisomes via Dab2pep 

Peroxisome movement is highly coupled to microtubule dynamics (139). Myosin V has 

previously been shown to slow the redistribution of peroxisomes upon recruitment of 

constitutively active kinesin-2, causing the peroxisomes to accumulate near the cell boundary. 

These observations suggest that myosins are capable of stalling and/or decoupling peroxisomes 

from microtubule machinery (140).  We reasoned that if recruiting myosin VI to peroxisomes 

alters their motion inside the cell, this assay could determine whether LOVDab can activate 

myosin VI upon its recruitment. We targeted LOVDab and LOVDab+ctrl to peroxisomes by 

fusing the Pex3 membrane targeting domain (Pex3MTD) to its N-terminus (141). We find that 

among cells co-transfected with Pex3MTD-FP-LOV2Dab2pep
+ctrl and myosin VI, cells having high   
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Figure 7. LOVDab robustly recruits myosin VI to different membranes within the cell in a light 

dependent manner. (A-C) Spot-specific, light-dependent recruitment of myosin VI to 

mitochondria. (A) Images of cell showing spot-dependent (blue arrow) recruitment of myosin 

VI. As cell is left in dark, myosin VI unbinds. Scale bar: 5 m. (B) Fluorescence intensity line 

scan across red line in (A) over time. (C) Mean fluorescence in spot peak in (A) quantified over 

sequential pulses of light shows myosin VI recruitment is reversible and repeatable. Overlayed 

circular dichroism (CD) trace of EGFP-LOVDab photorecovery indicates that the myosin 

unbinding rate is similar to the refolding rate of the J helix in LOVDab. (D) Light-dependent 

recruitment of myosin VI to the plasma membrane. Bottom row: expanded view. Line is 

approximately 3 m (see (E)). (E) Quantification of fluorescence of line in Panel (D). 

Fluorescence increases near cell edge where the plasma membrane is in focus. 
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myosin VI concentration exhibit constitutive binding between LOV2Dab2pep
+ctrl and myosin VI. 

In contrast, wild type peroxisomes do not show significant binding of myosin VI (Figures 

8A,B). 

We next targeted LOVDab to peroxisomes, and were able to achieve reversible, light-dependent 

recruitment of myosin VI to this organelle (Figures 9A,B). Furthermore, the recruitment occurs 

only to peroxisomes coated in LOVDab. Recruitment did not appear to be sufficient to deplete 

myosin VI from other vesicles in the cell, suggesting that our design does not impact native 

myosin VI activity. 

 

2.3.2 Myosin VI stalls peroxisome movement 

Significantly, peroxisomes that bind myosin VI have overall slower velocities than wild type 

peroxisomes, supporting previous data showing that myosin V is capable of stalling microtubule-

directed transport of these organelles (Figure 8C) (140).  

As light is applied to the cells, peroxisomes move more slowly. This is evident when 

projecting the maximum pixel values from consecutive blocks of 24-25 frames (46-48 seconds), 

as fast moving peroxisomes appear as blurred out clusters that coalesce into more defined, 

compact puncta in the light (Figure 9C). After three minutes in the dark, the peroxisomes return 

to being more mobile, as indicated by the diffuse puncta in the projections. We therefore 

conclude that LOVDab is capable of reversibly activating myosin VI in vivo.  
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Figure 8. Myosin VI is recruited to peroxisomes via Dab2pep. (A) The membrane targeting 

domain of Pex3 (Pex3MTD) is used to express either mCherry-LOVDab+ctrl or mCherry only 

(Wild type). Top two rows: Cells with peroxisomes containing LOVDab+ctrl bind EGFP-myosin 

VI. Bottom two rows: Wild type peroxisomes lacking LOVDab+ctrl do not bind myosin VI. The 

2nd and 4th rows are expanded views of boxed regions in the 1st and 3rd rows, respectively. 

Scale bars: 5 m (1 m expanded). (B) Quantification of overlap between peroxisome and 

myosin VI channels confirms significant recruitment of myosin VI to peroxisomes labeled with 

LOVDab+ctrl (mean ± SEM, p << .01, t-test; wild type, n=3; LOVDab+ctrl, n=6). (C) Peroxisome 

frame-to-frame velocities are markedly reduced in cells expressing Pex3MTD-mCherry- 

LOVDab+ctrl. Inset shows distributions for each cell used in analysis. Main graph shows 

distributions pooling all peroxisome data from these cells. 
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Figure 9. LOVDab reversibly recruits EGFP-myosin VI to peroxisomes in a light-dependent 

manner, which causes them to stall. (A) Images of cell showing light-dependent recruitment of 

myosin VI to peroxisomes. Top row: whole cell view. Bottom row: expanded image of boxed 

region. Vesicles showing light-dependent recruitment (red arrows) correspond to peroxisomes 

(right image) while vesicles binding myosin VI in the dark do not (white arrows). Thus, light-

dependent recruitment occurs through LOVDab. Scale bars: 5 m (1 m expanded). (B) 

Quantification of fluorescence of vesicles labelled in (A). The red line corresponds to red 

arrowed vesicle; black line to the white labeled vesicle. (C) Maximum intensity projections over 

48-50 seconds of peroxisome movement in a cell expressing EGFP-myosin VI and Pex3MTD-

mCherry-LOVDab. Peroxisomes moving diffusively appear blurred out and occupy expanded 

areas. Restricted peroxisomes occupy compact spaces (see right picture, middle row). As 

LOVDab is activated, peroxisomes stall, displaying more limited excursions. Motions resume 

after peroxisomes are left in the dark (3 minute delay between middle and bottom row). 

Projections constructed from consecutive blocks of 24-25 two second frames. Each row is from 

separate video; time increases down and to the right. Scale bar, 1m. 
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2.4 Discussion of results and implications. 

Myosin VI is the only myosin that walks toward the pointed end of actin filaments (7, 8). This 

property gives it many different roles throughout the cell including endocytosis, cell migration, 

and autophagy (122). Furthermore, the mechanism for myosin VI activation is still highly 

constitutively active, truncated, forced-dimer motor proteins (142, 143). These designs provide 

an excellent means of laser-induced force-generation in vivo, and allow researchers to use 

members of each of the three classes of motor proteins. LOVDab differs in that it controls 

myosin VI through its native activation mechanism without any alterations to the myosin itself. 

Thus, our approach allows for direct tests of myosin VI function and control in cellular contexts. 

Additionally, since full-length myosin VI is auto-inhibited when not bound to cargo, our method 

couples recruitment and motor activity, preventing potential adverse effects on cytoskeletal 

systems when myosin VI is expressed in vivo.  

Curiously, LOVDab places the residue F680 of Dab2pep (res. 674-711) in the L546 position 

of LOV2, which Guntas et al observed to bind to a hydrophobic pocket in the non-FMN binding 

face of the  sheet of LOV2 (55). When optimizing their LOV2-based recruitment system, 

“improved Light Inducible Dimer (iLID)”, they noticed their optimal switch had a key 

phenylalanine residue that bound this pocket. Another parallel between our designs is a 

shortened photorecovery time. Their optimal construct exhibits a photorecovery time with  ≈ 22 

seconds relative to the wild type value of 80 seconds (57). Similarly, LOVDab  exhibits a  = 15 

seconds compared to LOVDab+ctrl which has a mean  = 47 seconds, much closer to the recorded 

value for LOV2 406A/407A of 56 seconds (67). The relative difference in photorecovery times 

are evident from the rates of J helix reversion in Figure 6C. Given the relative intolerance of 

LOVDab to deviations of F680 from this position, these results suggest that this hydrophobic 



40 

 

pocket may be of general importance for caging peptides on the C-terminus of LOV2. 

Furthermore, a quickened dark state reversion time may highlight a key role of the L546 pocket 

in the overall conformational dynamics of the LOV2 domain. In any case, it seems that placing 

the Dab2pep F680 in this pocket contributed to robust, light-dependent recruitment of myosin VI 

by LOVDab.  

We demonstrated that LOVDab is capable of recruiting myosin VI in a light-dependent 

manner to mitochondrial, plasma, Golgi and peroxisomal membranes. Strictly speaking, 

however, binding of myosin VI to Dab2pep is not equivalent to activation. Activation requires the 

release of autoinhibition of full-length myosin VI, allowing it to interact with actin in either a 

transport (124) or anchoring role (126). In order to demonstrate activation of myosin VI in vivo, 

we showed that myosin VI recruited to peroxisomes via our engineered positive control construct 

LOVDab+ctrl stalls these organelles. Similarly, upon activation with light, LOVDab reversibly 

recruits myosin VI at high concentrations in the cell, stalling peroxisomes. These findings 

indicate that upon recruitment by LOVDab, myosin VI is capable of interacting with actin 

strongly enough to decouple peroxisomal motion from the underlying microtubule-based 

processes that drive their native behavior (139). This strongly suggests that LOVDab is capable 

of activating myosin VI in vivo.   

 

2.5 Materials and Methods 

Plasmid construction 

For protein purification, plasmids encoding LOV2-Dab2pep fusion proteins were engineered 

within a pHISparallel1 vector encoding a modular -/NdeI/-His6-Protein G-/AgeI/-EGFP-

/EcoRI/-LOV2-Dab2pep-/XhoI/- that allowed for facile swapping of domains via ligation.  



41 

 

For live cell imaging, LOV2-Dab2pep plasmid constructs were created for transfection using 

ligations from a modular pEGFP vector containing the general sequence -/NheI/-membrane tag-

/AgeI/-FP-/EcoRI/-LOV2-Dab2pep-/BamHI/- Membrane tags include: for mitochondria, the 

mitochondrial outer membrane targeting sequence of yeast Tom70helix (res. 1-40); for the plasma 

membrane, full length golden hamster Beta-2-Adrenergic Receptor (B2AR); for the Golgi 

Apparatus, full-length human KDEL receptor containing a R5Q/D193N double mutation to 

improve retention in the Golgi (144, 145); and for peroxisomes, the N-terminal targeting 

sequence of human Pex3 (res. 1-42) (Pex3MTD) with a (GGS)x3 linker (141, 146). Tom70helix and 

B2AR were generous gifts from M. Glotzer. KDELR and Pex3MTD were constructed from 

gBlocks ordered from Integrated DNA Technologies (Coralville, IA). Full-length human myosin 

VI, isoform 1 (a generous gift from M. Zhang) was expressed in their modified pET vector 

containing a sequence encoding -/NheI/-FP-/XhoI/-myosin VI-/NotI/-. Fluorescent proteins were 

exchanged via ligation. 

 

Live cell assays 

HeLa cells were passaged in Dulbecco’s modified Eagle medium (DMEM) from Corning (New 

York, USA) supplemented with 10% heat-inactivated FBS (Sigma, Missouri, USA) and 1x 

HyClone penn-strep-L-glut (GE Healthcare Life Sciences, Utah, USA). One day prior to 

transfection, cells were split onto plasma cleaned glass coverslips. Coverslips that were 80-95% 

confluent were washed into DMEM media lacking supplements 10-20 minutes prior to 

transfection. Cells were co-transfected with a combination of plasmids containing genes for 

either an FP-LOV2-Dab2pep construct fused to a gene encoding an organelle-targeting 

transmembrane protein at its 5’ end or a gene encoding full-length human myosin VI with either 
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EGFP or mCherry2B (see above) at its N-terminus using Lipofectamine 2000 (Life 

Technologies, Illinois, USA), according to the manufacturer’s guidelines. Cells were imaged 18-

24 hours post-transfection. Confocal images were taken using a 63×, 1.4 numerical aperture 

(NA) objective on an Axiovert 200M microscope (Zeiss) with a spinning disk confocal (CSU10, 

Yokogawa) and an electron-multiplying charge-coupled device (EMCCD) camera (Cascade 

512B, Photometrics). The microscope was controlled using MetaMorph (Molecular Devices). 

TIRF images (peroxisome experiments) were taken using the microscope used in the gliding 

filament assay. Videos were background subtracted using either the rolling ball or parabolic 

algorithms in ImageJ (147). Quantified pixel values are plotted post-background subtraction to 

match images shown.   

 

EGFP-LOV2Dab2pep purification and spectroscopy 

LOV2-containing constructs were purified as described previously (57). Briefly, constructs were 

expressed in E. coli with an (His)6-Protein G fusion to their N-terminus, followed by a TEV 

protease restriction site. After elution from the Ni-NTA column, proteins were dialyzed against a 

TEV protease cleavage buffer (50 mM Tris, 1 mM EDTA, 1 mM DTT, pH = 8.0) before or 

during the cleavage reaction. EDTA and DTT were removed by dialysis prior to passing the 

cleaved protein through a regenerated Ni-NTA column. Proteins were then concentrated and ran 

on a size exclusion column (HiPrep 16/60 S-100 HR, GE Healthcare Life Sciences) that was 

equilibrated in the relevant assay buffer. 

Protein purity was assessed using SDS-PAGE. In the case of LOV2-containing constructs, 

protein quality was further assessed using UV-Vis spectroscopy to measure the FMN 

photorecovery rate and circular dichroism (CD) (see below) to measure the fractional change in 
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helicity of the protein, as done previously in our lab (57). The UV-Vis spectroscopy was carried 

out on an Olis HP 8452 Diode Array Spectrophotometer (Bogart, GA). The recovery of FMN 

absorbance at 448 nm was fit to a single exponential using MATLAB to obtain the FMN dark 

state recovery time constant, FMN. Circular dichroism (CD) was performed on a Jasco 715 

spectrophotometer and a 40W white LED lamp (BT DWNLT A, TheLEDLight.com) was used 

to excite the LOV2 domain in the cuvette for ≥ 12 seconds for photo excitation. The refolding 

traces at 222 nm were fit to a single exponential using MATLAB and the fractional change in 

helicity in the protein as 222 = (CD222,dark-CD222,light)/CD222,dark.  
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Chapter 3 

Purification and activation of myosin VI in in vitro gliding filament assay 

3.1 Titer assay optimization 

Myosin VI could theoretically halt peroxisome movements by binding to actin filaments either 

with or without motor activity. We therefore wanted to purify myosin VI and directly test its 

activation by LOVDab in vitro. Myosin VI did not express well enough to warrant a transfection-

based protocol, so I sought out a means of myosin VI expression using a baculovirus system. The 

details of making the P0 virus are included in Section 3.5 below. Myosin VI expression required 

that we titer the virus to obtain a precise multiplicity of infection (MOI), which is the ratio of the 

number of infectious units of a virus to the number of host cells it is added to. We find that an 

MOI of one works best for myosin VI. In order to calculate the optimal MOI, we had to first 

optimize a way to determine the concentration of infectious units in our viral preps, or the viral 

titer. To do this, I needed to optimize the titer assay for our virus.  

The core strategy of any titer assay is to dilute the virus until single infection events can be 

counted. Then the fraction of infection events that occur at each dilution are used to calculate the 

titer that would most likely yield those same probabilities of infection. Since the estimate of the 

fraction infected is more accurate at higher sample numbers, a 96-well plate format is desirable 

in order to get large numbers of infection samples with minimal resource consumption.  

Our baculovirus includes the lacZ gene so that the virus can be titered using the ability of 

LacZ to convert the chemical X-gal, which is colorless, to 5,5'-dibromo-4,4'-dichloro-indigo, 

which is blue. Unfortunately, X-gal is only stable in water for a couple days at room temperature, 

whereas it can take 6-7 days to produce the LacZ protein in infected SF9 cells. An additional 

challenge with this format is that it is difficult to exchange the cell media in the 96 wells, and 
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doing so risks cross-well contamination. By testing different conditions, I found that plating the 

SF9 cells at low density (0.5x10^6/mL) and waiting 6 days prior to adding the X-gal to the wells 

overcame these issues. I recorded which wells are colored on the following day. Infecting SF9 

cells at an MOI of one using the titer values calculated in this way allowed me to perform the 

experiments described below. 

 

3.2 TIRF gliding filament assay shows LOVDab is capable of activating myosin VI 

3.2.1 Demonstration of light-dependent activation with low [KCl] myosin VI 

In order to directly demonstrate activation of myosin VI motility by Dab2pep, we designed a 

modified gliding filament assay whereby we anchor an EGFP-LOV2-Dab2pep fusion protein to 

the surface of a glass coverslip through an anti-GFP antibody (3E6). We then perfuse soluble 

mCherry-myosin VI with actin together (Figure 10A). This design allows us to interrogate 

myosin VI activation without altering its C-terminal cargo binding domain. 

We find that full-length human myosin VI purified in a low salt ([KCl] = 25mM) MOPS 

buffer propels filaments at approximately 170 nm/sec when recruited by LOVDab+ctrl. This 

velocity agrees well with published values (148, 149). Under these conditions, LOVDab+ctrl 

recruits actin to the surface rapidly in the dark (Figure 10B, lower panels).  

When the coverslip is coated with LOVDab, myosin VI only recruits actin to the surface after 

LOV2 is excited with blue light (Figure 10B). After 400 seconds of excitation, the coverslip 

surface is not yet saturated with actin, indicating that the actin deposits at a slower rate than with 

LOVDab+ctrl-coated coverslips. The velocity of the actin filaments recruited through LOVDab is 

similar to that of filaments recruited through LOVDab+ctrl (Figure 10C). This latter   
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Figure 10. In vitro gliding filament assay indicates that LOVDab activates full-length human 

myosin VI in response to light. (A) Diagram of the modified gliding filament assay. EGFP-

LOVDab is attached to the coverslip surface using an anti-GFP antibody. Soluble myosin VI is 

recruited to the surface by Dab2pep and translates actin filaments. (B) Quantification of actin 

binding to surface over time for LOVDab. Recorded in multiple videos. Slide 1 was prepared 

and excited throughout second video. Slide 2 was left in the dark for all three recordings. 

Pictures underneath correspond to indicated time points in red curve. Below, matching time 

points for a representative slide coated with LOVDab+ctrl are included for comparison. (C) 

Filament velocities in different conditions. Salt significantly alters filament velocity while 

velocities for LOVDab and LOVDab+ctrl are similar (mean + SEM; first column, n=4; others, 

n=3). 
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finding suggests that both constructs fully activate myosin VI. The slower deposition rate for 

LOVDab may be due to the lower availability of the Dab2pep in LOVDab over LOVDab+ctrl, 

leading to fewer recruited myosin VI motors. It could also reflect the selective recruitment of 

microaggregates of myosin VI by LOVDab, which would diffuse to the surface more slowly than 

monomeric myosin VI (see below).  

For both constructs, myosin VI appeared to be recruited to the surface irreversibly, as once 

the LOV2 was activated, actin did not unbind from the slide (Figure 10B, lower panels). In order 

to determine whether this irreversibility was due to the high affinity of Dab2pep for the myosin VI 

CBD, we inverted the gliding filament assay in order to observe myosin VI directly walking on 

actin. However, upon doing so we found that myosin VI purified in low salt solutions formed 

soluble microaggregates which we could observe in the TIRF microscope.  

 

3.2.2 Re-optimization of myosin VI purification 

The original myosin VI prep had three buffers: lysis, wash, and storage/assay (see section 3.5 for 

recipes). However, the original storage/assay buffer contained imidazole, which catalyzes the 

dark state reversion reaction for LOV2 (150). We therefore modified the protocol so that MOPS 

was the buffering salt, which is commonly used in myosin motility assay buffers (151, 152).  

Upon discovering microaggregates in these preps, we sought to re-optimize our myosin VI 

purification protocol to improve myosin VI solubility. It soon became apparent that sampling a 

significant number of different buffer conditions was intractable if three buffers were to be 

considered. In order to impose consistency in the search, and drastically reduce the number of 

conditions to be tested, I chose to move forward with a single buffer preparation where the lysis, 
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wash, and storage buffers differed only in whether they contained the membrane-disrupting 

detergent triton-X100 plus protease inhibitors, protease inhibitors only, or neither, respectively.  

I varied the identity of the buffer salt, the ionic strength of the buffer through KCl 

concentration, and pH. The primary tests for determining whether a myosin VI preparation was 

successful were measuring the amount of protein in the preparation by SDS-PAGE, and to test 

that washing out free myosin and actin would release actin from the surface in a gliding filament 

assay after myosin VI and actin were recruited to the coverslip via LOVDab+ctrl. I found that a 

buffer with 50 mM Tris-HCl, 150 KCl, pH=7.3 performed best. Changing any of these factors to 

their value in the original prep condition decreased the protein yield, or caused the myosin VI 

recruitment to the coverslip to be irreversible. I call this buffer the “high salt” buffer. 

 

3.2.3 LOVDab+ctrl activates myosin VI prepared in high salt 

Myosin VI prepared in a high salt (KCl = 150 mM) Tris buffer did not form visible 

microaggregates, and was active in the gliding filament assay when LOVDab+ctrl was on the 

surface. Consistent with a reduction in the myosin:actin affinity in high salt, filaments recruited 

to the surface in this assay had a significantly reduced velocity (Figure 10C). This myosin also 

did not perform in the TIRF assay, either because the concentration needed to dimerize the 

myosin VI using cargo was prohibitively high for detection using TIRF, or because of the well-

documented decrease in affinity between myosins and actin in high KCl conditions (153, 154).  

Unlike in low salt conditions, the washing out of free actin and myosin VI from the slide 

results in the slow unbinding of myosin VI from LOVDab+ctrl. (Figure 11) Together, the high 

off-rate of the myosin VI from the mitochondria and the reversibility in the high salt myosin VI 

preparation suggest that the irreversibility seen in the gliding filament assays using myosin VI   
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Figure 11. Myosin VI purified in high salt binds actin reversibly and is recruited by LOVDab. 

Upper row: in high salt, actin releases from coverslip when free myosin and actin are washed out 

of the slide. Lower row: the I539E mutation unfolds the J helix, acting as a constitutive lit state 

mutant. This mutation allows LOVDab to recruit actin to the surface in high salt. 
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prepared in low salt was primarily due to the presence of myosin VI microaggregates. However, 

without the high avidity of the myosin VI microaggregates, we did not observe recruitment of 

actin to the surface via LOVDab under high salt conditions. In some instances, if we 

concentrated the myosin in high salt and diluted into low salt, we observed weak recruitment of 

actin to the surface, but in a light-independent manner. We therefore postulate that this 

recruitment was due to deposition of myosin VI directly onto the coverglass after it was diluted 

into a buffer in which it is insoluble. Given that myosin VI prepared in high salt is active when 

recruited through LOVDab+ctrl, we postulate that the lack of observance of myosin VI 

recruitment to LOVDab in vitro is due to the engineered caging effect of the LOV2 domain on 

Dab2pep in the LOVDab construct. This effect could weaken the effective KD for binding of 

Dab2pep to myosin VI to a point where even in the light, the myosin VI could not be recruited at 

concentrations where it is soluble in our high salt buffers.  

However, a lack of actin recruited to the surface does not necessarily mean that myosin VI is 

not being bound by Dab2pep. In the model where myosin VI must dimerize in order to transport 

cargo, the lack of actin on the surface may indicate that myosin VI recruitment is rare or short 

lived enough that dimers cannot form or exist long enough for actin to touchdown in the same 

place on the coverslip, rather than an inability to bind myosin VI. Importantly, LOVDab 

containing an I539E point mutation constitutively recruited actin in the presence of high salt 

myosin VI, proving that LOVDab is inherently capable of activating myosin VI (Figure 11).  

We also tested whether a LOV2 domain fused to the myosin VI-binding residues (412-520) 

of optineurin (OPTN) could activate myosin VI in our gliding filament assay. Though EGFP-

LOV2-OPTN(412-520) migrates as a dimer in size exclusion chromatography (Figure 12), it does 

not activate myosin VI. Lack of activation is consistent with recent studies showing that the large   
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Figure 12. EGFP-LOV2 fused to the myosin VI-binding portion of Optineurin migrates as a 

dimer by size exclusion chromatography. Optineurin (OPTN) has previously been shown to 

activate full-length porcine myosin VI at much lower concentrations than a truncated portion of 

Dab2 containing Dab2pep (1). We therefore wanted to test whether the putative myosin VI 

binding site on OPTN (res. 412-520) could activate full-length human myosin VI in our gliding 

filament assay. Comparison to the elution trace of EGFP-LOVDab+ctrl dimerized via a GCN4 

leucine zipper, OPTN(421-520) fused to the C-terminus of EGFP-LOV2 migrates as a dimer in our 

size exclusion column. This is consistent with previous reports showing OPTN is a dimer (1) and 

the prediction that these residues in OPTN form a coiled-coil (2, 3).  However, EGFP-LOV2-

OPTN(412-520) did not recruit actin to the surface of our gliding filament assay, seemingly 

inconsistent with the study showing activation of porcine myosin VI via optineurin. (1). Though 

OPTN binding to the myosin VI tail was shown to be large insert independent (13), one 

difference between porcine myosin VI and our human full length construct is that our construct 

contains the large insert of isoform 1. Since doing this experiment, a group of researchers have 

shown that myosin VI binds OPTN only after it has been ubiquitinated (14), and have solved the 

structure of a molecular “switch” region in the tail domain involving the long insert that occludes 

the OPTN binding site (15). Our results therefore support their findings. 
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insert in the myosin VI tail domain, which is present in our construct, occludes the OPTN 

binding site (15). Furthermore, OPTN must be ubiquitinated prior to binding myosin VI (14).  

In summary, we have demonstrated that both LOVDab and LOVDab+ctrl are capable of 

directly of activating myosin VI, supporting our claim that the stalling of peroxisomes upon 

recruitment of myosin VI is due to activated myosin VI resisting the MT-directed transport of 

these vesicles.  

 

3.3 Evidence that myosin VI integrates cargo signals 

3.3.1 Sensitization of myosin VI to protein cargo using PI(4,5)P2 

Other factors that may contribute to the differences in our in vivo and in vitro assays include the 

lack of Ca2+ and PI(4,5)P2 in the in vitro assays, both of which are known to bind myosin VI 

(109, 136). At myosin VI concentrations too low to interact with LOVDab+ctrl, the addition of 

PI(4,5)P2 rescued recruitment of actin to the coverslip (Figure 13). This effect required the 

presence of Ca2+ ions, suggesting that the three signals, PI(4,5)P2, Ca2+,  and Dab2, are integrated 

to activate myosin VI in the proper time and place in the cell. The presence of these signals in 

vivo also may rationalize why myosin VI is activated by LOVDab in vivo but not in our in vitro 

gliding filament assay. 

 

3.3.2 Myosin VI recruitment to the Golgi is uncorrelated with the amount of LOVDab on 

the membrane. 

We realized that our results showing sensitization of myosin VI to protein cargo via lipid binding 

could explain results we had seen targeting LOVDab to the Golgi using the KDEL receptor 

(KDELR). Overexpression of KDELR seems to be cytotoxic. However, at low expression levels   



53 

 

 

 

 

 

 

 

 

 

  

Figure 13. Lipid cargo sensitizes myosin VI to protein cargo Dab2pep. At concentrations of 

mCherry2B-Myosin VI (prepared in physiological KCl conditions, see text) too low for 

LOVDab+ctrl to recruit actin to the coverslip (- liposomes, bottom), addition of artificial 

liposomes containing 5% PI(4,5)P2 sensitizes full-length myosin VI to Dab2pep cargo, rescuing 

recruitment of actin to the surface (+ liposomes, top). 
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KDELR-FP-LOVDab recruits myosin VI to the Golgi apparatus in a light-dependent manner 

(Figure 14A,B).  

Notably, the amount of myosin VI binding to each LOVDab-labelled membrane does not 

correlate with the amount of LOVDab on that membrane (Figure 14C). This is especially 

apparent in the peripheral stacks of Golgi (Figures 14A,B). A lack of correlation could be 

detected at limiting myosin VI conditions where LOVDab is in vast excess over the myosin. 

However, the optogenetic nature of LOVDab allows us to interrogate the myosin:Dab2pep 

interaction at two effective Dab2pep concentrations. Since the lack of correlation persists in both 

the light and the dark, and additional myosin VI binding occurs in the light, the lack of 

correlation cannot be explained by limiting myosin VI. This means that other factors on these 

membranes must alter the myosin VI affinity for its protein cargo Dab2pep, even between similar 

membranes in the same cell.  

Together, these data support a new model of myosin VI activation whereby myosin VI 

integrates multiple cargo signals to deploy in a site-specific manner in the cell (Figure 15, see 

discussion below). The presence of these signals in vivo also may explain why myosin VI is 

activated by LOVDab in vivo but not in our in vitro gliding filament assay. 

 

3.4 Discussion of results and implications. 

In order to verify activation of myosin VI directly, we developed a modified in vitro gliding 

filament assay in which myosin VI is recruited to the coverslip via LOVDab or LOVDab+ctrl. 

Myosin VI purified under either high or low salt conditions is active when recruited through 

LOVDab+ctrl. Moreover, at low concentrations of myosin VI, PI(4,5)P2 -containing liposomes 
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Figure 14. Myosin VI integrates cargo signals when recruited to the Golgi. (A) LOVDab was 

targeted to the Golgi apparatus using a KDEL receptor (KDELR) with an R5Q/D193N double 

mutation to promote retention in the Golgi. White arrows highlight peripheral Golgi that 

exceptionally recruits myosin VI. Red arrows highlight portions of perinuclear Golgi stacks, 

some of which recruit myosin VI well (right arrow) whereas others have minor switching (left 

arrow). Scale bar: 5m. (B) Mean fluorescence in different areas of the cell described in (A) 

Perinuclear Golgi fluorescence is the mean of all perinuclear stacks. Cytosolic fluorescence is 

anticorrelated with Golgi fluorescence, indicating depletion of myosin VI from the cytosol upon 

excitation of LOVDab. Nuclear fluorescence is static and indicates the noise level of the 

measurement. (C) The amount of myosin VI binding is not correlated with the amount of 

LOVDab on the different Golgi stacks, indicating other factors in the cell must alter the myosin 

VI:LOVDab affinity on the different membranes. 
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Figure 15. Model of myosin VI cargo integration in the cell. Alternative splicing biases myosin 

VI isoforms to different cargo proteins. Protein cargo recruits myosin VI isoforms to specific 

locations in the cell and determines its oligomeric state. Lipid, Ca2+, and other cargoes help 

myosin VI sense the environment, modulating its affinity for cargo, as seen in (Figures 13,14). 



57 

 

enhance myosin VI’s affinity for LOVDab+ctrl (Figure 13). This suggests that lipid binding at the 

plasma membrane, which is enriched in PI(4,5)P2 (155), enhances myosin VI’s effective affinity 

to its cargo protein Dab2pep. This enhancement requires Ca2+, supporting recent studies 

suggesting that Ca2+ transients could play a role in regulating myosin VI function (109, 136).  

Moreover, when LOVDab is targeted to the Golgi apparatus, the amount of myosin VI bound 

does not scale with the amount of LOVDab on a given stack. This indicates that differences in 

these organelles alter myosin VI’s affinity for its protein cargo. One cause for this difference 

could be in the concentrations of PI4P on the different stacks. Though myosin VI binds more 

strongly to PI(4,5)P2, it also shows significant binding to PI4P (136), which is found on the 

Golgi (155). Another source of diversity is likely in Ca2+ transients, as organelles in the secretory 

pathway, including the Golgi, are rich in Ca2+ (156). The cisternae in the Golgi have different 

luminal Ca2+ concentrations based on their developmental stage and differentially release Ca2+ 

(157). Together with our work, these data suggest that even within a cell, myosin VI integrates 

protein, lipid, and Ca2+ cargo to perform its function in a site-specific manner.  

Our findings therefore support a new model of myosin VI activation where, rather than 

having a given cargo for a given function, myosin VI integrates multiple signals on a given 

membrane in order to activate (Figure 15). Regulation through splicing biases myosin VI to 

certain protein cargo adaptors (15). The protein cargos regulate the localization of myosin VI in 

the cell, and may also be the primary determinant of myosin VI’s oligomeric state (1). Once on-

site, secondary cargo signals such as lipids or Ca2+ may fine-tune myosin VI’s activity at that 

location by increasing myosin VI’s effective affinity for its substrate, committing it to activate on 

that cargo (109).  
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LOVDab is a unique optogenetic tool in that it activates full-length myosin VI without 

altering the myosin itself, allowing for direct inferences on myosin VI activity and regulation in 

vitro and in vivo. LOVDab exhibits robust, light-dependent myosin VI recruitment to many 

different organelles, and myosin binding to LOVDab propels actin filaments in vitro. Using 

LOVDab, we discovered evidence for a new activation model for human myosin VI, whereby 

myosin VI integrates its activation signals to obtain a site-specific mode of activation. We 

believe that LOVDab will continue to be an extremely useful tool for answering questions about 

how this important motor protein functions in the cell.  

 

3.5 Material & Methods 

Protein purification 

Full-length human myosin VI with an N-terminal FLAG-mCherry2B fusion was incorporated 

into baculovirus as discussed above. SF9 cells were infected at a 1:1 MOI and proteins were 

harvested from SF9 cells 58-72 hours post infection. The cells were re-suspended in Lysis buffer 

(see below for recipes) containing 2 mM ATP, and a cocktail of protease inhibitors including 

1mM phenylmethylsulfonyl fluoride (PMSF) and 10g/mL each of: aprotinin, leupeptin, 

chymostatin, and pepstatin A. The cells were lysed by douncing and nutated for 40 minutes at 

4oC to allow the myosin VI to diffuse out of the cells. The lysate was spun at 14,000 rpm in a 

Legend X1R centrifuge (F15S-8x50c rotor, Thermo Scientific) and a variable amount of anti-

FLAG resin (M2, Sigma) added to the supernatant. After incubation, the resin was spun out of 

suspension at 900xg in a 5810R centrifuge (A-4-81 rotor, Eppendorf) and washed with wash 

buffer (see below) containing 3 mM ATP, a variable amount of Calmodulin, and protease 

inhibitors. Resin was repelleted using the same procedure and re-suspended in wash buffer 
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before transferred to a drip column where the resin was further washed. Resin was then 

incubated with elution buffer (wash buffer + 0.2 mg/mL FLAG peptide) for 1 hour. Protein was 

eluted and dialyzed against wash buffer containing no ATP or protease inhibitors. In the low salt 

preps (see text) the lysis buffer was 50 mM Tris∙HCl, 150 mM KCl, 0.5 mM DTT, and 0.1% 

Triton X-100, pH = 7.7. The wash buffer was 20 mM imidazole, 150 mM KCl, 5 mM MgCl2, 1 

mM EDTA, and 1 mM EGTA, and 0.5 mM DTT, pH = 7.5. The storage/dialysis buffer was 

either AB: 25mM imidazole, 25 mM KCl, 4 mM Mg2Cl2, 1mM EGTA, 2mM DTT, pH = 7.5; or 

KMg25: 10 mM MOPS, 25 mM KCl, 1 mM EGTA, 1 mM MgCl2, and 1 mM DTT, pH = 7.0. 

For the high salt prep, the lysis buffer was 50 mM Tris∙HCl, 150 mM KCl, 0.5 mM EDTA, 1 

mM EGTA, 4 mM MgCl2, 0.5 mM DTT, and 0.1% Triton X-100, pH = 7.3, and the final 

dialysis/assay buffer was 50mM Tris∙HCl, 150 mM KCl, 1 mM EDTA, 1mM EGTA, 5 mM 

MgCl2, and 0.5 mM DTT (1 mM DTT for final dialysis), pH = 7.3. For both preps, buffers were 

chilled to 0-4 °C before use. pH values were set at room temperature. 

 

Gliding filament assay 

Nitrocellulose-coated coverslips were first coated in anti-GFP antibody (clone 3E6 MP 

Biomedicals, California, USA) at 0.25 g/mL in PBS. Following this, coverslips were blocked 

using 1 mg/mL BSA (ELISA grade, EMD Millipore) and the antibody saturated using EGFP- 

LOV2Dab2pep at 1 M. After this, the slide was washed using KMg25 and a solution containing 

myosin VI, F-actin, and a radical scavenging system (0.45% glucose (w/v) 0.5% (v/v) BME, 432 

g/mL glucose oxidase, and 72 g/mL catalase (158) was flowed in. Slides were then imaged 

using an x100, 1.65 NA objective (Olympus) on a custom-built total internal reflection 

microscope employing an EMCCD camera (iXon; Andor Technologies). This microscope was 
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controlled with the open source Micro-Manager program (www.micro-manager.org). For assays 

involving lipid cargo, artificial liposomes from Echelon Biosciences (Utah, USA) containing 5% 

of the signaling lipid PI(4,5)P2 were added to the assay buffer. The liposomes had no effect on 

myosin VI activity if Ca2+ was not present at a total concentration of at least 1.5 mM 

(corresponding to a free Ca2+ concentration of approximately 25 M). The necessity of Ca2+ 

matches previous results but this concentration is approximately tenfold lower than previously 

used for assessing the interaction of lipids with the myosin VI tail domain (136).  

Gliding filament velocities were calculated from at least 3 videos from at least 2 independent 

preparations of myosin VI, using at least 10 filaments/video and at least 10 frames/filament. 

MTrackJ was used to generate the actin tracks (159). Filaments showing pausing were avoided in 

order to obtain an accurate estimate of “live” full length myosin VI activity. To quantify the 

length of actin on the coverslip, images were background subtracted and thresholded to create 

binary images of the actin that were then skeletonized using the ImageJ function. The sum of 

pixels in the images were converted to length using the pixel calibration and used as the estimate 

for the length of actin on the coverslip.  
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Chapter 4 

Future directions and concluding remarks 

4.1 Extending this work to studying myosin VI 

Here I presented data showing that our designed tool LOVDab can reversibly recruit myosin VI 

using light. This design differs from previous optogenetic methods for manipulating motor 

protein control in that it does not require alteration of the myosin motor itself (142, 143, 160). 

Two groups have previously developed methods for recruiting constitutively active, truncated, 

forced-dimer motor proteins (142, 143). This method has the benefit of being able to recruit 

motors from any of the three superfamilies of motor proteins. However, while it is a facile 

method of force generation in vivo, this technique prevents the study of truly native motor 

behavior by eliminating the cargo binding domains, and there for native regulatory mechanisms, 

of these motors. The Bryant lab has inserted a LOV2 domain into the lever arm of myosin VI 

(160). Exciting the LOV2 domain in their LOV2-myosin VI fusion is sufficient to reverse the 

direction of the motor, conclusively demonstrating that the myosin VI lever arm is solely 

responsible for its reverse direction compared to other myosins. However, the stepping rate of 

their motors is less than 10 nm/sec, and its tail significantly altered, making this motor unsuitable 

for studying native myosin VI behavior (160). Our design improves over these approaches by 

simultaneously recruiting and activating myosin VI through its native cargo recruitment 

pathway, allowing us to study myosin VI with unprecedented precision.   

After establishing that LOVDab can recruit and activate myosin VI, I used it to demonstrate 

that lipid and Ca2+ cargoes can influence myosin VI affinity of its protein cargo in a membrane 

specific manner inside the cell. As outlined in Figure 6E above, myosin VI regulation begins at 

transcription, where different splice forms of myosin VI are biased toward different classes of 
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protein cargo. Myosin VI can contain any combination of a long insert (LI) and short insert (SI) 

in its tail domains. Recent crystallographic evidence shows that the LI sterically occludes the 

RRL motif in the myosin tail that binds to the optineurin class of cargo proteins (15). Less is 

known regarding the structure of the region containing the SI, though phosphorylation of this 

insert is important for maintaining secretory granule localization in PC12 cells, an interaction 

that requires Ca2+ (96). LOVDab presents a unique and facile method for interrogating the roles 

each of these inserts has on the mechanical properties of myosin VI. It would be informative to 

the field to quantify the dependence of myosin VI motility on Ca2+ and lipids for each isoform 

using our modified gliding filament assay. Following this, mutational analysis could be used to 

determine whether the Ca2+-driven enhancement always occurs through the calmodulin domains 

on the myosin lever arm. It could conceivably occur through another site that is dependent on the 

presence or absence of the splice inserts. For example, perhaps phosphorylation of the SI exposes 

a new calmodulin binding site on the distal tail that influences cargo interactions at that site. 

Beyond Ca2+, our study also implicates that myosin VI integrates lipid cargo in a Ca2+- 

dependent manner. Thus, a further extension of this and other studies would be to quantify the 

lipid dependence of each isoform (136). Of particular interest is whether different isoforms 

prefer lipids that correspond to their membranes of choice in vivo. This finding would 

significantly underscore our results and the relevance of cargo integration by myosin VI.  

A third level question is the structural mechanisms by which this integration takes place. In 

principle, this integration could simply be the result of increased avidity of a molecule with 

multiple binding partners on a single substrate. Either way, how myosin VI is able to bind 

directly to the membrane and to cargo proteins is difficult to envision without a structure of the 

complete tail domain. A complete structure of full length myosin VI in both the unbound and 
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cargo-saturated forms remains the ultimate goal of researchers wanting to understand myosin VI 

function. In addition to elucidating the impact of cargo on the CBD, understanding the 

interaction between the myosin VI head and its CBD is also of great interest, particularly in 

explaining why inhibition of its ATPase does not occur. The ideas presented here, that myosin 

VI integrates each of its cargoes, also may aid structural biologists in choosing better screening 

conditions for crystallography. 

A final detail of myosin VI operation that needs to be addressed is whether myosin VI is in 

all cases active as a dimer in vivo. A study showing that dimeric Dab2 and optineurin cargos 

could dimerize myosin VI in vitro suggests that cargos can dimerize myosin VI for transport 

roles in the cell (1). However, since many of myosin VI’s roles in the cell seem to be anchoring 

roles, which in theory would not require a processive dimer, these studies together suggest that 

the oligomeric state of myosin VI may be set by location-specific cargo in vivo. The oligomeric 

state of a myosin can be determined by calculating the power of the dependence of actin filament 

landing rate on myosin concentration in a gliding filament assay. One could directly assess the 

oligomeric state through crosslinking studies, such as with the zero length crosslinking 1-ethyl-3-

(3-dimethylaminopropyl) carbodiimide (EDC) (136), or by fluorescence resonance energy 

transfer (FRET) (161).  In the latter technique, fusing donor and acceptor FPs to the LOVDab C-

terminus, rather than at the LOVDab N-terminus where the FPs were placed for this study, may 

be a viable approach to real-time detection of myosin VI dimerization in the cell using FRET. 

Thus, LOVDab presents a facile means of interrogating the cargo- and isoform-specific 

oligomeric states of myosin VI.  

A natural extension of this study is to determine whether lipids and Ca2+ play any role in 

altering myosin VI’s state in a given location in the cell. One could envision a pair of monomeric 
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myosin VI motors in an anchoring role being rapidly dimerized by these secondary messengers 

and converted into a transporter that could, for example, deliver a secretory vesicle to the plasma 

membrane.  

Quantifying the Dab2pep-myosin-lipid-Ca2+ interaction in vitro, will also functionally 

calibrate LOVDab to serve as a pseudo lipid/Ca2+ sensor in vivo. In effect, LOVDab could be 

used to map the cell for myosin VI binding aptitude, and to determine where in the cell the 

different myosin VI isoforms prefer to bind. Combining isoform mapping in the cell with cargo 

knockouts would make this approach exceptionally powerful for detecting myosin VI’s small 

molecule binding partners, such as PI(4,5)P2, in the cell.  

The high temporal precision offered by LOVDab also makes it possible to assess off rate 

kinetics of myosin VI bindings in the cell. Using LOVDab together with additional fluorescence 

based small molecule sensors can further deconvolute the signals read in by myosin VI. For 

example, the ATP/ADP sensor PercevalHR could be used to assess whether myosin VI 

recruitment depends on the local metabolic state of an organelle, or whether this rate can 

influence whether myosin VI can act as an anchor or transporter (162). There are also a wide 

variety of fluorescent protein-based Ca2+ sensors available which can be used with LOVDab to 

directly test whether myosin VI recruitment correlates with Ca2+ transients in the cell (163). 

Fluorescent reporters for PI(4,5)P2 could be used similarly for the lipid component of myosin VI 

activation (164).  

 

4.2 Methods for improving the performance of LOVDab 

I tested many obvious mutations when optimizing LOVDab, but it likely could still be improved. 

Qualitatively, the consistent limitation of LOVDab both in vivo and in vitro is its low affinity for 
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myosin VI relative to the low expression of this motor. Therefore, any attempt to improve on 

LOVDab should aim to increase the LOVDab - myosin VI affinity.  

Dimerization with an N-terminal GCN4 leucine zipper did not seem to confer any advantage 

to LOVDab’s performance. However, certain flanking residues can force GCN4 to adopt an 

antiparallel coiled-coil, which would extend the two Dab2peps in a GCN4-FP-LOVDab fusion 

protein out from each other. This antiparallel arrangement could therefore prevent dimerization 

by separating the Dabpep cargoes too far from each other to bind across the CBDs of the same 

myosin VI dimer. Though I always used a short GGSEG linker between the GCN4 and the FP, it 

is possible that a longer linker here or elsewhere in the protein would better orient LOVDab for 

dimerizing myosin VI. 

In terms of modifying the LOVDab sequence itself, I did not try a mutation series containing 

a phenylalanine residue in the L546 position in the J helix. The significance of this position is 

discussed in Section 2.5 above. It is possible that by placing a phenylalanine at this position, and 

moving the Dab2pep sequence further out from the J helix, that LOVDab would retain switching 

capabilities but gain a lit state affinity for myosin VI similar to LOVDab+ctrl. 

Beyond rational changes, mutational screens have seen success in optimizing other 

optogenetic tools (55). In LOVDab, the mutational search could target either LOV2 or Dab2pep. 

Mutating Dab2pep to directly bind myosin VI more tightly is appealing since it should merely 

shift the dynamic range of LOVDab without altering the switching behavior of the protein itself. 

However, the fast off rate of myosin VI from LOVDab is beneficial to its high temporal control 

of myosin VI, and mutations on the Dab2pep may reduce this. Additionally, mutations to Dab2pep 

may alter the ways in which myosin VI integrates protein cargo with other activation signals. 



66 

 

Mutating Dab2pep could therefore remove the ability to use LOVDab to interrogate myosin VI 

behavior, limiting its usefulness. 

Screening for mutations that improve LOVDab switching that are within the LOV2 domain 

is appealing in that it maintains the native interaction of Dab2pep with myosin VI and can 

conceivably result in a myosin activator with a larger dynamic range than the current design. 

However, LOV2 has much more sequence space than Dab2pep, which means consideration must 

be put into the design of the screen to adequately explore this space. Furthermore, the complexity 

of the LOV2 conformational change makes interpretations of the effects of LOV2 mutations 

more difficult than for Dab2pep (57, 67). While it is up to the experimenter, my opinion is that 

preserving the native interaction between Dab2pep and myosin VI outweighs these other 

concerns. 

Perhaps the most sensible way to extend the impact of LOVDab is to fuse LOV2 to other 

peptides that bind and activate myosin VI, or even other myosins. As reviewed in Section 1.3.1 

above, Ca2+ and lipid binding play a role in regulating many different myosins in the cell. The 

exact relevance of Ca2+ is still unclear for many motors such as myosin Va, where its ability to 

promote myosin motility while releasing calmodulin from the IQ domains appears to oppose 

itself (75, 92). One reason for this discrepancy could be that Ca2+ modulates myosin:protein 

cargo interactions in the cell, and that studies measuring the effects of either cargo on myosin 

independently do not sufficiently recreate the in vivo environment of myosin VI. Extending the 

methodology behind LOVDab will allow us to determine whether cargo signal integration is 

indeed a generalizable property of myosins, or motor proteins in general. Controlling multiple 

motors through their native cargo will also allow researchers to reassemble multi-myosin 

systems and study their interaction in a much more realistic setting.  
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4.3 Concluding remarks 

At the turn of the 20th century single molecule studies of truncated, forced-dimer motor proteins 

greatly expanded the field of motor protein research. These studies removed the native regulatory 

domains of myosins in order to study the intrinsic, biophysical mechanisms of force-generation 

by motor domains in isolation. But it is increasingly clear that, if we are to understand the 

function of this important class of proteins within living organisms, we cannot do so apart from 

their regulatory tail domains or the various cargo signals that they bind. This is especially 

apparent for myosin VI, whose regulatory domains may play a direct role in determining what 

type of function the motor head plays at a given time and location inside the cell. To this end, I 

have successfully engineered an optogenetic method for controlling and studying myosin VI with 

high spatial and temporal resolution. This approach may theoretically be extended to controlling 

other auto-inhibited motor proteins through their cargo binding domains. I believe tools like 

these will greatly enhance humankind’s understanding of motor protein function.  
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Appendix A1 

The LOV2 -bulge 

Among the conserved residues in the Avena sativa LOV2 (AsLOV2) domain, we identified an 

unusual three-residue -bulge that is conserved across all PAS domains with known structures 

and comes from all kingdoms of life (33). The billion-year conservation of this motif located at 

the amino terminus of the B-strand (I427-I428-F429 in AsLOV2) sharply contrasts with the 

extensive diversity in PAS function and the type and location of ligands within PAS domains. 

Suspecting that this region would be functionally sensitive, I extensively mutated it. I found only 

moderate effects, except for a charged I428D substitution that expressed poorly. We tentatively 

conclude that the highly conserved bulge structure is a legacy that is difficult to evolve away 

without compromising foldability. This underscores the finding by Zayner et al that conservation 

is not an accurate predictor of function in AsLOV2 (67). 
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Appendix A2 

LOLOVV: a LOV2 within a LOV2 domain 

One region in the LOV2 domain that has not been extensively mutated is the LOV2-J loop, 

which consists of residues 517-520 (57, 67). This region is attractive as it may be mutated to 

extend the reach of the J helix in its unfolded state with minimal perturbation of the LOV2:J 

interaction in the dark state. To this end, I sought to improve the switching capability of the 

LOV2 domain by replacing this loop with another LOV2 domain to create LOLOVV. My goal 

was to fuse the two proteins in such a way as to fully preserve the degree of light-driven 

conformational change in both domains, or to enhance it by creating a single, continuous helix 

consisting of the J helices of both LOV2 domains.  

A I427V mutation, which greatly increases the photorecovery rate of the LOV2 domain 

(165), was included on the inner LOLOVV (Figure A2A) in order to detect the photocycles of 

each individual LOV2 domain. Comparison of the UV/Vis absorption spectra for LOLOVV 

indicates that LOLOVV bleaches fully in the light, showing it is fully photoresponsive (Figure 

A2B). Inserting a C450V mutation, which prevents the photocycle from occurring, into either the 

inner or outer LOV2 domain limits the bleaching to about 50% of normal values. Together these 

suggest both LOV2 domains in LOLOVV completely photocycle. Figure A2C shows that the 

CD change for the LOLOVV domain matches the combined CD change for its constituent LOV2 

domains, both in rate and magnitude. Note that the CD for LOLOVVs containing a C450V 

mutation are about half the wildtype value of 0.3 (57), since there are twice the LOV2 domains 

present per molecule. As a note of caution, this data was not buffer subtracted. For typical values 

of buffer at 222 nm in our system, the CD for LOLOVV could range from 0.25-0.3, very close 

to that for wildtype LOV2.  
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Figure A2. LOLOVV maintains photocycle in both its constituent LOV2 domains. (A) LOLOVV 

design. Left: cartoon depiction of the LOV2 domain with its terminal J and A’ helices labeled. 

Right: LOLOVV is made of a LOV2 domain inserted into the J-LOV2 loop of another LOV2 

domain. (B) UV/Vis spectra of LOLOVV constructs, normalized to their A280 value in the dark. 

LOLOVV fully bleaches but a C450V mutation in either LOV2 domain limits bleaching to 50% the 

level in the dark, indicating both LOV2 domains are active. I: inner. O: outer. (C) Fits to the CD 

photorecovery at 222 nm show that the conformational change in LOLOVV is roughly the sum of its 

constituent LOV2 domains, both in rate and magnitude. 



71 

 

The above data are presented for LOLOVV 572. However, LOLOVV constructs expressed 

well and were fairly tolerable to mutations at the linker regions on either side, provided they 

were of sufficient length (Table A2). These linkers each utilize engineered restriction sites in the 

LOV2 domain, including a silent EagI site on the 3’ end of the LOV2-J loop and a SalI site on 

the 5’ end that causes a conservative T517V/E518D double mutation. I have named the LOV2 

domain containing these inserts RELOV, for “Restriction Endonuclease LOV2.” RELOV also 

contains a silent SacI site at E545 to ease C-terminal ligations to LOV2. Mutations desired in the 

outer LOV2 domain, including any N- or C-terminal fusion proteins, are quikchanged/ligated 

into the RELOV plasmid. Mutations desired on the inner LOV2 are made on a LOV2 gene not 

containing the RELOV mutations. The inner LOV2 domain is amplified using PCR and then 

ligated into digested RELOV plasmid. The overhanging regions on the primers used for 

amplifying the inner LOV2 gene must contain the SalI and EagI sites, and the desired linker 

region. This process is important since LOLOVV contains two copies of the LOV2 domain, 

making direct quikchange within the LOLOVV domain impossible. 
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Table A2: LOLOVV constructs and their linker sequences 

Name LOV2-N’ linker-LOV2 LOV2-C’ linker-LOV2 Expression 

LOLOVV VD--LAT KEL-S-VRDAA N.D. 

-412 VD--LAT KEL-S-RDAA + 

-413 VD--LAT KEL--VRDAA + 

-57 VD-GSG-GEFLAT KEL-GSG-VRDAA ++ 

-572 VD-GSG-GEFLAT K-AAA-RDAA ++ 

-2.1 VD--LAT KEL--AA N.D. 

-2.2 VD--LAT K-AAK-AA N.D. 

-2.3 VD--LAT K-AA-DAA ++ 

-2.4 VD--GEFLAT K-AAK-AA + 

-2.5 VD--FLAT K-AAK-AA ++ 

-2.6 VD-GID-FLAT K-AAK-AA ++ 
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Appendix A3 

Light-dependent actin binding 

LifeAct is a 17 residue N-terminal peptide fragment from the Saccharomyces cerevisiae Abp140 

protein (166). Its amino acid sequence is MGVADLIKKFESISKEE. Blocking LifeAct with 

LOV2 in a light-dependent manner could create a tool for inducible recruitment to the actin 

cytoskeleton, which could have several applications for biologists. I made a series of mCherry-

LOV2-LifeAct (MLLA) fusion proteins and sought to screen them using an actin 

cosedimentation assay. In this assay, actin filaments are incubated with a protein of interest, and 

subsequently pelleted in an ultracentrifuge. The actin brings the proteins it has bound into the 

pellet. The supernatant containing unbound protein is removed, and the pellet is resolubilized. 

The amount of unbound protein and bound protein are then quantified by running the supernatant 

and resolubilized pellet samples on an SDS-PAGE gel, respectively. From this information, a 

binding constant can be calculated.  

Since the actin must be pelleted in the dark, in order to look for light-dark differences in 

MLLA constructs I made the “lit-state control” I539E mutation to constitutively unfold the J 

helix in the dark (70). Plotting the fraction bound MLLA as a function of concentration, it is 

clear that none of my constructs have a significant light-dark difference in binding to actin 

(Figure A3). 

Unfortunately, the cosedimentation assay was noisy, and I did not have a protein that could 

serve as a positive control for myosin VI binding. LifeAct is in fast equilibrium with actin in 

vivo (166), so extra care is needed to pellet the actin and remove the supernatant quickly without 

disturbing the pellet. Additionally, at the time I was doing experiments little information was   
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Figure A3. MLLA actin binding assessed with the actin cosedimentation assay. Each mutant 

contains the T406A/T407A double mutation. Neither the r1 nor rXr2 variant shows significant 

light-dependent caging of LifeAct. For sequence information, see Table A3. 
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known on the key actin binding residues in the LifeAct peptide. Thus, I could not make rational 

mutations to block these residues, but did a series of simple truncations (Table A3). Nonetheless, 

the cosedimentation assay is simple to learn and can directly detect binding. I recommend that if 

this project is taken up again that one first performs alanine scanning mutagenesis or a similar 

mutagenesis strategy to first identify the key actin binding residues on LifeAct, if this has not 

been published in the literature. This will greatly reduce the size of mutational space needed to 

search for the rational design of a LOV2-LifeAct fusion protein that shows light-dependent 

binding.   
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Table A3: MLLA construct sequences 

Name Fusion sequence 

…LOV2-LifeAct… 

Mutations 

MLLAr0 …AKEL-MGV… 406A/407A 

-r1 …AK-MGV… 406A/407A 

-r2 …AA-MGV… 406A/407A 

-r1r2 …AK-V… 406A/407A 

-r2r2 …A-V… 406A/407A 

-rXr2 …AKE-V… 406A/407A 

-r1 G2A …AK-MAV… 406A/407A/G2A 
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