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ABSTRACT

Gene expression is a tightly regulated system critical to defining cellular identity. Of the

many regulatory components governing gene expression, this thesis looks at two specific

components that can influence both transcriptional activation and repression.

First, I investigate the pleiotropic transcription factor (TF) Yin Yang 1 (YY1). Although

this TF is developmentally essential and functions in many fundamental cell processes, there

is still confusion regarding what contextual aspects dictate its function. I utilize protein

biochemistry and biophysical assays to interrogate the interfaces responsible for RNA bind-

ing, a recently discovered capability of this TF. I reconcile previous studies claiming that

different regions of the protein confer these nucleic acid interactions by demonstrating that

there are multiple domains of YY1 that can bind RNA. My work also uncovers a previously

unannotated intramolecular inhibitory mechanism that YY1’s N-terminus can impose upon

its zinc finger module.

Second, I look into the nucleosomal-existence of activating (H3K4me3) and repressive

(H3K27me3) chromatin marks, in the context of the bivalency model. An entire field of

chromatin biology has canonized bivalent chromatin as a functional co-occurence essential

for cellular differentiation. In this thesis I address specific pitfalls of the conventional way that

chromatin immunoprecipitation (ChIP) is performed and present methodologies developed

by the Ruthenburg lab (ICeChIP and ReICeChIP) that rigorously address these drawbacks

and provide quantitative insight to the distribution of these chromatin marks. With these

observations, we directly call the bivalency model into question as we assess the chromatin

states of mouse embryonic stem cells through differentiation to neuronal precursor cells.

Maintaining the balance between gene activation and repression requires multiple layers

of regulation. This work provides frameworks for deeper investigations of gene regulation in

the future.
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CHAPTER 1

INTRODUCTION

1.1 Cellular identity and the roles of transcription factors

DNA encodes the inheritable genetic information necessary for cellular identity and function

across biology. The central dogma of life is built upon the information flow of DNA to RNA to

protein via the essential processes of transcription and translation. In eukaryotes, the genome

is packaged into the nuclei of cells and organized to allow for specific gene expression profiles.

The human genome encompasses 3 billion base pairs of DNA, which, if stretched end to end,

would measure to approximately 2m in length. This genetic information is compacted into a

nucleus that ranges between 5 to 10 micrometers. For reference, this type of compaction has

been described as "packing 40 km (24 miles) of extremely fine thread into a tennis ball!" (1).

The cell has developed mechanisms to organize the genome and ensure functional fidelity for

the many essential nuclear processes that must occur for survival.

At the largest scale of genomic organization, chromosomes preferentially occupy certain

3D locations within the nucleus, denoted as "chromosome territories" (2). Chromosomes

are macromolecular structures that can range in size between 240 Mbp and 19 Mbp of DNA

(3; 4). These territories were first described and annotated via DNA fluorescent in situ

hybridization (FISH) (2; 5). At this macro level, it has been observed that genomic regions

typically associated with the nuclear periphery represent transcriptionally repressed regions

of the genome, while regions that are transcriptionally active are localize towards the center

of the nucleus (6). Distributed throughout the genome are gene regulatory elements, such

as enhancers, promoters, and repressor regions. Since the discovery of the operon, gene

regulatory elements have been thoroughly investigated to uncover mechanisms governing

gene expression (7). Of note, upon completion of the Human Genome Project, mutations

and aberrations in regulatory elements are most frequently attributed to disease phenotypes
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(8; 3; 4).

Although chromosomes preferentially occupy specific regions of the nucleus, the organi-

zation of these structures are dynamic, leading to fluctuations in transcriptionally active or

repressed regions. The human genome is currently classified into two "compartments", com-

partment A and compartment B. These classifications were first described within the seminal

work of Lieberman et al (6), in which a genome-wide investigation of 3D organization was

accomplished through the development of the chromosome conformation capture methodol-

ogy, Hi-C. Previously, iterations of chromosome conformation capture methodologies, such

as 3C, 4C, and 5C, could only assay the interactions of a specific locus of interest with either

another single locus, such as in 3C, or eventually against the entire genome, as demonstrated

in 5C. The development of Hi-C established the first all vs. all assay to assess which regions

of the genome are in close proximity to each other within a population of cells. Briefly, these

chromatin capture technologies utilize crosslinking agents to "lock" nuclei, and therefore the

3D organization of the genome. By permeablizing nuclei and digesting the genome with

restriction enzymes, the entire genome can be fragmented. Following this digestion, the ad-

dition of biotinylated nucleotides fill the ends of digested DNA fragments that are close in

proximity. Blunt ligation connects these chimeric dsDNA molecules which can then be iso-

lated by streptavidin affinity purification. Mapping these isolated DNA fragments produces

contact density maps which map all loci of the genome and the corresponding regions that

were in close proximity upon initial nuclear crosslinking.

These contact density maps gave us our initial insights into the 3D organization of the

human genome across multiple cell types. Transcriptionally active regions (compartment

A) of the genome were associated with gene rich regions of the genome and activating

epigenetic chromatin marks such as H3K4me3. The B compartment was decorated with

repressive marks such as H3K27me3. Genomic regions that possess these characteristics are

typically 1 megabase in length and illustrate a fundamental aspect of genome organization:
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insulation. Genomic insulation is an organization principal promoting intracompartment

associations in lieu of spurious intercompartment interactions. Through innovation of the

Hi-C methodology and the utilization of different restriction enzymes, Rao et al. (9) were

able to map finer interactions within these compartments; therefore, we began identifying

and dissecting Topologically Associated Domains (TADs) and the chromatin loops within

them.

TADs within the human genome are typically between 0.1 - 1Mb in length. Similar to

compartments, the DNA sequences within TADs typically interact with one another more

frequently than participating in inter-TAD contacts. TAD boundaries are demarcated with

the presence of convergent CCCTC-binding factor (CTCF) binding sites. Known mainly

as an insulating, or repressive, transcription factor, binding of CTCF to these boundary

sites and interaction with the ring-like complex known as Cohesin, has established the foun-

dational role that these architectural proteins play in human genome organization. The

loop extrusion model, coupled to biochemical investigations dissecting the interface of the

CTCF and Cohesin interaction elucidated the mechanism responsible for the formation of

loops within TADs. These loops can mediate interactions between genes and regulatory

elements that reside within these TADs. Importantly, when compared at the megabase

scale, different cell lines exhibit similar contact densities of genomic compartments (9). This

observation even extends to other species, as syntenic genomic regions between mice and

humans demonstrated similar patterns of interaction within this study (9). These observa-

tions unveil common organization principles of closely related metazoans but, importantly,

there are deeper, finer, contact differences present at the next level of genomic organization:

chromatin loops.

Chromatin loops are typically sub 1-Mb yet greater than 100 kb, containing a few genes

and the cis-regulatory elements that can act upon them (either enhancers or repressors).

In a cell-type specific and gene expression dependent manner, increased contacts are seen
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between regulatory elements and the promoters of genes that they regulate, demonstrating

that these finer through-space interactions play a regulatory role for transcription and there-

fore, cell identity. This corroborates with the functional binding of transcriptional machinery

to regulatory elements distributed throughout the genome. Cell-type specific transcription

factors typically bind accessible cognate dsDNA sequences and coordinate the localization

of downstream protein interaction partners. For transcriptional activation, TFs participate

in "fuzzy" (not conformationally rigid or defined) binding interactions with the Mediator

complex (10) and form a through-space bridge between enhancer elements and gene promot-

ers, resulting in the increase in contact frequency observed from Hi-C. A similar mechanism

is observed for repressive elements. TFs that belong to the Krüppel-like factor (KLF) fam-

ily of TFs recognize their cognate DNA binding sites throughout the genome and mediate

transcriptional repression via association with C-terminal binding domain protein (CtBP).

This interaction mediates the further recruitment of histone deacetylase complexes (HDACs)

which remove activating chromatin marks such as H3K27ac. The removal of this activating

mark promotes the compaction of DNA and thus inhibits the association of transcriptional

machinery necessary for gene activation. It is evident that genome organization and the

association of nuclear proteins play a pivotal role in regulating gene expression.

There are many questions inherent to the governing principles of genome organization.

Although we’ve been able to identify TADs and chromatin loops, and appreciate their insu-

latory capabilities, there is still the question of specificity between regulatory elements. How

do enhancers associate with a specific gene within a TAD instead of any of the other genes

that may also be in close proximity? Interactions across long distances (more than 50 kb)

have also been observed. The same enhancer element can be active in more than one cell

type yet activate a different subset of genes within these transcriptional programs. What

are the factors that confer this kind of specificity?

It has been observed that the genome can undergo large-scale reorganization in response

4



to cellular stresses. The foundational example of such large scale reorganization is the heat

shock response (11; 12). In this state of stress, Heat Shock Factor 1 (HSF1) is relieved of

repression via HSP70 and binds to Heat Shock Reponse Elements (HREs) within the pro-

moters of genes that are critical to respond to this environmental stress (13). Microscopy

work has shown that there is a coalescence of genes across multiple chromosomes which

establish a currently accepted structure of transcription — a "transcription factory" or hub

(14). This colocalization of genes and transcriptional machinery induces the formation of

phase-separated bodies, a result of liquid-liquid phase separation (LLPS). Although exem-

plified in the heat shock response, LLPS and the establishment of transcriptional hubs are

a currently accepted occurrence within the field of transcription and correlate with robust

transcriptional output (15; 16). Be that as it may, there is controversy surrounding the

necessity for phase separation to facilitate transcriptional firing, the regulatory implications

that phase separation can confer, the molecular machinery within these phase separated

bodies, and the frequency in which they occur.

A cell’s gene expression program defines its functional output and the way that the

cell can maintain homeostasis by interpreting the various signals and stresses it may en-

counter. Therefore, investigation into the many layers of gene regulation that ensure proper

transcriptional programming is paramount. While there are many types of genetic and epi-

genetic mechanisms at play within the field of chromatin biology, this thesis will delve into

two regulatory components that play major roles in determining eukaryotic cellular identity:

1. transcription factors and 2. chromatin modifications.

Regarded as interpreters of the genome, transcription factors are seen as "master regu-

lators" that can control cell fate (17; 18). Transcription factors are often modular: typically

composed of characterized well-structured DNA binding domains coupled to disordered "ef-

fector" domains. The DNA binding domains of TFs recognize specific DNA sequence motifs

distributed throughout their respective genomes, while their effector domains predominantly
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participate in protein-protein interactions. This coupling endows TFs with a diverse spec-

trum of functionalities (19) (Figure 1.1). Although frequently associated with their roles in

transcriptional activation, TFs can also mediate mechanisms of transcriptional repression.

These capabilities delineate different classes of transcription factors and the roles they can

play in gene regulatory networks. These classes can be defined as 1. general TFs 2. cell-type

specific TFs, and 3. "house-keeping" TFs.

In the paradigm of transcriptional activation, transcription factors play an essential role

by localizing and spatially coordinating the necessary components for proper transcriptional

firing. Ubiquitously expressed general (or basal) TFs, such as TFIIB, TFIID, TFIIE, TFIIF,

and TFIIH were among the first identified TFs due to their associations with eukaryotic RNA

polymerase II after separation via phosphocellulose and ion exchange chromatography. (20;

21). The general TFs begin to encode levels of specificity and regulation for gene expression

(22; 21). An example is seen with transcription factor TATA-binding protein (TBP), a

component of TFIID, which recognizes TATA DNA elements that can be found within the

promoters of expressed genes. This binding then enables association with TFIIB which

will be the docking site for the rest of the assembly of the RNA polymerase II pre-initiation

complex. While basal transcription factors are ubiquitously expressed within metazoan cells,

many transcription factors are the downstream effectors of extracellular stimuli and can

mediate transcriptional firing at cell-type specific subsets of genes containing their respective

DNA-binding motifs.

Inherent to their name, lineage-specific TFs are typically only expressed within differen-

tiated cell types and enable the transcription of genes necessary for the functional outputs

of these cells types. It has been shown that lineage specific TFs typically occupy super-

enhancers with other members of the transcriptional machinery (such as Mediator) within

differentiated cells or tissues (8; 17). While some cell types have well characterized TFs

associated with their gene expression programs (TBX5, GATA4, and TBX20 within cardiac
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Transcription Factor Binding Site

DNA Binding Domain

Effector Domain(s)

RNA Pol II
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Other TFs

Protein Interaction Partners

Possible
Enzymatic activity

Figure 1.1: Transcription factors are modular in design and recognize specific DNA sequence
motifs with their DNA binding domains. A cartoon depicting the canonical composition of
transcription factors.

cells; or SOX2 and OLIG1 within neuronal cells found in the cerebral cortex), the combi-

natorial expression of TFs provides a vast diversity in possible gene expression programs.

This transcriptional diversity makes it difficult to correctly predict how perturbations, both
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within the amino acid sequence of the TF or within the regulatory sequences they identify,

will ultimately influence cell fate (23; 24; 25; 26; 27; 10). A prime example of the power TFs

can exert upon cellular identity is best demonstrated by the Yamanaka factors (18). The

Yamanaka factors (c-Myc, Sox2, Oct4, and Klf4) can induce reprogramming of differentiated

cells back to a more pluripotent state, enabling plasticity between cell states.

As for their repressive properties, TFs have multiple mechanisms by which they can influ-

ence transcriptional repression. This type of activity is essential in preventing spurious tran-

scriptional activation after the establishment of a lineage-specific transcriptional program.

A common mechanism for transcriptional repression is the prevention of the association of

RNA polymerase to a downstream gene. A foundational example to our understanding of

gene regulatory networks is the lac operon. A heterodimeric protein binds upstream genetic

elements and prevents transcription of downstream genes required for the metabolic break-

down of lactose (28; 7). If the cell is exposed to an environment with lactose as its main

energy source, the metabolic byproduct allolactose will bind to this inhibitory protein and

induce a conformational change that relieves this repression. Another mechanism related to

transcriptional silencing is the incorporation of TFs into histone modifying complexes. The

Drosophila TF Pleiohomeotic (PHO), is a member of the Polycomb group complex and recog-

nizes Polycomb Response Elements (PREs) to direct and install repressive chromatin marks

at homeotic genes essential for proper development (29). An emphasis should be placed on

the critical nature of the protein interaction partners for these transcription factors. TF

functional activity can be modulated based on contextual cues within their local environ-

ments. Due to the complexity of these environments and the diversity of TF functionality,

it is essential to identify and catalog the finer principles which govern TF activity.

This thesis delves into the regulatory principles of the TF, Yin Yang 1 (YY1). Discovered

and cloned by three labs simultaneously in 1991, this highly pleiotropic TF can act as both

a transcriptional activator or repressor (30; 31; 32). Human YY1 is composed of 414 amino
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acids and contains four C2H2 zinc fingers towards its C-terminal end (AA 298-397). Its DNA

binding domain recognizes the consensus sequence 5’-CGCCATNTT-3’, which is found in

the promoters of both metazoan and viral genes. YY1 has been shown to be essential for

development in multiple capacities. Homozygous YY1 knock out (KO) experiments induce

developmental lethality in mice, with YY1 KO cells capable of reaching the initial blastocyst

stage though fail to develop in the gastrulation phase during implantation within the uterine

tissue (33). Furthermore, these developmental dysregulations occur in a dosage dependent

manner. By utilizing a Cre/LoxP system to attain stratified levels of YY1 expression and

avoid embryonic lethality, (34) et al. observed dosage-dependent survivability across mouse

cohorts. Mice that expressed 25% of WT YY1 expression levels died between 13.5 and 14.5

days post coitum. Those that survived past these time points were typically smaller in size

and had issues in development of their lungs. These changes were attributed to the roles that

YY1 can play in cytokinesis and cellular proliferation (34). YY1 haploinsufficiency has also

been attributed to neuronal defects, such as Gabriel-de Vries (GADEVs) disease (35). Thus,

understanding how YY1 is governed to perform such divergent transcriptional outcomes is

important.

In terms of activation, YY1 can bind to Initiatior elements upstream of transcription

start sites and induce transcriptional firing in the absence of general transcription factors

such as TBP (36). As YY1 has been observed to typically bind cell-type specific enhancer

and promoter elements, this type of transcriptional recruitment likely plays a role in setting

cell-type specific expression programs (37). Direct interactions with core transcriptional

machinery or general transcription factors are not the only means of transcriptional activation

for YY1. It has also been observed that YY1 can associate and then direct chromatin

modifying complexes, such as the BAF complex, to target genes to modify the local chromatin

environment for transcriptional activation (38). Because YY1 is ubiquitously expressed

across human cell lines, yet tends to occupy enhancers and promoters of cell-type specific
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genes, hypotheses have claimed that YY1 is an architectural genome organization factor that

promotes through-space interactions within a local chromatin environment (37; 39).

In terms of repression, YY1 has been shown to compete with other activating TFs for

overlapping consensus sites (40; 41). This competition causes displacement of these acti-

vating factors and renders these specific genes transcriptionally silent. In direct opposition

to the previously noted example involving the BAF complex, YY1 can associate with Poly-

comb Group proteins and recruit these repressive complexes to specific subsets of genes

(42; 43; 44). Again, the nature of whether YY1 acts as a repressor or activator depends

mainly on its protein-interaction partners, therefore the question of how does YY1 (or TFs

as a whole) navigate through the complex environment of the nucleus and adhere to a proper

functionality is a query worth investigating.

Although multiple methodologies have been developed to assay TF occupancy (ChIP-

seq (45), ChIP-exo (46), CUT&RUN (47)) an open question in the transcription field still

pertains to how TFs associate with their sites of occupancy within the nucleus. Despite

cataloging cognate sequence motifs for a large number of TFs (19), chromatin accessibility,

as well as DNA binding motifs, are not sufficient to provide the rationale for all observed

binding events (48; 49). What are further elements of the nuclear environment that could

aid in genomic occupancy?

Although the central dogma describes the relationship from DNA to RNA to protein, this

information flow mainly describes the pathway for mRNA production to functional protein.

With the advent of RNA-seq and the completion of the Human Genome Project (4; 3), we

have become aware of the pervasive nature of noncoding RNA production (ncRNA). Only 1-

3% of the human genome is comprised of protein coding genes and yet, 75-90% of the genome

is transcribed into RNA (50). This eye-opening observation has launched an entire field of

molecular biology characterizing the world of ncRNAs. Many noncoding RNA molecules

had been identified before and are parts of essential cellular machinery, typically in ribo-
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nucleic acid protein complexes (RNPs). Ribosomal RNAs (rRNAs), are components of the

ribosome, which performs the essential process of protein synthesis (51; 52; 53). PIWI RNAs

(piRNAs), are surveillance RNA molecules involved in PIWI mediated RNA degradation and

are essential for distinguishing self vs non-self nucleic acid molecules within cells (54; 55; 56;

57). Small nucleolar RNAs (snRNAs) are components of the spliceosome, an RNP machine

necessary for splicing pre-mRNA transcripts to prepare them for proper nuclear export and

ultimately translation (58). In addition to these types of ncRNA production, long non-coding

RNAs (lncRNAs) have also emerged as regulatory molecules within the nucleus.

lncRNAs are RNA molecules that are typically lowly expressed, >200 bp in length, un-

der polyadenylated, and exhibit low amounts of sequence conservation between organisms

(59; 60). Their mechanisms of transcriptional regulation revolve around modulation of local

chromatin architecture, either by association with factors related to the act of transcription

(TFs or chromatin modifying complexes), or by structural rearrangement of the genome to

faciltate contacts betwen regulatory elements and genes (61; 62; 63; 64; 65). Characteristic

and well-studied ncRNAs include XIST, Tsix, and HOTTIP (61; 65; 66). XIST is a central

component of mammalian X chromosome inactivation. After its initial act of transcription,

Xist spreads across the soon-to-be inactivated X chromosome and recruits the repressive

histone modifying complex PRC2. Deposition of H3K27me3 drives the compaction of the

inactive X chromosome into a heterochromatic, repressed, region of the genome that even-

tually relocates to the nuclear periphery (61; 67).

Tsix is a ncRNA antisense and downstream of Xist (66). Via CLIP-seq, Tsix was shown

to bind the genome organizing TF, CTCF. This binding interaction has been shown to be

necessary for "X chromosome pairing" an upstream process essential for proper X chromo-

some inactivation. Tsix is posited to help recruit CTCF and tether this TF to these genomic

regions as shRNA knockdown and LNA gapmer directed knockdown of Tsix reduced the

frequency of X chromosome pairing, concomittant with loss of CTCF binding at the X
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chromosome pairing sites.

HOTTIP is a ncRNA produced near the developmentally essential homeobox cluster

within metazoans (65). Through interactions with the WDR5 subunit of the MLL1 complex,

HOTTIP induces deposition of H3K4me3 and activation of the Hox cluster in a temporally-

sensitive manner in order to facilitate proper development of metazoans which possess the

HOX cluster. Through these protein interactions, ncRNAs, and the widespread production

of RNAs within the nucleus have demonstrated that they play a role in overall genome

organization. Multiple techniques have been developed to map the interactome of these

ncRNAS, such as RNA antisense purification (RAP) (68), Capture Hybridization Analysis

of RNA Targets (CHART) (69), Mapping RNA-genome Interactions (MARGI) (70), GRID-

seq (71), and SPRITE (72). These methodologies highlight the cis and trans interactions that

these ncRNAs partake in and provide a basis for the inquiries assessing the regulatory roles

that RNA can play within the nuclear environment. A subclass of lncRNAs are chromatin

associated non-coding RNAs (cheRNAs) which have been observed to be cell-type specific

RNA molecules that regulate nearby genes in cis (63; 62). In addition to these observations,

TF-dependent cell-type specific cheRNA networks have also been described (64).

Recent work has shone a light on the prevalence of unannotated RNA binding domains

pervasive throughout transcription factors (73; 74). The functional impacts of such binding

events are not known but current studies are providing insights as to how transient RNA

interactions may influence TF functionality (75; 76; 77; 78). Until there is delineation of

the RNA binding interfaces and investigation into the principles regarding specificity for

such RNA binding, sound conclusions cannot be drawn towards the modulatory properties

of these previously unappreciated RNA binding capabilities. In this work I investigate the

RNA binding properties of YY1 and identify aspects of these RNA interactions that may

hold true to a larger set of TFs.
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1.2 Histone modifications and their attributed roles in gene

regulation

The basic unit of compaction within the eukaryotic genome is the nucleosome, the build-

ing block of chromatin. 147 base pairs of DNA wraps a hetero-octameric protein complex

consisting of the four core histone proteins H2A, H2B, H3, and H4 (79) (Figure 1.2).

Figure 1.2: The nucleosome core particle. Crystal structure of the nucleosome core particle
depicting the association of DNA around an octamer of the histone core proteins: H2A (in
orange), H2B (in red), H3 (in blue), and H4 (in green). Adapted from Davey et al. (80)
PDB:1KX5

The nucleosome core particle possesses another layer of regulation — the post-translation
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modification of the histone octamer. A myriad of histone modifications have been detected

and the functional impacts between the presence of these marks and the transcriptional

outputs of their resident genomic regions have been documented (81; 82) (Figure 1.3). Of

the milieu of histone modifications that have been observed, this thesis work looks into the

interplay between the activating mark H3K4me3 and the repressive mark, H3K27me3.

Chromatin modifications are dynamically modulated via the interplay of readers, writers,

and erasers. Readers are proteins, typically subunits of larger protein complexes, that are

specifically recruited to epigenetic marks that they recognize for further catalytic activity.

An example would be the interaction between H3K27me and Polycomb Repressive Complex

2 (PRC2) recruitment. PRC2 is the sole chromatin modifying complex responsible for depo-

sition of H3K27 methylation states and forms a positive feedback loop of methylation (83).

This methylation induces compaction of these genomic regions, resulting in transcriptional

repression and the formation of heterochromatin.

H3K4me3 is typically found at active promoters and enhancers of cell-type specific genes

(84; 85; 86; 87; 88; 89). This type of modification correlates with "open" chromatin, al-

lowing the association of transcriptional machinery and the initiation of transcription. A

cursory view of chromatin epigenetic landscapes would posit the deposition of "activating"

or "repressive" chromatin marks to be binary, however, this is not the case. Given that each

nucleosome contains two copies of each core histone, and that modifications can even be

deposited along the same histone tail, it is possible for a nucleosome to possess both of these

opposing marks. The co-deposition of activating and repressive chromatin marks has been

coined as "bivalent" chromatin and has established an entire field of work that embraces two

principles which govern this biological phenomenon (90; 91; 92).

The first aspect of bivalency is that activating and repressive marks, such as H3K4me3

and H3K27me3, mark a small subset of lineage-specific genes within pluripotent cells and

render these genomic regions "poised" for transcriptional regulation. The second principle
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Figure 1.3: A sampling of histone post translational modifications. Cartoon depicting the
variety of histone modifications that can be deposited on histone tails.

states that upon differentiation, these marks would "resolve" into a terminal transcriptional

state, either active or repressed (based on the presiding chromatin mark), and commit the
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undifferentiated cell type into a more terminal cell state.

While the bivalency model posits an intuitive explanation for lineage determination, the

initial studies foundational to this model have many caveats that I address within this the-

sis. To understand and draw correlation between histone modifications and transcriptional

activity, the primary methodology to assess modification presence through the genome has

been chromatin immunoprecipitation, (ChIP) (45; 93). In this method, nuclei are isolated,

chromatin is fragmented and incubated with an antibody specific for the modification of

interest (or protein of interest as discussed earlier with TFs) in order to immunoprecipitate

and ultimately identify the genomic regions that harbor your factor of interest. By compar-

ing the abundance of retrieved genomic sequences to a proper control library, one can assess

enrichment for specific regions of the genome and begin making claims denoting occupancy

of your factor/moiety of interest.

Since its development, ChIP has become one of the most utilized methodologies in molec-

ular biology. However, there are many caveats inherent to the methodology that have not

been properly addressed across the field of chromatin biology. First, calculating enrichment

of a genomic locus is a ratiometric readout that is dependent on the sequencing depth of

your input material and abundance of your chromatin mark. This is demonstrated in (94)

where two cell populations can have drastically different levels of the H3K79me2 chromatin

mark yet, with traditional ChIP-seq data analyses, these quantitative differences are not

captured when assessing genomic loci for enrichment. Inherent to the traditional way of

analyzing ChIP-seq, normalization scales of input are not consistent between experiments,

thus rendering quantitative comparison between experiments murky to assert.

These limitations to ChIP-seq pale in comparison to a fundamental oversight within an

essential component of the protocol: antibody specificity. Histone modifications can con-

stitute "minute" changes in chemical composition, an single methyl group differentiating

H3K27 mono versus di versus trimethylation. Utilizing highly specific antibodies that can
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distinguish between these modifications is essential in order to properly attribute organi-

zational and functional outputs to the presence of these marks. It has been shown that

many antibodies that were conventionally used for ChIP-seq experiments investigating the

deposition of H3K4 methylation states, recognized off-target methyl forms which clouded

our interpretation of the coexistence of these marks (95). Additionally, it was shown that

peptide arrays, the "gold standard" for assessing whether antibodies used in ChIP experi-

ments were highly specific, were a poor indicator of actual specificity in this experimental

format.

The Ruthenburg lab has developed internally calibrated chromatin immunoprecipita-

tion (ICeCHIP) to address the limitations of conventional ChIP(96). By generating semi-

synthetic nucleosomes bearing on and off target modifications and spiking in this material at

the start of the ChIP workflow, ICeChIP is capable of assessing antibody specificity as well

as provide a quantitative measure of the abundance of a mark at a given genomic loci. Uti-

lizing this technique, this thesis tests the central aspects of the bivalency model and assesses

its merit wholistically.

1.3 Open questions and this thesis

Thus far, I have described how TFs and histone modifications can balance transcriptional

activation and repression to ensure proper gene expression. Both layers of regulation have

distinct open questions that I investigate within this thesis. Due to the recent elucidation

of the pervasive nature of RNA binding within TFs, delineation of what domains confer

this binding activity, the level of specificity of the interactions, and the overall functional

implications of such binding events are currently unknown. In regards to histone modification

distribution, the chromatin field is still turning a blind eye towards the oversights outlined

above. These practices obfuscate the conclusions we can make regarding bivalent chromatin

and thus require rigorous and quantitative investigation to reach a true understanding of the
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regulatory mechanisms at play. My work provides frameworks for addressing these knowledge

gaps and highlights the intricacies that can be uncovered by fundamental biological research.

In Chapter 2 I set out to understand how RNA binding influences the functionality of

the ubiquitously and constitutively expressed TF, Yin Yang 1. Initially, conflicting pieces of

literature ascribed RNA binding capabilities to different regions of the protein. To delineate

if both or neither conclusions were true, I utilized a bacterial expression system and protein

biochemistry to design, express, and purify full length YY1 and various other truncation and

mutant protein fragments. Using biophysical assays to query nucleic acid binding interactions

and protein secondary structure, I uncover a previously unannotated nucleic acid binding

domain of YY1 as well as intrinsic autoregulatory characteristics for the full length TF that

impact both of the nucleic acid binding domains.

In the third chapter of this thesis, I leverage the quantitative nature of ICeChIP to

probe into the functional implications of bivalent domains. From the development of a

sequential version of ICeChIP, which can quantify the abundance of nucleosomes containing

both H3K4me3 and H3K27me3 chromatin marks, I look into the prevalence and fate of

bivalent domains across a differentiation scheme taking E14 mouse embryonic stem cells to

neuronal precursor cells. With these quantitative insights, we find that the central tenets of

the bivalency model do not hold true for our differentiation path.

From these investigations, it is my hope that this work sheds light on mechanisms gov-

erning the fine line between transcriptional activation and repression. My next hope is that

this work can provide generalizable and applicable insights into TF activity modulation and

the coexistence of chromatin marks distributed throughout the genome for further dissection

of gene regulatory networks.
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CHAPTER 2

THE N-TERMINUS OF YY1 REGULATES DNA AND RNA

BINDING AFFINITY FOR BOTH THE ZINC-FINGERS AND

AN UNEXPECTED NUCLEIC ACID BINDING DOMAIN

2.1 Attributions

This chapter has been adapted from: Elias J. et al. The N-terminus of YY1 regulates

DNA and RNA binding affinity for both the zinc-fingers and an unexpected nucleic acid

binding domain. Preprint at bioRxiv, doi: 10.1101/2024.10.04.616721 (2024). Jane Rosin

and Amanda Keplinger aided in purification of YY1 mutant protein constructs as well as

fluorescence polarization assays presented in Figure S3B, S4, and S5A. All other experiments

were conducted by the author.

2.2 Abstract

Transcription factors (TFs) play central roles in dictating cellular identity and function

by regulating gene expression programs. Beyond their well-folded DNA binding domains

(DBDs) which recognize cognate DNA elements in the genome, TFs are enriched for intrinsi-

cally disordered regions (IDRs), which have a host of proposed functions including facilitating

protein-protein interactions, aiding in binding site search, and binding RNA. Defining in-

trinsic regulatory properties of TFs requires further mechanistic investigation. We chose

to investigate the DNA and RNA binding properties of Yin Yang 1 (YY1), a ubiquitously

expressed TF directly involved in transcriptional activation, repression and genome archi-

tecture. Through systematic in vitro nucleic acid binding experiments we resolve conflicting

literature defining the RNA binding interface of YY1, demonstrating that there are two RNA

binding domains within YY1: its canonical 4 zinc finger DBD and a previously unannotated
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nucleic acid binding domain, which we term the REPO-NAB. Furthermore, we discover sur-

prising autoinhibitory properties that the N-terminus of the protein imparts on each of these

binding domains. Our results provide a new example of IDR-mediated regulation within TFs

and enables future mechanistically precise functional investigations.

2.3 Introduction

Transcription factors (TFs) play a central role in dictating cellular identity (8; 18). Typ-

ically modular in composition, TFs are minimally composed of a DNA-binding domain,

which imparts sequence-specific DNA recognition, and an activation/effector domain, which

interfaces with nuclear protein complexes to recruit or stabilize their local activity (19; 10).

Yet for a given TF, only a fraction of accessible cognate sites in the genome are occupied

(19; 97; 98; 99). Precisely how TFs are localized to subsets of regulatory genetic elements

distributed throughout the genome to define distinct gene expression programs remains un-

clear (99; 100; 101; 75). The prevailing explanation for this disconnect is that there are

additional genomic interfaces, either through DNA, RNA, or co-factor proteins that further

specify localization through multivalent energetics (19; 10; 102; 103; 104; 105; 106). Yet for

most transcription factors, detailed mapping of these interfaces and their specificities is lack-

ing such that the conventional explanation for site-specificity remains untested. To begin to

explicitly test these ideas, we chose to biochemically dissect the nucleic acid binding inter-

face(s) of the constitutively expressed transcription factor Yin Yang 1 (YY1) (30; 107; 37),

and define the intrinsic autoregulatory features within the protein itself. YY1 derives its

name from initial observations describing the TF’s ability to be both a transcriptional ac-

tivator and repressor of the adeno-associated virus P5 (AAVP5) element (30). While this

distinction is attributed to the presence or absence of the E1A cofactor, how YY1 accom-

plishes these diametrically opposed transcriptional activities in other cases has been a matter

of long-standing interest. Context-dependent mechanisms ranging from the ability to inter-
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act with core transcriptional machinery (108), engage in DNA repair (109), recruit histone

modifying complexes (42; 38; 110), and promote through-space contact of cell-type specific

enhancers and promoters (37) have all been attributed to this multifunctional TF.

The canonical DNA binding domain of YY1 consists of 4 C2H2 zinc fingers (ZnFs) (111)

situated at the C-terminal end of the protein (112), while the N-terminal portion harbours

regions of the protein mapped to activation and/or repressive activities annotated by specific

functional studies (30; 107; 108; 42; 38; 110) (Figure 2.1A). In addition to DNA binding,

YY1 is capable of binding RNA (113; 39; 74; 114; 115; 61; 116). However, there is a standing

controversy within the literature regarding the RNA binding interface of YY1 (113; 39;

74) rendering experiments that precisely perturb this interface to ascertain the regulatory

impact fraught. Previous work has postulated that RNA binding plays a role in both YY1’s

homo-dimerization (37), as well as mediating a transcriptional positive feedback loop, where

transcriptional machinery is maintained in the local vicinity of gene regulatory elements

upon proper transcriptional firing (39). Unambiguous delineation of the impact that RNA

binding can have upon YY1 cellular function requires systematic side-by-side comparisons

of nucleic acid affinities of putative RNA binding domains compared to full length YY1, and

such analyses have not yet been performed .

Although YY1 is ubiquitously expressed across human cell types and consistently occu-

pies cell-type specific enhancers and promoters, the dominant factors which play a role in

determining YY1 genomic occupancy have remained elusive. By taking a nucleic acid-centric

perspective and evaluating YY1 binding events from multiple data sets (39; 117; 118), we

observe that the genomic occupancy of YY1 cannot be explained by a combination of its cog-

nate dsDNA binding motifs defined by SELEX nor its possible RNA binding motifs derived

from CLIP-seq (Figure 2.1B). These observations prompted our investigation into previously

unannotated characteristics of the TF.

In this study, we measure the nucleic acid binding capacity of purified YY1 and frag-
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ments thereof using fluorescence polarization. We observe unexpected binding properties for

multiple domains of YY1: (1) YY1’s canonical DNA binding ZnF domain exhibits a nearly

10-fold higher affinity for single stranded RNA than double stranded DNA consensus motifs

and both nucleic acid types share an overlapping interface; (2) YY1’s Recruitment of Poly-

comb (REPO) domain (42) possesses previously unannotated tight binding capacity for both

DNA and RNA with little apparent sequence specificity. (3) The N-terminus of YY1, which

is predicted to be disordered, can inhibit nucleic acid binding to the ZnFs and REPO do-

main, suggesting an autoinhibitory intra/inter-molecular mechanism to provide fine-tuning

of the protein’s activity, and this property seems to account for the weaker apparent affinity

for RNA displayed by the full length YY1 protein than displayed for the individual nucleic

acid binding domains. Our study elucidates a previously unannotated nucleic acid binding

domain of YY1, defines several surprising autoregulatory features intrinsic to the protein

which will enable functional tests of their properties in vivo, and provides a template for

further mechanistic dissection of transcription factors.
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Figure 2.1: YY1 is a multi-functional transcription factor that adheres to the transcription
factor occupancy paradox. (A) Schematic of YY1, highlighting domains and key functional
features. (B) Venn diagram showing the overlap of murine YY1 ChIP-seq sites (118), cognate
DNA binding sites (JASPAR, MA0095.4), and RNA sequence motifs (39), all within ATAC
accessible loci (117)
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2.4 Material and Methods

2.4.1 Cloning and purification of YY1 constructs

YY1 protein was purified using a method modified from (113). Briefly, a plasmid containing

full length YY1 was a gift from Richard Young (Addgene plasmid # 104396;

http://n2t.net/addgene:104396; RRID:Addgene_104396) and the full length protein se-

quence was inserted into a modified pGEX-6P vector using BamHI/XhoI restriction enzyme

sites. All proteins were expressed as R3C-cleavable N-terminal fusions with glutathione-S-

transferase (GST). Truncation mutants were generated using QuickChange and HiFi method-

ologies according to manufacturer’s guidelines, with oligonucleotides described in Supple-

mental Table 1. Protein expression constructs were transformed into Rosetta 2 (DE3) pLysS

competent cells and grown in 1L LB cultures containing 34 µg/mL chloramphenicol and 100

µg/mL carbenicillin at 37°C until an optical density at 600 nm (OD600nm) measured ~0.6.

Upon reaching this OD600nm cultures were cooled to 25°C then induced with 1 mM isopropyl-

β-D thiogalactopyranoside (IPTG) and supplemented to 50 µM ZnSO4, then shaken at 25°C

for 18 hours. Cultures were then harvested by centrifugation in a Thermo Sorvall RC 3BP+

at 4000g for 25 min at 4°C, and resuspended in 50 mLs of Buffer A (20 mM Tris·HCL pH =

8.0, 100 mM NaCl, 5% glycerol) supplemented with 5 mM β-mercaptoethanol, 2 mM dithio-

threitol (DTT), 1 mM phenylmethylsulfonyl fluoride (PMSF), and 1250 U of Benzonase (Mil-

lipore, 71205-3). Lysis was accomplished via 4 passages through an American Laboratories

French Pressure cell, then clarified by centrifugation on a Sorvall 3B+ at 25,000g for 25 min

at 4°C. All proteins were purified to homogeneity by the sequence of Glutathione Sepharose

4FF (GE Healthcare, 25 mL bed in XJ-50 column) and Heparin HiTrap (GE Healthcare, 5

mL) chromatography, followed by anion/cation exchange chromatography dependent on the

isoelectric point of the respective construct. All protein purification workflows are depicted

in (Figure 2.2). HRV-3C protease was utilized to cleave the GST tag after the initial GST
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column. The size and purity of purified proteins were monitored by SDS-PAGE and protein

concentrations were determined by the RC DC Protein Assay (Bio-Rad, 5000122).
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Figure 2.2: Purification schemes for full length YY1 and mutant constructs.
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Figure 2.2 (previous page): Depicted are the step-wise approaches for purification of protein
constructs utilized within this paper. Expected MWs (kDa) of each construct is reported
above each respective SDS-PAGE gel, which showcase the final purity of the protein purified
and utilized in subsequent assays. We note that the N-terminus purification yields a protein
that migrates at an elevated MW than anticipated and attribute this deviation to the inherent
anomalous SDS-PAGE migration of full length YY1 (30) as well as previously observed
peculiar migration of the N-terminus (119)

2.4.2 Fluorescence polarization

We used 5’ FAM labeled oligonucleotides as the binding substrates in our fluorescence po-

larization (FP) assays (sequences are listed in Supplemental Table 1). The RNA and DNA

oligonucleotides were resuspended in minimal YY1 binding buffer (10 mM HEPES·KOH [pH

= 7.3], 50 mM NaCl, 50 mM KCl, 5 mM MgCl2). Duplex DNA substrates were annealed

by heating 1.1:1 molar ratio of unlabeled:fluorescently labeled ssDNA oligonucleotides in 1x

NATE buffer (50 mM NaCl, 10 mM Tris·HCl [pH = 7.5], 1 mM EDTA) to 95°C followed

by slow cooling to room temperature. Purified proteins were dialyzed into YY1 Binding

Buffer (10 mM HEPES·KOH [pH = 7.3], 50 mM NaCl, 50 mM KCl, 5 mM MgCl2, 100

µM ZnSO4, 0.01% NP-40), quantified, and nucleic acid substrates were added, to a final

concentration of either 10 or 20 nM, to the highest protein concentration within the experi-

ment. This protein-nucleic acid solution was then serially diluted with YY1 binding buffer

containing the same concentration of nucleic acid, to a final protein concentration of 10

nM. Concentration ranges are stated within the figure legends for each binding experiment.

The reaction volumes for each serial dilution were 165 µL, and this reaction was split into

three 50 µL technical replicates within black, nonbinding surface 384 well plates (Corning

CLS3575). Fluorescence anisotropy was measured by a TECAN Infinite 200 Pro using exci-

tation/emission wavelengths of 485 nm/535 nm with excitation/emission bandwidths of 25

nm/35 nm at 25°C. YY1 binding buffer was used as a blank and G-factor calibration was

performed on YY1 binding buffer containing the proper concentration of labeled nucleic acid
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to produce a fluorescence polarization reading of 20 mP. Anisotropy values were calculated

using the following equation:

A =
Ipar − Icross

Ipar + 2 ∗ Icross

where Ipar and Icross represent parallel and perpendicular intensities, respectively.

Anisotropy data was then analysed in R, normalized, and fit to nonlinear regressions derived

from the Langmuir equation and the Hill equation.

Langmuir:

y =
x

x+Kd

Hill:

y =
xn

xn +Kd
n

y is the anisotropy measurement, x is the concentration of purified protein, and the parame-

ters we are fitting for are K d , the dissociation constant, and n, the Hill coefficient. The error

in the fit is reported as uncertainty and all reported K d values have correlation coefficients

≥ 0.9. We chose to present the Langmuir K d values as the binding is anticipated to be

monovalent based on substrate design.

2.4.3 Circular dichroism

Circular dichroism spectra were recorded on a Jasco J-1500 CD Spectrometer equipped with

a thermoelectrically controlled cell holder using a quartz cell with a 1.0 mm optical path

length. Purified proteins at 0.05 mg/mL were dialyzed into 10 mM Phosphate buffer pH =

7.3 with 150 mM NaCl and scanned between wavelengths from 170 to 260 nm at 25°C. The

molar ellipticity from three scans were averaged to provide the final curves presented. For the

melt curve analysis, the REPO-NAB protein was continuously scanned over a temperature

range from 25°C to 98°C increasing at a rate of 0.1°C/min.
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2.4.4 RoseTTAFold and AlphaFold3 structural predictions

YY1’s full amino acid sequence was submitted to RoseTTAFold and AlphaFold3 with default

parameters.

2.4.5 Computational analyses of YY1 genomic binding sites

Data from previous studies (39; 118; 117) and ENCODE were used to generate the Venn

diagram depicting YY1’s adherence to the transcription factor binding paradox. HOMER

was used to identify the top CLIP-seq motifs for YY1 by using the command findMotif-

sGenome.pl with the following parameters: -size 100 bp -rna -noknown -nocheck -len 12,18,

25, 30 -mis = 3 -bg BirA_BothStrands_CTRL_CLIP with this file representing background

CLIP-seq reads from a BirA pulldown from a cell line with untagged YY1. CompareMotifs.pl

was then used to reach a final list of 22 motifs in which the top 6, which represented 1̃0% of

YY1 CLIP-seq binding sites, were used for further analysis. Two of these sequences are used

within the project as “Bioinformatically Derived Sequence 1 and 2” (Figure 2.3 B). Next, we

used the JASPAR web database (MA0095.4) to identify genome wide YY1 cognate binding

motifs within mm10 and JM8.N4 mESC YY1 CHIP-seq data was obtained (118). Finally,

we utilized ENCODE E14.5 ATAC data (117) to identify accessible regions of the mouse

genome. We intersected all three previously mentioned datasets with this ATAC dataset to

selectively choose motifs and binding sites that are within E14.5 mESC accessible regions.

After these initial intersections, we used bedtools -intersect to identify overlapping regions

across the datasets and plotted the number of overlapping regions in R using eulerR.
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Figure 2.3: Full length YY1 and the ZnF module exhibit characteristic specific activities.
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Figure 2.3 (previous page): (A) Full length YY1 fluorescence polarization assays against
the YY1 consensus dsDNA sequence and the Rpl30 dsDNA promoter. Error bars represent
standard deviation from three technical replicates and the nonlinear regression fits of both
Langmuir (blue) and Hill (green) equations are depicted for each graph. Langmuir observed
K d measurements are reported below each binding curve, as well as Hill observed K d and the
Hill coefficient (n). Full length YY1 concentration range: 10 nM – 1.5 µM. (B) Fluorescence
polarization assays utilizing the ZnFs against two bioinformatically derived ssRNA sequences
from Sigova et al. (39) CLIP-seq data. The methodology to identify these sequences is
outlined in the Methods section “Computational analyses of YY1 genomic binding sites”.
Error bars represent standard deviation from three technical replicates and the nonlinear
regression fits of both Langmuir (blue) and Hill (green) equations are depicted for each
graph. Langmuir observed K d measurements are reported below each binding curve, as well
as Hill observed K d and the Hill coefficient (n).

2.5 Results

2.5.1 The canonical DNA binding domain of YY1 has a higher affinity for

ssRNA than dsDNA

To understand the nucleic acid binding properties of YY1 and reconcile the divergent re-

ports of which regions of the protein are responsible for RNA binding activity (113; 39), we

designed, expressed, and purified YY1 fragments, then utilized them in quantitative fluo-

rescence polarization assays with a panel of model nucleic acid binding partners. Although

denaturing preparations of the protein have been widely used in the past (30; 112; 39; 120) we

were concerned that specific activity variation from the refolding process could compromise

the strength of conclusions that could be drawn (including incomplete binding saturation

in affinity assays). To avoid these potential complications, we chose native purification con-

ditions for full length and fragments of YY1 (Figure 2.2 ); only modest activity variation

amongst preparations and complete saturation in binding affirmed consistent and high spe-

cific activity. Our panel of nucleic acid substrates (Figure 2.5 A) spans the range of strong

to weak binding interactions for YY1 reported in the literature (112; 39; 121). For cognate

dsDNA reported to have tight binding, we screened the YY1 consensus sequence defined by
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SELEX (122), as well as the AAVP5 element which was co-crystallized with the sole known

DNA binding domain of YY1 (112; 120), its 4 C-terminal C2H2 zinc finger (ZnF module)

(Figure 2.1). As a further comparison point, we employed a mutated variant of a 30-bp

duplex element from the Rpl30 promoter, one of the many essential genes regulated by YY1

(37; 123). Rpl30 ’s promoter contains a consensus sequence identical to that defined by SE-

LEX, and it has been previously shown that scrambling the YY1 binding site within this

promoter dramatically erodes YY1 affinity (39). As the unmutated Rpl30 duplex displayed

binding affinity slightly tighter than the SELEX consensus sequence for full length YY1 (Fig-

ure 2.3 A, Figure 2.4 A), we present only the Rpl30 scrambled mutant data in Figure 2.5.

Both CLIP-seq (39) and CLAP-seq (124) indicate that there is little RNA-sequence motif

selectivity in living cells, and prior in vitro qualitative studies detected little apparent speci-

ficity (113), apart from a bias for U- over C-rich sequences (39; 114). To sample sequence,

structure, and a small range of lengths, we assembled a panel of RNA oligonucleotides to

probe YY1 RNA-binding affinity. For most YY1 constructs, we relied on the previously

described ARID1A RNA species as a positive control for RNA binding (39; 125) and as a

putative negative control, we chose an RNA devoid of secondary structure and monotonic

in sequence, polyuridine (24U), but other RNA oligonucleotides were screened with some

protein fragments (Figure 2.3 B, Figure 2.6).
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Figure 2.4: Purified full length YY1 exhibits characteristic binding behaviours to our full
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Figure 2.4 (previous page): (A) Fluorescence polarization assays against our panel of nu-
cleic acids. Error bars represent standard deviation from three technical replicates and the
nonlinear regression fits of both Langmuir (blue) and Hill (green) equations are depicted for
each graph. Langmuir observed K d measurements are reported below each binding curve,
as well as Hill observed K d and the Hill coefficient (n). Concentration ranges are available
within the supplementary datasets uploaded to Zenodo.
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Figure 2.5 (previous page): (A) 5’ FAM labeled nucleic acid panel used in fluorescence
polarization assays. ssRNAs are depicted as their predicted RNA structure when input
into RNAfold (126) with default parameters. (B) Plot of the measured binding affinities
(observed Langmuir monovalent binding isotherm K d ) of full length YY1 and its 4 C2H2
zinc fingers (ZnFs, AA 293-414) for our panel of nucleic acids. Error reported represent the
standard error within the fit. (Right) Table with numeric values for measured K d values.
(C) Fluorescence polarization binding curves comparing WT ZnFs to the ZF3 mutant (AA
365-369 to alanine) for our panel of nucleic acids. Error bars represent the standard deviation
from 3 technical replicates, for clarity, only the Hill-equation fits are presented.
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Figure 2.6: YY1’s ZnF module displays little sequence, length, or secondary structure speci-
ficity in binding ssRNA.
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Figure 2.6 (previous page): (A) Fluorescence polarization binding curves utilizing YY1’s
ZnF module and a truncation series of ARID1A ssRNAs. The initial ARID1A ssRNA (top
left) is the 30-nt nucleic acid substrate consistently used within our work, and subsequent
truncations remove 2 nucleotides from both the 5’ and 3’ ends of the previous ssRNA,
rendering shorter ssRNA molecules of lengths 26, 22, 18, and 14 nt. Error bars represent
standard deviation from three technical replicates and the nonlinear regression fits of both
Langmuir (blue) and Hill (green) equations are depicted for each graph. Langmuir observed
K d measurements are reported below each binding curve, as well as Hill observed K d and the
Hill coefficient (n). (B) Fluorescence polarization binding curves utilizing YY1’s ZnF module
and ssRNA species derived from their respective dsDNA substrates i.e. these ssRNAs are the
transcriptional products of the AAVP5 dsDNA promoter and the Rpl30 dsDNA promoter.
Error bars represent standard deviation from three technical replicates and the nonlinear
regression fits of both Langmuir (blue) and Hill (green) equations are depicted for each
graph. Langmuir observed K d measurements are reported below each binding curve, as well
as Hill observed K d and the Hill coefficient (n).

Purified full-length YY1 demonstrated expected binding affinities for our panel of nucleic

acids (Figure 2.5A and B, Figure 2.4), in excellent accordance with previously observed K d

values (39; 120; 127), and overall displayed higher affinity for dsDNA substrates compared to

ssRNA substrates. We then purified and assayed the ZnF module of YY1 against our panel of

nucleic acids. Although it has been previously reported that the zinc fingers of YY1 can non-

specifically bind RNA (113) we were surprised to discover the strength of these interactions

exceeded the affinities for dsDNA substrates within our panel by several-fold (Figure 2.5 B).

Direct comparisons of ssRNAs with the sequence and length corresponding to the transcribed

products of various DNA template strands within our panel, also demonstrated several-fold

higher affinity (Figure 2.6 B), excluding sequence- and length- effects as possible explanations

for tighter RNA binding. Consistent with previous observations (113; 39) the ZnF module

displayed little sequence- or length- specificity (Figure 2.6 A) for RNA, nor any apparent

preference for the RNA’s capacity to adopt stable structure (Figure 2.5 A, B, 2.3 B, and

2.6). We note that prior measurements did not perform direct comparisons of DNA and

RNA binding of the ZnF module to the full-length YY1 protein, underscoring the value of

our systematic comparisons to reveal potentially important differences.
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The capacity of YY1 to bind both DNA and RNA raises the question of whether both

nucleic acids bind a similar interface within the ZnF module. Others have noted competitive

binding of RNA and dsDNA with the ZnF module (113) and full length YY1 (114; 115), but

the details of this interface on the protein side remain obscure. To further probe whether

DNA and RNA bind an overlapping interface, we mutated residues S365-N369 to alanine,

targeting residues in ZnF3 that participate in both specific base and nonspecific phosphate

backbone interactions with the central CATT motif of the consensus sequence (112)(25),

while preserving cysteine and histidine residues requisite for C2H2 zinc finger folding. As

anticipated, these mutations ablated apparent dsDNA binding (Figure 2.5 C), yet they also

dramatically attenuated ssRNA binding (Figure 2.5 C) supporting the hypothesis that both

types of nucleic acids may compete for the same interface within the ZnFs. We note that

the complete ablation of dsDNA affinity by this pentamutant is distinct from the severe, but

still detectable, erosion of RNA affinity, suggesting overlapping, but non-identical interfaces

within the zinc finger module for DNA and RNA binding. Consonant with this interpretation,

a previous NMR titration of ssRNA suggested that ZnF1-2 account for most of the RNA-

binding chemical shift perturbation (113), and while there is some overlap with sidechains

involved in DNA binding in these first two fingers (112), there are seemingly distinct surfaces

involved in RNA binding within the ZnF module.

Intriguingly, while our DNA binding affinity measurements for the ZnF module are similar

to those previously observed (39; 120; 127) (AAVP5 dsDNA K d measurements range from

0.47 ± 0.05 µM (120) to 0.58 ± 0.04 µM (127), as compared to our value of 0.18 ± 0.03 µM),

we find the RNA-binding affinity of full-length YY1 protein is an order of magnitude lower

than that of its C-terminal ZnF-module. This suggests the remaining portion of the protein

may in some way interfere with this domain’s intrinsic RNA-binding properties.
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2.5.2 The conserved REPO domain of YY1 binds nucleic acids when

isolated from the rest of the N-terminal domain’s repression

We sought to further biochemically dissect the regions of the protein N-terminal to the

ZnFs in order to delineate binding activity modulation properties and/or other potential

nucleic acid binding domains. We approached the design of our first N-terminal protein

construct by simply dividing YY1 into two fragments: the ZnF module (Figure 2.5), and the

remaining N-terminal portion of the protein (amino acids 1-297) (Figure 2.7 A, N-terminus).

Previously Sigova et al. attributed RNA binding to this identical region of YY1 (39), which

is consistent with previously noted flexible, nonspecific, electrostatically-driven interactions

that IDRs can partake in (128; 129). This hypothesis is further supported by the presence of

two RNA-binding arginine rich motifs (ARMs) within the N-terminus; an amino acid motif

that has been proposed to be a general feature of TFs that bind RNA to promote their

proper genomic localization (74). Yet after purifying and assaying the binding capacity of

this N-terminal fragment of YY1, we were surprised to observe that this protein fragment

had little apparent affinity for our panel of nucleic acids (Figure 2.7 B).
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Figure 2.7: YY1’s N-terminus (AA 1-297) does not bind nucleic acids.
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Figure 2.7 (previous page): (A) YY1 domain structure map. (Top) IUPRED3 disorder
prediction spanning YY1. (Middle) RNA Binding Region (RBR)-ID score (46) displaying the
amino acid residues significantly cross-linked to nuclear RNA within E14 mESCs. (Bottom)
Protein constructs that have been purified and assayed in this figure. (B) Fluorescence
polarization binding experiments for the indicated protein constructs and nucleic acids. Error
bars represent standard deviation across three technical replicates.

To reconcile the absence of apparent nucleic acid binding by the N-terminus with the

prior study that noted weak binding (39), we sought additional pieces of evidence that could

aid the design of further subdivisions of the N-terminus. RBR-ID mass spectrometry data

(73) suggests a region of the N-terminus roughly corresponding to the REPO domain of YY1

is significantly crosslinked to nuclear RNA within mouse embryonic stem cells (Figure 2.8

A). The REPO domain has been shown to be both necessary and sufficient for recruitment of

Polycomb group proteins to DNA, resulting in transcriptional silencing at loci of recruitment

(42) and is highly conserved at the sequence level (82% identity) to the Drosophila homolog

of YY1, PHO. With this information, we expressed and purified a protein construct with 20

amino acids flanking the two main RBR-ID peaks (Figure 2.8 A, REPO-NAB, AA 164-301)

and assessed whether it could bind our panel of nucleic acids. Surprisingly, we observed

both DNA and RNA binding capacity, leading us to call this fragment the REPO-NAB

for its nucleic acid binding (Figure 2.8 B). REPO-NAB DNA binding was unanticipated,

as this region of the protein lacks homology to DNA-binding folds and the only annotated

DNA-binding portion of the protein is the C-terminal four C2H2 ZnF module.

42



Gln 207

Gln 209

YY1-REPO:MBTD

0.0

0.5

1.0

1.5

2.0

La
ng

m
ui

r K
d (

µM
)

Full length YY1 REPO-NAB

ssRNAdsDNAssRNAdsDNA

AAVP5 Element

dsDNA 

Mut Rpl30 promoter

YY1 Consensus
24U
ARID1A

ssRNA

WT REPO-NAB 3Q→A Mutant REPO-NAB

Gln 211

20

10

-20

-10

0

CD (mdeg)

temperature (°C)
24

40
50

60
70

80
90

97.99

wavelength (nm)

180
200

220
240

260

-20

20

A

C

B

D

di
so

rd
er

sc
or

e
R

B
R

-ID
sc

or
e

100 200 300 400

0.5

1

0

Residue

2
4
6

0
1

ZnFs

REPO-NAB

pr
ot

ei
n 

fra
gm

en
t

Full length

N-terminus

1 2 3 4
ZnFsRBR-ID

REPO

(E/D)11 H11

E

[Protein Concentration] (µM) 

24 U
ssRNA

FAM

U
U

U
U
U
U
U

U
U U U U U U

U
U
U
U
U

U
U

UUU

40

80

120

160

0.010 0.10 1.0 10

CTCCATTTT

AAVP5
dsDNA

FAM

50

100

0.010 0.10 1.0 10

ARID1A
ssRNA

FAM

CUCU
U

C
U
C
U

C
U U A A A

A
U
G G C

U G
C

CU
GUC

U
G

0

50

100

150

0.010 0.10 1.0 10

A
ni

so
tro

py

YY1 consensus
dsDNA

FAM

CGCCATCTT

0

50

100

150

200

0.010 0.10 1.0 10

Figure 2.8: The REPO-NAB domain of YY1 maintains secondary structure in isolation and
can bind nucleic acids.
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Figure 2.8 (previous page): (A) YY1 domain structure map displaying the spans of YY1
protein constructs used, including the REPO-NAB (AA 164-301; spanning two RBR-ID
peaks with 20 amino acid cushion). (Top) IUPRED3 disorder prediction spanning YY1.
(Middle) RNA Binding Region (RBR)-ID score (73) displaying the amino acid residues
significantly cross-linked to nuclear RNA within E14 mESCs. (Bottom) Protein constructs
that have been purified and assayed in this figure as compared to those presented in Figure 3.
(B) Langmuir K d plot displaying the measured binding affinities of full length YY1 and the
REPO-NAB fragment for our panel of nucleic acids. Error bars represent the standard error
of the fit. (C) YY1-REPO:MBTD crystal structure (PDB: 4C5I) (130). (Inset) Zoom in of
the YY1:MBTD protein-protein interface with Glutamines 207, 209, and 211 depicted in red.
(D) Temperature dependent circular dichroism of purified REPO-NAB domain indicative of
β-sheet character. (E) Fluorescence polarization binding curves comparing WT REPO-NAB
domain (red) to the 3Q→A Mutant (Q207A, Q209A, and Q211A) REPO-NAB domain (blue)
for the indicated nucleic acid substrates. Error bars represent standard deviation across three
technical replicates, for clarity, only the Hill-equation fits are presented, Langmuir fits are
available in (Figure 2.9 A).
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Figure 2.9: The REPO-NAB domain binds nucleic acids and maintains its β-sheet character
in isolation.
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Figure 2.9 (previous page): (A) Fluorescence polarization assays against our panel of nu-
cleic acids. Error bars represent standard deviation from three technical replicates and the
nonlinear regression fits of both Langmuir (blue) and Hill (red) equations are depicted for
each graph. Langmuir observed K d measurements are reported below each binding curve,
as well as Hill observed K d and the Hill coefficient (n). Concentration ranges are avail-
able within the supplementary datasets uploaded to Zenodo. (B) CD spectroscopy of WT
REPO-NAB and the 3Q→A mutant demonstrating both adopt similar β-sheet rich folds at
room temperature. Note that the concentration of the 3Q→A mutant is somewhat higher.

The specificity properties of the REPO-NAB are intriguing: although there is little ap-

parent specificity amongst our panel of RNA species, the DNA-binding selectivity is quite

distinct from the ZnF module and the full protein. While the REPO-NAB and full length

YY1 display similar affinity for the SELEX consensus motif, the AAVP5 sequence is bound

>5 fold more weakly by the REPO-NAB (Figure 2.8 B). The REPO-NAB construct displays

a several fold-higher affinity for the mutated Rpl30 dsDNA promoter element (0.30 ± 0.03

µM), whereas 0.8 ± 0.1 µM for both the full-length protein and the ZnFs (Figure 2.8 B).

Collectively these data suggest that the full-length protein suppresses these apparent DNA

binding preferences of the REPO-NAB in addition to RNA-binding inhibition.

Although the REPO-NAB is predicted to be intrinsically disordered by IUPRED (131)

(Figure 2.8 A), the apparent selectivity of its DNA-binding suggest some degree of structure.

We noted that when generating de novo structural models of YY1, RoseTTAFold (132) and

AlphaFold3 (133) consistently predicts that the REPO domain of YY1 maintains its anti-

parallel β-sheet character within the overall structure of the protein. This is consistent with

(and likely informed by) a previous crystal structure of the human YY1 REPO domain in

complex with the 4MBT domain of human MBTD1, homologous to the Drosophila PhoRC-

polycomb repressive complex (130) (Figure 2.8 C). However, it is unknown whether the

REPO domain maintains this anti-parallel β-sheet character in isolation. To address this,

we performed circular dichroism with biochemically purified REPO-NAB and observed that

the anti-parallel β-sheet character of this domain is maintained in isolation although the
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melting transition is not sharply defined (Figure 2.8 D). Similar β-sheet character, previously

noted for the full N-terminus (134), is at least in part attributable to the REBO-NAB. We

noted that three glutamines (Q207, Q209, and Q211) were not involved in the YY1:MBTD1

interface and therefore could play a role in the REPO domain’s nucleic acid binding (Figure

2.8 C), given the propensity for glutamines to engage in nucleic acid-recognition (135; 136;

137; 138). Mutating each of these three residues to alanine, we achieved a partial separation-

of-function mutant without impacting the β-character (Figure 2.9 B): dsDNA binding was

ablated, whereas RNA binding attenuated within our focused panel of nucleic acids (Figure

2.8 E).

2.5.3 Defining the autoinhibitory function of YY1’s N-terminus

A possible explanation for the distinct nucleic acid binding preferences of the REPO-NAB

and ZnF module, relative to the full-length protein, is that the N-terminus of YY1 could

regulate them. From our binding assays with the N-terminus (AA 1-297, Figure 2.7) and

REPO-NAB (AA 164-301, Figure 2.8), we can conclude that when the REPO-NAB is cova-

lently linked to the rest of the N-terminus it becomes inhibited from binding any nucleic acid

species within our panel. Similarly, the ZnF module’s RNA binding capacity is reduced in

the context of the full protein (Figure 2.5 B). To test this hypothesis directly, we performed

fluorescence polarization competition experiments assaying the affinity of the ZnFs for the

ARID1A RNA and the YY1 consensus dsDNA sequence in both the presence and absence

of purified N-terminus (Figure 2.10 A and B). For both nucleic acid types we observed de-

creased binding with the addition of the N-terminus as a function of its concentration. As the

N-terminus does not display any detectable nucleic acid binding in the concentration regime

(Figure 2.7 B), these observations lead us to believe that the N-terminus can inhibit nucleic

acid binding of the ZnFs in trans i.e., not covalently bound to the ZnFs. While Figure 2.10

A is consistent with the apparent cis-attenuation of RNA-binding of this protein region in
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the context of the full-length protein (compared to ZnF module alone), the trans inhibition

of DNA binding by the N-terminus is unexpected (Figure 2.10 B), as these properties did

not markedly differ between full length YY1 and the ZnF fragment.
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Figure 2.10 (previous page): (A and B) Fluorescence polarization competition experiments.
The indicated amounts of purified N-terminus were added in trans to a ZnFs titration of
each of the representative nucleic acid substrates indicated. Error bars represent standard
deviation across three technical replicates.

We hypothesized that intramolecular inhibition could occur via charge complementarity

between nucleic acid binding domains and a stretch of negatively charged amino acids (E/D)

within the N-terminal domain of YY1. A portion of YY1’s “core IDR” (cIDR) contains a

consecutive stretch of 11 acidic amino acids (AA E43-D53) that are fully conserved across

metazoans and have recently been shown to be a component of the cIDR which is both

necessary and sufficient to drive phase separation of YY1 in both in vitro and cell-based

assays (139). This stretch of negative amino acids has also been hypothesized to aid in

YY1’s genomic target search by autoinhibition of spurious nucleic acid binding (140). Upon

generating an N-terminus construct with these 11 residues (E43-D53) mutated to alanine

(Figure 2.11A), we observed that this mutant, like the wild type N-terminus could not bind

our panel of nucleic acids (Figure 2.11 B). Although the REPO-NAB domain is not sensitive

to regulation by the E/D patch in cis, we sought to perform similar trans complementation

experiments with the ZnF module and the N-terminus bearing the E/D patch mutation.

In this context as well, there was also little difference between the N-terminus and the

mutant—both similarly impaired RNA binding of the zinc fingers in trans (Figure 2.11 C).

Collectively these experiments suggest that rather than localized to a single cluster of the

11 E/D residues that we targeted, the nature of inhibition may be more complex. Charge

complementarity-based regulation, if it indeed exists, must be dispersed across the IDR. This

E/D cluster accounts for only 11 of the 38 acidic residues in this region of the protein and

similar delocalized properties have been noted in other cases (97; 98; 101).
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Figure 2.11: The acidic stretch (AA 43-53) of YY1’s N-terminus is dispensable for N-terminus
mediated autoregulation of ZnF nucleic acid binding.
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Figure 2.11 (previous page): (A) Single letter amino acid representation of both the wildtype
(WT) and negative patch mutant of the “core Intrinsically Disordered Region (IDR)” (56)
in YY1’s N-terminus. (B) Fluorescence polarization binding experiments for the indicated
protein constructs and nucleic acids. Error bars represent standard deviation across three
technical replicates. (C) Fluorescence polarization competition experiments. (Left) Compe-
tition experiment from figure 5A, highlighting the highest concentration of WT N-terminus
inhibiting ZnF nucleic acid binding. (Right) The indicated amounts of purified negative
stretch mutant N-terminus were added in trans to purified ZnFs and binding to the rep-
resentative nucleic acid substrates was measured. Error bars represent standard deviation
across three technical replicates.

To further investigate this inhibition, we sought to purify a truncated N-terminus lacking

the REPO-NAB domain (Figure 2.12A, AA 1-163) and assess its inhibitory properties. This

fragment displayed several orders of magnitude weaker binding to nucleic acids (Figure 2.12

B)— although it was not as binding deficient as the full N-terminus construct, we were

unable to measure dissociation constants for any of the nucleic acid species within our panel.

Since we observed close to no change in anisotropy for the disordered N-terminus in the

concentration range in which the ZnF module reaches saturation with our panel of nucleic

acids (0 – 2 µM), we decided to stage competition experiments in order to assess whether the

disordered N-terminus could regulate nucleic acid binding. We observed little to no inhibition

of binding of either nucleic acid type when we added the disordered N-terminus in trans to

the ZnFs at concentrations below (Figure 2.12 C,D), but approaching regimes where this

module itself could directly bind (Figure 2.12 B). Considering the discrepancy between the

affinities the ZnF module and full length YY1 exhibit for RNA binding, these observations

suggests that direct linkage of the REPO-NAB is necessary to orient the N-terminus to

inhibit RNA-binding of the ZnF module.
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Figure 2.12: YY1’s N-terminal IDR (N-terminus ∆REPO) has little nucleic acid binding
capacity and does not inhibit ZnF nucleic acid binding.
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Figure 2.12 (previous page): (A) (Top) YY1 domain map. EMBOSS net charge for 5
amino acid sliding window, with the only two regions highlighted that are basic patches not
in the ZnF module as preciously defined (5 or more consecutive resides that have K/R repre-
sented at a frequency >0.5, also termed “ARM-like” motifs (74). (Upper Middle) IUPRED3
disorder prediction spanning YY1. (Lower Middle) RNA Binding Region (RBR)-ID score
(73) displaying the amino acid residues significantly cross-linked to nuclear RNA within
E14 mESCs. (Bottom) Domain structure and pertinent protein constructs that have been
purified and assayed. (B) Fluorescence polarization binding experiments for the indicated
protein constructs and nucleic acids. Error bars represent standard deviation across three
technical replicates. (C) and (D) Fluorescence polarization competition experiments. The
indicated amounts of purified ∆REPO N-terminus were added in trans to purified ZnFs and
binding to the representative nucleic acid substrates was measured. Error bars represent
standard deviation across three technical replicates.

2.6 Discussion

2.6.1 Summary

In this work, we systematically interrogate the nucleic acid-binding domain structure, and

intrinsic regulation thereof, by other portions of YY1, revealing a surprisingly complex archi-

tecture of autoregulatory logic in the absence of additional co-factors. First, we address the

controversy regarding which portions of the YY1 protein are responsible for RNA-binding

via systematic side-by-side equilibrium binding studies, whose quantitative nature proved

essential to our proposed resolution. Semi-quantitative measurements have been used to

suggest that the N-terminus of the protein, but not the C-terminal ZnF module, bears weak

RNA-binding capacity relative to the full-length protein (39). Whereas more quantitative

examinations of the C-terminal ZnFs in isolation, absent data presented for the full pro-

tein (113) or the N-terminal portion (113), argue that this module harbours RNA binding

capacity thought to be important for function, without clear exclusion of the N-terminus

contributions. Consonant with the latter two papers, we find that indeed the C-terminal

ZnF module has both DNA- and RNA- binding capacity, but to our surprise, the RNA bind-

ing affinity of the ZnF module in isolation exhibits an order of magnitude tighter binding
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than what we observed with the full-length protein, under identical conditions, whereas the

dsDNA affinities are quite similar for both (Figure 2.5 B). We detect no RNA affinity for an

identical N-terminal fragment of the protein at a concentration regime more than an order of

magnitude higher than where Sigova and colleagues detected weak N-terminal binding (39)

(Figure 2.7 B). Remarkably, dissection of the N-terminal domain into the N-terminal IDR

(AA 1-163) and the REPO-NAB (AA 164-301) reveals the latter’s marked affinity for RNA

(as well as DNA) (Figure 2.8 B) is seemingly suppressed by the former (Figure 2.7 B). It is

possible that in the prior work (39), proteolytic fragments bearing the REPO-NAB separate

from the N-terminal IDR are present in the preparation of the N-terminal fragment which

could account for apparent binding by EMSA and is consistent with the complex pattern

of shifted bands observed. Our data suggests both seemingly divergent prior RNA-binding

attributions to be true in the sense that there are regions in both fragments that have RNA-

binding capacity, and in so doing, we reveal a potent RNA-binding inhibitory property of

the N-terminal IDR. This inhibitory property of the N-terminus is not limited to the REPO-

NAB– we have discovered a similar regulatory mechanism the N-terminus imposes upon the

ZnF module as well. Although our study is limited to the scope of nucleic acid species

surveyed and by the in vitro nature of our quantitative assays, these observations of the

protein’s intrinsic properties may provide insight into the highly context-dependent nature

of YY1’s activities in vivo.

2.6.2 The interfaces of RNA and DNA binding overlap in both nucleic acid

binding domains.

With recent work shedding light on the capacity of TFs to bind both duplex DNA and RNA

(74; 78; 76; 77), inquiry into the mechanisms and functional consequences of these properties

are of great interest. We and others (37; 113; 39; 74; 114), have investigated whether dsDNA

and ssRNA compete for a similar binding interface within full length YY1. In the most
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mechanistically detailed prior study, Wai and colleagues (113) used 15N-heteronuclear single-

quantum-coherence (15N-HSQC) NMR experiments to identify amino acid residues in the

ZnF module that engaged in RNA binding, finding the bulk of RNA interactions localized

to ZnF1 and ZnF2 (113). Although a number of residues that displayed significant chemical

shift perturbations in the presence of RNA are involved in dsDNA contacts in the YY1

ZnF module crystal structure (112), the authors noted a contiguous surface of amino acids

within ZnF2 (V324, H325, V326, L340, Q344) that was completely distinct from the dsDNA

binding interface (113). Mutagenesis of these amino acids to alanine diminished apparent

binding to RNA by at least an order of magnitude (113), consistent with this unique interface

representing an energetically consequential portion of the RNA-binding capacity. However,

retention of DNA-binding affinity of this pentamutant was not evaluated, so it remains

uncertain whether it represents a bona fide separation of function mutant.

In an attempt to design the converse separation of function mutation, wherein DNA-

binding affinity of the ZnF module was selectively perturbed with minimal RNA-impact,

we targeted amino acids in a different segment of the ZnF module (AA 365-369, ZnF3,

Figure 2.5 C). This mutant indeed displays no measurable DNA binding activity and its

RNA-binding was severely attenuated, but still detectable (Figure 2.5 C). This impact on

RNA-binding was unexpected, as these residues, and ZnF3, overall exhibit minimal chemical

shift perturbations in the presence of RNA (113). One possible explanation for this apparent

disparity in the importance of the ZnF3 for RNA binding is the identity of the RNA in our

experiments is distinct—the K d measurements for ssRNA in this prior work range from 20-

60 fold weaker than our measurements. The Wai paper used a 14-mer of RNA isolated from a

SELEX experiment for their affinity and structural studies (K d = 3.8 ± 0.6 µM, although this

was within error of a poly-A substrate of the same length in their experiments). Whereas

the majority of our experiments were conducted with longer RNA species, we note serial

truncation of the ARID1A 30-mer down to a 14-mer element leads to a 3̃-fold affinity loss
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monotonically across the series (Figure 2.6 A), and this K d = 0.29 ± 0.1 µM is comparable

to two 12-mers of completely different sequence composition (Figure 2.3 B). Thus, size and

sequence do not account for our order of magnitude higher affinity measurements for the

ZnF module binding RNA in this regime. The methods of protein preparation are highly

analogous, the binding buffers are only subtly different, and although the measurement

methods differ, both microscale thermophoresis and fluorescence polarization are solution-

based measurements free of confounding surface effects. It may be that for shorter ssRNA,

the interface of the YY1 ZnF module species less extensively engages ZnF3 and ZnF4. This is

consistent with the origin of the sequence used in NMR structural studies, which was selected

for using a Zn-coordinating mutant in ZnF4 that should unfold it (113). Nevertheless, our

data with longer RNA species and the ZnF3 mutant clearly indicates that this region of the

protein can also be important for RNA binding.

We have identified a similar scenario in which DNA and RNA share an overlapping

binding interface in the elucidation of the REPO-NAB’s nucleic acid binding properties.

Our mutant REPO-NAB, harbouring alanine substitutions at Q207, Q209, and Q211, loses

its capacity to bind dsDNA substrates (Figure 2.8 E) but these mutations attenuate, yet do

not completely diminish, the ability of this mutant to bind our ssRNA substrates. Recent

work implicates ARM-motifs, basic residue rich patches directly adjacent to canonical DNA

binding domains of several transcription factors, in promoting their chromatin association

through RNA binding (74), a mechanism first proposed for YY1 (37). Although the REPO-

NAB does contain a basic patch directly flanking the ZnF module (AA 281-288, Figure 2.12

A), this region is not able to bind nucleic acid in the context of the full N-terminus. While

it is possible that this motif does participate in RNA binding as proposed for other ZnF

TFs (74), our mutagenesis of the distinct REPO domain within this construct (AA 201-226)

suggests that the ARM motif is not playing a dominant role in the nucleic acid binding

we observe. Further in vivo experiments elucidating how the binding of one nucleic acid
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type (in this case ssRNA) and the loss of binding for another (dsDNA in this case) can

affect the context-dependent localization and function of full length YY1 can be undertaken

with separation-of-function mutants of the sort we report here. The identification of the

REPO-NAB’s nucleic acid binding properties also affords another example to the growing

list of cryptic/ancillary nucleic acid binding domains (75; 78; 76). Understanding what this

additional binding capacity imparts upon their respective proteins in cellular contexts is the

next key step to define their functional importance.

2.6.3 YY1’s N-terminus tunes the nucleic acid binding affinity of the

REPONAB and the ZnF module

Here we begin to dissect the autoinhibitory properties of the N-terminus of YY1, in both

intra- and inter-molecular mechanisms (cis versus trans) on the two nucleic acid binding

domains of YY1. Our measurements reveal how the N-terminus, either covalently attached

in single polypeptide or added in trans, affects nucleic acid binding of the REPO-NAB and

ZnF modules. We find that when the REPO-NAB is physically linked to the remainder of

the N-terminus of YY1 (the N-terminal IDR), it is efficiently inhibited from binding both

ssRNA and dsDNA (Figure 2.7). Similarly, in competition experiments assaying the ZnF

module’s capacity to engage nucleic acids in the presence/absence of the N-terminus we ob-

serve a drastic inhibition of either type of nucleic acid binding. The impact on DNA binding

is unexpected as we envisioned that reconstituting the inhibitory interaction in trans would

begin to recapitulate the properties of full length YY1—blunting of the intrinsic capacity

of the ZnF module’s capacity to bind RNA efficiently, while preserving the DNA-binding

capacity. However, adding these two fragments in trans may fail to capture some aspect

of orientation provided by direct linkage in the native full protein. The differences of the

N-terminus added in trans versus cis could be interpreted as revealing the potential for

regulation by YY1’s reported capacity to dimerize/multimerize (107; 37; 109; 141) in a po-
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tentially RNA-dependent manner (107; 37; 141). One possible function of these mechanisms

is to keep YY1 in an inhibited state, awaiting further protein/nucleic acid interactions to

ultimately impart context-dependent functionality. Further experiments will be needed to

precisely map the interfaces between the REPO-NAB, the ZnF module and the N-terminus

that impart this nucleic acid binding inhibition within YY1, and to determine how gener-

alizable these regulatory features are to other transcription factors, that often have IDRs

(97; 98; 100; 101) and poorly understood additional RNA-binding regions (74).

2.6.4 How the two newly identified YY1 activities may relate to its myriad

functions

Given the wide spectrum of functions ascribed to YY1 and the large collection of well-

established protein binding partners in each of these scenarios (37; 108; 109; 42; 38; 110),

we propose that the intrinsic YY1 nucleic acid binding and autoregulation thereof could be

key components of these diverse regulatory outcomes. The acidic transactivation domain

of YY1 has been mapped in cell-based reporter assays to the N-terminus, with the precise

boundaries of this region differing somewhat but generally including amino acids 1-99 (108).

This constitutes the bulk of the N-terminal IDR construct (Figure 2.12 A) which inhibits

nucleic acid binding of the REPO-NAB and is necessary but not sufficient for ZnF module

RNA-binding suppression in cis. Thus, the act of participating in transcriptional activation

interactions (10), could relieve nucleic-acid binding inhibition of the REPO-NAB and enable

RNA-binding of the ZnFs. Similarly, a core region of the N-terminal IDR spanning amino

acids 43-80 has recently been noted to drive phase separation in vitro with corresponding

impact on cellular YY1 function (139). These properties require 11 consecutive histidine

residues within this core IDR which have also been proposed to mediate the homodimer-

ization/multimerization of YY1 via zinc coordination (119). Interestingly, RNA has been

proposed to facilitate the YY1 dimerization (37; 141) thought to be essential for through
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space architectural linkage of two YY1 DNA binding sites (37). Given our data that sug-

gests this YY1 region is involved in suppressing RNA-binding of either of the two nucleic

acid binding domains, we postulate that the YY1 protein-protein interface can either act to

dimerize the protein or inhibit RNA-binding in cis, and that the addition of RNA competi-

tively releases this N-terminal inhibitory region to engage in chromosome looping trans-YY1

interactions. This is consistent with a prior observation that Rbm25 stabilizes YY1 bind-

ing to chromatin via protein-protein interactions, and some of this stabilization could be

accounted for by YY1’s RNA binding (142).

More broadly, the putative interplay between protein-partner binding and RNA/DNA

binding could account for the remarkable diversity of YY1 cellular functions. Specific and

nonspecific nucleic acid binding by the domains that we have interrogated could play a role

in YY1’s genomic localization, supporting the observations of pervasive transcription fac-

tor “trapping” posited by others (39; 74) and implicating IDRs in proper TF binding site

engagement (97; 100; 101; 139; 140). Our work has demonstrated that rigorous, system-

atic, biophysical approaches can uncover unannotated properties of very well-characterized

proteins and can therefore guide further investigation to their function. We contend that

defining the intrinsic properties of the YY1 polypeptide with respect to nucleic acid binding

and its autoinhibition, represents a critical advance to elucidating YY1’s precise molecular

mechanisms and their functional impact in transcription, repression and genome architecture.

In future studies, we hope to characterize the interplay of these features with the catalogue

of known YY1 protein binding partners, as well as determine the functional consequences of

these newly defined properties in vivo.
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CHAPTER 3

RETHINKING THE ROLE OF NUCLEOSOMAL BIVALENCY

IN EARLY DIFFERENTIATION

3.1 Attributions

This chapter has been adapted from: Shah, R. N. et al. Re-evaluating the role of nucleo-

somal bivalency in early development. Preprint at bioRxiv, doi: 10.1101/2021.09.09.458948.

(2021). Asymmetric disulfide-linked H3K4me3-H3K27me3 were synthesized and provided

by the Fierz Laboratory at École polytechnique fédérale de Lausanne, Switzerland. The

304M3B-1xHRV3C antibody was developed by the Koide Lab at New York University with

Adrian Grzybowski, PhD’18. Dr. Grzybowski also developed the reICeChIP method, con-

ducted reICeChIP-seq on naïve mouse embryonic stem cells, and conducted methyltrans-

ferase assays. Dr. Shah and Dr. Ruthenburg conducted reICeChIP for the different cell

populations. Dr. Shah also performed the computational analyses necessary to calculate

Histone Modification Densities (HMDs), generate metaprofile plots, alluvial plots, Receiver

Operator Curves (ROCs), and draw comparisons between our datasets and previously pub-

lished work (91; 143; 144). Growth of all cell populations (naïve mESCs, "primed mESCs",

and NPCs) necessary for analysis were conducted by the author, as well as genome browser

views displayed in Figures 1C and 2B .

3.2 Abstract

Nucleosomes, composed of DNA and histone proteins, represent the fundamental repeat-

ing unit of the eukaryotic genome (79); posttranslational modifications of these histone

proteins influence the activity of the associated genomic regions to regulate cell identity

(145; 146; 147). Traditionally, trimethylation of histone 3-lysine 4 (H3K4me3) is associated
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with transcriptional initiation (84; 85; 86; 87; 88; 89), whereas trimethylation of H3K27

(H3K27me3) is considered transcriptionally repressive (148; 149; 150; 151; 152). The ap-

parent juxtaposition of these opposing marks, termed “bivalent domains" (92; 153; 91), was

proposed to specifically demarcate of small set transcriptionally-poised lineage-commitment

genes that resolve to one constituent modification through differentiation, thereby deter-

mining transcriptional status (154; 155; 156; 90). Since then, many thousands of studies

have canonized the bivalency model as a chromatin hallmark of development in many cell

types. However, these conclusions are largely based on chromatin immunoprecipitations

(ChIP) with significant methodological problems hampering their interpretation. Absent di-

rect quantitative measurements, it has been difficult to evaluate the strength of the bivalency

model. Here, we present reICeChIP, a calibrated sequential ChIP method to quantitatively

measure H3K4me3/H3K27me3 bivalency genome-wide, addressing the limitations of prior

measurements. With reICeChIP, we profile bivalency through the differentiation paradigm

that first established this model (92; 91): from naïve mouse embryonic stem cells (mESCs)

into neuronal progenitor cells (NPCs). Our results cast doubt on every aspect of the bi-

valency model; in this context, we find that bivalency is widespread, does not resolve with

differentiation, and is neither sensitive nor specific for identifying poised developmental genes

or gene expression status more broadly. Our findings caution against interpreting bivalent

domains as specific markers of developmentally poised genes.

3.3 Introduction

In its original conception, the bivalency model posits that the combination of H3K4me3

and H3K27me3 represents a specific regulatory marker of developmentally staged genes.

Specifically, lineage commitment genes are thought to be held in a low-expression, transcrip-

tionally “poised” state by promoter nucleosomes bearing both H3K4me3 and H3K27me3

(92; 91; 156; 90). Upon differentiation, the bivalent domain “resolves” into a monova-
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lent state, and the associated gene is either transcriptionally activated or terminally re-

pressed if H3K27me3 or H3K4me3 is lost, respectively(92; 91; 156; 90). The elegance of

this instructive model inspired a host of follow-on studies that have suggested that biva-

lency is important in differentiation (157; 158; 159; 160; 161; 162; 163; 164), embryogenesis

(153; 165; 166; 167; 168), genome architecture (90; 143; 169; 170; 171), and oncogenesis

(172; 173; 174; 175; 176).

In the absence of unambiguous biochemical or functional validation (153; 177; 178), these

studies have largely relied upon ChIP, with the vast majority of studies defining loci with

independent ChIP enrichment for H3K4me3 and H3K27me3 as bivalent domains. How-

ever, this analysis cannot distinguish whether the two modifications coexist or represent two

distinctly marked subpopulations of alleles or cells. Further, because different ChIPs are

normalized separately, they exist on separate relative scales and cannot be quantitatively

compared without internal calibration (96; 95; 179). As such, it is impossible to quantify

the extent of bivalency at a given locus or to measure its changes through differentiation.

To address the first problem, several studies have used sequential ChIP (92; 163; 180; 181;

182), measuring coexistence by using the eluent of an IP against H3K4me3 as the substrate

for an IP against H3K27me3 (or vice versa). However, these experiments used antibodies

of unknown specificity (92; 162; 180; 181; 182), were uncalibrated, and were often under-

sampled (181; 183), precluding quantification of the extent of modification. Moreover, many

used relatively large chromatin fragments in their pulldowns, making it difficult to deter-

mine whether modifications coexisted on one nucleosome or discretely marked neighbouring

nucleosomes (92; 163; 181; 182). The limitations of these sequential ChIP studies preclude

accurate assessment of key properties of bivalency.

Our previous work introduced internally calibrated ChIP (ICeChIP), in which barcoded

nucleosome internal standards are used to measure antibody specificity and as analytical

calibrants that enable computation of the histone modification density (HMD), or the pro-
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portion of nucleosomes at a given locus with the modification of interest (96; 95; 179). By

identifying regions with high H3K4me3 and H3K27me3, we indirectly identified many pro-

moters with a nonzero amount of bivalency, including those regulating developmental and

metabolic genes (95). However, this analysis was limited; it was not sensitive for bivalency

at less extensively modified loci, nor could it quantify the extent of bivalency. Here, we di-

rectly quantify this nucleosomal mark pattern by calibration of a modified sequential ChIP

approach to critically evaluate the bivalency model in the differentiation system in which

the foundational observations were made.

3.4 Measuring bivalency with reICeChIP

To directly measure bivalency and evaluate its role in differentiation, we first attempted to

deploy our calibrants with published sequential ChIP methods. However, when evaluated

with internal standards, these methods (92; 163; 180) displayed extremely low enrichment

and variable specificity (Figure 3.1a), with common elution methods either failing to release

most of the captured material (182) or compromising the specificity of the second IP (Fig-

ure 3.1b-c). With such heavy losses, we became concerned that we would undersample and

potentially bias the measurement of bivalent nucleosomes. We sought a method of elution

from the primary IP that was both more efficient and would preserve nucleosome integrity

for the second IP. To that end, we modified a recombinant biotinylated Fab (304M3-B) spe-

cific for H3K4me3 (184) with an intervening HRV 3C endoprotease cleavage site to enable

quantitative elution by enzymatic cleavage under mild conditions.
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Figure 3.1: Evaluation of sequential ChIP methods.

65



Figure 3.1 (previous page): (a) Enrichment of on- and off-target nucleosome standards under
sequential ChIP protocols developed by Bernstein et al. (92), Voigt et al. (180), and Seenun-
dun et al. (163). (b-c) Enrichment at different sequential ICeChIP steps with (b) chemical
denaturant elution and (c) immunoglobulin and serum elution. (d) Enrichment of different
nucleosome standards with ICeChIP-qPCR performed against H3K4me3, H3K27me3, and
bivalency, with beads showing very little retention of chromatin (n=3 technical replicates).
Error bars represent standard deviation. (e) Different configurations of bivalency on a sin-
gle nucleosome. Of these, only trans-bivalency has been identified by mass spectrometry
(180; 185).
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Figure 3.2: Workflow and evaluation of reICeChIP-seq.
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Figure 3.2 (previous page): (a) Schematic of reICeChIP-seq. The recombinant α-H3K4me3
Fab 304M3-B achieves high affinity by “clasping” the histone tail between two Fab molecules
(184), a binding mode readily achieved by multiple copies of the Fab presented on a bead,
but not by the Fab in solution. Thus, protease cleavage not only elutes nucleosomes from
the beads but also likely from the Fab complex. (b) Enrichment of different barcoded
nucleosomes in reICeChIP-seq (n=3 biological replicates). Error bars represent S.D. (c)
Representative line plot showing histone modification density of H3K4me3, H3K27me3, and
bivalency ICeChIP-seq presented with 95% confidence intervals (lighter shade) and input
read depth in naïve mESCs. Bivalency is calibrated to the trans-bivalency nucleosome
standard and corrected for off-target H3K9me3 pulldown.

We then leveraged this reagent to develop reICeChIP (Figure 3.2a). The first pulldown

was conducted with the cleavable α-H3K4me3 Fab from native mononucleosomes (96; 186)

spiked with nucleosome internal standards. We then eluted the captured nucleosomes from

streptavidin resin by cleaving the antibody with HRV 3C endoprotease (187) and, with this

eluent, conducted a second pulldown against H3K27me3 with a conventional antibody. This

method eluted material from the primary pulldown more efficiently (Figure 3.1, resulting

in 1000-2500x higher enrichment of the target over the published methods (Figure 3.2 b,

Figure 3.1 a). This improvement enabled genome-wide measurement of bivalency HMD

(Figure 3.2 c), representing the proportion of nucleosomes at a given locus modified with

both H3K4me3 and H3K27me3, using the trans-bivalent nucleosome standards (188) as the

calibrant (Figure 3.1 e, Figure 3.3; Supplementary Note 1).
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Figure 3.3: Evaluation of reICeChIP specificity and standards.
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Figure 3.3 (previous page): (a) Representative genome browser view of H3K4me3,
H3K27me3, and bivalency, shown as a range of possible values by normalization to trans-
bivalent (upper limit) or cis-bivalent (lower limit) nucleosome standards. (b) Relative pull-
down of different nucleosome standards in ICeChIP-seq, normalized to the most-enriched
standard. (c) Scatterplots of reads from DNA barcodes applied to nucleosome standards
in ICeChIP-seq. (d) Violin plots of peak breadth (consecutive segment of 50bp windows
overlapping promoter with >25% HMD) for H3K4me3 (green) and bivalency (blue) at non-
bivalent and bivalent genes (>25% HMD) in naïve mESCs. (e-f) Autocorrelation of (e)
H3K4me3 and (f) bivalency HMDs between nucleosomes in naïve mESCs. Nucleosomes are
defined as sequential 200bp windows from the TSS.

3.5 Bivalency through differentiation

With reICeChIP, we sought to study the role of bivalency in development by tracking its

changes across a differentiation pathway that was used in several classic studies of bivalency

(92; 91; 189): differentiation from naïve mESCs (189) through the primed mESC state (189)

to NPCs. In naïve mESCs, we noted that bivalency was far more widespread than previously

reported (Figure 3.4 a,b); rather than 1̃000 bivalent genes in naïve mESCs (189), we observed

at least 10% bivalency HMD at most promoters (25768/42622), with almost 5000 promoters

bearing bivalency at more than 50% of their nucleosomes (Figure 3.4 a, c; Supplementary

Notes 2, 3). This trend is recapitulated with primed mESCs, with the consensus set of

bivalent promoters representing fewer than 2000 genes (91; 90; 143; 144), as compared to

more than 25,000 that are >25% bivalent in our analysis.
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Figure 3.4: Bivalency is widespread and does not resolve over differentiation.
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Figure 3.4 (previous page): (a) Bivalency, H3K4me3, and H3K27me3 at all Refseq promoters
in naïve mESCs, with relative enrichment of GO terms. Genes are rank ordered by biva-
lency HMD at promoter, defined as the region from 0 to +400 bp relative to the TSS. (b)
Representative locus view of H3K4me3, H3K27me3, and bivalency at promoters in naïve
mESCs (top), primed mESCs (centre), and NPCs (bottom), presented on the same scale of
0-125% HMD. (c) Number of promoters with bivalency HMDs above the given thresholds
in each cell type out of a total of 42,622 Refseq promoters. (d) Metaprofiles of H3K4me3,
H3K27me3, and bivalency at all promoters in naïve mESCs, primed mESCs, and NPCs.
Heatmaps for primed mESCs and NPCs are presented in Extended Data Fig. 3b. (e) Distri-
bution of bivalency HMDs at all Refseq promoters in three cell states, zoomed to below 125%
HMD. Overall, 99.5% of naïve promoters, 87.3% of primed promoters, and 91.6% of NPC
promoters have an HMD below 100%. Full plot in Extended Data Fig. 3a. (f) Metaprofiles
of H3K4me3, H3K27me3, and bivalency at promoters identified as bivalent in naïve mESCs
(25% HMD threshold), tracked from naïve mESCs to primed mESCs to NPCs. Heatmaps
for bivalency are presented in Extended Data Fig. 3f. (g-h) Alluvial plots of dominance and
bivalency of genes from (g) naïve mESCs to NPCs or (h) primed mESCs to NPCs. Bivalency
[>25% HMD] can be subcategorized into dominance classes by independent ICeChIP for the
constituent marks, with H3K27me3 in excess (H3K27me3/H3K4me3 > e1), H3K4me3 dom-
inant (H3K27me3/H3K4me3 < e−1), or intermediate ratios (no dominance). (i) Bivalency
metaprofiles for gene subsets indicated in panel (h) from −3kb to +3kb relative to the TSS.
**** p < 2.2 x 1016.

Even more striking were the changes in bivalency across this differentiation scheme.

Previous studies suggested that bivalency largely disappears upon differentiation to NPCs

(92; 91; 154; 155). However, we found the opposite; promoter bivalency increases upon

differentiation (Figure 3.4 d-e, Figure 3.5, with thousands more genes meeting bivalency

HMD thresholds relative to naïve mESCs (Figure 3.4 c). Similarly, we find that bivalent

domains do not resolve upon differentiation; tracking bivalent genes from naïve mESCs

through differentiation, we observe that bivalency is higher at these same promoters in

primed mESCs and NPCs (Figure 3.4 f, Figure 3.5 c-f). As previously reported, primed

mESCs have the most bivalency, likely related to the high level of promoter H3K27me3 in this

state (189) (Figure 3.4 d). Accordingly, there are 27% fewer bivalent genes in NPCs than in

primed mESCs (Figure 3.4 e). However, this decrease is nowhere near the previously reported

decrease of 92% (91), and bivalent genes from primed mESCs remain highly bivalent in NPCs
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(Figure 3.5 g-h). Collectively, these data suggest that bivalency is far more widespread in

this system than previously appreciated and remains elevated through differentiation, rather

than resolving to one of the two monovalent states.
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Figure 3.5: Tracking bivalent genes through differentiation.
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Figure 3.5 (previous page): (a) Distribution of bivalency HMDs at all Refseq promoters
in three cell states. (b) Heatmaps of bivalency at all Refseq promoters in primed mESCs
and NPCs. Genes are ordered by bivalency HMD at the promoter. (c) Venn diagram
showing overlap of bivalent genes (25% HMD threshold) in naïve mESCs, primed mESCs,
and NPCs. (d-e) Metaprofiles of H3K4me3, H3K27me3, and bivalency for bivalent genes in
naïve mESCs with a (d) 10% or (e) 50% HMD threshold. (f) Heatmaps and metaprofiles of
bivalent genes from naïve mESCs. (g) Metaprofiles of H3K4me3, H3K27me3, and bivalency
at genes tracked from primed mESCs to NPCs for bivalent genes in primed mESCs (>25%
HMD). (h) Heatmaps and metaprofiles of bivalent genes in primed mESCs that are not
bivalent in naïve mESCs.

To investigate this discrepancy with the literature, we compared promoters identified as

bivalent by other studies (91; 155; 143) to ours. The previously identified genes had 50-100%

more H3K27me3 than do most bivalent genes in our set (Figure 3.6 a-b), suggesting that the

previous studies undersampled H3K27me3 and thus could only identify regions with high

H3K27me3 as bivalent. Accordingly, H3K27me3 dominant bivalent genes had the greatest

proportional overlap with these canonical bivalent loci compared to other dominance classes

(i.e. whether the bivalent genes have excess H3K27me3, excess H3K4me3, or roughly equal

levels as measured by independent ICeChIP experiments for these two marks; (Figure 3.6

c). The common practice of measuring bivalency as regions of overlapping H3K4me3 and

H3K27me3 is also problematic, even with calibrated data (96); many promoters with high

H3K4me3 and H3K27me3 bear less than 25% bivalency (Figure 3.6 d). Notably, even for the

previously identified bivalent genes, bivalency still increases relative to naïve mESCs upon

differentiation. And in our datasets, this holds true across modification dominance classes –

even the H3K27me3 dominant bivalent genes, which most closely resemble the canonically

bivalent loci (Figure 3.6, 3.7). To the extent that any bivalency class resolves from naïve

mESCs to NPCs, the largest set of genes is from the H3K4me3 dominant bivalent genes (p

= 1.78× 10−133; Figure 3.4 g), despite its minimal overlap with the canonical bivalent loci

(Figure 3.6 c).
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Figure 3.6: Comparing our bivalent genes to other studies.
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Figure 3.6 (previous page): (a-b) Contingency tables and metaprofiles for genes that are
identified as >25% bivalent in our study and by Mikkelsen et al.18, Mas et al.35, and Xiao
et al.58, wherein: (a) gene is identified as bivalent in the external study if overlapping
H3K4me3 and H3K27me3 peaks overlap the 0 to +400bp region of a gene relative to the
TSS, or (b) gene is identified as bivalent in the external study if overlapping H3K4me3 and
H3K27me3 peaks overlap the region from 2.5kb upstream of the TSS to the end of the gene22.
(c) Overlap of bivalent genes from external datasets (as defined in part a) with each of our
bivalent gene dominance classes in naïve mESCs. Significance computed by two-tailed Fisher
hypergeometric test. (d) Overlap of genes with bivalency HMD > 25% and with H3K4me3
+ H3K27me3 HMD > 25% in all three cell states.
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Figure 3.7: Bivalency changes across differentiation by modification dominance class.
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Figure 3.7 (previous page): (a-c) Metaprofiles of H3K4me3, H3K27me3, and bivalency
for bivalent genes (>25% HMD) in naïve mESCs that are (a) H3K27me3 dominant
(H3K27me3/H3K4me3 > e1), (b) H3K4me3 dominant (H3K27me3/H3K4me3 < e1), or (c)
have no dominance in naïve mESCs, tracked through three cell states. (d-e) Metaprofiles
of H3K4me3, H3K27me3, and bivalency for bivalent genes (>25% HMD) in primed mESCs
that are for indicated dominance classes tracked from primed mESCs to NPCs.

Having found that bivalency is unexpectedly common and persistent in early differentia-

tion, we investigated the enzyme complexes that could potentially account for this ubiquity.

Previous work suggested that H3K27me3 and H3K4me3 each inhibit deposition of the other

(180; 188; 190; 191), particularly when symmetric (Supplementary Note 4), raising questions

as to whether the pervasive bivalency we observe is plausible. To address this concern, we

performed histone methyltransferase (HMTase) assays with Set1B and the full panel MLL-

family core complexes (MLL1, MLL2, MLL3, MLL4), which collectively account for the

bulk of H3K4 methylation in humans (192). We find that these complexes all tolerate a wide

spectrum of H3K27me3-decorated nucleosomes (Figure 3.8, indicating that the formation of

bivalent nucleosomes is not precluded by allosteric modulation of H3K4me3 installation by

core factors. Although it has been suggested that Set1a (193), Mll2 (194), Ezh1 (195), and

Ezh2 (196) are all important for establishing bivalency, only Mll2 appears to be sensitive

for identifying bivalent promoters in naïve mESCs, with none showing high specificity for

the same (Figure 3.9). Together, these data support the proposed specialized role for Mll2

in bivalency (194), indicate a pleiotropic role for PRC2 beyond its role in establishing bi-

valency, and provide plausible enzymatic avenues to the prevalent bivalency we observe by

reICeChIP.
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Figure 3.8: Methyltransferase assays identifying potential pathways for establishment of
bivalency.
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Figure 3.8 (previous page): (a-b) Methyltransferase assays for MLL1, MLL2, MLL3, MLL4,
and Set1B core HMTase complexes using (a) 15 ng/uL (n=6) and (b) 20 ng/uL (n=5)
semisynthetic nucleosomes as substrates for methylation. Endpoints were established at 180
min by kinetic evaluation to be sensitive to difference in activity for this panel. Signal is
corrected for background and no nucleosome substrate activity. Error bars represent standard
deviation.
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Figure 3.9: HMTase peaks and bivalency.
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Figure 3.9 (previous page): Contingency tables and metagene profiles in naïve mESCs for
genes with and without overlapping HMT peaks. Ezh1 and Ezh2 peaks were identified as
Suz12 peaks lost upon Ezh1 or Ezh2 knockout (197). Set1A peaks were identified by ChIP
against Set1A (193). Mll2 peaks were identified by ChIP against Mll2 (178).

3.6 Bivalency, gene expression, and ontology

A key pillar of the bivalency hypothesis is that bivalent promoters are associated with tran-

scriptionally repressed genes poised to either be activated or terminally silenced upon dif-

ferentiation (92; 91; 156; 90). However, bivalency is not solely found at genes with low

expression in any of our measurements (Figure 3.10 a; Figure 3.11 a-b). Rather, bivalent

genes had higher average expression than did non-bivalent genes or the set of all genes, and

these genes display modestly higher average expression through differentiation (Figure 3.10

a), with bivalency remaining similar across most gene expression deciles (Figure 3.11 c). Bi-

valency associated similarly with bulk gene expression (Figure 3.10 b) and the proportion of

cells expressing the associated transcripts in single cell RNA-seq (Figure 3.10 c), suggesting

that the association of bivalency with higher-expressed genes is not solely driven by inter-

cellular heterogeneity. Consistent with previous observations(91), bivalency was higher at

promoters with high CpG content (Figure 3.11 d) and associated with lower DNA methy-

lation compared to non-bivalent genes (Figure 3.11 e, also holds for each dominance class).

These data all suggest that bivalent genes are more highly expressed than non-bivalent genes

as a whole, and this latter class is seemingly more subject to regulation by DNA methylation.
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Figure 3.10: Bivalency is neither sensitive nor specific for poised nor developmental genes.
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Figure 3.10 (previous page): (a) Violin plots of gene expression79 for all genes in naïve
mESCs, non-bivalent genes (<25% HMD) in naïve mESCs, and bivalent genes (>25% HMD)
tracked from naïve mESCs to the same genes in the indicated lineages. Significance computed
by Welch’s two-tailed t-test. (b) Gene expression vs. HMD for H3K4me3, H3K27me3, and
bivalency (genes are binned into HMD deciles). (c) Proportion of actively transcribing
cells by single-cell RNA-seq80 vs. HMD for H3K4me3, H3K27me3, and bivalency (genes
are binned into HMD deciles). (d) Sensitivity and specificity (Supplementary Note 5) of
bivalent and non-bivalent genes in naïve mESCs identifying differentially expressed genes
(DEGs) from the naïve state to the NPC state. (e) Metaprofiles of H3K4me3, H3K27me3,
and bivalency and (f) heatmaps of bivalency in naïve mESCs at DEGs and non-DEGs relative
to NPCs. (g) Sensitivity and specificity of bivalent and non-bivalent genes in primed mESCs
identifying DEGs from the primed state to the NPC state. (h) Metaprofiles of H3K4me3,
H3K27me3, and bivalency in primed mESCs at DEGs and non-DEGs. (i) Gene ontology
term enrichment of H3K27me3-dominant bivalent genes, H3K4me3-dominant bivalent genes,
or bivalent genes with no clear dominance (q-value two-tailed Fisher hypergeometric test). (j)
Metaprofiles of H3K4me3, H3K27me3, and bivalency in naïve mESCs at developmental and
metabolic genes. (k) Gene ontology term enrichment of genes following the classic bivalency
model: DEGs that lose bivalency from naïve mESCs (>25% HMD) to NPCs (<10% HMD).
Significance computed by two-tailed Fisher hypergeometric test. * q < 0.05. ** q < 0.01.
**** p or q < 2.2 x 1016.
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Figure 3.11: Bivalency and differential gene expression.
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Figure 3.11 (previous page): (a-b) Violin plots of gene expression for (a) all genes and
(b) bivalent (>25% HMD) genes in each cell state. (c) Bivalency metaprofiles in naïve
mESCs at promoters binned by gene expression decile. (d) Violin plots of bivalency HMD in
naïve mESCs at promoters with and without CpG islands. Inset shows proportion of genes
that are bivalent in sets of genes classified by CpG content: high-CpG promoters (HCP),
intermediate-CpG promoters (ICP), and low-CpG promoters (LCP), defined as previously
described by Mikkelsen et al.18. Total number of genes in each class is provided as n.
(e) Violin plots of DNA methylation at bivalent and non-bivalent genes (top), broken by
dominance class for bivalent genes (bottom). (f-g) Violin plots of gene expression in (f)
non-bivalent (<25% HMD) and (g) bivalent (>25% HMD) genes from naïve mESCs that are
H3K27me3 dominant (H3K27me3/H3K4me3 > e1; left), have no clear dominance (centre), or
are H3K4me3 dominant (H3K27me3/H3K4me3 < e1; right). (h-k) Metaprofiles of H3K4me3,
H3K27me3, and bivalency at genes tracked from naïve mESCs to primed mESCs to NPCs
for (h) DEGs, (i) non-DEGs, (j) genes upregulated from naïve mESCs to NPCs, and (k)
genes downregulated from naïve mESCs to NPCs. **** p <1016 (Welch’s two-tailed t-test).

Another pillar of the bivalency model is that bivalent genes are poised to be differentially

regulated through differentiation. To test this, we computed the sensitivity and specificity

of different bivalency and non-bivalency classes for differentially expressed genes (DEGs;

Supplementary Note 5). Counter to the bivalency hypothesis and previous results (92; 91;

156), we found that bivalency was a very poor marker of DEGs; from naïve mESCs to NPCs,

bivalency was roughly as sensitive and specific for identifying DEGs as was a lack of bivalency

(Figure 3.10 d). Though H3K27me3-dominant bivalent genes showed an increase in average

gene expression (Figure 3.11 f-g), this class still only had 60% specificity for identifying

DEGs, with very low sensitivity (Figure 3.10 d). Promoters of DEGs and non-DEGs from

naïve mESCs to NPCs have highly similar histone modification metaprofiles in naïve mESCs

(Figure 3.10 e-f) and across differentiation (Figure 3.11 h-k). Comparison of primed mESCs

to NPCs displayed similar trends (Figure 3.10 g-h); though sensitivity was higher because

most genes are bivalent in primed mESCs, the specificity remained similar between bivalent

and non-bivalent genes. Interestingly, whether genes were upregulated, downregulated, or

non-DEGs, bivalency still increased over differentiation (Figure 3.11 h-k). Collectively, these

analyses show that bivalency is neither sensitively nor specifically associated with poised
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DEGs in this system.

We next examined whether bivalency is primarily associated with developmental genes,

a central tenet of the original model (91; 92). The first ICeChIP study indirectly hinted that

there may be at least two classes of bivalent promoters: an H3K27me3 dominant class as-

sociated with developmental genes, and an H3K4me3 dominant class enriched for metabolic

genes (96). Direct measurements of bivalency herein unambiguously demonstrate this phe-

nomenon more broadly (Figure 3.4 a, 3.10 i). Overall, bivalent genes are enriched for a broad

range of ontology terms, including developmental, metabolic, and immune system process

genes (Figure 3.10 i-j), with nearly identical bivalency profiles in naïve mESCs (Figure 3.10

i, Figure 3.12 a). These classes all not only retained, but increased bivalency into NPCs

– even immune system process genes, despite being seemingly unrelated to neuronal devel-

opment. We only found 543 genes that did obey the classic bivalency model (Figure 3.10

k), representing less than 5% of the bivalent genes from naïve mESCs, with little difference

in bivalency between upregulated and downregulated genes (Figure 3.12 b). Interestingly,

these genes were most significantly enriched for metabolic rather than developmental genes

(Figure 3.10 k). Taken together, these data suggest that bivalency is neither primarily nor

specifically associated with developmental genes in this system.
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Figure 3.12: Bivalency at different classes of genes.
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Figure 3.12 (previous page): (a) Metaprofiles of H3K4me3, H3K27me3, and bivalency at
genes tracked from naïve mESCs to primed mESCs to NPCs for bivalent genes of indicated
gene ontology terms. (b) Metaprofiles of H3K4me3, H3K27me3, and bivalency at genes
tracked across differentiation for genes that lose bivalency at the promoters (0 to +400bp
relative to TSS) from naïve mESCs (>25% HMD) to NPCs (<10% HMD) and are upregu-
lated (top) or downregulated (bottom) over differentiation.

3.7 Predicting DEGs with histone PTMs

The premise of the bivalency hypothesis is that the coexistence of H3K4me3 and H3K27me3

synergistically provides additional predictive information about the associated genes upon

differentiation beyond that provided by H3K4me3 and H3K27me3 alone. With quantitative

measurements of these modifications, this hypothesis can be tested by modelling. We first

determined which individual parameters best identified DEGs by measuring the area under

the curve (AUC) of receiver operator characteristic (ROC) curves of parameter thresholds.

Of the individual histone modifications, H3K4me3 levels were best for identifying DEGs, with

the highest AUC of the ROC (Figure 3.13 a; Figure 3.14 a). Bivalency was less predictive of

DEGs than were either the log ratio of H3K27me3 and H3K4me3 or DNA methylation (Fig-

ure 3.13 a; Figure 3.14 a). And in primed mESCs, far from being predictive of poised genes,

bivalency was inversely associated with DEGs upon differentiation to NPCs (Figure 3.14 a).
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Figure 3.13: Bivalency does not provide appreciably more information than H3K4me3 and
H3K27me3 alone for DEG prediciton.
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Figure 3.13 (previous page): (a) Receiver operator characteristic (ROC) curves for identi-
fying DEGs from naïve mESCs to NPCs by H3K4me3, H3K9me3, H3K27me3, bivalency,
ln(H3K27me3/H3K4me3), or DNA methylation in naïve mESCs. For each point, parameter
value threshold used to compute true positive rate (TPR) and false positive rate (FPR) is
indicated by the colour. Traits with thresholds identifying non-DEGs rather than DEGs are
marked with “rev.” (b) Legend for generalized linear models (GLMs) in panels c-d. (c) Ac-
curacy of trivial model and GLMs by threshold accuracy (gene identified as DEG if logistic
regression > 0.5; left) and by ROC area under curve (right). (d) ROC curves for identifying
DEGs from naïve mESCs to NPCs by different GLMs. For each point, logistic regression
threshold value used to compute TPR and FPR is indicated by the colour.
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Figure 3.14: Modelling the additional information content provided by bivalency over
H3K4me3 and H3K27me3 alone.
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Figure 3.14 (previous page): (a) ROC curves for identifying DEGs from primed mESCs to
NPCs by H3K4me3, H3K9me3, H3K27me3, bivalency, ln(H3K27me3/H3K4me3), or DNA
methylation in primed mESCs. For each point, parameter value threshold used to compute
true positive rate (TPR) and false positive rate (FPR) is indicated by the colour. Traits
with thresholds identifying non-DEGs rather than DEGs are marked with “rev.” (b) Bayes
Information Criterion (BIC) for logistic models identifying DEGs from naïve mESCs or
primed mESCs to NPCs with different parameters. (c) Legend for generalized linear models
(GLMs). (d) Accuracy of trivial model and GLMs by threshold accuracy (gene identified
as DEG if logistic regression > 0.5; left) and by ROC area under curve (right). (e) ROC
curves for identifying DEGs from primed mESCs to NPCs by different GLMs. For each
point, logistic regression threshold value used to compute TPR and FPR is indicated by the
colour.

If bivalency provides additional information over H3K4me3 and H3K27me3, then a model

without bivalency will be markedly less explanatory than a model with bivalency. To test

this, we conducted logistic regressions with linear models to identify parameters most impor-

tant for identifying DEGs. Bayes Information Criterion analyses preliminarily hinted that

bivalency provided minimal information to this end (Figure 3.14 b; Supplementary Note

6). To more definitively identify whether bivalency provides meaningful predictive infor-

mation, we conducted hold-out cross-validation on models with H3K4me3, H3K27me3 and

either nothing else, bivalency, H3K9me3, or DNA methylation (Figure 3.13 b; Figure 3.14 c;

Supplementary Note 6). Parameters other than H3K4me3 and H3K27me3 barely improved

model accuracy by two separate metrics (Figure 3.13 c-d; Figure 3.14 d-e; Supplementary

Note 4), suggesting that those parameters provide virtually no additional information con-

tent to identify DEGs. These data suggest that, in this developmental system, there is

little evidence that bivalency has emergent properties in identifying poised genes beyond the

combined independent properties of H3K4me3 and H3K27me3.
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3.8 Discussion

The bivalency hypothesis is one of the more influential ideas in epigenetics and molecular de-

velopmental biology. Persistent interest over the years coupled with widespread deployment

and acceptance of sub-optimal bivalency measurement methods has ossified the hypothesis

into dogma that extends well beyond any of the experimental data that informed it.

However, this coalescence has not been reached based on functional assays. Indeed,

to the extent that functional validation of the bivalency model has been attempted, it has

primarily been through deletion of enzymes with pleiotropic effects and functions throughout

the genome beyond installation of bivalency (143; 194; 198; 199). Overwhelmingly, the

prevailing views on the role of bivalency are derived from ChIP experiments. However, ChIP

protocols (200) and antibodies (95; 201; 202; 203; 204) are often highly susceptible to off-

target pulldown, and uncalibrated ChIP without exogenous normalization can distort signal

and the ability to compare experiments (96; 95; 94), leading to spurious conclusions (95).

From the quantitative and specific measurements we made with reICeChIP, we fear that this

has been the case with the bivalency hypothesis, at least as far as these analyses in early

mESC differentiation permit.

It has been held that bivalency is present at a small, restricted set of promoters early

in development; we find that bivalency is widespread, with many thousands of promoters

displaying high bivalency levels. It has been held that bivalency primarily exists early in de-

velopment and resolves upon differentiation; we find that bivalency persists at least through

the NPC stage and increases over baseline in that span. It has been held that bivalency

demarcates poised, developmental genes associated with lineage commitment; we find that

bivalency is neither sensitively nor specifically associated with developmental nor differen-

tially expressed genes – and, at worst, may be inversely associated with the latter. Moreover,

bivalent genes are predominantly not poised in an off state, but are more highly expressed

than those that are not bivalent. All told, we find little evidence that bivalency provides
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more information in predicting poised gene status than do H3K4me3 and H3K27me3 in an

independently additive manner in this system, raising questions as to whether it represents

any more than a coincidental overlap of the aforementioned two marks.

Our study is not without caveats. First, we are only able to comment meaningfully on

the differentiation paradigm presented here; we cannot definitively infer that these results

will hold for the other developmental or clinical contexts. Although the original studies on

bivalency indicated that bivalency almost entirely disappeared by the NPC stage (92; 91),

this stage is not terminally differentiated, so it is possible that bivalency could resolve in

later stages of differentiation. Future studies will be needed to address this possibility in

other developmental contexts. Second, though the extant evidence suggests that only trans-

bivalency is present at meaningful levels, our method cannot selectively distinguish between

cis-, trans-, and intermediate bivalency conformations (Supplementary Note 1).

The reICeChIP method is not inherently restricted to the study of H3K4me3/H3K27me3

bivalency. With cleavable recombinant affinity reagents targeting other histone modifications

(184; 205) it could be used to quantify other combinatorial modification patterns (206; 207;

208; 209) or modification symmetry.

Without serious changes to the standards of ChIP, the limitations of conventional ChIP-

seq will continue to pose an existential challenge to the field. Indeed, the divergence between

our observations of bivalency and those in the literature can be attributed to the historical

lack of tools needed to make quantitative and specific measurements; in that context, the

experimental designs and interpretations of the past were reasonable. Fortunately, such tools

now exist. And as we have shown in this work, these methods offer a chance for the field to

critically evaluate its orthodox models and pave the way for new insights on the chromatin

determinants of cell identity and the regulation of development.
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3.10 Supplementary Notes

Supplementary Note 1

As each nucleosome has two H3 protomers, there are several different configurations of

bivalency that a bivalent nucleosome can theoretically adopt, each with a different avidity for

ChIP pulldown with immobilized antibody. At one extreme, with the highest avidity, is the

symmetric cis-bivalency form, where both H3K4 and both H3K27 residues are trimethylated

(Figure 3.1e). This nucleosome has the most epitopes for antibody binding and will thus have

the highest avidity in pulldown reflected in apical pulldown efficiency (Figure 3.1d). At the

other extreme, with the lowest avidity, is the trans-bivalency form, where single H3K4me3

and H3K27me3 marks decorate different histone tails (Figure 3.1e). This has the fewest

epitopes for antibody binding and will thus have no avidity in pulldown.

This poses a theoretical challenge in normalization and calibration of a ChIP study;
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because we cannot separately measure trans-bivalency, symmetric cis-bivalency, nor any

intermediate states, it is impossible for us to definitively state whether a given locus with

a given HMD has relatively few nucleosomes that are symmetric cis-bivalent or whether

it has relatively many nucleosomes that are trans-bivalently modified. To accommodate

for this limitation, we include two different bivalent calibrants in our set of nucleosome

standards: one that is symmetric cis-bivalent and one that is trans-bivalent. The bivalency

sequential ChIP can then be normalized to either one of these standards, and because these

two cases represent the limits of pulldown avidity, normalization to these calibrants will define

the theoretical “range” in which true bivalency HMD (i.e. the proportion of nucleosomes

with some bivalent configuration) exists (Figure 3.1e). We note that, because the signal

from calibration to these standards are scalar multiples of each other, we cannot uniquely

distinguish these two configurations in the genome. Absent any prior information about the

dominant configuration of bivalency, the proportion of bivalently modified nucleosomes at a

given locus will exist in the range defined by calibration to symmetric cis- or trans-bivalent

standards (Figure 3.3a).

In practice, there are a few reasons why this is not a major concern. First, there is no mass

spectrometry evidence that H3K4me3 and H3K27me3 exist on the same histone tail, despite

specific enrichment for these marks and sensitive detection limits (180; 185), suggesting that

configurations other than trans-bivalency are at most, extremely minor in abundance. Sec-

ond, the scarcity of these cis-tail modifications is consistent with the bioschemical literature

prior to this work that suggests the biogenesis of these cis-tail modifications is enzymatically

challenging due to antagonistic allosteric effects (see Supplementary Note 4). Third, even

if symmetric cis- bivalency does exist at some loci, for the purposes of tracking changes in

bivalency across differentiation, we can still observe an increase or decrease in bivalency by

this calibration method; we simply cannot precisely discern whether the effect is driven by

nucleosomes gaining/losing trans-bivalency, cis-bivalency, or some combination of the two.
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The overall amount of bivalency would still increase or decrease in all those scenarios, and so

long as our choice of calibrant remains consistent, we can still measure that change regard-

less of the calibrant that we use for our normalization. Therefore, though we have generated

datasets using both calibrants, we present analyses of our reICeChIP bivalency pulldowns

calibrated to the trans-bivalent standards.

Supplementary Note 2

Throughout this study, we have defined gene promoters to be the region from 0 to +400bp

relative to the TSS, representing the +1 and +2 nucleosomes of each gene. These nucleosomes

tend to be well-positioned (210) and, accordingly, are most likely to provide us with adequate

read depth to robustly quantify each histone modification. This definition is conservative;

we find that H3K4me3 and bivalent domains, which tend to be peak-like, have a median

breadth of 550bp at bivalent genes (Figure 3.3d).

The width of these domains raises an important point regarding the measurement of hi-

stone modification density as a continuous variable. At a given nucleosome in a single allele

of a single cell, there are only three possible states for a histone modification: symmetric,

asymmetric or not present. However, nucleosome readers do not typically bind only a single

nucleosome at a single position; rather, the local density of the modification across multiple

nucleosomes is crucial in localizing these effectors through multivalent avidity-based inter-

actions (211; 212; 213; 214). Indeed, we find that the HMD across sequential nucleosomes

relative to the TSS is well autocorrelated (Figure 3.3e). This means that the interpreta-

tion of the HMD across a multinucleosomal span becomes more nuanced; a given histone

modification may exist at one or more of those nucleosomes. Accordingly, despite the fact

that a single nucleosome is essentially ternary in whether it has a given histone modification

or not (i.e. HMD of 0% or 100%), a region spanning multiple nucleosomes could have an

intermediate HMD; it is this latter quantity that is most relevant for the biological function
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imparted to the nearby genomic regions, and this is the quantity we analyse through this

work.

Supplementary Note 3

For the datasets presented in this work, the vast majority of promoters have a histone

modification density between 0-100%, representing the proportion of nucleosomes at those

promoters with the modification of interest (Figure 3.4c; Figure 3.5a). However, at some

loci, the measured HMD exceeds 100%. There are several possible reasons for this.

The most important of these possibilities is low input depth. The ICeChIP datasets are

normalized to the input read depth at every genomic interval to accommodate for differences

in local nucleosome density when computing the HMD. However, this means that at regions

that are relatively nucleosome-depleted, there will be few reads in the input, meaning that

the denominator of the HMD computation is quite small (Methods). This increased Poisson

noise in these regions of low input can result in inflated apparent HMD beyond the physical

limit of 100%. To accommodate for this, we can compute 95% confidence intervals for

the HMD of each modification at each genomic position, and these confidence intervals

virtually always overlap the physically possible range of HMD values (e.g., Figure 3.2c). In

naïve mESCs, only 0.5% of the promoters have a bivalency HMD above 100%, and for the

vast majority of these promoters (86.1%), the 95% confidence interval error estimate ranges

below 100%. The fact the apparent bivalency HMD calibrated by trans-bivalent standards, is

broadly constrained to less than 100% further supports the idea that this choice of calibrant

is appropriate and not inflationary (Supplementary Note 1).

There are also several other possibilities that are more challenging to accommodate for.

First, some regions of the genome are known to be more artefact-prone for sequencing and

mapping (215); if the IP sample is enriched for these sequences relative to the input, then that

could be disproportionately represented in the IP and have an apparent HMD greater than
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100%. Second, the antibodies themselves could skew the apparent HMD. If the antibody

is capturing substantial off-target material, then that will result in systematic inflation of

the IP, resulting in an inflated HMD. Though ICeChIP barcoded nucleosome standards

can help monitor off-target pulldown of some nucleosome species, we can only measure the

capture of the standards that we actually have spiked into the experiment. If we do not

have nucleosome standards available for a potential off-target modification, then we cannot

definitively state that the antibody is not capturing that material. In this context, that is

likely most important for H3K27me3 pulldowns; though we cannot state this definitively due

to the lack of H3K27me2 standards, it is plausible that we are pulling down some amount of

H3K27me2 with these IPs, resulting in slightly inflated apparent H3K27me3 HMD. However,

this may not be too problematic; H3K27me2 and H3K27me3 are thought to be recognized

by many of the same proteins and to have highly similar functions(197), so the conflation of

the two – if present – likely does not pose a significant problem in ascribing biologic function.

On a related note, at some loci, the bivalency HMD goes below 0%. In naïve mESCs,

8.8% of the promoters have a bivalency HMD below 0%, yet for the vast majority of these

promoters (90.8%), the 95% confidence interval error estimate ranges above zero. This is

because we employ in silico signal-correction for the bivalency dataset to remove signal

that is attributable to H3K9me3. In essence, we can measure the amount of H3K9me3

pulldown in our bivalency ICeChIP dataset due to nucleosome standards employed, and we

can separately measure the H3K9me3 HMD by a highly specific IP. We can then a linear

combination correction matrix to remove the signal that is attributable to directly measured

H3K9me3 at these loci. This method can effectively reduce the impact of modest off-target

binding H3K9me3, but at some loci, will result in a subzero apparent HMD due to random

sampling of read depth in the two distinct pulldowns employed.

Finally, at some sets of gene promoters, the trans-bivalency HMD is shown to be greater

than the H3K4me3 or H3K27me3 HMD. This apparent discrepancy has a few possible rea-
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sons. First, there is some nuance in the interpretation of HMD in the context of single-target

ICeChIP and reICeChIP. A nucleosome has two copies of each of its core histone proteins,

including histone H3. This means that there are two possible sites of modification on each

nucleosome for for each individual modification; if only one of those sites is modified, then

that corresponds to an HMD of 50% because only half the possible modification sites are

actually modified. However, this is different for the trans-bivalency HMD; by definition,

only one trans-bivalency modification pattern can exist on a given nucleosome at any given

time. If two “trans-bivalent” modification patterns existed on the same nucleosome simul-

taneously, then both H3K4 and both H3K27 residues would be trimethylated – which is

symmetric cis-bivalency. As such, if one H3K4 and one H3K27 residue are trimethylated,

then 100% of the possible trans-bivalency configurations for the nucleosome of interest are

satisfied, meaning that the trans-bivalency HMD will be 100%. However, in this case, the

H3K4me3 and H3K27me3 HMDs will only be 50% because only half the modifiable residues

are actually modified.

The other caveat is that symmetrically modified nucleosomes will be pulled down more

efficiently than asymmetrically modified nucleosomes due to avidity effects, as can be seen in

the pulldown of symmetric vs. asymmetric H3K4me3 and cis-bivalency vs. trans-bivalency

(Figure 3.3), and observed previously (96). This means that calibration to symmetric nucle-

osome standards will have a larger denominator in computation of HMD and thereby yield

lower apparent HMDs; this can also contribute to the lower apparent HMD of H3K4me3 and

H3K27me3 relative to trans-bivalency. Accommodating for this phenomenon would require

detailed profiling of asymmetric H3K4me3 (which is currently difficult due to the low quality

of H3K4me0 antibodies), asymmetric H3K27me3 (which is not currently possible), and dis-

tinguishing between trans-bivalency and cis-bivalency (which is also not currently possible).

However, as noted in Supplementary Note 1, so long as the method of calibration remains

consistent, increases in apparent HMD will still correspond to increases in the modification of
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interest. Whether that increase in the target modification is due to asymmetric modification

becoming symmetric or due to new gain of the modification at a previously unmodified locus

in an instantaneous subpopulation remains unclear, but in both cases, modification density is

still being gained at that locus. As such, even with these caveats, we can still quantitatively

compare different datasets to each other as we use consistent calibration standards.

Supplementary Note 4

Intriguingly, the catalytic activity of the EZH2-PRC2 core complex on nucleosome substrates

is potentiated by pre-existing H3K27me3 (216; 217), yet inhibited by H3K4me3, particularly

when symmetric (180; 188; 190). Conversely, symmetric H3K27me3 has been reported to

modestly inhibit several of the human COMPASS-family complexes by qualitative assays,

although only SET1 complexes were examined at the nucleosome level(191). This presents a

potential concern for our data – if the enzyme complexes that install these marks are mutually

antagonized by the opposing mark, how might the widespread bivalency we observe arise? As

the PRC2 effects are well established with detailed quantitative enzymology(180; 188; 190),

which we recapitulate (data not shown), we deployed more quantitative HMTase assays with

a larger panel of relevant nucleosomal substrates to evaluate the COMPASS/SET1B/MLL-

family core complexes for allosteric modulation by preexisting marks (Figure 3.8).

Supplementary Note 5

In this context, sensitivity refers to the proportion of DEGs that are represented in a spe-

cific class of genes (e.g. H3K27me3-dominant bivalent genes), whereas specificity refers to

the proportion of that class of genes that are differentially expressed. Under the prevail-

ing bivalency model, bivalency is associated with poised genes that become upregulated or

downregulated upon differentiation; as such, it should have high specificity for DEGs.
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Supplementary Note 6

The first way we evaluate different models for predicting DEGs is to compute the Bayes

Information Criterion (BIC). Though not definitive, this metric estimates whether addition

of a parameter to a model improves it more than would be expected from chance alone. When

comparing two models, the model with the lower BIC will tend to have more explanatory

parameters and/or fewer non-explanatory parameters than the model with the higher BIC.

To this end, if BIC increases when a parameter is added, then it can be interpreted that

the parameter being added contributes minimal additional explanatory power. Here, we find

that adding bivalency to a model increases the BIC, meaning that it is likely (though not

definitively) not contributing meaningfully more information in predicting DEG status in

this differentiation paradigm.

A more definitive way to evaluate model accuracy is to use hold-out cross-validation. In

this method, we split the set of all genes into two groups, one with 80% of the genes (the

training set) and one with 20% of the genes (the testing set). We then train our GLMs

on the training set and use the derived models to predict DEG status in the testing set.

Hold-out cross-validation is a highly effective way of testing whether a model is overfit or

underfit upon addition or removal of a parameter. If model accuracy increases substantially,

then that would suggest the parameter has explanatory power over that provided by the

other parameters. Conversely, if model accuracy decreases substantially, then that suggests

that the additional parameter causes overfitting. Minimal changes in model accuracy suggest

that the additional parameter contributes little to the model over the existing parameters,

positively or negatively.

There are two metrics we use to test the accuracy of the predictions in the testing set.

The first is by logistic regression thresholding, in which the gene is predicted to be a DEG if

the modelled probability is greater than 0.5. The second is by computing the area under the

receiver operator characteristic curve to measure true and false positive rates using different
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modelled probabilities as the thresholds.

Overall, we find that the GLM with bivalency barely changes model accuracy by either

metric on hold-out cross-validation, with the magnitude of change being similar to that

observed by instead adding H3K9me3 or DNA methylation. As such, we can interpret that

none of these parameters – including bivalency – meaningfully contributes to the prediction

of DEGs beyond what can be achieved with H3K4me3 and H3K27me3 in this system.

3.11 Methods

3.11.1 Cell Culture

Naïve mouse Embryonic Stem Cells (mESCs) were grown from the mESC E14 cell line

(129/Ola background)(218) in high glucose DMEM (Invitrogen), supplemented with 15%(v/v)

FBS (Gibco), 1%(v/v) non-essential amino acids (Gibco), 1x penicillin/streptomycin (Gibco),

0.1 mM 2-mercaptoethanol (Gibco), 2mM L-glutamine (Gibco), 1000 U/mL LIF (ESG1107

Millipore), 3 µM CHIR99021 (LC Laboratories), 1 µM PD0325901 (LC Laboratories), ster-

ilized using 0.1 µm filter flask (Millipore), stored up to 1 week in 4°C.

Primed mESCs were grown from the mESC E14 cell line (129/Ola background)(218) in

high glucose DMEM (Invitrogen), supplemented with 15%(v/v) FBS (Gibco), 1%(v/v) non-

essential amino acids (Gibco), 1x penicillin/streptomycin (Gibco), 0.1 mM 2-mercaptoethanol

(Gibco), 2mM L-glutamine (Gibco), 1000 U/mL LIF (ESG1107 Millipore), sterilized using

0.1 µm filter flask (Millipore), stored up to 1 week in 4°C.

Naïve and primed mESCs were grown on plates coated with 0.1% bovine gelatin (Sigma),

grown to 70-90% confluence and passaged daily at a 1:3 ratio, with a media change 3 hours

before passaging, supplemented with 1 vol. of fresh media 8 hours after passaging.

To initiate the adherent monolayer differentiation process to neuronal progenitor cells

(NPCs; Day 0)(219; 220), naïve mESCs cells were split onto a gelatinized 6 cm plate at
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1x104 cells/cm2 and allowed to grow for 24 hours. On Day 1, the media was switched

to RHB-A (Takara, Y40001) and was subsequently changed every other day. On day 4,

cells were split and plated onto Poly-L-Ornithine, laminin-treated 6-cm plates. Prior to cell

seeding the plates were treated with 0.01% Poly-L-Ornithine (Millipore, A004C) for at least

20 min, followed by 5 µg/cm2 of laminin (Fisher, CB40232) resuspended in basal RHB-

A medium (Takara, Y40000). After washing off this treatment, cells were seeded in fresh

RHB-A, supplemented with 10 ng/mL of bFGF (PeproTech, 100-18B) and EGF (PeproTech,

315-09). Cells were then split every 4 days at ≥ 20, 000cells/cm2 until an appropriate amount

of NPCs were cultured for ICeChIP.

3.11.2 Semi-synthetic Histone Preparation

Human histones H3.2(C110A)K4me3, H3.2(C110A)K9me3, H3.2(C110A)K27me3,

H3.2(C110A)K4me3-K27me3 were made by semi-synthesis as described previously(96; 221).

Asymmetric disulfide linked histone H3K4me3 - H3K27me3 dimers were made by semi-

synthesis as described previously(188).

3.11.3 Octamer Reconstitution

Symmetrical H3K4me3, H3K27me3, H3K4me3-K27me3 and H3K9me3 octamers were made

as previously described (222; 223). Briefly, equimolar amounts of histone H2A, H2B, H3 and

H4 were mixed to the final concentration of 1 mg/ml in unfolding buffer (50 mM Tris-HCl pH

8, 6.3 M Guanidine-HCl, 10 mM 2-mercaptoethanol, 4 mM EDTA), subsequently they were

loaded into 3500 M.W.C.O. dialysis tubing (Pierce Snakeskin) and dialyzed in 1000 volumes

of refolding buffer (20 mM Tris-HCl pH 7.5, 2 M NaCl, 1mM EDTA, 5 mM DTT), overnight

at 4°C. Dialyzed sample was 0.22 µm filtered, and octamers were resolved by S200 gel

filtration chromatography (Superdex 200 10/300 GL, GE Healthcare) using refolding buffer

as mobile phase. Eluted octamer fractions were pooled and concentrated using centrifugal
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filters (Amicon Ultra-4, 10k M.W.C.O., Millipore) to a final concentration of 5-15 µM, diluted

with 1 volume of octamer storage buffer (20 mM Tris-HCl pH 7.5, 2 M NaCl, 1 mM EDTA,

5 mM DTT, 55% glycerol), and stored in −20°C. Concentration of octamer was measured

spectroscopically using concentrator flow-through as a blank, ε280nm = 44700M−1cm−1,

Moct ≈ 108500g1mol−1. Octamers were visualized using 18% separating (4% stacking)

discontinuous Laemmli SDS-PAGE in Mini-Protean gel running system (Bio-Rad) run for

70 minutes at 22mA, 200V max.

Asymmetrical H3K4me3, H3K27me3 octamers were done as above with the following

differences. Equimolar amounts of histone H2A, H2B, H3 and H4 were mixed in unfolding

buffer to the total of 1-2 mg, where 90% of histone H3 was trimethylated on Lys 4 or

Lys 27 and remaining 10% were unmethylated and had His6-tag at N-terminus with TEV

cleavage site. Octamers were reconstituted overnight by dialysis in 1000 volumes of phosphate

refolding buffer (50 mM NaxPO4 pH 7.5, 2M NaCl), at 4°C. Octamers were purified by

S200 gel filtration chromatography, and his-tagged octamers were isolated using cobalt-based

immobilized metal affinity chromatography Dynabeads magnetic particles. Octamers were

incubated with magnetic beads for 10 min at 4°C on rotator, followed by two 1 ml washes

(50 mM NaxPO4 pH 7.5, 2 M NaCl, 10 mM imidazole), and eluted with 50 ul of elution

buffer (50 mM NaxPO4 pH 7.5, 2 M NaCl, 250 mM imidazole, 1 mM EDTA, 1 mM DTT),

the elution step was repeated 6 times, fractions were characterized spectroscopically, pooled,

diluted with 1 volume of octamer storage buffer, and stored in −20°C.

Asymmetrical trans-bivalent H3K4me3-K27me3 octamers were prepared the same way

as symmetrical octamers with the following differences. Histones H2A, H2B, H4 and asym-

metric disulfide linked histones H3K4me3 - H3K27me3 were mixed 1.2 : 1.2 : 1 : 0.5 ratio.

Remaining steps were done as previously described but no reducing agents were used until

octamer particles were formed.

All other octamers were obtained from EpiCypher, Inc.
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3.11.4 Nucleosome reconstitution

DNA barcodes were constructed based on 601 nucleosome positioning sequence (224). One

or both ends of 601 Widom sequence were substituted with 24 bp “barcode” sequence. Each

barcode sequence is comprised of two 11 bp sequences absent in human and mouse genome,

and constant 2bp linker DNA is added on a free end of the 601 nucleosome positioning

sequence.

Nucleosomes were reconstituted as previously described (96). Briefly, 10-100 pmol DNA

and histone octamers were mixed in 1 : 1 ratio, at a final concentration >1 µM, and dialyzed

in dialysis buttons (Hampton Research) against a non-linear gradient of sodium chloride

2M NaCl → 0.2M NaCl in a buffer containing 20 mM Tris-HCl pH 7.5, 1 mM EDTA, 10

mM 2-mercaptoethanol over the course of 12-16 hours (211). Afterwards nucleosomes were

recovered, diluted with 1 volume of 2x storage buffer (20 mM Na•Cacodylate pH 7.5, 10%

v/v glycerol, 1 mM EDTA, 1x RL Protease Inhibitor Cocktail [1 mM PMSF, 1 mM ABESF,

0.8 µM aprotinin, 20 µM leupeptin, 15 µM pepstatin A, 40 µM bestatin, 15 µM E-64]), and

stored at −20°C. Nucleosome concentration was measured by densitometry of 2% agarose

gels, 1x TBE (89 mM tris-base, 89 mM boric acid, 2 mM EDTA) run for 30 minutes in

5V/cm electrical field gradient, followed by staining with 1x SYBR Gold (Invitrogen) for >30

minutes. Prior to electrophoresis, nucleosomes were disassembled with 2 M NaCl, roughly 1

pmol of nucleosomes were loaded per well and measured in triplicate against known quantity

of free DNA of the same size. For use as ICeChIP standards, the semi-synthetic nucleosomes

were diluted to 1 nM concentration using long-term storage buffer (10 mM Na•Cacodylate

pH 7.5, 100 mM NaCl, 50% Glycerol, 1 mM EDTA, 1x RL Protease Inhibitor Cocktail, 100

µg/mL BSA(NEB)) and stored at −20°C.
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3.11.5 ICeChIP - input preparation

ICeChIP has been done as previously described (96; 186). Briefly, 107-108 plate adherent

cells were released using Accutase (Millipore), quenched with complete medium and col-

lected (500 rcf, 5 min., 4°C). Subsequent steps have been done on ice, cells after each wash

were collected by centrifugation (500 rcf, 5 min., 4°C). Cells were washed twice with 10

ml PBS, twice with 5ml buffer N (15 mM Tris pH 7.5, 15 mM NaCl, 60 mM KCl, 8.5%

(w/v) Sucrose, 5 mM MgCl2, 1 mM CaCl2 1 mM DTT, 1x RL Protease Inhibitor Cocktail).

Cells’ membranes was lysed by adding 1 volume of the 2x Lysis Buffer (Buffer N supple-

mented with 0.6% NP-40 substitute (Sigma)) to the single cell suspension resuspended in

2 PCVs (packed cell volumes) of Buffer N. After 10 minutes incubation on ice, nuclei were

collected by centrifugation and resuspended in at least 6 PNV (packed nuclei volumes) of

buffer N. Subsequently, nuclei were layered over 7.5 ml Sucrose Cushion N (15 mM Tris

pH 7.5, 15 mM NaCl, 60 mM KCl, 30% (w/v) Sucrose, 5 mM MgCl2, 1 mM CaCl2 1 mM

DTT, 1x RL Protease Inhibitor Cocktail, 50 µg/mL BSA(NEB)) in a 50 ml centrifuge tube.

Nuclei were spun through the sucrose cushion in swinging bucket rotor at 500 rcf for 12

min., 4°C. Nuclei were resuspended in 2 PNVs of buffer N, total nuclei acid content was

measured spectroscopically at 260 nm by Nanodrop (Thermo Scientific) (A260 = 50 ng/µl),

prior to measurement, DNA was stripped from chromatin by adding 18 µl – 98 µl of 2 M

NaCl and DNA was fragmented by vortexing and water bath sonication. The quality and

quantity of nuclei was measured using a hemocytometer. The apparent concentration of

chromatin was adjusted to 1 µg/µl with Buffer N. The following semi-synthetic standards

were then spiked in: symmetrical H3K4me3, H3K9me3, H3K27me3, H3K36me3, H3K79me2,

H3K4me3-K27me3 cis-bivalent, asymmetrical H3K4me3, H3K4me3-K27me3 trans-bivalent.

To fragment the DNA, we aliquoted 100 µg of chromatin and added 1 Worthington unit of

Micrococcal nuclease (Worthington) per 4.785 µg of chromatin (measured at 260nm, 1A260

= 50 ng/µl) and incubated at 37°C for 12 minutes. Digestion was stopped by adding 1/10
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volume of 11x MNase stop buffer (110 mM EGTA, 110 mM EDTA pH 8.0). Subsequently,

nuclei were lysed by slowly adding 5 M NaCl while mixing on a vortex (lowest setting) to

the final concentration of 600 mM NaCl. Insoluble material has been spun down at 18000

rcf, 1min., 4°C.

Hydroxyapatite (HAP) chromatography has been done as described previously (96).

Briefly, 66 mg of HAP resin (Bio-Rad Macro-Prep® Ceramic Hydroxyapatite Type I 20 µm)

was rehydrated with 200 µl of HAP buffer 1 (3.42 mM Na2HPO4 and 1.58 mM NaH2PO4

final pH 7.2, 600 mM NaCl, 1 mM EDTA, 200 µM PMSF). Subsequently, 100 µg of di-

gested soluble chromatin was added to the rehydrated resin and incubated for 10 minutes

at 4°C on a rotator. Afterwards, resin slurry was transferred to the centrifugal filter unit

(Millipore Ultrafree MC–HV Centrifugal Filter 0.45 µm). Resin was washed 4 times with

200 µl of HAP buffer 1, 4 times with 200 µl of HAP buffer 2 (3.42 mM Na2HPO4 and 1.58

mM NaH2PO4 final pH 7.2, 100 mM NaCl, 1 mM EDTA, 200 µM PMSF), and eluted 3

times with 50 µl HAP elution buffer (342 mM Na2HPO4 and 158 mM NaH2PO4 final pH

7.2, 100 mM NaCl, 1 mM EDTA, 200 µM PMSF), each wash/elution step was accompanied

by centrifugation step (600 rcf, 30 sec., 4°C). Concentration of the chromatin was evaluated

spectroscopically by Nanodrop (Thermo Scientific) (1A260 = 50 ng/µl). Apparent concen-

tration of the chromatin was adjusted to 20 ng/µl with ChIP buffer 1 with BSA (25 mM

Tris pH 7.5, 5 mM MgCl2, 100 mM KCl, 10% (v/v) glycerol, 0.1% (v/v) NP-40 substitute,

100 µg/ml BSA(NEB)).

3.11.6 ICeChIP - immunoprecipitation

ICeChIP was performed as previously described (96) with following modifications: α-H3K4me3

ChIP-5 µg chromatin, 2 µg 304M3B-1xHRV3C (184), 40µl Streptavidin M-280 Dynabeads

(Invitrogen). α-H3K9me3 ChIP-3 µg chromatin, 0.5 µg 309M3B (184), 10 µl Streptavidin

M-280 Dynabeads (Invitrogen). α-H3K27me3 ChIP - 0.8 µg chromatin, 0.6 µg CST C36B11
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lot 8, 5 µl Protein G Dynabeads (Invitrogen). Aforementioned volumes of magnetic beads

were washed twice with 200 µl ChIP buffer 1 with BSA. Antibodies were resuspended in 100

µl of ChIP buffer 1 with BSA; subsequently, magnetic beads were collected using magnetic

rack, supernatant was removed, and magnetic beads were resuspended with the antibody

solution and incubated for at least 1 hr, 4°C, on a rotator. Afterwards unbound antibody

was washed away with two 200 µl washes of ChIP buffer 1 with BSA. Streptavidin beads

were additionally washed twice with 200 µl of ChIP buffer 1 with BSA supplemented with 5

µM biotin for 10 min, at 4°C, on a rotator for each wash, followed by wash with 200 µl ChIP

buffer 1 with BSA. Supernatant was removed on a magnetic rack and specific amount of

chromatin, mentioned at the beginning of this chapter, was used to resuspend the magnetic

beads. Chromatin was incubated with antibody-beads conjugates for 10-15 minutes, at 4°C,

on a rotator.

Subsequently, magnetic beads were washed two times with 200 µl ChIP buffer 2 (25 mM

Tris pH 7.5, 5 mM MgCl2, 300 mM KCl, 10% (v/v) glycerol, 0.1% (v/v) NP-40 substitute,

100 µg/ml BSA(NEB)), and one time with 200 µl ChIP buffer 3 (10 mM Tris pH 7.5, 250

mM LiCl, 1 mM EDTA, 0.5% Na•Deoxycholate, 0.5%(v/v) NP-40 substitute, 100 µg/ml

BSA(NEB)), 10 minutes, at 4°C, on a rotator with tube change after each wash. These

washes were followed by quick 200 µl ChIP buffer 1 (without BSA) wash, and 200µl TE

wash (10 mM Tris-HCl pH 8.0, 1 mM EDTA). Chromatin was released from the resin using

50 µl ChIP elution buffer (50 mM Tris pH 7.5, 1 mM EDTA, 1% (w/v) SDS) at 55°C,

for 5 minutes. Elution was supplemented with 200 mM NaCl, 10 mM EDTA, 10 µg of

Proteinase K (Roche) and incubated at 55°C for 2 hours. DNA was isolated using 3 volumes

of Serapure HD (1 mg/ml of 1 µm, hydrophobic, carboxylated, Sera-Mag SpeedBeads (GE

65152105050250), 20% PEG-8000, 2.5 M NaCl, 10 mM Tris pH 7.5, 1 mM EDTA, 0.05%

Tween-20, filter sterilized prior to addition of magnetic beads), incubated for 5 minutes at

room temperature, collected with magnetic rack and washed twice with >200 µl of 75%
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ethanol, on a magnetic rack without disturbing the magnetic beads. Subsequently, ethanol

was carefully removed, and DNA was eluted by resuspending beads in 50 µl of TE buffer,

magnetic beads were collected using magnetic rack and supernatant was moved to a new

tube. In order to limit DNA loss, all operations have been performed using 250 µl siliconized

tubes.

3.11.7 reICeChIP

reICeChIP was performed in the same manner as described above with following changes.

For the primary IP we have used 5 µg of HAP purified chromatin, 2 µg 304M3B-1xHRV3C

– HRV 3C cleavable, biotinylated, αH3K4me3 Fab (PDB:4YHZ) (184), immobilized on 40

µl Streptavidin M-280 Dynabeads (Invitrogen). After 10 minutes incubation of chromatin

with antibody-resin conjugate, resin was washed three times with 200 µl ChIP buffer 1

with 100 µg/ml BSA, each wash consisted of 10 minutes incubation at 4°C, on a rotator,

followed by tube change. Subsequently, resin was briefly washed with 200 µl ChIP buffer 1

with 100µg/ml BSA, and chromatin was released from the resin with 20 µl of ChIP buffer

1 supplemented with 100 µg/ml BSA and 4 µg HRV3C incubated (GE Healthcare) on ice

for 60 minutes, elution step was repeated one more time and both elutions were combined.

HRV 3C endoprotease efficiently cleaves at its target sites at 4°C (187) and has a wide

range of chemical tolerance (225), but it highly-specific for its cognate cleavage sequence

(226) permitting facile use in ChIP under conditions which preserve nucleosomes. Primary

elution was added to 0.6 µg CST C36B11, αH3K27me3 mAb, immobilized on 5 µl of Protein

G Dynabeads(Invitrogen) for 10 minutes, at 4°C, on a rotator. Subsequently, magnetic

beads were washed two times with 200 µl ChIP buffer 2, and one time with 200 µl ChIP

buffer 3, 10 minutes, at 4°C, on a rotator, with tube change after each wash. These washes

were followed by quick wash with 200 µl ChIP buffer 1 (without BSA). Chromatin was

released from the resin by 5 minutes incubation with 50 µl ChIP elution buffer, at 55°C.
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Chromatin was Proteinase K digested, and DNA was purified as described in ICeChIP –

immunoprecipitation chapter.

3.11.8 Design, expression, and purification of 304M3B-1xHRV3C

304M3B-1xHRV3C Fab is based on previously described Fab 304M3B(PDB:4YHZ)(184).

The gene encoding the Fab was modified to contain HRV3C cleavage site at the C-terminus

of the heavy chain. To that end, we inserted SSSLEVLFQGP (AGC AGC AGC CTT GAA

GTC CTC TTT CAG GGA CCC) sequence just after the position T229 of heavy chain (num-

bered as in PDB:4YHZ) and before biotinylation acceptor peptide (GLNDIFEAQKIEWHE)

(227). The Fab was expressed in the 55244 strain of E.coli in the TBG media (Terrific Broth

(FisherBrand), 0.8% (v/v) glycerol) with 100 µg/ml carbenicilin, grown for 24 hours, at

30°C, 200 rpm in the Fernbach non-baffled flasks, with constricted airflow. Fab was purified

using Protein G-A1 (228) affinity chromatography, followed by cation-exchange chromatog-

raphy (Resource S, GE Healthcare). Purified Fab was in vitro biotinylated using BirA biotin

ligase.

3.11.9 Sequencing and Data Analysis

Each sequencing library was made using 10 ng of DNA. Illumina sequencing libraries were

made with NEBNext Ultra II DNA Library Prep for Illumina (NEB), according to the

manufacturer protocol. DNA libraries were amplified using 8 PCR amplification cycles

(C1000, Bio-Rad). Cluster generation and sequencing was performed using the standard

Illumina protocols for Illumina HiSeq 4000 by the University of Chicago Functional Genomics

Core facility. Data analysis was performed as previously described (96). Briefly, reference

genome was modified to contain sequences of semi-synthetic nucleosome barcodes. Reads

were mapped to GRCm38/mm10+barcodes reference genome, using Bowtie2 (229), end-

to-end, sensitive preset. Subsequently, SAM files were filtered to reject unmapped and
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unpaired reads, as well as fragments with length > 200bp and Phred quality score < 20.

Paired reads were merged into single interval of the fragment. BEDTools (230) were used

to calculate bedgraphs of the genome coverage. IP and input bedgraphs of genome coverage

were subsequently merged into multiple entry interval file of genome coverage. Number of

DNA fragments coming from semi-synthetic nucleosome standards were counted for each

barcode and IP efficiency was calculated for each histone mark.

BarcodeIPenrichment =

∑n
1 IP∑n

1 input

where, n is the identity of the n-th barcode assigned to the specific histone mark.

HMD(per/bp) =

IP
input ∗ 100%

BarcodeIPenrichment

where, IP and input refer to the depth of the genome coverage at any given position of IP

and input for specific histone mark. An IP efficiency can be interpreted as maximal yield of

the IP for a given histone mark, or 100% HMD. However, there is a number of factors that

can lead to apparent HMD values greater than 100% including: uncertainty due to random

sampling of sequenced fragments, in that case standard deviation is approximately equal

to square root of sequencing depth, or off-target capture by antibody, where the off-target

histone mark or combination of histone marks have greater IP efficiency than the antibody

intended target mark.

For all analyses, the HMD averaged over the N+1 and N+2 nucleosomes (taken to be 0 to

+400bp into the gene body) was employed as representative of the promoter—this captures

the most substantial H3K4me3 and H3K27me3 enrichment.

Genomic browser views were made using IGV. Heatmaps and gene ontology analysis was

made using Homer Software (231). Further analysis and sectioning of data was conducted

in R using the R code provided in Data Availability. Plots were made using ggplot2 and
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Microsoft Excel. For the bivalency tracks, in silico antibody off-specificity correction was

performed as previously described for H3K9me3 (96). ICeChIP-qPCR was performed with

previously described primers (96).

3.11.10 Analysis of External Data

Bisulfite sequencing data was obtained from GEO series accession number GSE41923, dataset

accession numbers GSM1027571, GSM1027572, GSM1027573, and GSM1027574. Methyla-

tion count files were obtained for each dataset and lifted to mm10. The average methylation

for each promoter was then calculated for the 0 to +400bp region relative to the TSS of

Refseq promoters using BEDTools.

Bulk RNA-seq data was obtained from GEO series accession numbers GSE108832 and

GSE65697, dataset accession numbers GSM2913929, GSM2913930, GSM2913931,

GSM1603282, GSM1603283, GSM1603284, GSM1603285, GSM1603286, and GSM1603287.

Pseudoalignment was conducted against the Refseq mm10 transcriptome using kallisto (232)

with fragment length mean and standard deviation of 200 and 20, respectively, and 100

iterations. Pseudoalignments were then loaded into R for differential expression analysis

using sleuth (233), with correction for batch effects between primed mESCs and NPCs due

to contribution to principal components of the same. Differentially expressed genes were

identified as q ≤ 0.05. Single-cell RNA-seq data was obtained from GEO series accession

number GSE113417 and aligned as above with kallisto.

Suz12 ChIP data to measure PCR2 localization for WT, Ezh2 KO, and Ezh1 KO/Ezh2

KO cells was obtained from GEO series accession number GSE116603, dataset accession

numbers GSM3243624, GSM3243625, and GSM3243626. Peak files were obtained for all

these datasets lifted to mm10. Ezh2 peaks were identified as peaks lost in Ezh2 KO relative

to WT cells. Ezh1 peaks were identified as peaks lost in Ezh1 KO/Ezh2 KO relative to Ezh2

KO cells.
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Set1A ChIP data was obtained from GEO series accession number GSE98988, dataset

accession numbers GSM2629676, GSM2629677, GSM2629678, and GSM2629691. FastQ files

were downloaded for the input and ChIP datasets for each replicate, then aligned to mm10

using Bowtie2 in end-to-end mode with the sensitive preset. Peak calling was then conducted

on the alignments with MACS2 (234), and consensus peaks for each replicate were identified.

Mll2 ChIP data was obtained from GEO series accession number GSE78708, dataset

accession number GSM2073022. Peaks were obtained and lifted to mm10.

3.11.11 Methyltransferase assays

Enzymatic complexes were procured from Reaction Biology Corporation. Methyltransferase

reactions were done using following concentrations of the enzymatic complexes: 200 nM

hsMLL1(3745-3969), 200 nM hsMLL2(5319-5537), 400 nM hsMLL3(4689-4911), 200 nM

hsMLL4(2490-2715), 800 nM hsSet1A(1418-1707), 800 nM hsSet1B(1629-1923), in a com-

plex with hsWDR5(22-334), haRbBP5(1-538), hsAsh2L(2-534), 2x(hsDPY-30(1-99)), sup-

plemented with 4%(v/v) RBC MLL enhancer (Reaction Biology Corp); 800 nM hsEzh1

(2-747), 120 nM hsEzh2 (2-746), in a complex with hsAEBP2 (2-517), hsEED (2-441), hsR-

bAp48 (2-425) and hsSUZ12 (2-739) supplemented with 3.6mM hsJarid2 (119-574) provided

by Dr. Peter Lewis’s laboratory. 30 ng/µl of semi-synthetic nucleosome substrate, 10 µM

[3H]-SAM (50-80 Ci/mmol, Perkin Elmer Health Sciences), and enzymatic complexes were

mixed in the Reaction Buffer (50 mM Tris pH 8.0, 91 mM NaCl, 5 mM MgCl2, 1 mM

DTT, 10% glycerol, 1 mM PMSF) and incubated at 30°C. At designated time points, 4 µl

of reactions were spotted on P81 Ion Exchange Cellulose Chromatography Paper (Reaction

Biology Corp). Spotted paper was washed 4 times with 250 ml of 50 mM NaHCO3 pH 9.0,

for 5 minutes on a platform shaker, briefly washed with acetone, air-dried and immersed in

scintillation fluid. 3H decay rate was measured by scintillation counter (LS 6000IC, Beck-

man).
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3.11.12 Data and Software Availability

ICeChIP-seq data generated for this study has been deposited at the Gene Expression Om-

nibus (GEO) under accession numbers GSE108747 and GSE183155. R markdown file for

analysis and sectioning of datasets is provided at

https://www.github.com/shah-rohan/bivalency/.
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CHAPTER 4

CONCLUSIONS

In this work, I have discussed multiple mechanisms governing gene expression and ultimately,

cellular identity. In Chapter 2, I discuss my work identifying an unannotated cryptic nucleic

acid binding domain of YY1, as well as a previously uncharacterized autoregulatory feature

of the transcription factor. These characteristics could describe features applicable to more

TFs within the proteome. In Chapter 3, I have investigated the coexistence of contrast-

ing chromatin marks, H3K27me3 and H3K4me3, throughout the differentiation scheme of

mESCs to NPCs and provided evidence countering the currently accepted bivalency model.

With this final chapter I will discuss how my work fits into the field of gene regulation and

propose possible routes for further investigation.

4.1 Cryptic nucleic acid binding domains and their possible

regulation of nuclear molecular machinery

Essential components within gene regulatory networks are transcription factors, and within

this thesis I have investigated the TF, Yin Yang 1 (YY1). Given the highly pleiotropic nature

of YY1, it has been difficult to understand the contextual cues that define YY1’s function.

Previous biochemical dissections of YY1’s activation and repression domains have provided

a foundational basis of which regions of the protein are responsible for these contrasting

transcriptional activities (Figure 2.1). Among the many functionalities I have discussed

throughout this thesis, the ability to bind RNA is a relatively new capability attributed to

this TF. In the current state of the literature, there is conflict ascribing YY1’s RNA binding

capabilities to a specific interface (113; 39). One group states that the N-terminal portion

of YY1 (AA 1-297) confers this functionality (39), while another study states that the more

thoroughly conserved C-terminal ZnF module (AA 293-414) is responsible for this function
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(113). My work reconciles this dispute by elucidating that both domains of the protein are

capable of binding RNA (Figure 2.5, Figure 2.8). Now, a finer dissection of these RNA

binding regions, coupled to in vivo experiments, can delineate how RNA binding influences

YY1 functionality.

ZnF binding of both DNA and RNA is a characteristic observed for other essential TFs

such as TFIIIA (235) and CTCF (76; 77; 236; 237). A proposed function for the dual-binding

nature of these transcription factors is the transcription factor trapping model (39). Due

to transient non-specific interactions between TFs and RNA molecules, RNA serves as a

trapping molecule that can retain a high local concentration of the protein factors necessary

for transcriptional firing after a primary act of transcription. Our data not only supports

this model for YY1 but also posits the idea of RNA binding acting as a guide for proper

genome localization and association due to the REPO-NAB’s newly elucidated capability

of binding both types of nucleic acids (98; 238). The fact that there are now two possible

binding sites for RNA prompts future investigation.

My work posits that there is potential overlap of the DNA- and RNA-binding interfaces

within the ZnF module. Previous work used NMR spectroscopy to identify shifted residues

in an RNA bound conformation of the ZnF module (113). This group observed the largest

chemical shifts within the first two ZnFs of YY1, which coincides with the ZnF knuckle

RNA binding domain resident within YY1 (141). However, a notable aspect for the staging

of these experiments is that the RNA sequence utilized in these NMR experiments was

identified through systematic evolution of ligands by exponential enrichment (SELEX) using

a YY1 mutant that compromised the folding of the fourth zinc finger. This could explain their

observation of the largest chemical shifts residing within the first two zinc fingers of YY1.

Regardless, point mutations of these shifted residues did not ablate RNA binding; therefore,

the group mutated 5 residues that constitute a contiguous interface separate from the amino

acids involved in DNA binding, hypothesizing that the RNA and DNA binding interfaces
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could be mutually exclusive (113). Although mutating this contiguous interface caused an

8-fold drop in RNA affinity, my work counters the notion that these binding interfaces are

mutually exclusive. The mutations I instituted in my ZnF3 pentamutant target amino acids

engaged in specific base and nonspecific backbone interactions within the central CATT

motif of YY1’s consensus sequence. We observed diminished binding of both DNA and RNA

substrates across equivalent concentration ranges for the WT ZnF module and the ZnF3

mutant (Figure 2.5) indicating that the DNA and RNA binding interfaces probably share

a similar interface for binding or that my mutations destablize the proper folding of the

zinc fingers. Delineation of the these nucleic acid binding interfaces are critical for further

dissection of the contribution that RNA binding has on YY1’s overall functionality.

A caveat that requires further investigation is the structural fidelity of my ZnF3 mutant.

Circular dichroism and fluorescent thermal shift assays can determine whether I have actually

disrupted amino acids that participate in RNA binding or instituted mutations that unfold

the ZnF module. Structural biology represents a much more robust and precise avenue for

delineation of the RNA binding interface within YY1’s ZnFs. Given the high affinity the

ZnFs display for a variety of RNA substrates (Figure 2.6), devoid of sequence- and length-

specificity, a high resolution structure of this binding interaction would define both the over-

lapping and exclusive interfaces for dsDNA and ssRNA binding. I hypothesize that shorter

substrates (12-22 nt) would primarily interact with the first two ZnFs, as previously observed

(113). An intriguing aspect of such a structure will be the extent that ZnFs 3 and 4 play

in binding longer ssRNA molecules. We observed tighter associations with longer substrates

when we performed our length truncations of the ARID1A RNA (Figure 2.6). Moreover,

obtaining a structure of ssRNA and YY1’s ZnFs will delineate the role that structural motifs

play in ZnF RNA binding. We, and others, (113; 125; 74) have described the lack of sequence

specificity for RNA binding but, these observations do not preclude the possibility that a

common structural motif resides within these RNA molecules and is responsible for recogni-
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tion by the ZnF module. Given the spectrum of RNA folds within our panel of nucleic acids

(Figure 2.5, 2.6), and the abundance of CU nucleotides across our panel, I would hypothesize

that these RNAs adopt some hairpin structure and that these interactions span from ZnF1

to ZnF3.

A novel insight of my work is the elucidation of the nucleic acid binding capabilities of

the REPO-NAB domain. Initially named for the ability to interact with the EED subunit

present in both Polycomb Repressive complexes (42; 235; 43; 44), the REPO domain is

a prime example of a protein domain that is predicted to be intrinsically disordered yet,

adopts a stable conformation when in complex with a protein interaction partner (129).

The possibility of nucleic acid binding for this domain could add another layer of regulation

dictating YY1 functionality. For insight into how these interactions are modulated in an

in vivo context and the phenotypic consequences for such perturbations, the mESC degron

line described in Appendix A could be a very useful tool. Transient transfection of epitope-

tagged mutant versions of YY1 in an environment of WT degradation could answer many

inquiries regarding YY1’s localization and function. Here are a couple paradigms I would

investigate if given the time:

1. Although we initially set out to uncover a discrete RNA binding interface of YY1,

we have demonstrated that there are multiple RNA binding regions within the protein.

Furthermore, we have discovered that the REPO-NAB domain can bind both types of nucleic

acids from our panel, dsDNA and ssRNA (Figure 2.8). The question of: does the REPO-

NAB display sequence specificity for its interactions with nucleic acids can now be addressed

using our FKBP-degron system. The current state of the transcription factor field posits

that the intrinsically ordered domains of TFs aid in genome scanning and orientation of their

structured DNA binding domains (97; 101; 238). Now we can ask: how much of WT YY1’s

localization is influenced by the REPO-NAB’s ability to bind nucleic acids?

ChIP and PARCLIP of an epitope-tagged REPO-NAB would provide information on the
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sequence specificity and localization for this domain of YY1. Given the similar affinities

across our panel of nucleic acids (Figure 2.8 B), I expect a mixture of on-target and off-

target localization throughout the genome. Intersection with a variety of datasets (chromatin

accessiblity, histone modifying complexes such as PRC1 and PRC2, cell-type specific RNA-

seq) would give insight into the governing principles that the REPO-NAB imparts onto WT

YY1. I imagine that a large subset of binding sites observed within FLAG-REPO-NAB ChIP

or CLIP datasets, would coincide with members of the Polycomb Repressive Complexes. In a

scenario in which we see co-occupancy of FLAG-REPO-NAB and EED, or EZH2 subunits, of

the PRC2 complex, a possible mechanism that would be supported by my work is the active

tethering of chromatin modifying complexes via the REPO-NAB domain. Glutamines 207,

209, and 211 are freely available for nucleic acid binding (Figure 2.8 C), and mutating these

residues weakens both dsDNA and ssRNA binding (Figure 2.8 E), though notably, attenuates

dsDNA binding more than ssRNA binding. With this in mind, I would be very intrigued in

comparing CHIP and PARCLIP datasets between the WT REPO-NAB construct and the

glutamine mutant we have designed in my work. I hypothesize that the glutamine mutant

would exhibit a higher degree of aberrant localization throughout the genome, or have much

less occupancy on chromatin, resulting in lower CHIP signals. Comparison of CLIP data

could elucidate RNA molecules of higher affinity for these constructs. I would be most

interested in observing whether there is a decrease in PRC2 occupancy when we transiently

express the glutamine mutant. Due to its decreased ability to bind dsDNA, would the

glutamine mutant be able to tether chromatin modifying complexes to chromatin? This is

a functionality typically endowed upon TF domains when in complex with larger molecular

machinery and such an defect in PRC2 chromatin occupancy would highlight the importance

of the REPO-NAB’s dsDNA binding capabilities.

Another aspect that can be further dissected are the key residues responsible for dsDNA

and ssRNA binding within the REPO-NAB. I mutated three glutamines to alanines for
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our mutant, but combinatorial mutations of these residues could uncover a separation of

function mutant in which solely dsDNA is disrupted, and ssRNA binding is maintained.

Comparison of this separation of function mutant to the WT REPO-NAB could demonstrate

how differences in the ability to bind these nucleic acids affect localization and genomic

"scanning" by the REPO-NAB domain. It would also begin to provide insight into the

inherent competition that exists for this domain to bind both nucleic acids.

Finally, instituting separation of function mutations of the REPO-NAB into full-length

YY1 could demonstate how essential the nucleic acid binding interactions of the REPO-NAB

are for the overall localization of the full-length protein. Currently, IDRs are posited to aid

in the search for genomic binding sites and proper orientation of the DNA binding domains

of TFs. Intrinsic to this hypothesis, when IDRs are disrupted/swapped (238; 97; 101), or

the RNA binding capabilities of TFs are compromised (74), there is an increase off-target

binding events. When observed with single molecule tracking there is an increase in the

population of TFs that adhere to free diffusion kinetics instead of a more confined and

directed search for binding sites. Therefore, if a REPO-NAB separation of function mutant

ablated its dsDNA capabilities yet maintained its RNA binding capabilities was uncovered,

I’d hypothesize that this mutant would maintain subdiffusive properties and generally be

tethered to chromatin, scanning genomic loci for on-target or slightly off-target dsDNA

binding motifs of YY1. However, since the dsDNA binding capabilities of this mutant would

be thoroughly attenuated, I imagine that the frequency of binding non-cognate dsDNA

sequences for this mutant would be much higher in comparison to a WT REPO-NAB.

Critical to the context-dependent nature of YY1, protein-protein interactions thoroughly

influence how YY1 functions. In regards to the REPO-NAB, an investigation into whether

nucleic acid binding induces conformational changes or competes with protein-protein in-

teraction interfaces is addressable in an in vivo context as well. In vitro pulldown assays

between members of the polycomb complex and the REPONAB could be assessed with or
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without initial preincubation of the REPONAB with specific nucleic acids. Incorporating

insights gained from experiments outlined previously, utilizing a panel of nucleic acids, per-

haps those that were enriched within ChIP and PARCLIP datasets, would prove useful in

these experiments. Preincubation with these types of nucleic acids could render this binding

interface ineligible for protein-protein interactions. Timing plays a critical role in the stag-

ing of these experiments. Furthermore, experiments could be performed to query whether

nucleic acid binding disrupts Polycomb complex stability by preassembling the REPONAB

with Polycomb complex components. Determining whether the complex remains intact in

the presence of escalating amounts of nucleic acid could provide insight into feedback loops

governing acts of transcription and the recycling of chromatin remodeling complexes.

2. Through our work, we also identified an autoinhibitory mechanism of the N-terminus

(AA 1 - 297) on the nucleic acid binding activity of the ZnF module of YY1 (AA 293-414).

Due to the nature of our in vitro approaches, the magnitude of this autoinhibition in an in

vivo setting is a query open for investigation. ChIP for a FLAG tagged version of the ZnFs

could demonstrate a spectrum of activities due to the spurious binding activities of the ZnF

module. Since the ZnF module exhibits a higher affinity for ssRNA molecules than dsDNA

molecules, I would expect widespread association throughout the genome and an enrichment

of the ZnFs at highly transcribed genes. Coupled to PARCLIP, we could identify the RNA

molecules associated with the ZnF module, though I suspect that there would be little to no

sequence specificity as our results and others have demonstrated. To test the non-specific

nature of RNA binding interactions, a FLP-FRT site could be integrated into the YY1-FKBP

tagged mESC cell line which would allow for insertion of a transcriptional unit that is under

the control of an inducible dosage-responsive promoter which would allow for varying levels

of RNA production at this engineered site. If we observed a positive correlation between ZnF

occupancy and RNA production at our transcriptional unit, we could then posit that the

N-terminus of YY1 plays a major role in guiding the ZnF module for proper localization and
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association with chromatin. This would drastically change the mechanistic understanding of

YY1’s activity, as this autoinhibitory layer of regulation has not been documented before.

Agnostic of the inhibitory mechanisms we see in an in vivo context, determining the

interfaces responsible for the in vitro inhibition that we observe is another inquiry to pursue.

For this investigation, we could implement biophysical approaches such as Nuclear Magnetic

Resonance (NMR). Inhibition/modulation of nucleic acid binding activities by disordered

regions is a phenomenon that’s been previously described in other TFs (239; 240). NMR

spectra were used in both of these studies to determine the inter/intra-molecular interactions

that regulated key functionalities for master regulator TFs, Pu.1 and p53. For Pu.1, its PEST

domain (AA 117-165), which resides within its N-terminal IDR, attenuates the ability for

homodimers to bind cognate dsDNA binding sites when a high concentration of Pu.1 is

recruited to a cognate binding site. This inhibition results in a trans negative feedback

loop. For p53, the N-terminal Transactivation Domain (NTAD, AA 1-61) competes with

dsDNA substrates for interaction with its DBD. Cognate dsDNA molecules outcompete the

NTAD, displacing this autoinhibitory mechanism and inducing a conformational shift in the

TF via the displacement of the NTAD. However, when p53 is in an environment with non-

cognate dsDNA substrates, the NTAD maintains its inhibitory regulation and attenuates

these binding interactions. A critical element of both of these autoregulatory mechanisms

is that they are charge-mediated. Both groups varied the electrostatic nature of their in

vitro experiments, either via phosphomimetic mutations or varying salt concentrations, and

observed dampened effects of the regulatory properties they discovered.

It should be noted that these TFs belong to separate TF families than YY1 but, the

regulatory implications observed within their IDRs, which are enriched within eukaryotic

TFs, provide justification for further interrogation of these regulatory properties. In contrast

to the electrostatic-driven interactions of Pu.1 and p53, I mutated a stretch of 11 negatively

charged amino acids within YY1’s disordered N-terminus to alanines (AA 43-53, Fig 2.11)
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as we posited that this negative stretch could interact with positively charged amino acids

within the ZnF module (Figure 2.12 A). From my binding experiments, I conclude that

this negative stretch of amino acids is dispensable for the autoinhibitory regulation that the

N-terminus can impose upon the ZnF module, implying that this inhibitory capability is

embedded within the rest of the IDR. Furthermore, by expressing and purifying a truncated

N-terminus, (N-terminal IDR, AA 1-163, Figure 2.12) we can conclude that the REPO-NAB

domain plays some role in orienting the inhibitory interfaces of the N-terminus for the ZnF

module. Or, that the REPO-NAB itself plays a role in this inhibition. Determining what

residues of YY1’s N-terminus confers this autoinhibitory mechanism would be pivotal to

understanding the mechanism of this inter/intra-molecular interaction and could provide

insights into generalizable regulatory mechanisms within TFs.

3. Finally, it is clear that a major factor dictating YY1’s functionality is its protein inter-

action partners. Immunoprecipitation followed by mass spectometry could begin to identify

the variance in associating protein factors for each of the epitope tagged mutants. Given

that intrinsically disordered regions have been attributed as licensing regions responsible for

association with other protein complexes which can lead to the coacervation of transcrip-

tional condensates, I believe this system could provide insight into what contextual factors

dictate YY1’s occupancy and therefore functionality.

These types of experiments can be extended to the wide spectrum of YY1 protein in-

teraction partners, many of which interact with the ZnF module of this protein (241; 242).

Delineation of how RNA or DNA binding of both nucleic acid binding domains (the ZnF

module and the REPO-NAB) impacts YY1’s localization within cells and its protein inter-

action partners could provide more concrete rules dictating the contextual nature of this

pleiotropic and constitutively expressed transcription factor.
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4.2 Interpreting the coexistence of H3K4me3 and H3K27me3

chromatin marks throughout the genome

Given the accepted methods for ChIP-seq analyses, the bivalency model provides an intuitive

and elegant explanation for the overlap of activating and repressive chromatin marks within

undifferentiated cell types. Via the identification and engineering of highly specific antibodies

for our chromatin marks of interest, we have developed a quantitative assay capable of

assessing the merits of the bivalency model. From the work described in Chapter 4, we

obtain results that directly contradict the bivalency model and should thus warrant, not

only a re-evaluation of this biological dogma, but also, hopefully, a reassessment of how the

field of molecular biology approaches ChIP.

The first notion of the bivalency model states that cell-type specific genes are decorated

with activating and repressive marks in order to establish "poised" states of chromatin that

will undergo "resolution" through differentiation towards a final transcriptional program.

Our results demonstrate that, while lineage-commitment genes do possess both H3K4me3

and H3K27me3 marks, bivalent chromatin is a widespread characteristic, not a phenomenon

that solely exists at these deterministic genes. Our results showcase that H3K27me3 is

pervasively found throughout the genome, albeit at lower HMD values than canonically

accepted enriched loci. This quantitative observation was only made possible due to the

rigorous testing of specific antibodies for our chromatin marks and the utilization of our

semi-synthetic nucleosome standards. In characteristic ChIP-seq analyses, true-postivie loci

containing low levels of H3K27me3 would be disregarded due to peak calling algorithms which

solely look for relatively high levels of the modification. Our approach is able to specifically

capture lower levels of the mark and provide confidence that this modification is installed at

the loci we are identifying. Given this data, we have provided evidence questioning the first

aspect of the bivalency model.

However, the pervasive nature of H3K27me3 deposition raises a separate question. Why
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is most of the genome covered with this repressive mark? Due to the widespread incorpo-

ration of exogenous transposable elements within the human genome (3; 4), I interpret this

deposition as a buffering mechanism to prevent spurious transcriptional activation. While

previous studies have utilized knockout systems to disrupt key chromatin modifying en-

zymes, these approaches induce pleiotropic effects that extend beyond their roles in biva-

lency (143; 194; 199; 198). To address how inhibition of the PRC2 complex, the sole installer

of H3K27me3, would affect bivalent chromatin dynamics, I would use a specific inhibitor

towards the EED componenet of PRC2 at different timepoints throughout our differentia-

tion process (243). This inhibitor was observed to bind to the same binding pocket as an

H3K27me peptide, the activating substrate that promotes PRC2’s catalytic activity (244).

This drug also demonstrated high selectivity for PRC2, exhibiting a >2000 fold increase

in IC50 concentration for 21 other methyltransferases. When immobilized on streptavidin

beads and exposed to Karpas422 cell lysate, the only proteins that bound to this drug were

EZH2, SUZ12, EED, and a known PRC2 partner, MTF2. This selectivity reduces the impact

of pleiotropic effects that previous KO experiments have utilized and allows precise temporal

control of PRC2 inhibition. Indeed, upon inhibition of H3K27me3 deposition, global changes

can be seen in both gene expression and H3K27me3 occupancy (243). My only addendum

to this study would be to also look at the production of ncRNA to gain insight into the

spurious transcriptional activity that could emerge in the noncoding genome.

While ICeChIP addresses many of the drawbacks inherent to ChIP, there are still caveats

to our population-wide methodology which deserve further dissection. Although ICeChIP

is quantitative in its nature, HMD cannot distinguish between allelic or population-wide

distribution of our chromatin marks of interest. When we make the claim that there is 50%

HMD at a specific locus for H3K4me3, we could be describing that 1 of 2 alleles contain this

mark within every single cell of a given population, or that 50% of cells within a population

have this modification installed at both of their alleles. While ICeChIP allows us to make
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claims on the quantitative levels of histone modification within a population, these two

models represent fundamentally different versions of reality. Distinguishing between these

two possibilities would provide insightful biological implications, as both models suggest

differing scales of cell or tissue regulation. Single-cell ChIP-seq would begin to answer such

a question and protocols have been published (245; 246). In general, single-cell protocols

have gained traction as biologists are publishing single-cell atlases across a spectrum of

biological systems (247). Be that as it may, conflicts reside within the protocols utilized to

analyze such massive datasets, and therefore the reproducibility and interpretation of such

endeavors are called into question (248). In regards to single-cell ChIP, the genomic coverage

and read depth is insufficient to achieve the mononucleosome resolution represented in bulk

ChIP-seq protcols, and with the lack of internal standards the drawbacks of conventional

ChIP resurface. Perhaps in the future a technology will be developed to satisfy this type of

investigation but, until then, we shall remain in the dark as to which model represents truth.

Finally, our work in Chapter 4 can only comment on the bivalency model in the context

of mESC differentiation to NPCs. Although this was the seminal differentiation pathway

that established the bivalency model (92; 91), other differentiation paths or differentiation

into a more terminal cell state could possibly follow the mechanisms proposed by the biva-

lency model. In a similar regard, we also only investigated the coexistence of H3K27me3

and H3k4me3 within our work. A wonderful aspect of reICeChIP-seq is the adaptability of

the protocol. As long as specific antibodies for the moieties of interest are utilized, introduc-

tion and engineering of the HRV 3C protease cleavage site can facilitate investigation into

whichever marks of interest or differentiation programs investigators choose to look into.

4.3 Significance

In this dissertation I have delved into two specific niches of regulatory components that

maintain the fidelity of transcriptional activation and repression. I have uncovered novel
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regulatory features for the "housekeeping" TF Yin Yang 1, which shall hopefully provide a

basis for further investigation into its context-dependent functionality and add to the lexicon

of regulatory properties for TFs as a whole. I have also discussed the pitfalls of conventional

ChIP-seq, and have presented work using a methodology that we have developed (ICeChIP

and ReICeChIP) to re-evaluate the strength of the bivalency model. I believe this work

provides outlines for how to mechanistically approach investigations of basic biology and

highlights how, even in this era of massive dataset production, a rigorous look at the finer

details of molecular machinery is essential for the formation of proper biological conclusions.
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APPENDIX A

GENERATION OF AN E14 MESC YY1 DEGRON LINE

In Chapter 2 of this thesis, I describe my work in generating YY1 truncation and substitution

mutants to delineate its RNA-binding interface. Defining such an interface would allow us

to generate an RNA-binding deficient mutant of YY1 which we could then utilize within a

mammalian cell culture system. Expression of this RNA binding deficient mutant (or of any

of the mutants I’ve generated) in cells would allow us to start assessing how RNA binding

influences YY1’s genomic occupancy and modulate YY1’s protein interactome. In order to

produce data that are not confounded by the presence of WT endogenous YY1, I generated

an E14 mESC YY1-degron line, in which both copies of YY1 are tagged with an FKBP tag

for rapid and temporally controlled protein degradation using the CRISPR/Cas9 genome

editing system. This system was previously utilized to generate a V6.5 mESC line (37), and

our protocol closely follows theirs.

Briefly, five hundred thousand E14 mESCs were transfected with 2.5 µg of Cas9-GFP

plasmid and 1.25 µg of repair plasmid 1 (pAW62.YY1.FKBP.knock-in.mCherry) and 1.25 µg

of repair plasmid 2 (pAW63.YY1.FKBP.knock-in.BFP). Both plasmids were ordered from

Addgene. Cells were allowed to expand for 48 hours, and were then sorted for GFP expression

on an Invitrogen Bigfoot Cell Sorter at the University of Chicago Cytometry and Antibody

Technology Core Facility (Figure A.1).

Collected cells were expanded for 5 days and then sorted for BFP and mCherry expression,

indicating that both alleles of YY1 had been properly tagged. Cells were sorted into single

cell populations within 96-well plates and allowed to expand until mESC colonies began to

form (Figure A.2).

Upon stable expansion into 6-well plates, genomic DNA and protein lysates were ex-

tracted from multiple monoclonal populations and assayed for genomic integration of the

FKBP tag and targeted degradation of endogenous YY1 after cell populations were treated
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Figure A.1: FACS sorting for Cas9-eGFP expression. (Top) WT mESCs that have not
undergone CRISPR-Cas9 genome editing. (Bottom) Population of cells sorted for expansion
due to expression of Cas9-eGFP

with 500 nM of dTAG-47 for 24 hours (Figure A.3).

From this protocol, clone M1 showed the most promise in being a monoclonal mESC line

that has both alleles of YY1 tagged for controlled degradation. I hope that this cell line can

be used as a tool to investigate the scenarios I outlined previously.
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Figure A.2: FACS sorting for mCherry+ and BFP+ positive cells.
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Figure A.3: PCR and Western blot indicating homozygous tagging of endogenous YY1 with
the FKBP tag for inducible protein degradation. (Top) Genomic DNA amplification of C-
terminal region of YY1. WT band size 2̃508 bp. FKBP Knock-in band size 4̃kbp
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