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SUMMARY
Chronic pain is a tremendous burden for afflicted individuals and society. Although opioids effectively relieve
pain, significant adverse outcomes limit their utility and efficacy. To investigate alternate pain control mech-
anisms, we explored cholinergic signaling in the ventrolateral periaqueductal gray (vlPAG), a critical nexus for
descending pain modulation. Biosensor assays revealed that pain states decreased acetylcholine release in
vlPAG. Activation of cholinergic projections from the pedunculopontine tegmentum to vlPAG relieved pain,
even in opioid-tolerant conditions, through ⍺7 nicotinic acetylcholine receptors (nAChRs). Activating ⍺7
nAChRs with agonists or stimulating endogenous acetylcholine inhibited vlPAG neuronal activity through
Ca2+ and peroxisome proliferator-activated receptor a (PPAR⍺)-dependent signaling. In vivo 2-photon imag-
ing revealed that chronic pain induces aberrant excitability of vlPAG neuronal ensembles and that ⍺7 nAChR-
mediated inhibition of these cells relieves pain, even after opioid tolerance. Finally, pain relief through these
cholinergicmechanismswas not associatedwith tolerance, reward, or withdrawal symptoms, highlighting its
potential clinical relevance.
INTRODUCTION

Although opioids, such as morphine and fentanyl, are effective

treatments for chronic pain,1 their use is compromised by un-

pleasant side effects, abuse liability, the development of anal-

gesic tolerance, and withdrawal symptoms.2–6 Their increased

availability has contributed to elevated incidence of opioid use

disorder (OUD) and overdose-induced deaths.3,5 These con-

cerns highlight the need to identify novel non-opioid targets for

pain management.7

The descending pain-modulatory pathway is an evolutionarily

conserved neural circuit that encodes8–13 and modulates noci-

ceptive signaling based on internal states and external stim-

uli.14,15 The ventrolateral periaqueductal gray (vlPAG) is a key

regulator of this pathway,16 and electrical,17–24 pharmacolog-

ical,17,19,25–33 and chemogenetic14,34–36 manipulation of this re-

gion produces profound analgesia. vlPAG is also a key site of

endorphin-mediated analgesia,22 and direct infusion of opioids

into the vlPAG relieves pain by suppressing GABAergic drive

onto projections to the rostral ventromedial medulla (RVM).37,38

However, other non-opioid neuromodulators that alter pain

through changes in vlPAG activity are less well studied. Although

in vivo recordings in vlPAG have identified response characteris-

tics of different neuronal populations, activity patterns of

neuronal ensembles in acute and chronic pain states have not

been studied.
3414 Neuron 111, 3414–3434, November 1, 2023 ª 2023 The Author
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Acetylcholine (ACh) is a key neuromodulator that affects

cellular signaling and neuronal excitability in multiple brain re-

gions to modulate behavior.39–43 Although acetylcholinesterase

inhibitors like donepezil and agonists of nicotinic and muscarinic

ACh receptors (n/mAChRs) alter pain, the precise role of endog-

enous ACh and the cellular and network mechanisms that alter

pain have not been thoroughly investigated.44–47 Although

anatomical studies reveal cholinergic terminals in the vlPAG,48,49

their function is not known. Thus, understanding how these

endogenous cholinergic circuits regulate vlPAG and the de-

scending pain control circuitry to modulate pain may lead to

novel analgesic treatments.

Here, we assayed ACh release dynamics in the vlPAG

under various pain states using the novel ACh biosensor—

GRABACh 3.0.
50 Then, using anatomical and optogenetic ap-

proaches, we identified the source of ACh in the vlPAG and

tested how manipulating ACh levels relieves somatic and affec-

tive aspects of pain. After establishing that ACh is an important

neuromodulator in this system, we identified the receptor and

intracellular signaling that mediate the analgesic effects of

these cholinergic projections. These investigations are supple-

mented by electrophysiological and in vivo characterizations of

pain-induced plasticity in the vlPAG. Finally, using in vivo

2-photon imaging, we explored the neuropathic pain-induced

aberrant neuronal dynamics in the vlPAG and how opioids,

opioid tolerance, and cholinergic modulation alter these
s. Published by Elsevier Inc.
creativecommons.org/licenses/by-nc-nd/4.0/).
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Figure 1. Nocifensive behaviors correlate with decreased ACh levels in the vlPAG

(A) Left: schematic of injection site and optical fiber placement (white dashed line) for the ACh fluorescent sensor, GRABACh 3.0. Right: fluorescence image

showing GRABACh 3.0 (green) and nuclear DAPI stain (blue; scale bars, 50 mm).

(B) Representative recording of vlPAG GRABACh 3.0 fluorescence dynamics recorded using fiber photometry during open-field behavior.

(C) Mean GRABACh 3.0 fluorescence traces time locked to paw withdrawal in response to radiant heat source (RHS) assay (downward arrow, 6 traces per animal;

n = 4 mice).

(D) Representative GRABACh 3.0 fluorescence traces from sham-control (black) and CFA-injected animals (purple) collected 3 days after CFA/sham injection.

(E) Mean GRABACh 3.0 fluorescence pre- and post-CFA injection (purple) and in sham controls (gray). n = 4 mice. ***p < 0.001 paired t test, ####p < 0.0001

interaction repeated measures (RM) two-way ANOVA.

(F) Left: schematic showing formalin injection in the plantar surface of the hind paw and subsequent monitoring of nocifensive behaviors for 1 h post formalin

injection. Right: mean GRABACh 3.0 fluorescence per minute on the left y axis (black) and the nocifensive behavior score (% time spent licking, lifting, or guarding

paw in 5 min bins) on the right y axis (purple). Phase 1, 0–15 min and phase 2, 20–45 min. Fluorescence data normalized to 15 min of baseline before formalin

administration.

(G) Negative correlation between nocifensive behavior score (%) and mean GRABACh 3.0 fluorescence (DF/F%). Each point represents a separate 5 min bin. The

error bars represent the standard error of mean (SEM) across animals in that time bin. n = 4 mice; shading represents 95% confidence interval.

Error bars and shaded areas represent SEM,
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ensemble dynamics. Together, these investigations ultimately

provide insights into novel cholinergic circuitry and receptor

mechanisms that relieve pain despite opioid tolerance without

evidence of withdrawal symptoms, reward profile, or the devel-

opment of analgesic tolerance.

RESULTS

ACh release in the vlPAG is inhibited during nocifensive
behaviors
We investigatedpain-inducedchanges inACh in the vlPAGusinga

biosensor—GRABACh 3.0 (Figure 1A). This method revealed spon-

taneous ACh release in the vlPAG during open-field behavior (Fig-

ure 1B; Figure S1A). Acute painful stimuli transiently inhibited ACh

release, as reflected in reduced GRABACh 3.0 fluorescence (Fig-

ure 1C).CompleteFreund’sadjuvant (CFA) injected in thehindpaw

induced a chronic inflammatory pain state, which decreased ACh

transients and mean fluorescence (Figures 1D and 1E). Note that

ACh levels in the vlPAG were not correlated with movement

(Figures S1A and S1B). We verified this inverse relationship be-

tween ACh and pain using a single-session formalin assay tomiti-

gate inter-session variability. Within a formalin assay, different

temporal phases are associated with varying levels of nocifensive
behaviors51 (Figure 1F). Phases associated with stronger nocifen-

sivebehaviors showed lowerGRABACh 3.0 fluorescence, indicating

lower levelsofACh in thevlPAGandviceversa (Figures1Fand1G).

These observations suggest an interdependency between the

pain state and cholinergic tone in the vlPAG.

Cholinergic PPTg neurons project to the vlPAG
Next, we explored the potential source of ACh in the vlPAG us-

ing anatomical labeling. We injected retrogradely transported

virus52 in the vlPAG of ChAT-Cre mice, which expresses tdTo-

mato in presynaptic Cre-expressing neurons and enhanced

yellow fluorescent protein (EYFP) in all back-labeled neurons53

(Figure 2A). We verified the injection site (Figure 2B) and

conducted whole-brain imaging (Figure 2C) to observe back-

labeling in the pedunculopontine tegmental nucleus (PPTg)

and laterodorsal tegmental nucleus (LDTg, Figure 2D). Sparse

labeling was observed in the medial septum-diagonal band of

Broca (MS-DBB, Figures 2C and 2D). These results agree

with previous publications48,49 and data from the Allen Institute.

Next, we activated PPTgChAT+ terminals optogenetically

using ChrimsonR while monitoring ACh in the vlPAG with

GRABACh 3.0 and observed increased fluorescence, indicating

that these projections release ACh (Figures S1C and S1D).
Neuron 111, 3414–3434, November 1, 2023 3415
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Figure 2. PPTgChAT+ neurons project to vlPAG, and activating them is antinociceptive

(A) Schematic showing retrograde labeling strategy to express tdTomato in presynaptic Cre-expressing cholinergic neurons. EYFP was also expressed in the

vlPAG to identify the injection site.

(B) Viral injection site with local neurons (green), cholinergic terminals (red), and DAPI-stained nuclei (blue; scale bars, 50 mm).

(C) Representative images of cholinergic brain structures with back-labeled neurons (red).

(D) Quantification of back-labeled cholinergic neurons per field of view (FOV). Each data point represents an animal. From each animal, at least 6 FOVs were

collected per brain region, and the number of neurons were averaged per animal (n = 4 mice).

(E) Left: schematic ofCre-dependent ChR2 expression in PPTgChAT+ neurons and cannula placement (white dashed line) in the vlPAG. Right: fluorescence image

showing ChR2-expressing PPTgChAT+ terminals (green) with DAPI stain (blue; scale bars, 50 mm).

(F) Pawwithdrawal latency in a RHS assay during no stimulation (baseline), optogenetic stimulation (stim), and post-stimulation (recovery) in ChR2 (blue) and GFP

(green) expressing mice. n = 6 mice. *p < 0.05 paired t test, ###p < 0.001 interaction RM two-way ANOVA.

(G) Pawwithdrawal threshold in von Frey assay before (pre-CFA) and after CFA (green) during baseline and optogenetic stimulation (Stim) in ChR2 (blue) and GFP

(green) expressing mice. n = 6 mice. ****p < 0.0001 paired t test, ###p < 0.001 interaction RM two-way ANOVA.

(H) Paw withdrawal latency in a RHS assay in CFA-injected mice (3 days prior) during baseline and optogenetic stimulation (stim) in ChR2 (blue) and GFP (green)

expressing mice. n = 6 mice. ****p < 0.0001 paired t test, ####p < 0.0001 interaction RM two-way ANOVA.

Error bars represent SEM.
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Activating PPTgChAT+ / vlPAG projections is
antinociceptive
Given the dense PPTgChAT+/ vlPAG connectivity (Figure 2) and

the negative correlation between nocifensive behaviors and ACh

release in the vlPAG (Figure 1), we explored the pain-relieving ef-

fects of activating these projections. In ChAT-Cre animals, we

expressed ChR254 or EYFP in PPTgChAT+ neurons and placed

an optical cannula in the vlPAG to activate cholinergic terminals

(Figure 2E). Activating these cholinergic terminals increased the

latency to paw flick in a radiant heat source (RHS) assay (Fig-

ure 2F). Activation of LDTgChAT+ / vlPAG did not alter nocifen-

sive responses (data not shown). Next, we explored the effects
3416 Neuron 111, 3414–3434, November 1, 2023
of stimulating these terminals on CFA-induced chronic inflam-

matory pain. Although CFA injection induces hyperalgesia and

allodynia, activating PPTgChAT+ / vlPAG projections reversed

these effects, with consistently increased paw withdrawal

threshold (Figure 2G) and latency to paw flick in RHS and cold

allodynia assays (Figure 2H; Figure S1F).

A recent study demonstrated that manipulating PPTgChAT+

neuronal activity does not alter motor function,55 and we also as-

sessed the potential confounds on locomotion, anxiety, and gen-

eral motor control using open-field assay,56 rotarod assay,57 and

a high-power output RHS. In the open-field assay, stimulating

PPTgChAT+ / vlPAG projections did not alter the distance
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Figure 3. Inhibiting vlPAGOprm1+ neurons is antinociceptive under baseline and opioid-tolerant conditions

(A) Left: schematic depicting GCaMP6 and eNpHR 3.0 expression in vlPAGOprm1+ neurons and cannula placement (white dashed line) in the vlPAG. Right:

fluorescence image showing GCaMP6 (green) and eNpHR 3.0 (red) expression with nuclear DAPI staining (blue; scale bars, 50 mm).

(B) Representative GCaMP6 fluorescence traces from vlPAGOprm1+ neurons collected using fiber photometry during open-field behavior in CFA-injected (purple)

and sham-control (black) mice. Data collected 3 days after CFA/sham injection.

(C) Mean fluorescence in sham-control (black) and CFA-injected mice (purple) before (Pre) and after (Post) CFA injection. n = 4 mice. ****p < 0.0001 paired t test,

###p < 0.001 interaction RM two-way ANOVA.

(D)Mean vlPAGOprm1+GCaMP6 fluorescence traces time locked to pawwithdrawal in RHS assay (arrow) in CFA-injected (purple) and sham-control mice (black, 6

traces per mouse; n = 4 mice).

(E) Peak vlPAGOprm1+ GCaMP6 fluorescence transient during RHS-evoked responses in sham-control (black) and CFA-injected mice (purple) during RHS assay.

n = 4 mice. ***p < 0.001 paired t test, ##p < 0.01 interaction RM two-way ANOVA.

(F) Schematic of the tolerance exposure paradigm.

(G) Mean vlPAGOprm1+GCaMP6 fluorescence traces time locked to morphine administration (10 mg/kg) in opioid tolerance-exposed (red) or control (black) animals.

(H) Change in vlPAGOprm1+GCaMP6 fluorescence post morphine/saline (15–20min) comparedwith before (10–5min) in mice exposed to opioid tolerance (red) or

controls (black). n = 4 mice. ***p < 0.001, **p < 0.01 paired t test, ###p < 0.0001 interaction RM two-way ANOVA.

(I) Mean vlPAGOprm1+ GCaMP6 fluorescence traces time locked to paw withdrawal during RHS assay after morphine (10 mg/kg) injection in opioid tolerance-

exposed or control animals.

(J) Peak vlPAGOprm1+ GCaMP6 fluorescence time locked to paw withdrawal during RHS assay after morphine/saline administration in mice exposed to opioid

tolerance (red) or controls (black). n = 4 mice. ****p < 0.0001 paired t test, ####p < 0.0001 interaction RM two-way ANOVA.

(K) Pawwithdrawal latency in RHS assay before tolerance exposure in control (black) and tolerance (red) group during baseline (Bas), optogenetic inhibition (Inh),

and after morphine administration (Mor, 10 mg/kg). n = 5 mice.

(L) Paw withdrawal latency in RHS assay after tolerance exposure in the control (black) and tolerance (red) groups during baseline (Bas), optogenetic inhibition

(Inh), and after morphine administration (Mor, 10 mg/kg). n = 5 mice.

(legend continued on next page)
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traveled, the number of movement bouts, or time spent in the

center zone (Figures S1G, S1H, and S1I). In the rotarod assay,

optogenetic activation did not alter the latency to fall (Figure S1J).

Increasing thermal intensity in RHS assay lowered the latency to

paw flick compared with regular RHS assay, even during opto-

genetic activation (Figure S1K). Thus, optogenetic activation of

PPTgChAT+ / vlPAG projections modulates nociception without

altering motor function or anxiety levels.

Optogenetic inhibition of vlPAGOprm1+ neurons is
antinociceptive post-opioid tolerance
Repeated opioid use induces tolerance by reducing analgesic

efficacy.58–60 To test how m-opioid receptor-expressing vlPAG

neurons (vlPAGOprm1+) respond to nocifensive behaviors before

and after opioid tolerance, we expressed the genetically en-

coded calcium indicator GCaMP6 in vlPAGOprm1+ neurons using

Oprm1-Cremice (Figure 3A). Using in vivo fiber photometry (Fig-

ure 3B), we found that vlPAGOprm1+ neurons are activated during

nocifensive behaviors, such as paw withdrawal from acute

nociceptive thermal stimuli in the RHS assay (Figure 3D). Also,

CFA-induced chronic pain increased neuronal excitability, as

evidenced by increased mean fluorescence (Figures 3B and

3C) and higher transient amplitude in response to nocifensive

stimuli (Figures 3D and 3E). As expected, morphine (10 mg/kg

i.p.) decreasedmean fluorescence (Figures 3G and 3H) and tran-

sient amplitudes (Figures 3I and 3J, black control trace), sug-

gesting that morphine inhibits vlPAGOprm1+ neurons. Treatment

of the mice with an escalating morphine regimen58,61 (10 /

30 mg/kg over 7 days; Figure 3F) induced opioid tolerance, veri-

fied by a lack of increase in latency to paw flick after morphine

administration (Figure S2A). Morphine doses that inhibited

vlPAGOprm1+ neurons in control mice did not inhibit vlPAGOprm1+

neurons in opioid-tolerant mice (Figures 3G–3J, red-tolerant

trace), indicating compromised inhibition. Hence, we tested

whether cell-autonomous inhibition of vlPAGOprm1+ neurons

relieved pain in this opioid-tolerant state. We expressed the

inhibitory opsin, halorhodopsin (eNpHR 3.0), in vlPAGOprm1+ neu-

rons and implanted a fiberoptic cannula in the vlPAG (Figure 3A).

Halorhodopsin function was verified using simultaneous fiber

photometry, where inhibition decreasedmean fluorescence (Fig-

ure S2B). Optogenetic inhibition of vlPAGOprm1+ neurons in

opioid-naive mice increased latency to paw flick in RHS assay

(Figure 3K), recapitulating the antinociceptive effects of

morphine. After inducing and verifying opioid tolerance, we

observed that optogenetic inhibition of vlPAGOprm1+ neurons still

increased the latency to paw flick (Figure 3L), even after

naloxone (6 mg/kg i.p., Figure 3M). Separately, we verified that

inhibiting vlPAGOprm1+ neurons reduced thermal hyperalgesia

associated with chronic pain (Figure S2C).

Finally, we testedwhether activating PPTgChAT+/ vlPAG pro-

jections recapitulates these observations and relieves pain in

opioid-tolerant mice. Indeed, after opioid tolerance, when

morphine lost its analgesic potency, optogenetic activation of
(M) Paw withdrawal latency in RHS assay after tolerance and naloxone exposure

kg) administration, and during optogenetic inhibition (Inh). n = 5mice. *p < 0.05, **p

two-way ANOVA.

Error bars and shaded areas represent SEM.
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PPTgChAT+ / vlPAG projections increased paw withdrawal

latency (Figures S2D and S2E). Furthermore, activation of

PPTgChAT+ / vlPAG projections also relieved pain, even after

naloxone administration (Figure S2F), demonstrating conserved

analgesic potency even after opioid tolerance.

a7 nAChRs mediate the analgesic effects of activating
PPTgChAT+ / vlPAG projections
To identify themechanisms of the observed effects, we explored

the underlying receptors. First, we assayed AChR mRNA in the

vlPAG using fluorescence in situ hybridization (FISH).62 We

observed strong expression of Chrna7 and Chrm2 and weak

expression of Chrm4 mRNA (Figure 4A; Figure S3A). Next, we

sequentially administered receptor antagonists before activating

PPTgChAT+ / vlPAG projections and found that the systemic

administration of a7 nAChR antagonist (methyllycaconitine

[MLA] 6 mg/kg) blocks the antinociceptive effects (Figure 4B).

Interestingly, pan-muscarinic (atropine 10 mg/kg) and M2

mAChR antagonist (AFDX-116 3 mg/kg) decreased baseline la-

tencies to paw flick without changing the antinociceptive effects

of activating this circuit (Figure 4B). Given the potential non-spe-

cific effects of the receptor antagonists in other areas of the ner-

vous system, we verified our observations by focally infusing

MLA into the vlPAG. The antinociceptive effects of activating

PPTgChAT+ / vlPAG projections were blocked by focal MLA

infusion (Figure 4C). These observations implicate a7 nAChRs

in the antinociceptive effects of activating this cholinergic circuit.

Interestingly, the higher affinity M2 mAChRs may mediate base-

line pain sensitivity given the baseline cholinergic tone (Figure 1).

To test if a7 nAChRs also mediate synaptic communication be-

tween PPTgChAT+ and vlPAG neurons, we expressed channelrho-

dopsin 2 (ChR2) in PPTgChAT+ terminals and recorded from vlPAG

neurons in regions of densest innervation (Figure 4D). Activation of

PPTgChAT+ terminals evoked rapid inward currents (optically

evoked excitatory postsynaptic currents [oEPSCs]) in 71% of the

recorded neurons (n = 17 neurons, 6 mice, Figure 4E). These

oEPSCs were blocked by MLA (10 nM) and recovered after

washout (Figure 4F). Additionally, a-bungarotoxin (100 nM) irre-

versibly blocked these oEPSCs, whereas 6-cyano-7-nitroqui-

noxaline-2,3-dione (CNQX, 20 mM) did not alter them

(Figures S3B and S3C). These observations demonstrate func-

tional cholinergic synaptic transmission mediated through a7

nAChRs between evolutionarily conserved brain structures asso-

ciatedwith descending painmodulation, a rare observation within

the CNS.43,63–67

vlPAGChrna7+ neurons are activated during nocifensive
behaviors in response to noxious stimuli
Given the importance of a7 nAChRs, we explored pain-induced

changes in vlPAGChrna7+ neurons. First, we used fiber photometry

to monitor a7 nAChR-expressing (vlPAGChrna7+) neurons using

GCaMP6 and Chrna7-Cre mouse lines (Figure 5A). vlPAGChrna7+

neuronswere activated by noxious stimuli that elicited nocifensive
during baseline (Bas), after naloxone (6 mg/kg, Nal) and morphine (Mor, 10 mg/

< 0.01, ***p < 0.001, ****p < 0.0001 paired t test; ####p < 0.0001 interaction RM
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Figure 4. a7 nAChRs mediate the antinociceptive effects of PPTgChAT+ / vlPAG projections

(A) Fluorescent in situ hybridization (FISH) signal for AChR mRNA expression in vlPAG. n = 3 mice.

(B) Paw withdrawal latency in RHS assay for mice expressing ChR2 (blue) or GFP (green) in PPTgChAT+ neurons before drug injection (drug name), 30 min after

drug injection (+30), and after activation of PPTgChAT+ terminals in vlPAG (Stim, pink shading). n = 9 mice for ChR2, 3 for GFP. *p < 0.05, **p < 0.01 paired t test;

##p < 0.01, ###p < 0.001, #####p < 0.0001 interaction RM two-way ANOVA.

(C) Left: schematic showing strategy for PPTgChAT+ terminal activation along with focal drug infusion. Right: paw withdrawal latency in RHS assay in mice ex-

pressing ChR2 (blue) or GFP (green) in PPTgChAT+ terminals in the vlPAG. RHS assay was conducted before drug administration (drug name), 10 min after focal

drug infusion (+10), and after optogenetic stimulation (Stim). n = 6 mice for ChR2, 3 mice for GFP. #p < 0.05 interaction RM three-way ANOVA.

(D) Slice electrophysiology schematic to monitor optically evoked excitatory postsynaptic currents (oEPSCs). ChR2-expressing PPTgChAT+ terminals were

activated during voltage-clamp recordings (�70 mV) of vlPAG neurons.

(E) Representative trace demonstrating PPTgChAT+ terminal activation-evoked oEPSC is blocked by bath application of a7 nAChR antagonist MLA (10 nM).

(F) Current amplitude of oEPSCs before, during, and after MLA (10 nM) bath perfusion. n = 6 cells, 4 mice. **p < 0.01 unpaired t test.

Error bars represent SEM.
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behaviors selectively, including hot (55�C) and cold (2�C) water,

von Frey filaments (1.4 g), radiant heat, noxious pinprick, and

acetone (Figure 5B). These neurons were not strongly activated

by other non-noxious stimuli, including somatosensory, visual, ol-

factory, or auditory stimuli (Figure 5B). CFA-induced chronic pain

increased RHS-evoked transient amplitudes and mean fluores-

cence intensity, indicating elevated activity of vlPAGChrna7+ neu-

ronscomparedwith shamcontrols (Figures5Cand5D). To identify

the cellular basis of this plasticity, we recorded fluorescently

labeled vlPAGChrna7+ neurons. Although we observed minimal dif-

ferences between CFA and sham controls in intrinsic excitability

and inhibitory drive (Figures S3D and S3E), we observed a

significantly stronger excitatory synaptic drive to these

vlPAGChrna7+ neurons in CFA-injected animals (Figures 5E and

5F). These observations suggest that inhibiting vlPAGChrna7+ neu-

ronsmediates theantinociceptive effects,which iscounterintuitive

asa7nAChRsare cationchannels thatgenerally induceexcitation.

Hence, we investigated the pain-modulatory effects of inhibiting

vlPAGChrna7+ using optogenetics.

Inhibiting vlPAGChrna7+ neurons is antinociceptive,
despite opioid tolerance
We expressed eNpHR 3.0 on vlPAGChrna7+ neurons and im-

planted an optical cannula in vlPAG (Figure 5G). Optogenetic in-

hibition of these neurons increased the latency to paw flick in
acute thermal pain assays (Figure 5H). In CFA-induced chronic

pain state, inhibiting vlPAGChrna7+ neurons increased latency to

paw flick in RHS assay and increased paw withdrawal threshold

in von Frey assay (Figure 5I; Figure S3F). Furthermore, inhibiting

these neurons was antinociceptive in opioid-tolerant animals,

even after naloxone administration (6 mg/kg, Figure S3G). After

repeated opioid injections, naloxone induces somaticwithdrawal

signs, including jumping and rearing behaviors.68–72 Optogenetic

inhibition of vlPAGChrna7+ neurons during naloxone-precipitated

withdrawal reduced these somatic signs (Figure S3H). Further-

more, inhibiting the activity of vlPAGChrna7+ neurons did not affect

motor control or anxiety (Figure S3I). Given these somatic effects,

we employed a real-time place preference assay to test if inhibit-

ing vlPAGChrna7+ neurons relieved the affective component of

chronic pain.73 We observed that chronic pain-induced prefer-

ence for the chamber paired with inhibition of vlPAGChrna7+ neu-

rons compared with controls or mice not in chronic pain (Fig-

ure S3J). These observations suggest that inhibiting these

neurons relieves the affective component of pain but does not

induce preference in the absence of chronic pain.

a7 nAChR activation relieves pain by inhibiting the
activity of vlPAGChrna7+ neurons
Given that inhibiting vlPAGChrna7+ neurons is antinociceptive, we

tested the effects of optogenetic activation of endogenous
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Figure 5. vlPAGChrna7+ neurons are activated by noxious stimuli, and inhibiting them is antinociceptive

(A) Left: schematic depicting GCaMP6 expression in vlPAGChrna7+ neurons and cannula placement (white dashed line) within vlPAG. Right: fluorescence image

showing GCaMP6 (green) expression and nuclear DAPI (blue; scale bars, 50 mm).

(B) Mean vlPAGChrna7+ GCaMP6 fluorescence traces time locked (vertical line) to stimuli (approach, light, tone, air puff, odorant) or behavioral responses to von

Frey (VF), water at 27�C, 55�C, or 4�C, acetone, or RHS assay (n = 4 mice for air puff/odorant, n = 8 mice for other tests).

(C) Left: mean vlPAGChrna7+GCaMP6 fluorescence transient time locked to pawwithdrawal (vertical line) in RHS assay in sham (blue) and CFA-injectedmice (red)

(n = 4mice). Recordings were conducted 3 days after the CFA injection. Right: maximum vlPAGChrna7+GCaMP6 fluorescence in RHS assay. n = 4mice. **p < 0.01

paired t test, #p < 0.05 interaction RM two-way ANOVA.

(legend continued on next page)
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cholinergic drive on these neurons. In a ChAT-Cre::Chrna7-Cre

mouse line, we expressed ChrimsonR in PPTgChAT+ neurons

and GCaMP6 in vlPAGChrna7+ neurons and conducted simulta-

neous optogenetics and fiber photometry (Figure 6A). Activating

PPTgChAT+ terminals in the vlPAG increased latency to paw flick

and correlated with a decrease in fluorescence intensity, indi-

cating the inhibition of vlPAGChrna7+ neurons (Figures 6B and

6C). The maximal increase in latency to paw flick was observed

during the lowest activity of vlPAGChrna7+ neurons (Figure 6C).

Activation of PPTgChAT+ terminals transiently increased activity,

followed by inhibition that took �15 min to develop, suggesting

potential cell signaling after a7 nAChR activation. Given that

stimulating cholinergic inputs suppressed vlPAGChrna7+ neuronal

activity and was antinociceptive, we tested the analgesic effects

of the a7 nAChR agonist, EVP-6124.74 In acute RHS assay, pre-

treatment with EVP-6124 (0.3 mg/kg) increased paw withdrawal

latency (Figure 6D). This analgesic effect peaked 25–45 min after

EVP-6124 administration and persisted for several hours (data

not shown). Using in vivo fiber photometry, we also verified

that EVP-6124 at analgesic doses transiently activated

vlPAGChrna7+ neurons but was followed by persistent inhibition

(Figures 6E and 6F). To test the necessity of this decrease in ac-

tivity for the antinociceptive effects of EVP-6124, we expressed

ChrimsonR and GCaMP6 on vlPAGChrna7+ neurons to activate

and monitor these neurons (Figure 6G). After EVP-6124 adminis-

tration, optogenetic activation of vlPAGChrna7+ neurons blocked

the analgesic effects of the agonist in a stimulation frequency-

dependent manner (Figures 6H and 6I). These observations

demonstrate that a decrease in the activity of vlPAGChrna7+ neu-

rons is an essential substrate for the analgesic effects of a7

nAChR activation.

To explain a7 nAChR activation-induced decrease in activity,

we explored potential cell signaling mechanisms. Activation of

a7 nAChRs75 leads to increases in intracellular Ca2+ through

voltage-gated Ca2+ entry and direct permeation through the a7

channels. Increased cytosolic Ca2+ can recruit N-acyl phospha-

tidyl-ethanolamine-specific phospholipase D (NAPE-PLD)-

dependent signaling.76–78 Interestingly, NAPE-PLD levels are

dynamically regulated by pain states as well, where, generally,

chronic pain conditions decrease NAPE-PLD levels.79–81 We

tested if a7 nAChR activation alters NAPE-PLD in the vlPAG by

injecting mice with EVP-6124 (0.3 mg/kg) or saline, followed by

a formalin assay. We observed significant upregulation of

NAPE-PLD in the vlPAG (Figure S4A). NAPE-PLD recruits endo-
(D) Left: representative vlPAGChrna7+ GCaMP6 fluorescence traces during open-fi

fluorescence in sham-control (blue) and CFA-injected (red) mice. n = 4 mice. **p

(E) Left: slice electrophysiology schematic showing recordings conducted from

expression inChrna7-Cremice. Right: representative spontaneous EPSC recordin

Cl� reversal to �70 mV, Cs+ internal).

(F) Frequency and amplitude of oEPSCs recorded from vlPAGChrna7+ neurons fr

unpaired t test.

(G) Left: schematic showing Cre-dependent eNpHR3.0 (or GFP) expression in vl

image showing eNpHR3.0-mCherry (red) expression with DAPI stain (blue; scale

(H) Paw withdrawal latency in RHS assay during baseline, optogenetic inhibition

mice. ***p < 0.001 paired t test, #####p < 0.0001 interaction RM two-way ANOV

(I) Pawwithdrawal latency in RHS assay in CFA-injected mice during baseline (Bas

(gray). n = 6 mice. ***p < 0.001 paired t test, ###p < 0.001 interaction RM two-w

Error bars and shaded areas represent SEM.
cannabinoid-like signaling molecules to target the nuclear re-

ceptor-peroxisome proliferator-activated receptor a (PPARa),82

which, along with fatty acid amide hydrolase (FAAH), is also

implicated in altered algesia.83–87 We explored if PPARa

signaling is an essential substrate for a7 nAChR activation-

induced decrease in activity. To that end, we fluorescently

labeled vlPAGChrna7+ neurons and conducted cell-attached re-

cordings (Figure 6J). EVP-6124 (2 nM) perfusion reduced the

spontaneous firing rate (Figures 6K and 6L), as observed in vivo

(Figures 6E and 6F). Preincubation with a PPARa antagonist, GW

6471 (1 mM), blocked EVP-6124 (2 nM)-mediated decrease in

firing rate without altering baseline activity (Figures 6K and 6L)

or a7 nAChR function (Figure S4D).

Although PPARa provides a nexus for the delayed inhibitory

effects of a7 nAChR activation, the mechanism regulating mem-

brane excitability is unknown. PPARa activators phosphorylate

50 adenosine monophosphate-activated protein kinase

(AMPK), a key regulator of Kv2.1.
88 Both AMPK and Kv2.1 are

implicated in nociception,89–95 opioid use,96–99 and regulating

neuronal excitability.100–102 Thus, we explored the phosphoryla-

tion of AMPK and various phosphorylation sites of Kv2.1 (S563,

S603). Following EVP-6124 administration, we observed an in-

crease in pAMPK (Thr172) and a decrease in pKv2.1 (S603,

Figures S4B and S4C). Decreased pKv2.1 (S603) increases K+

conductance to reduce excitability.102 EVP-6124 treatment

reduced both nocifensive behaviors in the formalin assay and

the levels of pKv2.1 (S603) (Figure S4C). Immunohistochemical

signal at the S563 site did not show appreciable differences

with EVP-6124 treatment (data not shown). These observations

highlight a novel relationship between a7 nAChRs and potas-

sium channels mediated through Ca2+-dependent signaling

cascades.

Given these observations, we tested if blocking PPARa

lowers the analgesic effects of a7 nAChR agonist. Indeed,

the analgesic effects of EVP-6124 (0.3 mg/kg) in phase 2 of

the formalin assay were reduced after pre-administration of

GW 6471 (2 mg/kg, Figure 6M). As endocannabinoid-like

signaling associated with PPAR activation may recruit CB1

receptors, we tested if cannabinoid type-1 receptor (CB1R)

antagonist NESS-0327 blocked the analgesic effects of a7

nAChR activation. Analgesic effects of EVP-6124 were not

altered by CB1R antagonist NESS-0327 (0.5 mg/kg, Fig-

ure 6M). These observations suggest that a7 nAChRs

agonist relieves pain by inhibiting the activity of vlPAGChrna7+
eld behavior in CFA-injected (red) and sham-control (blue) mice. Right: mean

< 0.01 paired t test, #p < 0.05 interaction RM two-way ANOVA.

fluorescently labeled vlPAGChrna7+ neurons using Cre-dependent tdTomato

gs fromCFA-injected and sham-control animals 3 days after injection (�70mV,

om mice 3 days after CFA or sham injections. n = 6 cells, 5 mice. **p < 0.01

PAGChrna7+ neurons and cannula placement in the vlPAG. Right: fluorescence

bars, 50 mm).

(Inh), and recovery in eNpHR 3.0 (red) and GFP-expressing mice (gray). n = 6

A.

e) and optogenetic inhibition (Inh) in eNpHR 3.0 (red) and GFP-expressingmice

ay ANOVA.
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Figure 6. a7 nAChR activation is antinociceptive via inhibition of vlPAGChrna7+ neurons

(A) Left: schematic of simultaneous fiber photometry and optogenetics strategy to activate PPTgChAT+ terminals while monitoring vlPAGChrna7+ neuronal activity

using GCaMP6 and double transgenic ChAT-Cre x Chrna7-Cre mouse line. Right: fluorescence image showing GcaMP6 expression on vlPAGChrna7+ neurons

(green) and ChrimsonR-tdTomato expression on PPTgChAT+ terminals (red; scale bars, 50 mm).

(B) Paw withdrawal latency in RHS assay on the left y axis (red). Mean GcaMP6 vlPAGChrna7+ fluorescence during 1 min time bins is plotted on the right y axis

(blue). 20 Hz activation of PPTgChAT+ terminals in the red line. n = 4 mice.

(C) Mean GCaMP6 vlPAGChrna7+ fluorescence plotted against latency in RHS assay. Symbols represent 3 min bins. Fit illustrates inverse correlation and 95%

confidence interval (CI, shaded area). n = 4 mice.

(D) Paw withdrawal latency in RHS assay during baseline, after EVP-6124 (0.3 mg/kg) administration, and recovery. n = 6 mice. ***p < 0.001 paired t test.

(legend continued on next page)
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neurons through a PPARa-dependent signaling mechanism

(Figure S4E).78,87,103,104

a7 nAChRs are expressed on vlPAGGABA+ interneurons
and relieve pain via disinhibition of descending pain
control pathways
We further investigated the role of vlPAGChrna7+ neurons in the

context of descending projections. First, we explored the mRNA

expression profile of vlPAGChrna7+ neurons using FISH. We identi-

fied that a majority of vlPAGChrna7+ neurons expressed the vesicu-

lar GABA transporter (vGAT; Slc32a1+), a marker of GABAergic

neurons (Figures S5A and S5B). These vlPAGChrna7+ neurons co-

expressed markers for other neuromodulators and receptors,

including cannabinoid receptor 1 (Cnr1), prodynorphin (Pdyn),

and m-opioid receptor (Oprm1, explored later, Figures S5A–S5C).

Using optogenetics and slice electrophysiology, we tested

whether vlPAGChrna7+ neurons function as local interneurons. Op-

togenetic activation of vlPAGChrna7+ neurons evoked outward cur-

rents (optically evoked inhibitory postsynaptic currents [oIPSCs])

in the neighboring recorded cells (Figure 7A), and these oIPSCs

were blocked by pretreatment with the GABA-A receptor antago-

nist, bicuculline (20 mM, Figure 7B). Additionally, activating

vlPAGChrna7+ neurons inhibited vlPAG / RVM projections in vivo

as measured using simultaneous optogenetics and fiber photom-

etry (Figures 7C and 7D). These observations suggest that

vlPAGChrna7+neuronsare local inhibitory interneurons that regulate

vlPAG/RVMprojections. Thus,we tested ifa7nAChRactivation

relieves pain by disinhibiting descending vlPAG / RVM projec-

tions. Using slice electrophysiology, we observed that bath

application of EVP-6124 (2 nM) decreased the frequency of spon-

taneous IPSCs recorded from back-labeled vlPAG / RVM pro-

jection neurons (Figures 7E and 7F). Additionally, only 6% of

vlPAGChrna7+neuronsproject toRVM (Figures7Gand7H). Further-

more, activating vlPAGChrna7+ / RVM neurons did not alter

nocifensive behaviors (Figure 7I). Finally, in vivo administration of

EVP-6124 (0.3 mg/kg) decreased GABA levels within vlPAG as

measured using iGABASnFR105 and fiber photometry, similar to

the effects of morphine (Figures 7J and 7K). Together, these find-

ings demonstrate that a7 nAChR activation inhibits vlPAGChrna7+

neurons to disinhibit the descending pain pathways, similar to

the physiological effects of opioids.37
(E) Representative vlPAGChrna7+ neuronal activity measured using GCaMP6 and

zontal line).

(F) Percent change in mean fluorescence after saline or EVP-6124 administration

(G) Left: schematic to activate and monitor vlPAGChrna7+ neurons. Right: fluo

expression (scale bars, 50 mm). ****p < 0.001 paired t test.

(H) Optogenetic activation of vlPAGChrna7+ neurons (1–20 Hz) and GCaMP6 fluore

monitor and manipulate their activity (n = 4 mice).

(I) Pawwithdrawal latency in RHS assay vs. change in vlPAGChrna7+GCaMP6 fluor

only is black square. Optogenetic activation of vlPAGChrna7+ neurons after EVP-6

confidence interval (CI, shaded area) n = 4 mice.

(J) Schematic of slice electrophysiology from fluorescently labeled vlPAGChrna7+

(K) On-cell recordings of vlPAGChrna7+ neurons during drug perfusions (EVP-6124,

artificial cerebrospinal fluid (aCSF) (green) and EVP-6124 (blue). n = 4 cells from

(L) Change in firing relative to baseline. n = 4 cells from 3 mice. *p < 0.05 unpaire

(M) Nocifensive behavior score (%) during phase 2 of formalin assay after admin

administered after GW6471 pre-infusion (red, n = 5 mice) and after NESS0327 (d

Error bars and shaded areas represent SEM.
a7 nAChR agonist inhibits pain- and opioid-sensitive
neurons in the vlPAG
Given the observed similarities in the physiological and

behavioral effects of a7 nAChR and m-opioid receptor

agonist, we explored overlap in receptor expression in the

vlPAG. Using FISH and protein assays, we found co-expres-

sion in 71%–74% of the neurons that expressed at least one

of these receptor types (Figures S6A–S6D). Thus, we tested

whether the opioid-sensitive pain-encoding vlPAG neuronal

ensemble could be effectively targeted by the a7 nAChRs

agonist (EVP-6124) to relieve pain, even after opioid toler-

ance. To that end, we used an in vivo 2-photon imaging

approach to monitor neuronal ensemble dynamics over mul-

tiple days in the progression to a chronic pain state and

through the development of opioid tolerance. Pan-neuronal

GCaMP6 was expressed in the vlPAG, and neurons were

imaged through a gradient index (GRIN) lens (Figure 8A). Af-

ter habituation, mice were tested over 4 weeks, where the

consistently tracked neurons were analyzed for spontaneous

and pain-evoked activity (Figures 8B and 8C). A majority of

the monitored vlPAG neurons were activated by noxious

stimuli that elicited nocifensive behaviors (Figure 8F;

Figures 6E and 6F). Furthermore, morphine (10 mg/kg)

reduced both the spontaneous and pain-evoked activity of

these vlPAG neurons (Figures 7D–7G). Establishing a chronic

neuropathic pain state using paclitaxel (8 mg/kg, four injec-

tions over 8 days) induced thermal hyperalgesia (Figure 6G)

and hyperexcitability in these vlPAG neurons (Figures 8D–

8G). Interestingly, the chronic pain state also recruited neu-

rons that were previously unresponsive to noxious stimuli

into the pain-responsive ensemble (Figures S6E and S6F).

In this chronic pain state, morphine still inhibited the pain-

responsive ensemble, including those newly recruited pain-

responsive cells (Figures 8D–8H). However, inducing opioid

tolerance weakened the morphine-mediated suppression of

activity (Figures 8D–8G). In agreement with our previous

optogenetic testing in opioid-tolerant mice, subsequent

exposure to EVP-6124 (0.3 mg/kg) effectively inhibited the

pain-responsive ensemble (Figures 8D–8H) and increased

latency to paw withdrawal (Figure S6G). Interestingly, the ma-

jority of neurons inhibited by morphine before inducing opioid
fiber photometry after saline (black) and EVP-6124 (blue) administration (hori-

. n = 4 mice.

rescence images showing GCaMP6 (green) and ChrimsonR-tdTomato (red)

scence. GCaMP6 and ChrimsonR were expressed on vlPAGChrna7+ neurons to

escence relative to baseline activity. Saline is gray circle. EVP-6124 (0.3 mg/kg)

124 is denoted by different colors. Fit illustrates inverse correlation and 95%

neurons.

2 nM;GW6471, 1 mM). Insets show representative traces during 20–25min after

3 mice.

d t test.

istration of Sal (light green, n = 5 mice), EVP-6124 (blue, n = 5 mice), and EVP

ark green, n = 4 mice). ***p < 0.001 ****p < 0.0001 unpaired t test.
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Figure 7. a7 nAChRs are expressed on GABAergic vlPAG neurons, which inhibit vlPAG / RVM neurons

(A) Slice electrophysiology schematic. vlPAGChrna7+ neurons were optogenetically activated while neighboring unlabeled neurons were recorded

(0 mV, ECl� ��70 mV).

(B) Optically evoked inhibitory postsynaptic current (IPSC) blocked by bath application of bicuculline (20 mM).

(C) Schematic depicting strategy to activate vlPAGChrna7+ neurons using ChrimsonR while monitoring vlPAG / RVM projection neurons using GCaMP7s.

(D) Mean GCaMP7s fluorescence from vlPAG/ RVM projection neurons (green trace) collected using fiber photometry time locked to optogenetic activation of

vlPAGChrna7+ neurons (red line, 4 traces per animal, n = 3 mice).

(E) Top: schematic depicting retrograde tdTomato labeling of vlPAG/ RVM projection neurons for slice electrophysiology. Bottom: spontaneous IPSCs before

(above) and after (below) EVP-6124 bath application. Neurons were voltage clamped at �70 mV with ECl� �0 mV and CNQX (20 mM) in the bath.

(F) Percent change in the frequency of spontaneous IPSCs 2–5 min before aCSF/EVP-6124 (2 nM) application and 15–20 min after aCSF (gray)/EVP (blue) bath

application. n = 4 cells from 3 mice. **p < 0.01 unpaired t test.

(G) Left: schematic depicting retrograde tdTomato labeling of vlPAG / RVM projection neurons (red) and GFP labeling of vlPAGChrna7+ neurons (green). Right:

representative image showing fluorescently labeled vlPAG neurons (scale bars, 50 mm).

(H) Pie chart showing the percentage of vlPAGChrna7+ neurons that project to RVM. A total of 2,202 cells were counted from 3 mice.

(I) Left: schematic showing the optogenetic strategy to selectively activate vlPAGChrna7+/ RVM projection neurons. Right: latency in RHS assay during baseline,

optogenetic stimulation (blue), and recovery. n = 3 mice.

(J) Schematic showing fiber photometry strategy to monitor GABA levels within the vlPAG.

(K) Left: representative iGABASnFR fluorescence in baseline (black) and post-EVP-6124 administration (blue). Right: mean fluorescence in baseline (black), EVP-

6124 (blue), and morphine (red) injected animals. n = 3 mice. **p < 0.01 unpaired t test.

Error bars and shaded areas represent SEM.
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tolerance were also inhibited by EVP-6124 (Figure 8H). These

observations demonstrate that chronic pain expands the

pain-sensitive vlPAG neuronal ensemble. Additionally, a7

nAChRs and m-opioid receptors inhibit similar ensembles of

neurons, and a7 nAChR activation still inhibits these neurons

after opioid tolerance.
3424 Neuron 111, 3414–3434, November 1, 2023
a7 nAChR agonists relieve pain without the
development of tolerance, rewarding effects, or
withdrawal symptoms
In addition to the analgesic effects of EVP-6124, we tested for

the development of analgesic tolerance. Even after repeated

administration (6 days, 23/day), EVP-6124 (0.3 mg/kg)
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Figure 8. a7 nAChR agonist inhibits pain-

responsive and opioid-sensitive ensembles

(A) Schematic showing 2-photon imaging strategy

using GCaMP6 expressed in vlPAG neurons and

GRIN lens implanted within vlPAG to monitor

neuronal activity in head-fixed awake-behaving

animals.

(B) Timeline: spontaneous and noxious-stimuli

evoked activity was tracked after saline, morphine,

or EVP-6124 administration. On day 2 to 7, mice

underwent paclitaxel-induced neuropathy. On day

14 to 21, mice underwent opioid tolerance.

(C) Representative field of view (FOV) showing

standard deviation fluorescence image reflecting

active neurons during imaging sessions on day 1

and 28.

(D) Representative activity traces tracked through

pathophysiological states (baseline, neuropathy

[green], and opioid tolerance [pink]) and drug ex-

posures: saline (black), morphine (red, 10 mg/kg),

and EVP-6124 (blue, 0.3 mg/kg).

(E) Quantification of spontaneous activity (n = 201

neurons, 5 mice). Left, mean amplitude of tran-

sients. Right, mean transient frequency under

baseline, neuropathy, tolerance, and EVP-6124

administration (4). Metrics post saline, morphine,

and EVP-6124 administration are represented as

gray, red, and blue, respectively.

(F) Raster plots of neuronal activity in the vlPAG

during noxious heat-evoked tail withdrawal (arrow).

Warmer colors represent stronger activation. n =

201 neurons, 5 mice.

(G) Evoked response amplitude after saline,

morphine, and EVP-6124 during baseline, neurop-

athy, and after opioid tolerance and EVP-6124

administration. Metrics post saline, morphine, and

EVP-6124 administration are represented as gray,

red, andblue, respectively. n=201neurons, 5mice.

(H) Percent reduction in noxious-stimuli-evoked

neuronal responseamplitudeaftermorphine (xaxis)

and EVP-6124 (y axis). ****p < 0.0001 paired t test,

####p < 0.0001 interaction RM two-way ANOVA.

Error bars represent SEM.
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increased the latency to paw flick (Figure S7A). Next, we

explored the reward profile associated with EVP-6124 using a

conditioned place preference (CPP) assay (Figure S7B). Here,

we observed that unlike morphine, exposure to an analgesic

dose of EVP-6124 (0.3 mg/kg) in a particular context did not

cause a preference for that context, similar to previous observa-

tions106 (Figure S7C). Next, to test for affective withdrawal symp-

toms, we repeatedly exposed mice to EVP-6124 or morphine

over 5 days and then conducted a conditioned place aversion

assay where we precipitated withdrawal using their respective

antagonists: MLA (3 mg/kg) or naloxone (6 mg/kg) (Figure S7D).

Although the naloxone-paired chamber was avoided by animals
Neuron
pre-exposed to morphine, EVP-6124-

treated mice did not show an aversion

to the MLA-paired chamber (Figure S7E).

These data indicate that analgesic doses

of the a7 agonist did not induce toler-

ance, reward, or withdrawal symptoms.
In addition to acute and chronic neuropathic pain, we tested if

a7 nAChR agonist treatment relieved formalin-induced tonic in-

flammatory pain. EVP-6124 decreased the duration of nocifen-

sive behaviors in phase 2 of the formalin assay to similar levels

as that of morphine (Figures S7F and S7G). Furthermore, a

different a7 nAChR agonist (PHA-543613, 10 mg/kg) and a pos-

itive allosteric modulator (PAM; PNU-120596, 10 mg/kg) yielded

antinociceptive effects similar to EVP-6124, in agreement with

previous studies46,107 (Figure S7G). As the PAM requires endog-

enous ACh to achieve receptor activation and behavioral

analgesic effects, these data complement our earlier results

(Figure 1).
111, 3414–3434, November 1, 2023 3425



ll
OPEN ACCESS Article
Clinically, drug combinations are often employed to limit

opioid use. To test if a7 nAChR agonists could augment the

analgesic effects of submaximal doses of morphine, we co-

administered EVP-6124 (0.1 mg/kg) and morphine (4 mg/kg).

Combined submaximal doses decreased nocifensive behav-

iors in a formalin assay (Figure S7H) with a magnitude similar

to morphine at a 10 mg/kg dose, i.p. (Figure S7G). This com-

bination was associated with less dissociative locomotor

behavior,108–110 which is commonly observed with analgesic

morphine doses. EVP-6124 also decreased formalin-induced

nocifensive behaviors in opioid-tolerant mice, even after

naloxone treatment (6 mg/kg, Figure S7I). Finally, EVP-6124

also relieved the affective component of tonic inflammatory

pain, as tested using CPP (Figure S7J). Together, these obser-

vations indicate that a7 nAChR agonists relieve pain and,

along with the endogenous cholinergic circuit, form a viable

avenue for pain treatment without evidence of adverse side ef-

fects or addiction liability.

DISCUSSION

Chronic pain states are encoded in multiple brain regions at

cellular and network levels through synaptic and intrinsic excit-

ability mechanisms.111–115 Within these networks, the vlPAG

serves as a critical nexus that modulates pain by integrating

and processing information from functionally diverse brain

areas.116–122 Manipulating vlPAG neuronal activity has analgesic

effects,14,16–36 predominantly through projections to the RVM

and locus ceruleus (LC).38,79 How chronic pain and opioid expo-

sure alter the physiology of pain-encoding ensembles, specif-

ically within the vlPAG, has not been thoroughly explored.13 To

expand our understanding of neuromodulation in the vlPAG,

particularly cholinergic modulation, we investigated endogenous

ACh levels in vlPAG in various pain states and established an in-

verse relationship between these phenomena. We then deter-

mined that a7 AChRs and their signaling pathway reverse the

pain-induced maladaptive hyperexcitability in neuronal ensem-

bles of the vlPAG. We also show that the analgesic potency of

descending pain control circuits is preserved after opioid toler-

ance. We show that ACh strongly modulates vlPAG excitability

to alter sensory and affective pain experiences. This cholinergic

modulation originates from synaptic inputs and ultimately alters

the intrinsic excitability of pain-encoding neuronal ensembles.

These observations deepen our understanding of pain control

circuits and point toward molecular and cellular targets for iden-

tifying non-opioid pain treatment strategies.

Analgesic effects of opioids are mediated through multiple

central and peripheral circuits. One important site of action is

the vlPAG, where m-opioid receptors inhibit GABAergic interneu-

rons to disinhibit vlPAG output neurons.37 Repeated opioid use

leads to analgesic tolerance2–6 and opioid-induced hyperalgesia

through multiple maladaptive changes.2–6 Neural adaptations

associated with opioid tolerance may include changes in G pro-

tein and b-arrestin coupling to intracellular signaling path-

ways60,123,124 and altered recruitment of G protein-coupled

inwardly rectifying potassium (GIRK) channels within the

vlPAG.125–127 These foundational studies suggested that

vlPAG-mediated pain modulation by other means could be
3426 Neuron 111, 3414–3434, November 1, 2023
compromised under opioid-tolerant conditions. We observed

that a subset of vlPAG neurons was inhibited by morphine

administration, and these effects were lost under opioid-tolerant

conditions. Notably, after opioid tolerance, we found that direct

somatic inhibition of vlPAGOprm1+ neurons can still relieve pain,

suggesting that the analgesic efficacy of these descending

pain control circuits is preserved, independent of previous opioid

treatments.

These investigations yielded unexpected observations

regarding cholinergic physiology. First, we did not expect painful

experiences to decrease ACh levels in the vlPAG, as salient stim-

uli typically increase ACh release.41,128 Very few studies have

identified a physiological role for decreases in ACh,129 suggest-

ing an unexplored but potentially important role of the baseline

cholinergic tone. Our data demonstrate that decreases in basal

cholinergic tone in vlPAG are correlated with pain, suggesting

that basal levels help set an equilibrium level of algesia. Second,

cholinergic signaling in the CNS is enigmatic, partially due to the

uncertain nature of cholinergic synaptic transmission: both bulk

volume transmission through diffuse axonal arborizations and

fast synaptic transmission have been proposed.41,63–65 These

difficulties also stem from the kinetics of AChRs, the rapid

hydrolysis of ACh, and its dominant effects on presynaptic

terminals as opposed to somatodendritic sites.43 Additionally,

multiple cholinergic projections co-release other neurotransmit-

ters.43,130,131 Methodological innovations employed here have

addressed these challenges. Using cell-type and projection-

specific optogenetic approaches with slice electrophysiology,

we demonstrate fast cholinergic synaptic transmission as a

mediator of ACh modulation, which is uncommon in the CNS.

Our use of a fluorescent ACh sensor allowed direct monitoring

of ACh release dynamics during baseline conditions, as well as

acute and chronic pain states. Importantly, increasing ACh levels

using optogenetics relieves both acute and chronic pain. Third,

our studies focused on PPTg inputs to vlPAG, but we also found

anatomical connections between LDTg and MS-DBB. Although

connectivity does not prove functional relevance, exploring

these inputs is an important area for future investigation. Given

the known functions of LDTg and MS-DBB in REM sleep132–134

and fear encoding,135–137 examining the contribution of these

projections to the vlPAG in those conditions could provide valu-

able insights. Cholinergic neurons in the basal forebrain also

regulate attention and cognitive functions,39,138–140 and evalu-

ating vlPAG contribution to attentional-analgesia141,142 or pla-

cebo-analgesia143–145 could reveal underlying mechanisms.

Intriguingly, chronic pain conditions like diabetic neuropathies

are associated with cognitive comorbidities like ADHD,146 and

exploring the potential role of vlPAG cholinergic tone in these

conditions could present novel treatment strategies.

Our experiments indicate that the pain-relieving effects of

increasing ACh levels are mediated through a7 nAChRs that

inhibit vlPAGOprm1+/GABA+ interneurons. Recent studies have re-

ported that inhibiting vlPAGGABA+ interneurons reduces acute

pain.14,34 Similarly, we found that inhibiting vlPAGChrna7+ neurons

relieves the chronic and affective components of pain. Interest-

ingly, decreasing the activity of these interneurons also reduces

the behavioral symptoms of opioid withdrawal. Optogenetic

activation of vlPAGChrna7+ interneurons at higher frequencies
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reverses the inhibitory effects of a7 nAChR agonist administra-

tion. These data suggest that vlPAGGABA+ interneurons are

tonically active, which means that vlPAG projection neurons

are continuously inhibited under baseline conditions. These

results were cross-verified by our ex vivo cell-attached record-

ings showing spontaneous activity. Others have shown that

vlPAGGABA+ neurons undergo hyperexcitability under pain

states,147–150 mirroring our observations of vlPAGChrna7+ inter-

neurons. Our lab and others have reported analgesic actions of

a7 nAChR agonists through central mechanisms.46,151–154 Our

previous study suggested that a7 nAChRs were expressed by

a subpopulation of vlPAG / RVM projection neurons that lack

m-opioid receptors. Here, we expanded our assessment and

found that a7 nAChRs are expressed predominantly on local in-

terneurons, where they inhibit these cells, leading to the activa-

tion of vlPAG / RVM projection neurons in a manner similar

to opioid receptors.37,148 Furthermore, aided by complementary

and rigorous genetic, mRNA, protein, and physiological mea-

sures, we observed a high degree of overlap in the expression

and function of m-opioid and a7 nAChRs. Our molecular profiling

also explored the overlap of a7 nAChRs with multiple molecular

markers of vlPAG neurons. In the vlPAG, Tac1+ and Sst+ neurons

modulate itch rather than pain,155 and we did not observe a7

nAChR expression on those neurons. Although we attribute

the analgesic effects of activating PPTgChAT+ / vlPAG to a7

nAChRs, M2 mAChRs are also strongly expressed in the

vlPAG.156 Our testing of muscarinic antagonists suggests that

M2 mAChRs may contribute to baseline pain sensitivity and

thus may contribute to the onset of chronic pain physiology.

Given the higher affinity of M2 mAChR to ACh, perhaps the

decrease in ACh release in the vlPAG may be sensed by these

receptors during acute and chronic pain states.157,158 Further

exploration of M2 mAChRs in vlPAG is needed to better under-

stand the adaptations associated with chronic pain.

Another unexpected outcome of our investigations was that

a7 nAChRs relieve pain through a persistent inhibition of

neuronal activity. This effect was surprising given that a7

nAChRs are excitatory cation channels with high Ca2+ perme-

ability, displaying rapid activation and desensitization kinetics.75

Increasingly, investigations of Ca2+-permeable receptors, like

NMDA159–163 and a7 nAChRs, have revealed signaling through

non-canonical pathways with physiological responses beyond

their ionotropic effects.164–169 Evidence for metabotropic-like

signaling pathways, Erk, Jak2/Stat3, and other kinases has

also been reported.170–172 Elevating intracellular Ca2+ through

these Ca2+-permeable receptors could induce decreases in

neuronal excitability to reduce cytotoxicity.173–176 In other brain

regions, activation of Ca2+-permeable nAChRs can modulate

neuronal physiology through phosphorylation,78,103 calcineurin

signaling,177–179 and activation of KCa channels.180,181 We

observed strong regulation of Kv2.1 phosphorylation by a7

nAChR agonists, likely mediating the decrease in excitability

through non-genomic actions of PPARa and AMPK phosphory-

lation.100,182–187 Along with this cholinergic modulation, we also

observed the expression of CB1Rs on vlPAGChrna7+ neurons.

Although CB1R antagonist pretreatment did not alter the anal-

gesic effects of a7 nAChR agonists, intra-vlPAG administration

of CB1R modulators can regulate physiology and reduce
pain with minimal rewarding effects or withdrawal symp-

toms,34,188–192 closely mimicking our observed analgesic

outcomes. Thus, these vlPAG ensembles could serve as a fasci-

nating unexplored nexus where endogenous cholinergic, opioid,

and cannabinoid systems converge to regulate nocifensive

behaviors.
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STAR+METHODS
KEY RESOURCES TABLE
REAGENT or RESOURCE SOURCE IDENTIFIER

Antibodies

NAPE-PLD Abcam RRID: AB_246951

pAMPK (Thr172) Cell Signaling RRID: AB_2535

pKv2.1 Gift from James Trimmer Cat# Kv2.1-pS563, RRID:AB_2315785;

Cat# Kv2.1-pS603, RRID: AB_2531883

u-opioid receptor Abacm RRID: AB_134054

a-Bungarotoxin (fluorescence conjugated) Invitrogen RRID: B13422 or B35450

Anti mouse f(ab) IgG H&L fragments Abcam RRID: AB_6668

DAPI Fluoromount G SouthernBiotech RRID: 0100-20

Normal donkey serum Jackson ImmunoResearch RRID: AB_2337258

Normal goat serum Jackson ImmunoResearch RRID: AB_2336990

Bacterial and virus strains

GRAB ACh 3.0 WZ Biosciences N/A

AAVrg-CAG-DIO-tdTomato UNC Vector Core N/A

AAV1-hSyn-iGABASnFR Addgene RRID:Addgene_112159

AAVrg-CAG-DIO-tdTomato Addgene RRID:Addgene_28306

AAV1-phSyn1-Flex-tdTomato-T2A-SypEGFP Addgene RRID:Addgene_51509

AAV9-hSyn-DIO-mCherry Addgene RRID:Addgene_50459

AAVrg-CAG-tdTomato Addgene RRID:Addgene_59462

AAV9-Ef1a-DIO-ChR2-EYFP Addgene RRID:Addgene_20298

AAV9-EF1a-DIO-ChR2-mCherry Addgene RRID:Addgene_20297

AAV9-EF1a-DIO-eNpHR3.0-EYFP Addgene RRID:Addgene_26966

AAV9-Syn-DIO-ChrimsonR-tdTomato UNC Vector Core N/A

AAVrg-EF1a-DIO-ChR2-mCherry Addgene RRID:Addgene_20297

AAV9-hSyn-DIO-EYFP Addgene RRID:Addgene_27056

AAV9-Syn-DIO-GCaMP6m Addgene RRID:Addgene_100838

AAVrg-Syn-jGCaMP7s Addgene RRID:Addgene_104487

Chemicals, peptides, and recombinant proteins

Tracers - fluorescent retrobeads Fisher Scientific F8783

CFA Sigma-Aldrich F5881

Formalin Fisher Scientific Company F79500

Morphine sulfate Sigma-Aldrich M8777-250MG

Bicuculine Sigma-Aldrich 14340-25MG

Paclitaxel Thermo Scientific AAJ62734MC

MLA Tocris 1029

AFDX 116 Tocris 1105

Mecamylamine Tocris 2483

Atropine Sigma-Aldrich 1044990-50MG

DHBE Tocris 2349

ɑ-Bungarotoxin Tocris 2133

CNQX Tocris 1045

Acetone Fisher Scientific Company A18P-4

Naloxone Sigma-Aldrich BP548

(Continued on next page)
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EVP 6124 ChemBlock L14548

GW 6471 Tocris 4618

NESS 0327 Tocris 5746

PHA 543613 Sigma-Aldrich PZ0135-25MG

PNU 120596 Tocris 2498

Meloxicam Sigma-Aldrich 1379401

Dexamethasone Sigma-Aldrich D1756

Salts for aCSF, HEPES, NMDG Sigma and Tocris N/A

Critical commercial assays

RNAScope Multiplex reagent kit Advanced Cell Diagnostics 320851

3-plex Negative Control Probe Advanced Cell Diagnostics 320871

3 plex Positive Control Probe Advanced Cell Diagnostics 320881

Th Advanced Cell Diagnostics 317621

Slc32a1 Advanced Cell Diagnostics 319191

Slc17a6 Advanced Cell Diagnostics 319171

Tac1 Advanced Cell Diagnostics 410351

Penk Advanced Cell Diagnostics 318761

Pdyn Advanced Cell Diagnostics 318771

Chat Advanced Cell Diagnostics 408731

Sst Advanced Cell Diagnostics 404631

Npy Advanced Cell Diagnostics 313321

Chrm1 Advanced Cell Diagnostics 495291

Chrm2 Advanced Cell Diagnostics 495311

Chrm3 Advanced Cell Diagnostics 437701

Chrm4 Advanced Cell Diagnostics 410581

Chrm5 Advanced Cell Diagnostics 495301

Chrna5 Advanced Cell Diagnostics 31571

Chrna7 Advanced Cell Diagnostics 465161

Chrnb2 Advanced Cell Diagnostics 449231

Chrnb3 Advanced Cell Diagnostics 449201

Chrnb4 Advanced Cell Diagnostics 452971

Oprm1 Advanced Cell Diagnostics 315841

Cnr1 Advanced Cell Diagnostics 420721

Hcrtr1 Advanced Cell Diagnostics 466631

Glp1r Advanced Cell Diagnostics 418851

Htr3a Advanced Cell Diagnostics 411141

Drd2 Advanced Cell Diagnostics 406501

Cre-O1 Advanced Cell Diagnostics 474001

Experimental models: Organisms/strains

Mouse: ChAT-Cre Jackson Labs 6410

Mouse: Oprm1-Cre Gift from Julie Blendy N/A

Mouse: Chrna7-Cre Jackson Labs 034808-UCD

Mouse: Gad2-Cre Jackson Labs 10802

Software and algorithms

Graphpad Prism v9 Graphpad Software RRID: SCR_002798

ImageJ NIH RRID: SCR_002285

pCLAMP Molecular Devices RRID: SCR_011323

(Continued on next page)
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Mini Analysis Synaptosoft RRID: SCR_002184

MATLAB Mathworks RRID: SCR_001622

Cell Profiler Cell Profiler RRID: SCR_007358

Ethovision XT-11 Noldus RRID: SCR_014429

Easy Electrophysiology Easy Electrophysiology RRID: SCR_021190

Clampfit Molecular Devices RRID: SCR_011323

NoRMCorre Flatiron Institute https://github.com/flatironinstitute/NoRMCorre

CNMF-E GitHub https://github.com/zhoupc/CNMF_E

CellReg GitHub https://github.com/zivlab/CellReg

EZCalcium GitHub https://github.com/porteralab/EZcalcium

Other

2p imaging laser Spectra Physics Mai Tai BB

Syringe pump Wolrd Precision Instrument UMP3T

Optogenetic fiber Doric MFC_400/430-0.48_5mm_MF1.25_FL

Opto-pharmacology cannula Doric OmFC

Isoflurane Covertrus 11695067772

Dental cement Lang Dental 1404

Skull screws PlasticsOne 0-80 1/16

LEDs Doric CLED_405 & CLED_465

Photometry digitizer Tucker Davis Technologies RZ5P

Femtowatt photoreceiver Newport 2151

Cameras Basler acA1300-60

GRIN lens Inscopix 1050-004597

10x objective Olympus UPLFLN10X

20x objective Olympus LCPLN20X

Sterilizer Fine Science Tools 18000-45

Stereotaxic system Kopf Instruments 962

Heating pad Harvard Apparatus 72-0492

Drill Foredom K1070

Drill bit Kyocera 105-0210L310

Injection syringe Hamilton 1700 33G

Trephine Fine Science Tools 18004-18

GRIN Lens holder RWD Life Science 998-00201-00

SRO accolade Zest Dental Solutions 91388-M

UV LED SDI 5600202

Adhesive cement Parkell S380

Silicone Sealant World Precision Instruments KWIK-CAST

Electrophysiology amplifier Molecular devices Multiclamp 700A/Axopatch 200B

Electrophysiology digitizer Molecular devices Digidata 1440A

Optogenetic cables Thorlabs RJPFL4

595 nm LED (Thorlabs, M595F2) Thorlabs M595F2

Blue optogenetics laser Shanghai Laser and Optics Century T8_612

Power meter Thorlabs PM20A

Confocal microscope Marianas 3i

2-Photon microscope Leica TCS SP5

Photometry minicube Doric FMC5_IE(400-410)_E(460-490)_F(500-540)_

O(580-680)_S

Patch cord Doric MFP__m_FCM-MF1.25(F)_LAF
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RESOURCE AVAILABILITY

Lead contact
Further information and requests for resources and reagents should be directed to and will be fulfilled by the lead contact, Daniel

McGehee (dmcgehee@uchicago.edu).

Materials availability
This study did not generate new unique reagents.

Data and code availability
d All data reported in this paper will be shared by the lead contact upon request.

d This paper does not report original code.

d Any additional information required to reanalyze the data reported in this paper is available from the lead contact upon request.
EXPERIMENTAL MODEL AND STUDY PARTICIPANT DETAILS

Mouse lines
All procedures were conducted in accordance with the NIH guide for the care and use of laboratory animals, the American Veterinary

Medical Association guidelines, and the guidelines from the International Association for the Study of Pain. The use of laboratory an-

imals was approved by the Institutional Animal Care and Use Committee at the University of Chicago. Adult (>8 weeks, 25–35 g) male

and female WT (C57BL6/J, Jackson labs), ChAT-Cre (Strain number: 006410, Jackson Labs), Chrna7-Cre (Strain number:

034808-UCD, MMRRC), Oprm1-Cre (gift of Julie Blendy, University of Pennsylvania), Gad2-Cre (Strain number: 010802, Jackson

Labs) and ChAT-Cre::Chrna7-Cre were used in this study. These mice were bred at the University of Chicago. Cre expression spec-

ificity was verified using mRNA and immunohistological approaches for ChAT-Cre and Gad-Cre mouse lines, and mRNA and elec-

trophysiological approaches forChrna7-Cre andOprm1-Cremouse lines. TheChAT-Cre::Chrna7-Cremouse line was verified by the

absence of Chrna7mRNA in PPTg, ChATmRNA in the vlPAG, and expression of CremRNA and in Chrna7mRNA expressing vlPAG

neurons and ChATmRNA expressing PPTg neurons. All experiments were conducted in mice that were heterozygous for Cre allele.

Mice were group-housed with littermates of the same sex (2-5 animals per cage), given access to food and water ad libitum, and

maintained on a 12 hr:12 hr light:dark cycle (lights on at 6:00 AM) at 23±1�C. Behavioral assays were conducted during the light cycle.

All animals were monitored for appropriate gross health status daily for the entirety of the study. For in vivo experiments, we used

randomly assigned age- and sex-matched litter-mate controls in experimental and control groups. All experiments were replicated

in at least one additional independent group. Experimenters were blinded to the viral injection of the experimental groups for all

optogenetic experiments. Optogenetic and behavioral experiments consisted of 5–11 mice per group, and in vivo and ex vivo phys-

iology experiments consisted of 3-7 mice per group. Exact animal numbers are provided in the Figure legends. To assess sex dif-

ferences, ANOVA was conducted to test for interaction between sex and antinociceptive effects of: a) optogenetic inhibition of

vlPAGChrna7+ neurons and b) optogenetic excitation of PPTgChAT+/vlPAG neurons. We found no evidence of sex differences, as

the interaction term was not significant assessing a) sex and optogenetic inhibition of vlPAGChrna7+ neurons yielded p=0.327,

and b) sex and excitation of PPTgChAT+/vlPAG neurons yielded p=0.7894. Therefore, male and female mice were combined in

the final groups. Animals were excluded only after post-hoc validation for virus expression and fiber optic placements. Multiple acute

somatic pain assays were conducted within the same cohort of animals. However, tonic, chronic, and affective pain assays were

conducted in separate animal cohorts. Repeated somatic pain assays did not alter baseline pain sensitivity by more than 1 standard

deviation for the tested parameter. Mice were naive to the drug or the test, unless otherwise stated in the text and the figures (e.g.

tolerance or conditioning experiments). This study did not use any tissue culture systems.

METHOD DETAILS

Surgeries
Stereotaxic injections and surgical procedures

All surgeries were conducted under aseptic conditions, and all surgical tools were sterilized using a glass bead sterilizer (FST ster-

ilization tool 18000-45). A small animal stereotaxic surgery device (Kopf Instruments) was used to position viral injections and fiber-

optic implants. Mice were anesthetized with isoflurane (2% induction, 1-1.5%maintenance), shaved using a trimmer, and placed on

the stereotaxic apparatus. Body temperature was maintained at 37�C using a homeothermic heating pad (Harvard Apparatus). An

ophthalmic ointment was used to maintain eye lubrication throughout the duration of the surgery. Prior to incision, mice were admin-

istered buprenorphine (Hospira, 0.05 mg/kg, s.c.) and bupivacaine (Hospira, 1 mg/kg s.c. at the site of incision). The surgery site was

sterilized with betadine solution and an incision was made on the top of the skull using surgical blades. A Foredom micromotor drill

was used with a drill bit (Kyocera 105-0210L310) to drill a hole (�600-800mm diameter) in the skull. Care was taken to prevent

bleeding, and sterilized cotton tip applicators were used to limit any bleeding that occurred. A blunt Hamilton syringe (1700 series,
e4 Neuron 111, 3414–3434.e1–e15, November 1, 2023
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33G) was used for all viral and fluorescent microsphere injections. The injection volume and flow rates were controlled using a syringe

pump (World Precision Instrument, UMP3T). For viral and microsphere injections, 400 nL fluid was injected at a rate of 150 nL/min,

unless otherwise stated. After the injection needle reached the target DV location, the needle was gently moved dorsoventrally for

�50mm to create a ’pocket’ for viral injection. After injection, the needle was held in place for �7mins to ensure adequate viral diffu-

sion and minimize viral solution from being suctioned up due to backpressure while removing the needle. The injection needle was

slowly withdrawn 5-10 min after the end of the infusion.

Injection coordinates in mm relative to Bregma for various brain regions were: vlPAG - AP: -4.75, ML: 0.55, DV: -2.70; PPTg - AP:

-4.60, ML: 1.10, DV: -3.50; LDTg - AP:-5.20, ML:0.50, DV:3.5; RVM - AP: -5.70, - 5.50, -5.90 ML: 0.00, DV: -5.90. The coordinates

were scaled based on the length variations of the AP distance between the Bregma and the Lambda. This distance was divided

by 4.21 (standard distance) and the ratio was used to scale the coordinates.

For photometry and optogenetics experiments, fiber optic cannulas (MFC_400/430-0.48_5mm_MF1.25_FL, Doric) were implanted

using a cannula holder stereotaxic attachment (Kopf Instruments). Cannulas were lowered into the brain at a rate of 300 mm/min. Two

skull screws (0-80 1/16, PlasticsOne) were affixed to separate plates of the skull, and dental cement (Lang Dental) was used to affix

the cannulas and the skull and the screws to form a headcap. Cannula placement coordinates in mm relative to Bregma are as fol-

lows: vlPAG: AP: -4.75 AP, ML: 0.55, DV: -2.50; PPTg: AP: -4.60, ML: 1.10, DV: -3.30. Post-surgery, 0.5mL sterile saline and Melox-

icam (Sigma, 5 mg/kg, s.c.). Animals were placed on a heating pad andmonitored until they fully recovered from the anesthetic. Mice

were allowed to recover, and the virus was allowed time to express for three weeks before behavioral assays. Injection coordinate

choices for PPTg and vlPAG were guided by preliminary anatomical experiments exploring the density of cholinergic innervation in

the vlPAG.

Viral approaches for anatomical tracing, immunohistochemistry, and slice electrophysiology For retrograde labeling of cholinergic

inputs to vlPAG, we injected 200nL of retrogradely transported virus AAVrg-CAG-DIO-tdTomato (Addgene: 28306) unilaterally into

the vlPAG of ChAT-Cremice. For retrograde labeling of inputs to the vlPAG for immunohistochemical analysis, 200nL of fluorescent

microspheres (FluoSpheres Carboxylate-Modified Microspheres, dark red fluorescent, 660/680, Fisher Scientific, F8783, diluted 1:4

in saline) were injected unilaterally into the vlPAG of WTmice. To label PPTgChAT+ terminals in vlPAG, in a ChAT-Cremouse line were

unilaterally injected 200nL of AAV1-phSyn1-Flex-tdTomato-T2A-SypEGFP (Addgene: 51509) into the PPTg. To label vlPAGChrna7+

neurons for slice electrophysiology recordings, AAV9-hSyn-DIO-mCherry (Addgene: 50459) was injected bilaterally into the vlPAG

of Chrna7-Cre mice. For electrophysiological recordings of vlPAG/RVM projections, AAVrg-CAG-tdTomato (Addgene: 59462)

was injected into the RVM of Chrna7-Cre mice. In a subset of these experiments, we also injected AAV9-Ef1a-DIO-ChR2-EYFP

(Addgene: 20298) in the vlPAG to optogenetically activate vlPAGChrna7+ neurons, while recording from vlPAG/RVM projecting neu-

rons. In slice electrophysiology experiments that tested cholinergic synaptic transmission from PPTgChAT+/vlPAG, we injected

AAV9-EF1a-DIO-ChR2-mCherry (Addgene: 20297) bilaterally in the PPTg of ChAT-Cre mice. To test GABAergic synaptic transmis-

sion from vlPAGChrna7+ neurons to neighboring vlPAG neurons, AAV9-EF1a-DIO-ChR2-mCherry was injected bilaterally into the

vlPAG. To explore overlap between vlPAGChrna7+ neurons and vlPAG/RVM projecting neurons, Cre-dependent EGFP was injected

in vlPAG of Chrna7-Cremice and AAVrg-CAG-tdTomato in the RVM at 3 locations along the AP-axis (see stereotaxic injections and

surgical procedures).

Viral injections and cannula implants for behavioral optogenetic assays

To optogenetically inhibit vlPAGOprm1+ neurons, we injected AAV9-EF1a-DIO-eNpHR3.0-EYFP (Addgene: 26966) in the vlPAG of

Oprm1-Cre mice and implanted an optical cannula in vlPAG. To optogenetically excite PPTgChAT+/vlPAG terminals, we injected

AAV9-EF1a-DIO-ChR2-mCherry in the PPTg ofChAT-Cremice and implanted an optical cannula in the vlPAG for terminal excitation.

A similar method was employed to optogenetically activate LDTgChAT+/vlPAG terminals, but the virus was injected in the LDTg

instead of PPTg. In these surgeries, we implanted the cannula ipsilateral to the viral injection site. For optogenetic manipulation of

vlPAGChrna7+ activity, a Chrna7-Cre mouse line was used, AAV9-Ef1a-DIO-eNpHR3.0-EYFP or AAV9-EF1a-DIO-ChR2-mCherry

was injected, and an optical cannula was implanted into the vlPAG to inhibit or excite, respectively. For optogenetic manipulation

of vlPAGGad+ neurons, a Gad-Cre mouse line was used, and AAV9-Ef1a-DIO-eNpHR3.0-EYFP or AAV9-Syn-DIO-ChrimsonR-

tdTomato (UNC Vector Core) was injected, and an optical cannula was implanted into the vlPAG to inhibit or excite, respectively.

To optogenetically activate RVM projecting vlPAGChrna7+ neurons, a retrogradely transported AAVrg expressing ChR2 in a Cre-

dependent manner (Addgene: 20297) was injected into the RVM ofChrna7-Cremice at 3 locations along the AP-axis (see stereotaxic

injections and surgical procedures). Optical cannula was implanted in the vlPAG for cell body optogenetic activation at 20hz. Unless

otherwise stated, AAV9-hSyn-DIO-EYFP (Addgene: 27056) was used as a control probe for behavioral experiments. For optogenetic

experiments, the optical fiber was implanted �100-150 mm above the virus injection site.

Viral injections and cannula implants for fiber photometry assays

To monitor the activity of vlPAGOprm1+ neurons, in an Oprm1-Cre mouse line, we injected AAV9-Syn-DIO-GCaMP6m (Addgene:

100838) and implanted an optical cannula into the vlPAG. Similar approaches were used to monitor the activity of vlPAGChrna7+

and vlPAGGad+ neurons using fiber photometry using Chrna7-Cre and Gad-Cre mouse lines, respectively. To monitor ACh levels

in vlPAG, in WT mice, we injected AAV9-hSyn-ACh4.3 (GRABACh 3.0, WZ Biosciences) and implanted an optical cannula into the

vlPAG. To monitor GABA levels in vlPAG, in WTmice, we injected AAV1-hSyn-iGABASnFR (Addgene: 112159) and implanted an op-

tical cannula into the vlPAG. For photometry experiments, the optical fiber was targeted �100-150mm above the virus injection site.
Neuron 111, 3414–3434.e1–e15, November 1, 2023 e5
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Viral injections and cannula implants for simultaneous fiber photometry and optogenetic assays

To simultaneously activate PPTgChAT+/vlPAG terminals in the vlPAG and monitor the activation-induced ACh release, in Chat-Cre

mice, we injected GRABACh 3.0 in the vlPAG and Cre-dependent ChrimsonR in the PPTg. The optical cannula was implanted in the

vlPAG. To simultaneously activate PPTgChAT+/vlPAG terminals while monitoring the activity of vlPAGChrna7+ neurons, in Chat-

Cre::Chrna7-Cremice, we injected Cre-dependent ChrimsonR in the PPTg and Cre-dependent GCaMP6m in the vlPAG. The optical

cannula was implanted in the vlPAG. To simultaneously activate vlPAGChrna7+ neurons while monitoring the neuronal activity of

vlPAG/RVM projection neurons, in Chrna7-Cre mice, we injected Cre-dependent ChrimsonR in the vlPAG and AAVrg-Syn-

jGCaMP7s (Addgene: 104487) in the RVM. The optical cannula was implanted in the vlPAG.

Viral injections and drug infusion cannula implant for opto-pharmacology assays

For focal drug infusion combined with optogenetic stimulation of PPTgChAT+/vlPAG terminals, we expressed Cre-dependent ChR2

in the PPTg in Chat-Cremice and implanted a guide cannula into the vlPAG. A focal infusion and optical cannula (OmFC, Doric) was

implanted through the guide cannula to optogenetically stimulate terminals after drug infusion in the same location. Optogenetic

stimulation was conducted 15 mins after drug infusion.

Viral and GRIN lens approaches for in vivo imaging assays

For calcium imaging experiments, WTmice were injected with Dexamethasone (0.6mg/kg, Sigma-Aldrich, D1756) before anesthesia

for surgery to minimize lens implantation-induced tissue swelling and inflammation. We performed a craniotomy using a trephine

(Fine Science Tools, 18004-18) to create a �1.5 mm diameter hole in the skull. We carefully removed the dura using a bent 30G sy-

ringe needle and irrigated the brain surface with sterile aCSF to prevent drying. We then injected 350nL of AAV9-Syn-GCaMP6m in

the vlPAG at a rate of 50nL/min in two locations inmm relative to Bregma: AP: -4.75,ML: 0.65, DV: -2.80 andDV: -2.4. These locations

are slightly lateral, dorsal, and ventral to the final GRIN lens implantation site. These injection locations were chosen because pre-

liminary experiments suggested the area immediately above the injection track displayed strong autofluorescence, presumably

due to tissue inflammation or death. To allow for viral diffusion, the syringe was removed 10mins after the injection. Before implanting

the grin lens, incisions in a cross-pattern were made on the brain’s surface using a surgical blade. GRIN lens (0.6 mm diameter,

7.3mm length, Inscopix, 1050-004597) was implanted using a GRIN Lens holder (RWD Life Science, 998-00201-00) at a rate of

0.15 mm/min. The lens was retracted 200 mm every 1 mm of implantation to allow the tissue to settle around the lens. The GRIN

lens was placed �100–300 mm above the imaging plane. SRO accolade (Zest Dental Solutions) was applied to the base of the

GRIN Lens and was cured for 2 mins with a high-intensity UV LED (SDI). The lens was bonded to the skull with adhesive cement

(C&B, S380 Metabond Quick Adhesive Cement System) and allowed to harden. Three skull screws were inserted on three separate

skull plates to form a triangular pattern around the lens. The lens holder was then removed, and dental Cement (Zest Dental) was

applied to the surrounding area of the skull, covering the skull screws. A titanium head plate 4 cm x 1 cm with a 0.75 cm diameter

hole was affixed to the head cap with the hole centered above the GRIN Lens. Kwik Cast Silicone Sealant (WPI) was used to fill the

hole and cover the GRIN Lens for protective purposes. Animals were monitored daily for changes in health and weight.

After experiments, all animals were checked for the location of viral injection and cannula placement using histological methods

and confocal imaging. Animals with inappropriate viral or cannula placement were excluded from analysis.

Slice electrophysiology
After viral injections and behavioral assays, mice were deeply anesthetized using isoflurane (Baxter). After checking breathing rate

(�1 breath per sec) and for lack of nocifensive responses, mice were transcardially perfused using an ice-cold NMDG-slicing solution

(�20ml), containing: 92 mM NMDG, 2.5 mM KCl, 1.25 mM NaH2PO4, 30 mM NaHCO3, 20 mM HEPES, 25 mM glucose, 2 mM thio-

urea, 5 mM Na-ascorbate, 3 mM Na-pyruvate, 0.5 mM CaCl2$4H2O, and 10 mM MgSO4$7H2O. pH was titrated to 7.3–7.4 with

concentrated HCl, and osmolarity was measured to be 300–310 mOsm. After perfusion, the mice were decapitated, and the brains

were extracted, dissected, and sliced in the same ice-cold NMDG slicing solution bubbled continuously with 95%-O2/5%-CO2.

Acute midbrain coronal slices (250mm thick) containing the vlPAG were taken on the vibratome (VT100S, Leica). These slices were

transferred to NMDG solution at 32�C for <12mins. Then these slices were transferred to HEPES containing recovery solution, which

contained: 92mMNaCl, 2.5mMKCl, 1.25mMNaH2PO4, 30mMNaHCO3, 20mMHEPES, 25mMglucose, 2mM thiourea, 5mMNa-

ascorbate, 3 mMNa-pyruvate, 2 mMCaCl2$4H2O, and 2 mMMgSO4$7H2O. In the HEPES solution, slices rested for at least 60 mins

before each recording. From each animal, 2-3 vlPAG slices were used for experiments. Opsin and fluorophore-containing slices were

kept under an optically opaque wrap.

For electrophysiological recordings, the slices were transferred to an upright microscope (Axioskop, Zeiss). Neurons were visual-

ized under infrared illumination with a 40x water-immersion objective equipped with infrared-differential interference contrast (IR/

DIC) and epifluorescence video microscopy. A light source (XCite, Excelitas) coupled to excitation filters (470/40 nm and 560/

40 nm bandpass) through the fluorescent port of the microscope was used to search for fluorescent neurons and optogenetic acti-

vation of opsins including ChR2, ChrimsonR, or eNpHR 3.0 with light pulses. Light pulses were triggered by pCLAMP via TTL pulses

to a shutter (LS2, Uniblitz) through theMaster-8 interface (A.M.P.I.). Optical power intensity through themicroscope objective was set

to�4mW/mm2 using a photodiode power sensor (S120C, Thor Labs). Optical pulse duration and frequencies were guided by in vivo

experiments and pilot data collected using slice electrophysiology. Retrogradely or virally labeled neurons were visualized using fluo-

rescence microscopy, and the patch pipette was guided to the neurons for whole-cell/cell-attached recordings using simultaneous
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GFP/tdTomato fluorescence and DIC illumination. This combined visualization was critical when recording from vlPAG, and PPTg

neurons, given that cell morphology was challenging to visualize using DIC illumination in these brain regions.

Recording external solution, artificial cerebrospinal fluid (aCSF) contained: 119 mMNaCl, 2.5 mM KCl, 1.25 mMNaH2PO4, 24 mM

NaHCO3, 12.5 mM glucose, 2 mM CaCl2$4H2O, and 2 mM MgSO4$7H2O superfused at �2 ml/min. The intracellular recording so-

lutions contained: 145 mM K-Gluconate or Cs-Gluconate (if monitoring synaptic currents), 10 mM HEPES, 1 mM EGTA, 2 mM

Mg-ATP, 0.3mMNa2-GTP, and 2mMMgCl2 (pH 7.3 adjusted using Tris base, osmolarity of 290–300mOsm adjusted using sucrose).

These experiments were performed at room temperature (�23�C). Intracellular or external aCSF solutions were backfilled in the

recording pipettes for whole-cell or cell-attached recordings. After recording, slices were fixed in PFA to confirm injection location

and viral expression using confocal microscopy. If the majority of viral expression was outside the intended region, the data were

excluded from the analysis.

Signals were amplified with a Multiclamp 700A/Axopatch 200B amplifier, digitized with Digidata 1440A, and controlled with

pCLAMP 9 software (Molecular Devices). Data were sampled at 10 kHz and low pass filtered at 1 kHz. Whole-cell patch-clamp re-

cordings were achieved with borosilicate patch pipettes containing the microelectrode (3–6 MU) pulled on a Flaming/Brown micro-

pipette puller (model P-97, Sutter Instrument, Novato, CA). Patch pipettes with higher resistance (5-7MU) were used for cell-attached

recordings to minimize accidental whole-cell access. In circumstances when cell-attached recordings transitioned to whole-cell re-

cordings, the data were discarded.

To isolate and identify the neurotransmitters mediating optogenetically evoked synaptic currents, we used the following antago-

nists as necessary: CNQX (20mM), bicuculline (20mM), MLA (10nM), Atropine (1mM), ɑ-bungarotoxin (100nM). Where necessary,

DMSO or Kolliphor HS 15 were used to dissolve drugs and control solutions contained the same diluent concentrations. Only one

cell from each slice was recorded for experiments that required drug perfusion. The recorded optically-evoked post-synaptic cur-

rents (oPSCs) had short constant latency, suggesting the monosynaptic nature of these synaptic responses. For these oPSC mea-

surements, the variance in 10 oPSC rise-time was monitored. The approximate latency was �7 ms. To monitor the effects of ɑ7
nAChR activation on vlPAGChrna7+ neuronal physiology, EVP-6124 (2 nM) was bath perfused. This concentration was chosen given

the known pharmacokinetics of EVP-6124 in mice.74

Cell-attached recordings of action potential frequency were conducted in on-cell configuration with a �GU seal resistance in

voltage clamp (0mV) mode with aCSF in patch pipette. Data were excluded if any run-down was observed during the recording.

For cholinergic receptor synaptic communication, cells were held at -70mV in whole cell voltage clamp mode. For GABAergic syn-

aptic transmission, cells were held at 0mV. Response sizes of oPSCs were calculated by baseline-subtracting and averaging 10

traces together, then calculating the peak amplitude in a 20ms window after the light pulse. When monitoring sEPSCs and sIPSCs,

the currents were separated using -70mV and 0mV holding potentials, respectively. Spontaneous synaptic events were detected us-

ing MATLAB’s findpeaks function with prominence >3 median absolute deviation of baseline noise, roughly corresponding to 5 pA

amplitude, <0.75 ms rise time, and >3 RMS noise picocoulomb charge transfer as calculated using the area under the curve, roughly

resulting in events lasting longer than 5ms. Identified sEPSCs and sIPSCs were cross verified using Easy Electrophysiology software

and visually verified by the experimenter.

When testing for the involvement of PPARɑ signaling cascade, GW6471 (100nM) was included in the HEPES solution and aCSF to

preincubate the slices and block the PPARɑ signaling cascade well before activation of ɑ7 nAChRs using EVP-6124. The on-cell ac-

tion potential firing rates were quantified by threshold crossing using MATLAB’s findpeaks function and visually verified. These were

binned according to described time intervals and normalized to baseline where necessary. Following stable 5 min whole-cell record-

ings, drugs or optogenetic stimulation effects were tested. In a subset of experiments, we expressed ChR2-mCherry on vlPAGChrna7+

neurons to use optogenetic stimulation after EVP-6124 induced a decrease in firing rate to test for neuronal action potentials.

For whole-cell excitability experiments, cells were recorded in current-clamp configuration and were allowed to stabilize for 5-

10 min after establishing whole-cell access. Action potential voltage and current thresholds were calculated based on the first spike

elicited by a slow current ramp protocol performed in current-clamp configuration (200pA over 250ms). Spike threshold was calcu-

lated as the first voltage value corresponding to the time derivative of the voltage trace greater than 5mV/ms.

To calculate the relationship between firing rate and current injection, the number of action potentials were counted per current

step, using 25pA increments of 1s duration. Input resistance was assessed by injecting a negative current step of -50pA for

500ms duration.

In measurements of chronic pain-induced changes in cellular excitability, mice were sacrificed five days after CFA or saline injec-

tion in the hind paw. CFA or saline administration was counterbalanced within littermates. CFA’s hyperalgesic effects were behav-

iorally verified on the day before electrophysiological recordings.

Data were only included from recordings with series resistance <30 MU and where input resistance or series resistance varied

<25%. All batches of virally administered opsins employed in the study were functionally tested using slice electrophysiology.

Data were primarily analyzed using Clampfit (Molecular Devices) and custom scripts inMATLAB.We aligned the data when the perfu-

sion was switched to the drug-containing aCSF or other manipulations instead of the peak of monitored effects. All chemicals were

purchased from Tocris or Sigma. The number of cells and animals employed for each experiment are included in the Figure legends.
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Optogenetics
For optogenetics experiments, mice were tethered to an optical fiber cable with an inbuilt rotary joint (RJPFL4 outer diameter

1.25mm, core diameter 400mm, ThorLabs). To activate eNpHR 3.0 opsin, we used a 595 nm LED (Thorlabs, M595F2) to deliver con-

stant orange light. To activate ChR2, we used pulsed blue light (473nm) delivered using a DPSS laser (Shanghai Laser & Optics Cen-

tury Co., Ltd.). Pulses were triggered usingMaster-9 Pulse Stimulator (A.M.P.I.). To activate ChrimsonR, we used 595 nm LED pulsed

using LED Driver and Doric Synapse Studio (Doric systems). Unless otherwise stated, we used 20Hz pulse frequency and 10ms

pulse duration for pulsed opsin activation. In all optogenetic experiments, the light at the tip of the cannula was adjusted to

�5mW (10mW/mm2) peak power at the desired wavelength using a power meter (Thorlabs, PM20A).

All behavioral assays were conducted four weeks after viral and cannula surgeries within a sound-attenuated room at�23�C. The
animals were acclimatized and habituated to the experimental room, experimenter handling, and optical tethers in their homecage for

at least 30 mins during the five days prior to the start of experiments. On the day of the experiments, the animals were habituated to

the experimental rooms for at least 30 mins before the experiments. Unless otherwise stated, PPTgChAT+/vlPAG projections were

stimulated for 10 mins before acute pain assays. vlPAGChrna7+ and vlPAGOprm1+ neurons were activated or inhibited immediately

before the acute pain assay. Recovery was conducted on the subsequent day for all experiments to prevent residual effects of op-

togenetic or drug manipulations. Mice were tethered to the optical cables during the baseline and recovery assays. The behavioral

apparatus was cleaned with a 70% alcohol solution and dried after each session. Experimenters were blinded to opsin or control

fluorophore expression. Movements were video recorded using a camera (Basler) and Ethovision XT-16 software (Noldus) for later

verification as necessary. During combined optogenetics and real-time place preference assay, the lasers were triggered based on

Master-9 output, which occurred when the mice were detected within the optogenetic stimulation-paired chamber. The real-time

location of mice was detected using a camera (Basler) interfaced with a computer (Dell Computers) running Ethovision XT-16 (Nol-

dus). Ethovision sent a TTL output using Noldus IO box to theMaster-9 pulse generator based onmouse location. In our experiments,

we did not observe an interaction tested by repeated-measures ANOVA in antinociceptive effects and the laterality of the paw in

vlPAGChrna7+ optogenetic inhibition or PPTgChAT+/vlPAG terminal excitation experiments. Hence, we pooled the data obtained

from both hind paws. Mechanical thresholds or thermal latencies were measured three times for each mouse.

We used ex vivo slice electrophysiology and in vivo fiber photometry to verify opsin function and assess action potential fidelity. For

ChR2 and ChrimsonR, optogenetic 10ms pulses at 1, 2, 4, 8, 16, 20, and 40 Hz were tested using slice electrophysiology in the ex-

pected neuron type. eNpHR 3.0 was tested using continuous 1s pulse delivery after step current injections that induced action po-

tentials. ChrimsonR and eNpHR 3.0 were tested in vivo using GCaMP6 and GRABACh 3.0. We observed that eNpHR 3.0 reliably

decreased spontaneous GCaMP6 dynamics during continuous light delivery, and ChrimsonR increased GCaMP6 fluorescence in

Oprm1-Cre,Gad-Cre, andChrna7-Cremice experiments and increased ACh release in the vlPAG in a frequency-dependent manner

in ChAT-Cre mice. 10ms pulses at 1, 2, 4, 8, 16, 20, and 40Hz were tested for ChrimsonR. For behavioral opto-pharmacology, we

injected the antagonists of the tested AChR 15 mins before optogenetic stimulation in both focal and systemic antagonist assays.

The recovery and subsequent AChR antagonist assays were conducted 1 and 2 days after antagonist infusion.

Each viral lot was tested at least once using slice electrophysiology and immunohistochemistry to verify function and expression in

the appropriate neuronal phenotype. Post experiments, the viral expression cell-type and cannula placement were tested in all exper-

imental animals.

Fiber photometry
A TDT-Doric system was used for our fiber photometry experiments with a lock-in amplifier and processor to drive and demodulate

signals (TDT RZ5P). The experimental setup allowed us to simultaneously deliver 405 nm, 465 nm, and 594 nm light and monitor

525 nm light using a 5-port fluorescent minicube (FMC5_IE(400-410)_E(460-490)_F(500-540)_O(580-680)_S, Doric). The monitored

light was sent to a femtowatt photodetector (Newport Model 2151), which sent the electrical signals to the RZ5P processor for

demodulation. The setup allowed monitoring of both calcium-dependent and independent signals using different modulation fre-

quencies. Excitation light with a wavelength of 465 nm was ’Calcium dependent’ and modulated at 331Hz, and isosbestic control

calcium-independent 405 nm wavelength light was modulated at 211 Hz driven using LEDs and LED Driver from Doric. The output

power for individual wavelengths was�20 mWasmeasured using a powermeter (Thorlabs, PM20A). Since the signal was sampled at

1017.3 Hz, we ensured that no signal was modulated at a frequency greater than half the sampling frequency to prevent aliasing er-

rors. The receiver power levels for the demodulated signal were matched for the calcium-dependent and independent signals.

Matching power levels required �5x light power output from the 405 nm LED. The demodulated signal was low pass filtered at

20 Hz at sixth order. Animals were tethered to a patch cord (0.48NA, 400 mm core diameter, Doric) using a freely pivoting rotary joint

and gimbal holder (Doric Lenses). Synapse software (TDT) was used to interface with the RZ5P system to log data, timestamp events

using TTL loggers, and control the LEDs. The 595nmwavelength LED (Thorlabs) for activating ChrimsonR, or eNpHR 3.0, was driven

using Thorlabs LED driver and interfaced directly with the RZ5P system and Synapse software to deliver precise time-locked stim-

ulation. To inhibit neurons using eNpHR 3.0, we continuously delivered the 595nm LED light. To activate neurons using ChrimsonR,

we pulsed 595nm light at a frequency of 20Hz and pulse duration of 10ms, unless otherwise stated. During experiments where we

activated PPTgChAT+/vlPAG terminals while monitoring vlPAGChrna7+ neurons, we conducted RHS assays every 3 mins to correlate

changes in pain sensitivity and vlPAGChrna7+ neuronal activity induced by PPTgChAT+/vlPAG terminal activation. When monitoring
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vlPAG/ RVM projection neurons while activating vlPAGChrna7+ interneurons, 595nm LED was pulsed at 20Hz with a pulse duration

of 10ms. For these opsin activation experiments, the peak power output for opsin activation was �5mW (10mW/mm2).

Habituation to the apparatus and cleaning between tests was identical to optogenetic experiments above. Generally, individual

photometry sessions lasted �30 mins. Baseline spontaneous fluorescence activity was recorded during open-field behavior where

the movements of the mice were recorded using an overhead camera (Basler). We did not find the movement duration, velocity, or

distance correlated with any of the photometry signals that wemonitored. Indeed, a recent paper has demonstrated that activating or

inhibiting PPTgChAT+ neurons does not alter movement.55,193,194 Stimuli evoked behaviors, and the associated changes in neuronal

activity, were captured using two orthogonally positioned cameras allowing for a temporal precision of�16ms. When monitoring re-

sponses of vlPAGChrna7+ neurons to noxious and salient stimuli, the test stimuli were presented in groups, and a minimum of 30 mins

were given between testing of different stimuli.

The data were analyzed using MATLAB according to published protocols.195,196 First, the first 5-secs of the recording were

removed due to observed opto-electrical artifacts that could contaminate the fit parameters. The photo-bleaching of GCaMP

over long sessions was removed using a double exponential fit to the entire dataset. We subtracted the calcium-independent signal

from the calcium-dependent signal to reducemovement or hemodynamic artifacts. To that end, a smoothed 405 nm isosbestic signal

was fitted to the 465 nm signal using linear regression to obtain fitting coefficients. Care was taken to ensure that the fitting coeffi-

cients agreed with expectations, i.e., no erroneously negative coefficients existed, and unique outliers did not dominate the fit. In

instances where the patch cord came loose during recordings, data were analyzed in separate epochs where the patch cord was

connected optimally to ensure consistency of the regression coefficients. Using the fitting coefficients, the ‘fit 405nm’ signal was

calculated, subtracted, and divided from the 465nm signal to obtain a DF/F (=[F465-Ffit405]/ Ffit405). A robust Z score based on the me-

dianDF/F was calculated for the concatenated DF/F data for all sessions for individual mice to facilitate comparison across mice and

sessions. This robust z-score was calculated by first removing the high amplitude events (>2x median absolute deviation) and iden-

tifying the median of the filtered trace. This median was subsequently used to normalize the DF/F. Unless otherwise stated, the peri-

event fluorescence traces were analyzed 2s prior to and 4s after the monitored event. Baseline activity was calculated from the time

interval ranging from 2s to 1s before the event. This baseline activity was used to compare across animals and calculate the robust Z

score. Generally, the area under the curve and peak amplitude parameters were used to evaluate changes in neuronal activity. The

area under the curve was calculated using the trapezoidal method for integrals (trapz). Where applicable, peak, mean, and minimum

fluorescence were calculated from the 2s prior to the event and from the event to 4s post the event. To calculate effects of a drug,

mean fluorescence values were taken from 10 min to 5 min prior to the drug injection and from 25 min to 30 min after the drug injec-

tion, unless otherwise stated. In some instances, themeanDF/F value and the frequency and amplitude of transients were calculated

using the findpeaks command in MATLAB with a prominence value of 2.9 x standard deviation of the data. These results

were compared to another method where we took the first order time derivative of the DF/F signal and annotated transients above

5% DF/F per 0.01s. If significant differences were observed in the frequency of transients between these two measurement ap-

proaches, we manually verified the transients in signal or discarded data. Three conditions were used to identify GCaMP6/

GRABACh 3.0/iGABASnFR signals as true physiological signals: 1. The signal should show spontaneous activity under baseline con-

ditions, which was generally reduced under isoflurane anesthesia. 2. The rise time should bemuchmore rapid than the decay time for

transients corresponding to behavioral responses or spontaneous transients. And the transient decay time should be representative

of the time constant of the physiological response and the indicator used, and 3. The standard deviation of the signal should

correspond to at least 5% DF/F consistently for the duration of the recording period. As additional verification of the signals for

GRABACh 3.0 experiments, we used M3 mAChR antagonist: scopolamine (3 mg/kg, Tocris) and acetylcholine esterase inhibitor: do-

nepezil (6 mg/kg, Tocris) to confirm that the signal was representative of acetylcholine. The decrease in activity associated with

nocifensive behaviors was observed in those experiments after trial averaging. In a single trial, the nocifensive behaviors were asso-

ciated with a ‘pause’ in ACh release. In formalin assays, we normalized the fluorescence to 15 mins of pre-formalin administration

baseline. Generally, we temporally aligned the data to the time when a drug was injected, or manipulation was conducted and

not to the peak monitored effects. Code that supports the analysis will be made available from the corresponding author upon

reasonable request.

In vivo calcium imaging
Mice first underwent surgery for viral injection, GRIN lens implant, and headplate attachment as described above. These mice were

individually housed after the surgeries. Three weeks after the surgery, each mouse was habituated to the head fixing apparatus

(custom-made) over one week. For the first day, mice were allowed to freely explore the apparatus for 15 mins. On days 2-5,

mice were head-fixed in the apparatus multiple times a day for increasing time intervals ranging from 5 to 30 mins with sucrose re-

wards during head fixation. On days 6-7, mice were head fixed to the apparatus for 30 mins without sucrose rewards. On day 7, we

selected a particular field of view (FOV) by adjusting the imaging plane (z-axis) through the GRIN lens using a two-photonmicroscope

imaging system (Leica SP-5 equipped with Mai Tai (SpectraPhysics) 710-990 nm broadband laser). Multiple FOVs in different wave-

length channels were collected using confocal and two-photon imaging capabilities along different z-positions. This data was

logged, and 3D reconstructed to aid in capturing images from the same FOV during the experiments. The z-position of the objective
Neuron 111, 3414–3434.e1–e15, November 1, 2023 e9



ll
OPEN ACCESS Article
relative to the GRIN lens was controlled using LAS AF software. The FOV selected for imaging was where most cells showed pain

evoked responses. Throughout the imaging session, we just used one FOV to capture all neuronal data. Neurons above and below

the FOV were excluded from the analysis.

To image calcium dynamics, an excitation wavelength of 910 nmwas used. Themicroscope was equippedwith resonant scanners

allowing for 512 x 512 image acquisition at 32 Hz. For photon detection, nondescanned GaAsP photomultiplier tubes (PMT) were

used. The PMT photodetectors with adjustable voltage, gain, and offset were kept consistent across animals and imaging sessions.

The microscope was interfaced with the LAS AF software system on a computer (HP) to tune the 2p laser power, adjust the gain, and

acquire data. The software also allowed control of the z-position of the objective, as mentioned earlier. These software settings cor-

responded to peak laser intensity: �1.12W; PMT voltage gain: 1250V, offset: 0%, scan resolution: 512 x 512, zoom: 1.2x, aspect

ratio, 1:1. An inverter (LSM technologies) was used to convert the inverted microscope to an upright microscope for in vivo imaging.

A long working distance 20x air objective was used in these imaging experiments (Olympus, LCPLN20X, 0.45 NA, 8.3 mmWD). This

microscope was also capable of confocal imaging with 488 nm Argon laser and GaAsP PMT detectors. These were used to identify

the surface of the lens and the potential focal plane, which was subsequently fine-tuned using 2p excitation. When necessary, fields

of view and the laser scanning direction were manually rotated to superimpose previous fields of view. To accomplish this, scratch

marks on the head plate were used to orient the appropriate FOVs. Prior to each imaging session, FOVs were manually aligned with

standard deviation projections from the previous imaging session to ensure the same cells were imaged on consecutive days. Images

were collected as 12-bit tiff files at a resolution of 512 x 512 pixels (�455mm x �455mm) at �32 Hz.

The experimental procedure was as outlined in Figure 5. Mice were head-fixed during each test day, and cells were visualized first

using confocal imaging and then 2p imaging. After 10 mins of head fixing, spontaneous activity was recorded for 10 mins. Subse-

quently, a noxious stimulus was administered to the tail, which consisted of mechanical and thermal stimuli. Thirty secs of data

were captured, during which the noxious stimuli were administered. Data were truncated to 2s before and 4s after applying noxious

stimuli to aid in data storage and subsequent analysis. Behavioral data was logged by two independent cameras at 60fps to synchro-

nize recordings of nocifensive responses and the neuronal activity with an error rate of �1-2 frames (15-30 ms). For the mechanical

stimuli, we applied a tail pinch using forceps calibrated using a force transducer for consistent application of mechanical force

(Sparkfun SEN-09376). A high-intensity infrared heat source was used for consistent application of radiant heat (BigLasers). Both

mechanical and thermal stimuli were applied to the tail of the mice. During separate experiments not conducted during in vivo im-

aging, we also tested the latency to paw flick using a radiant heat source assay in the same mice. These responses were logged

to compare the progression of the pain state. Drugs, including morphine (10mg/kg) and EVP 6124 (0.3mg/kg), were injected subcu-

taneously, and 15 mins following injection, spontaneous and noxious stimuli evoked activity were once again monitored using the

2-photon microscope. This method was repeated after induction of chronic neuropathic pain via paclitaxel injection, following

morphine tolerance paradigm, and finally after EVP-6124 administration. Successful development of chronic neuropathic pain

and opioid tolerance were verified using the RHS assay.

Data were primarily analyzed using NoRMCorre, CNMF, and CellReg pipelines.197–202 Non-rigid motion correction was conducted

on non-spatially and temporally downsampled data. To rectify artifacts induced by motion correction, we determined the maximum

translation in each session and cropped it out before cell registration. After non-rigid motion correction, 32 Hz images were tempo-

rally downsampled by bilinear averaging to 8Hz to reduce the sampling frequency for data analysis. Data were not spatially or tempo-

rally downsampled after this point for the remainder of the analysis. We used a constrained non-negativematrix factorization pipeline

for cell registration, allowing for automated registration of cells. Cells were identified based on their spatial morphology and temporal

independence of dynamics. The registered cells were verified by an experimenter blinded to the pain condition or the drug admin-

istered. This verification was essential given the neuronal-like calcium activity traces shown by neuropil, including dendrites and local

axons.When verifying neurons, experimenters evaluated themedian and the standard deviations of the spatial profiles of the neurons

and activity trace across all sessions. These metrics allowed for efficient isolation of active neurons from neuropils, background, and

quiescent neurons.

Post-registration, neurons were first selected based on their responses to noxious stimuli. To identify these pain-responsive cells,

we pooled evoked responses across all conditions and calculated a p-value for each neuron using single-tailed Wilcoxon rank-sum.

Neurons with p<0.01 were designated as responsive to noxious stimuli. Neurons that were responsive in at least one session of the

study were considered pain-responsive. While many neurons were pain-responsive in baseline testing, even more neurons were re-

cruited after induction of chronic pain state. Subsequently, they were tested for their sensitivity to morphine, development of opioid

tolerance, and sensitivity to EVP-6124. In raster plot Figures, cells are ordered by identity on the magnitude of baseline pain re-

sponses. Transients were identified based on fast rise time and slow decay. These transients were also identified based on first-

time-derivative, similar to fiber photometry analysis. These transients were >2.9 median absolute deviation for at least 0.5s. The

mean baseline transient rate was calculated independently for each neuron across all sessions. The same identification parameters

were used for individual neurons across all sessions. To align cells across multiple sessions, we used CellReg. After assigning all

neurons across all imaging sessions to a ‘global’ neuron, we manually inspected each mouse’s cross-day neuronal registration.

Given that the activity of multiple neurons was significantly correlated, substantial care was taken to ensure that the spatial footprints

were appropriately segregated.DF/F values were generated usingmedian fluorescence values after excluding values outside 2xme-

dian absolute deviation, similar to fiber photometry analysis. Robust-z-score was generated using similar methods as fiber

photometry.
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Behavior
Opioid tolerance paradigm

To induce tolerance to the antinociceptive effects of morphine, mice were exposed to twice-daily subcutaneous injections of

morphine at escalating doses over seven days. On days 1-2 mice received 2x 10mg/kg injections; on days 3-4 mice received 2x

20mg/kg; and on days 5-7 received 2x 30mg/kg. Morphine or control saline injections were separated by at least 6 hours.

Tonic inflammatory pain/formalin assay

One week prior to experimentation, mice were habituated to experimenter handling, drug injection, behavioral chamber, and optical

fibers. The behavioral chamber was 30cm x 30cm x 100cm (LxWxH) with transparent walls and a 45� angled mirror fixed beneath a

transparent floor. On the day of testing, mice were injected intraplantar with saline or 10mL of 1.5% formalin into the plantar surface of

one hind paw. The formalin solution was made by diluting 37% formaldehyde (Fisher Scientific Company, F79500) in sterile saline.

Following intraplantar injection, animals were placed within the behavior chamber and monitored for 1-hour post-injection by re-

searchers blinded to drug/optogenetic treatment conditions. All sessions were video-recorded using a Logitech camera and Dell

laptop to cross-verify behavior scoring with other experimenters and reanalyze data as necessary. JWatcher (UCLA) software

was used to track the amount of time the injected paw was flat, lifted, or licked. When fiber photometry was combined with the

formalin assay, Synapse software was used to monitor the time spent engaging in nocifensive behaviors. Percentage time spent

licking or lifting the paw during this 5-min time bin was calculated to quantify the duration of nocifensive behaviors. The first

10mins after formalin injection was classified as the acute inflammatory pain phase, and 20-40mins after formalin infection was clas-

sified as the tonic inflammatory pain phase.

To test the analgesic effects of drugs, we injected the test drug 10 mins prior to formalin injection. To test the analgesic efficacy of

ɑ7 nAChRs we injected agonists EVP-6124 (0.3mg/kg s.c., ChemBlock) or PHA-543613 (10mg/kg s.c., Sigma). To test the necessity

of PPARɑ signaling, GW6471 (3mg/kg, Tocris) was injected intraperitoneally 15 min prior to EVP-6124 administration. To test the ef-

ficacy of ɑ7 nAChR PAM, PNU-120596 (10mg/kg, Tocris) was injected subcutaneously. To test the involvement of endogenous

opioid circuits, naloxone hydrochloride was administered subcutaneously (6mg/kg, Sigma-Aldrich, BP548). Morphine (10mg/kg

s.c., Sigma) was used as a m-opioid receptor agonist. NESS-0327 (0.5mg/kg, Tocris) was used as a CB1 receptor antagonist. Sterile

saline or vehicle control was used in all assays. Drugs were dissolved in sterile saline, and either Kolliphor or DMSO was used to

dissolve drugs when they were not water-soluble according to published protocols.203

Thermal radiant heat source (RHS) assay

Mice were habituated to experimenter handling and behavioral arena for three consecutive days prior to experiments. On the day of

testing, the radiant heat source was placed at a distance of �3cm from the foot paw with a power output of �300mW/cm2 in the IR

wavelength range. The latency to paw withdrawal was measured when additional nocifensive signs accompanied the responses,

including vocalization, repeated flicking or licking of the paw, orofacial changes, etc., to prevent incorrect classification of general

locomotion related paw movement. If no response was observed at a latency of 20s, the test was stopped to avoid tissue damage.

Three measurements were taken from each hind paw. Generally, in optogenetic RHS assays, we measured three paw withdrawal

latencies corresponding to baseline, manipulation, and recovery.

In opioid tolerance and associated optogenetic testing, morphine was injected 1hr after optogenetic stimulation. In experiments

that tested naloxone, it was injected 10 mins before the first RHS assay. Morphine was administered immediately after the first RHS

assay, and the second RHS assay was conducted 10 mins later. 10 mins following the second RHS assay, optogenetic stimulation

testing was carried out.

During optogenetic activation of PPTgChAT+/vlPAG terminals, an RHS assay was conducted 15 mins after 20hz pulsed stimula-

tion. In a subset of experiments, varying frequencies of optogenetic stimulation were tested. Multiple frequencies and pulse duration

paradigms resulted in analgesic effects >8 mins after optogenetic activation of PPTgChAT+/vlPAG terminals, but 10ms pulses at

20hz were chosen as they closely mimic optogenetic strategies used in various publications.55 Optogenetic activation was conduct-

ed 3 hours after baseline testing, and the recovery assays were conducted on the subsequent day. To test for reproducibility of anal-

gesic effects, we conducted baseline and optogenetic assays on 10 consecutive days.

vlPAGChrna7+/Oprm1+/Gad+ optogenetic manipulation assay was preceded by baseline testing 3 hours before the manipulation and

followed by recovery testing on the subsequent day. Optogenetic activation was conducted using 20hz pulsed stimulation, and in-

hibition was conducted using continuous light delivery at the respective opsin activating wavelengths. During certain assays, where

we were testing for pronociceptive effects, e.g., activating vlPAGChrna7+ neurons, we decreased the light intensity of the radiant heat

source to �200 mW/cm2 at a distance of �3 cm. The intensity was decreased to prevent ‘floor’ effects which could impede mea-

surements of pronociceptive effects of optogenetic manipulation.

To test for thermal hyperalgesia, first baseline paw withdrawal latencies were measured, and then complete Freund’s adjuvant

(CFA, volume, company) was injected into the intraplantar surface of the hind paw. Mice were tested daily for six days 3 hours before

and during optogenetic activation of PPTgChAT+/vlPAG terminals or optogenetic inhibition of vlPAGChrna7+ neurons.

To test the involvement of various AChRs in the antinociceptive effects of activating PPTgChAT+/vlPAG terminals, we adminis-

tered antagonists systemically after baseline testing. Optogenetic stimulation was conducted 20mins after antagonist administration

for 15 mins before the RHS assay. Antagonists included atropine (10mg/kg, Sigma Aldrich), mecamylamine hydrochloride (3mg/kg,

Tocris), DhBE (3mg/kg, Tocris), MLA (10mg/kg, Tocris), or AFDX 116 (6mg/kg, Tocris). Antagonists in focal drug administration

studies included MLA (0.5mM, 200nL) and atropine (1mM, 200nL).
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To test if EVP-6124 decreases activity of vlPAGChrna7+ neurons, we optogenetically activated these neurons 35 min after subcu-

taneous EVP-6124 administration (0.3mg/kg). The RHS assays were conducted at 30 mins and 40 mins after EVP-6124 administra-

tion. The test conducted 30 mins after EVP-6124 administration captured the analgesic effects of EVP-6124. The test conducted

40mins after EVP-6124 administration tested the necessity for the decrease in vlPAGChrna7+ neuronal activity for the analgesic effects

of EVP-6124.

Cold allodynia assay

Mice were habituated to experimenter handling and behavioral chamber for three consecutive days prior to experiments. Mice were

placed in a test chamber of dimensions 20cm x 20cm x 20cm (LxWxH) with a 2mm thick glass floor. Crushed dry ice was applied to

the glass floor below the plantar surface of the hind paws. The time taken by the mice to withdraw their paw from the noxious cold

stimulus was quantified as the latency to paw flick. Experiments were conducted with an intertrial interval of 15 mins. These tests

were conducted in naı̈ve, and CFA injected paws. Latencies to paw withdrawal were repeated to obtain three values for each

hind paw which were then averaged.

Mechanical von Frey assay

Mice were habituated to experimenter handling and behavioral chamber for three consecutive days prior to experiments. Mice were

placed in a test chamber 20cm x 20cm x 20cm with a mesh floor. Von Frey Filaments (EB Instruments, Fisher Scientific Company,

NM1208120) were pressed perpendicular to the plantar surface of one hind paw applying a constant force to the paw. Paw with-

drawal response or lack of a response was recorded for each force of the von Frey filament ranging from 0.04g to 8g using the

up-down method. These tests were conducted in naı̈ve, and CFA injected paws. von Frey assays were conducted before (baseline),

during, and after (recovery) optogenetic manipulation. Recovery tests were conducted on the day after optogenetic manipulation.

Chronic inflammatory assay

We used complete Freund’s adjuvant (CFA) to induce a chronic inflammatory pain state. 20uL of CFA (Sigma-Aldrich, F5881) diluted

1:1 in sterile saline was injected into the hind paw using a 30G insulin syringe. The mice were picked from and returned to the home

cage for the CFA injection. The mice were monitored daily for significant changes in health and behavior. Effects of chronic inflam-

matory pain on neuronal physiology using fiber photometry were testedwithin and between groups one day prior to CFA injection and

three days after CFA injection unless otherwise stated.

Chronic neuropathic assay

To induce a chronic neuropathic pain state, mice were injected subcutaneously with paclitaxel (8mg/kg, Thermo Scientific,

AAJ62734MC) on alternate days for eight days, resulting in a total of 4 injections. The mice were picked from and returned to the

home cage for these injections. During and after this injection protocol, miceweremonitored daily for changes in health and behavior.

Effects of chronic neuropathic pain on neuronal physiology using fiber photometry were tested within and between groups one day

prior to the first paclitaxel injection and ten days after the last paclitaxel injection unless otherwise stated.

Noxious mechanical or thermal assays

To explore the responses of vlPAGChrna7+ neurons, we administered multiple noxious stimuli. These included pinprick, applying

acetone to the hind paw, and applying water at different temperatures to the hind paw. These assays were conducted in the

same chamber as mechanical von Frey assays. The order was kept consistent across animals tested. In these assays, high frame

rate video capture was used to time lock the nocifensive responses to the fiber photometry signal. For the pinprick, a 25G needle

(BD, Fisher Scientific Company, 511098) was applied to the plantar surface of one hind paw. The pressure was applied to the point

of tissue indentation without rupturing the paw surface.

To test for cooling-induced nocifensive responses associated with acetone, using a micropipette (Eppendorf, 20-200mL,

3123000055), 20mL of 100% Acetone (Fisher Scientific Company, A18P-4) was applied to the plantar surface of one hind paw. To

test for nocifensive responses evoked by water at 55�C, distilled water was maintained at heated to 57�C using a dry bath incubator,

and 20mL was applied to the hindpaw using a micropipette. To test for nocifensive responses evoked by water at 2�C, ice water was

applied to the hindpaw using a micropipette. The time between pipetting the water in either condition and application was calibrated

such that by the time water was applied, the temperature of the water was 55�C or 2�C, as necessary.

Salient stimuli assays

To explore the responses of vlPAGChrna7+ neurons, we administered multiple salient stimuli that were inherently non-noxious. These

stimuli included experimenter approach to the plantar surface of the paw, white light, auditory tone, plantar brush, and water appli-

cation, and oral sucrose and quinine administration. These experiments were conducted in the same chamber as von Frey assays.

For ‘experimenter approach’, the experimenter approached the plantar surface of the paw with regular von Frey filaments, but the

filament was not touched to the paw. For light application, white light was projected onto the eyes of the mouse at 2000 lux. For audi-

tory tone, 18kHz at 50dB was played for 500ms at a 20cm distance from the mice. To test non-noxious somatosensory stimuli, a

brush (Royal & Langnickel size 2) was lightly applied to the plantar surface of the hindpaw, and 20mL of water at 27�C was applied

to the plantar surface of the hindpaw using a micropipette. For intraoral delivery of rewarding and aversive gustatory stimuli, 50mL

30% sucrose or 0.2 mg/ml quinine were delivered orally for the mice to spontaneously lick from the micropippeter. The quinine

was presented after multiple bouts of sucrose licks.

Open field assay

Mice were placed in a custom-made white acrylic chamber (42cm x 42cm x 20cm) for 20 min. Locomotion was captured using Etho-

vision XT-16 software by a video cameramounted above the behavioral chamber. We used Ethovision tomonitor themouse’s center
e12 Neuron 111, 3414–3434.e1–e15, November 1, 2023



ll
OPEN ACCESSArticle
point, which captured the distance moved, locomotion speed, and movement bouts in 30 sec time bins. These binned locomotor

parameters were correlated with fiber photometry data to test for relationships between locomotion and ACh levels or activity of

vlPAGChrna7+ neurons using temporal cross-correlation. The correlogramwas compared with shuffled data to test for the significance

of correlations. In addition to center point-based locomotion, we used head and tail point detection based on fine movements and

pixel energy based on the total change in pixels in the video frame to evaluate if fine movements were correlated with physiological

parameters using a similar analysis. Spontaneous activity was recorded in the open field chamber unless otherwise stated. To test for

changes in anxiety phenotypes during stimulation, we quantified the time spent in the center of the open field and the number of en-

tries into the center region using arenas defined in Ethovision. The center of the arena was 21cm x 21cm. These anxiety assays were

conducted for 20 mins, and optogenetic activation or inhibition was conducted for either the first or last 10 mins counterbalanced

within groups.

Rotarod assay

Mice were acclimatized to the experimental room for 30mins before testing. The rotarod (Columbus Instruments, Rota Rod Rotamex

5) was started at four rotations per min (rpm). Then animals were placed in a way so that they walked forward in individual lanes. Four

animals were tested simultaneously. The rotations were increased by 1 rpm every 10s. The latency to fall was measured. The assay

was stopped after 200s. Five repeated trials were conducted with an intertrial interval of 5 mins, and the latency to fall (s) was aver-

aged across trials. Drugs were injected 15mins before the first trial. Optogenetic stimulation was conducted for 15min before the first

trial and during the intertrial intervals.

Somatic withdrawal assays

Mice subjected to the opioid exposure paradigm described above were injected with naloxone (6mg/kg). They were placed in a cy-

lindrical chamber with transparent walls with a diameter of 5 in and a height of 10 in. In a 10min period, the number of times that mice

stood on their hind legs was quantified as ‘rearing’, and the number of times mice jumped (all four paws were off the ground) was

quantified as ‘escape jumps’. These behaviors are well-characterized outcomes of naloxone-precipitated opioid withdrawal. Opto-

genetic inhibition of vlPAGChrna7+ neurons was conducted to test for relief of somatic withdrawal signs, including rearing and jumping.

Real-time place preference assay

Micewere placed into a custom-made black acrylic two-chambered box (52cm x 26cm x 26cm) and allowed to explore the chambers

for 20 min. Optogenetic stimulation was triggered based on a pre-decided ‘stimulation-paired’ chamber when mice spontaneously

moved to the stimulation-paired chamber. The physical side of the ‘stimulation-paired’ chamber was counterbalanced in these ex-

periments. During these experiments, mice were tethered to an optogenetic patch cord with a rotary joint, and their position was

tracked using a Basler camera and Noldus Ethovision XT 16 software. The amount of time spent in the ‘stimulation-paired’ chamber

as a percent of total time (20 min) was quantified. Optogenetic stimulation strategy in the real-time place preference assay is defined

in the optogenetics section.

Conditioned place preference assay

A custom-made three-chambered behavioral apparatus was used (58cm x 28cm x 28cm). The walls had either vertical or horizontal

black stripes with different textured floors in the two main chambers (26cm x 28cm x 28cm). These main chambers were connected

by a small central connecting chamber (6cm x 6xm x 28cm). A camera was positioned above the behavioral apparatus to track mice

using Noldus Ethovision XT 16 software. On the preconditioning day (day 1), mice were allowed to freely roam the three chambers for

20mins. This preconditioning data was used to counterbalance the initial chamber preference.We used an unbiased design, wherein

groups contained an equal number of mice that showed a preference for the chamber that they would receive or would not receive

drug or optogenetic manipulation. On the next three consecutive days (days 2–4), mice underwent a morning and afternoon condi-

tioning session separated by at least 6 hours. In the morning session, mice were secluded in one chamber for 20 mins, and in the

afternoon session, mice were secluded in the other chamber for 20 mins. On the post-conditioning day (day 5), mice were allowed

to freely roam all chambers. The amount of time spent in either chamber was captured using a video camera interfaced with Etho-

vision XT 16.

For drug or pain conditioning-based CPP experiments, WT mice were used. When testing for affective pain relief by EVP-6124 –

after the pre-conditioning day, mice were split up into two groups. Group 1 received a subcutaneous saline injection and intraplantar

saline injection (10mL) in the morning and a subcutaneous saline injection and intraplantar 2% formalin injection (10mL) in the after-

noon. Group 2 received a subcutaneous saline injection and intraplantar 2% formalin injection in the morning and a subcutaneous

EVP 6124 injection and intraplantar 2% formalin injection in the afternoon.

When testing for withdrawal effects associated with EVP-6124 and morphine use, mice were injected with EVP-6124 or morphine

for five days. On Day 6, preconditioning baseline preference wasmonitored. For conditioning, Group 1 received EVP-6124 and saline

in the morning and EVP-6124 and MLA in the afternoon. Group 2 received morphine and saline in the morning and morphine and

naloxone in the afternoon. Antagonist or saline was injected 10 mins prior to EVP-6124/morphine injection.

For reward profile testing of the conditioned drugs, animals were injected with saline in the morning and EVP-6124, morphine, or

saline in the afternoon. The post-conditioning preference for all groups was monitored on the subsequent day. Drug concentrations

used in these assays: EVP-6124 (0.3mg/kg), morphine (10mg/kg), naloxone (6mg/kg), and MLA (10mg/kg).
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Histology
Viral and cannula placement

Mice were deeply anesthetized with isoflurane and perfused with cold phosphate-buffered saline, followed by perfusion with 4%

paraformaldehyde in PBS. Brains were then placed in PFA for 24 hours and then immersed in hypertonic sucrose solution, first

15% and then 30% until they sank. They were subsequently embedded in optimal cutting temperature (OCT) compound (Tissue-

Plus, FisherBrand) until slicing. 40 mmcoronal slices (Leica CS3050 S) were cut andmounted onto Superfrost-PlusMicroscope Slides

(FisherBrand) with DAPI Fluoromount-G (Southern Biotech) and covered by a coverslip (Fisherbrand). Slides were stored at 4�C until

imaging. The slices were imaged on a confocal microscope (Marianas 3i spinning disk confocal) for viral and cannula placement at

20x magnification (Zeiss). These images were masked, and if the majority of viral spread or cannula tip was outside the intended re-

gion, the animals and the associated data were discarded.

Immunohistochemistry

Slicing procedures were the same as above. But for immunohistochemistry staining, slices were transferred to a 24 well-plate and

immersed in PBS (1X, pH 7.4). Slices were treated for 1 hour with a blocking solution based in PBS (1X, pH 7.4) with 0.01% Triton

X-100 (Electron Microscopy Sciences, 22145) and 10% Normal Goat or Donkey Serum (Abcam, AB 7481, AB 7475). For the

described experiments, one or multiple of the following primary antibodies were mixed in blocking solution: solution: anti-m-OR (Ab-

cam 134054), Anti-NAPE-PLD (Abcam 246951), Anti-pAMPK (Cell Signaling 2535), Anti pKv2.1 (S563 and S603) (gift from James

Trimmer). In experiments exploring protein expression of ɑ7 nAChRs, we used fluorescently conjugated ɑ-Bungarotoxin (Invitrogen

B13422 or B35450). Slices were incubated in the primary antibody overnight and triple washed with PBS (1X, pH 7.4) the following

morning. When using antibodies raised in mice, Mouse F(ab) IgG H&L fragments were used (Abcam 6668). Secondary antibodies

were chosen according to the blocking serum, the primary antibody’s host, and multiplexing with other antibodies. For example,

if we used normal goat serum and primary raised in rabbit, and needed staining in 488/green channel, we used 1:400 dilution of

Goat Anti-Rabbit IgG H&L (Alexa Fluor 488, Abcam 150077). Secondaries antibodies were allowed to incubate for 2 hours. Slices

were then triple-washed and mounted on Superfrost-Plus Microscope Slides (FisherBrand) with DAPI Fluoromount-G (Southern

Biotech) and covered by a coverslip (Fisherbrand). Slides were covered and stored at 4�C until imaging. For visualization, the slices

were imaged on a confocal microscope (Marianas 3i spinning disk confocal) at 20x (Zeiss Plan-Neofluar NA 0.5 air) or 40x (Zeiss Plan-

Apochromat NA 1.3 oil). In certain experiments, mice were either pretreated in vivo with ɑ7 nAChR agonist or saline, and then

exposed to a pain state using formalin or saline injection in the hindpaw. Care was taken to acclimatize the animals to handling, trans-

port, and anesthesia-related stress for 3-days prior to the perfusion. Animals were sacrificed 30 mins after drug or formalin injection.

For vlPAG slices, 1 in 4 sampling was used, i.e., every 4th brain slice was used to cover the extent of the vlPAG. For whole-brain

slicing exploring cholinergic inputs, 1 in 6 sampling was used. Known cholinergic nuclei with long-range projections were selectively

explored for labeling. After image acquisition, slices were analyzed for overlap using a custom-written script in Cell Profiler in a

manner similar to the analysis profile used for FISH. To evaluate changes in expression or phosphorylation levels of proteins of in-

terest, data from both experimental groups were acquired, processed, and analyzed with exactly the same parameters by experi-

menters blinded to the treatment. At least one slice per animal was included where no primary antibody was added and another slice

where no secondary antibody was added to test for nonspecific labeling or background fluorescence, respectively.

Fluorescent in situ hybridization/RNAScope

Adult (�P60) wild-typemale and female (n = 4 total) were used for these experiments. Mice were deeply anesthetized with isoflurane,

and brains were extracted and immediately flash-frozen over dry ice and in -80�C under RNase-free conditions. Care was taken to

ensure that decapitation to permanent freezing happened within �45 s - 1 min. After the brains were completely frozen, they were

embedded in OCT compound (Tissue-plus, Fisherbrand) and frozen once again. Brains were sliced along the coronal plane at a thick-

ness of 20mm (Leica CS3050 S). These slices were immediately transferred to Superfrost Plus Microscope Slides (Fisherbrand) and

stored at -80�C until the next day, when the hybridization protocol was conducted.

The hybridization assay was conducted as per Advanced Cell Diagnostics (ACD) instructions for Manual RNAscope Fluorescent

Multiplex Assay. Materials for this experiment were purchased as a complete kit from ACD (ACD, 321720). Slides were removed from

the -80�C freezer and fixed in chilled 4%PFA using Tissue-Tek containers for 10mins. The tissue was then dehydrated in 50%EtOH,

70% EtOH, and 2x in 100% for 5 min immersions. Slides were air-dried, and a hydrophobic barrier was drawn by a hydrophobic pen

(Immedge Pen). After the barrier was dried, the slices were treated with a protease (Protease 4) that completely covered the slice for

30 min at room temperature. The protease was removed from the slides. The slides were placed in the Tissue-Tek hybEZ slide rack

and staining dish and washed with PBS (1X, pH 7.4). Probes were mixed so that Channel 1, Channel 2, and Channel 3 had a 50:1:1

dilution, per ACD instructions, and were warmed to 40�C. The probe mix was pipetted onto the tissue to fully immersed the tissue.

The slides were then placed in a sealed 40�C oven for 2 hours (HybEZ oven). The slides were then washed in 1X RNAscope wash

buffer (ACD) three times for 2mins each. AMP-1was then applied to the slides and incubated in the oven for 30mins. After incubation,

slices were washed three times in the RNAScope wash buffer. The process of incubation and triple washing was repeated for AMP-2

(15 min incubation), AMP-3 (30 mins), and AMP 4-FL (15 mins). After the final wash, nuclei were counterstained using DAPI

Fluoromount-G (Southern Biotech), and slides were coverslipped (Fisherbrand). Slides were stored at 4�C in a dark environment until

imaging on the subsequent day.

Images were acquired with a Marianas confocal microscope and 3i software using a 20x (Zeiss Plan-Neofluar NA 0.5 air) or 40x

(Zeiss Plan-Apochromat NA 1.3 oil) objective. 16-bit images were acquired using the same microscope settings for each quantified
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image, i.e., similar intensity, threshold, and exposure times. The imageswere analyzed using a custom script written in CellProfiler. To

analyze the images, individual channels corresponding to 405 nm, 488 nm, 561 nm, and 647 nm excitation were extracted. No de-

convolution was performed. The DAPI/405 nm images were used to draw nuclei outlines using size, roundness, intensity, and

contrast parameters. After identifying the nuclei, the number of green, orange, and red puncta were quantified using intensity, round-

ness, and size thresholds. Given that few mRNA, including those of vGat and vGlut, were extremely highly expressed, we used %

area coverage as our measure instead of counting puncta. This parameter captured the amount of extended nucleus area covered

by probes in green, orange, or red channels. The extended nucleus area was characterized by increasing the diameter of the DAPI

stained nucleus to 20 mm. Generally, the% area coverage correlated strongly with the number of puncta in separately analyzed data.

Background intensity values were obtained from ROIs that lacked cell bodies and subtracted independently in each channel, if

necessary. Parameters to identify mRNApuncta, including area and nucleus boundaries, were kept consistent across slices. Positive

and negative cells were categorized based on an adapted Otsu thresholding method. Generally, these required % area coverage to

be >�3% of the extended nucleus area. Three slices spanning the anterior-posterior axis of vlPAG were used for the analysis. From

each slice, six fields of view were captured for the analysis. Images were taken with six z-plane steps with 3mm step sizes. All assays

included three positive (Polr2a, Ppib, Ubc) and one negative control probe (Dapb), which were used to verify the signal in the slides

with test probes. Where possible, positive and negative tests were conducted using brain regions known to contain mRNA of the

concerned test probe, e.g., VTA, hippocampus, mHb, etc. The RNAScope probes reference numbers that were used are listed: Neu-

rotransmitters: 317621 – Th; 319191 – Slc32a1; 319171 – Slc17a6; 410351 – Tac1; 318761 – Penk; 318771 – Pdyn; 408731 – Chat;

404631 – Sst; and 313321 – Npy. Cholinergic receptors: 495291 – Chrm1; 495311 – Chrm2; 437701 – Chrm3; 410581 – Chrm4;

495301 – Chrm5; 312571 – Chrna5; 465161 – Chrna7; 449231 – Chrnb2; 449201 – Chrnb3; and 452971 – Chrnb4. Other targets:

315841 – Oprm1; 420721 – Cnr1; 466631 – Hcrtr1; 418851 – Glp1r; 411141 – Htr3a; 406501 – Drd2; and 474001 – Cre-O1.

QUANTIFICATION AND STATISTICAL ANALYSIS

Data are expressed as means ± standard error of the mean in Figures and text. Paired or unpaired two-tailed t-tests with or without

Sidak multiple comparisons as appropriate. One-way, two-way, and repeated-measures ANOVA were used to compare more than

two groups using Graphpad or MATLAB. Signed-rank and rank-sum tests refer toWilcoxon signed-rank and rank-sum tests, respec-

tively. For spontaneous post-synaptic currents, unpaired t-test was used to test for changes in frequency, and Kolmogorov–Smirnov

test was used to test for differences in amplitude distributions. Spontaneous synaptic or calcium events were visually verified by the

experimenter blinded to treatment group to ensure that the software determined the events correctly. For behavioral assays, either

unpaired t-test, paired t-test, 1-way ANOVA or 2-way repeated-measures ANOVAwas used to analyze data, and Sidakmultiple com-

parisons test was used as appropriate. The main-effects and interactions were quantified using RM ANOVA. The paired t-test refer-

ring to within group testing was computed using Sidak multiple comparison test to obtain the within group adjusted p-value and the

corresponding t-statistic. For example, in Figure 2F, when comparing effects of optogenetic activation on latency, we look at the

interaction term according to RM-ANOVA. But, we also report within group and between group comparisons using t-tests as appro-

priate, e.g. the GFP and ChR2 group is compared in baseline and stimulated conditions and we report the t-tests with p-value calcu-

lated according to Sidakmultiple comparison test. We used identical code and analysis methods for all cohorts throughout the study.

All experiments were randomized and performed by a researcher blind to the viral injection or the pain state. Mice were not selected

for any experimental condition based on previous observations or tests. Individual mice within cages were chosen arbitrarily to

receive control or experimental viral injections, opioid tolerance treatment, or chronic pain manipulation. Individual mice were ear-

tagged to assist in post-hoc verification of the animal’s identity. At least one animal from each group was tested within an experi-

mental session. Generally, no cage was assigned for just one manipulation. Optogenetic stimulation frequencies, drug concentra-

tions, and tolerance exposure paradigms were selected based on preliminary experiments. All behavioral experiments were

recorded by computer videography and analyzed in a blinded manner. Histological verifications were conducted prior to the final

analysis of behavioral data. Experimenters were blinded to the groups during histological verification to the group allocation. Sample

sizes were predetermined for optogenetic and electrophysiological studies using power analysis, but were not predetermined for fi-

ber photometry and imaging studies. Variances observed on a subset of fiber photometry and imaging experiments were used to

conduct power analysis for the remaining experiments. Our current experimental n’s are adequate to measure differences based

on this post-hoc power analysis on a subset of assays. Our sample sizes are similar to those reported in the literature. All relevant

data and code are available from the authors upon reasonable request.

Test, statistics, significance levels, and sample sizes for each experiment are listed in Table S1. ns p > 0.05, t tests and post hoc

comparisons: *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001; interaction: # < 0.05, ## p < 0.01, ### p < 0.001, #### p < 0.0001.
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