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Organic structure is then no longer an arrangement of self-existent material parts in an

environment of similar character, but, along with its environments, the active expression of

life; and organic activity is no longer the passage of self-existent energy from part to part,

and between organism and environment, but simply another aspect of the expression of a

life. We thus do not artificially separate in theory the structure from the activity, and we

recognize the artificiality of separating them.

JS Haldane, Materiality 1932
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ABSTRACT

The collective actions of epithelial cells drive tissue shape changes, whether these are tightly

organized during development or disorganized as during cancer invasion. In both cases, the

motility of the bulk tissue is determined by the signaling and mechanical properties of its

constituent cells. Decades of careful study have coalesced into detailed models that describe

how individual cells move through their environment. Motility relies on the dynamics of

filamentous actin, which cells use to maintain their shape and adhere to their surroundings

during migration. Precisely connecting single cell properties with tissue behaviors to which

they contribute would furnish critical advances to the understanding of of cancer invasion

and tissue development. This thesis describes the application of model epithelial tissues

toward bridging these scales, focusing on the formin family of actin filament nucleators. We

employ Madin Darby Canine Kidney (MDCK) cells, as a model for tissue shape changes to

study its requirements in a controlled 3D environment. Both MDCK cells and mouse tumor

explants require the activity of formin proteins to undertake tissue migration into prepared

collagen gels. We analyzed separately cell motility within the 2D plane of the epithelium

from invasive motility into the collagen gel. These modes of cell motility are distinguished

by the depletion of the formin protein Dia1. We show that invasive motility requires Dia1,

which regulates cell adhesions to individual collagen fibrils. Finally, we capitalize on a simple

mathematical model describing cell shape for epithelial monolayers. Applying this model to

MDCK acini reveals that under quiescent conditions Dia1 enforces an immobile “jammed”

state within epithelia. This immobile state is released upon growth factor stimulation or

loss of Dia1. Overall this work forges novel connections between cytoskeletal regulators at

the single- and multi-cell scales, and prompts new hypotheses to test how cell behaviors

contribute to tissue functions in health and disease.

ix



CHAPTER 1

INTRODUCTION

1.1 Breast Cancer Progression and Invasion

1.1.1 Mammary gland organization and tumor formation

Cancer is a complex biological state involving multiple cell types, biochemical signaling

events, and genome-wide changes. The progression of tumors and their response to therapy

is an outcome of dynamic relationships among the multiple cells types and the extracellular

matrix that determine tissue biology [1, 2]. Given this complexity, it may be little surprise

that direct relationships linking genetic drivers to patient outcomes been difficult to define

for many cancer types. This section will explore the development and progression of tumors

using breast cancer as a model.

Cancer has been recognized as a discrete medical condition for millennia, and schemes to

classify its forms have been well-established for over a century [3]. However, a rigorous classi-

fication system based on empirical evidence was not proposed until 1958, by the experimental

pathologist Leslie Foulds [4]. The advance that he formulated was “the demonstration that

neoplasia is [sic] discontinuous in space and time; it is a dynamic process advancing through

stages that are qualitatively different” (emphasis his) [4]. Foulds argued that tumors progress

through irreversible changes and that this progression leads to the advance of the disease

into its fatal forms. In his view, the alterations which tumors underwent as they progressed

might not all be outwardly apparent to a clinician, but they could still determine its final

outcome. His work synthesized histopathological observations under one rubric, and laid

the groundwork for the later molecular definitions into which different tumor types could

be functionally grouped. Following the advent of modern genetics and molecular biology,

this concept was extended and clarified using genetic signatures. First among these was the

revolutionary work in 1988 by Vogelstein and colleagues that linked the histopathology (i.e.
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increasingly aberrant tissue organization) of colorectal cancers with specific genetic alter-

ations [5]. This work established the preconditions for understanding the cellular behaviors

shared by different tumor types.

Establishing a causal chain from genotype to a precise cellular behavior to patient out-

come forms a premier goal of cancer research. This scheme may work for genes acting within

the same signaling pathway (e.g. resistance to cell death signals) that give rise to one of

the “hallmarks” of cancer as defined by Hanahan and Weinberg [6]. However, individual

genes are rarely identified that control a histologically identifiable cell behavior, as well as a

specific patient outcome, even when gene actions are well-established. This challenge moti-

vates efforts to clarify and extend the explanatory power of gene expression data, as well as

creative approaches to model the conserved features of tumor progression such as invasion.

The etiology of most tumors follows an established progression driven by abnormal cell

proliferation, resulting in a primary tumor mass [6]. While it remains contained, the mass

is defined as benign. The onset of invasion defines the transition from benign to malignant

tumors, typified by egress of tumor cells singly or collectively from this primary lesion [7, 8].

In its most aggressive forms, cancer is thus a disease of aberrant cell movement as much

as aberrant cell proliferation. Accordingly, a comprehensive understanding of the most

deadly manifestations of cancer require that we understand the cell behaviors driving cancer

spread. A proper description of this transition first necessitates an understanding of tissue

organization prior to tumorigenesis.

Mature epithelial tissues such as the mammary gland comprise a few cell types organized

into a typical tissue layout. Epithelial cells form a continuous layer surrounding a hollow

lumen. Cell polarization causes the spatial segregation of intracellular components such

that secretory (in the case of mammary epithelium) or absorptive (in the case of intestinal

epithelium) functions are oriented toward the lumen, on the cells apical surface [9, 10]. The

basal surface, oriented away from the lumen toward the stroma, is the site of cell interaction

with the extracellular matrix. For epithelial tissues this matrix is the basement membrane,
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a highly specialized 2-dimensional mesh of structural proteins that surrounds the epithelial

layer [11]. These elements – a central lumen, one or multiple layers of polarized cells, and a

surrounding basement membrane – are defining features of most epithelial tissues.

luminal 

epithelial cell

 myoepithelial

 cell

basement

membrane

Organization of the Mammary Epithelium

Duct Lobule

Figure 1.1. Luminal and myoepithelial cells derive from a common progenitor but differentiate to fulfill
different roles in the mature tissue. Milk secretion is carried out in lobules by luminal epithelial cells, and is
then transported via ducts. Tumors can arise in both ducts and lobules.

Different cell types within the epithelium further define mammary gland biology. Se-

cretory functions are carried out by the luminal epithelium. These cells are sensitive to

estrogen and progesterone and thereby respond to systemic hormone levels that orchestrate

mammary function during puberty, pregnancy, and lactation [12, 13]. Joining luminal cells

in the mammary epithelium are myoepithelial cells, residing between the luminal cells and

the basement membrane (Figure 1.1). Myoepithelial cells share a common progenitor with

luminal cells, and serve a contractile role to aid in lactation [14, 15]. In addition they secrete

and maintain components of the basement membrane and are critical for maintenance of

mammary gland homeostasis, albeit through unknown mechanisms [14].
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1.1.2 Transition from Benign to Invasive Breast Cancer

The formation and progression of carcinomas, tumors derived from epithelial tissues, are

defined by the organization of their native tissue. Mammary carcinomas offer an illustrative

example of this principle as they are well-studied in both human observational studies as well

as experimental models in animals. Primary ductal carcinomas begin as foci of hyperplastic

cells within the plane of the epithelium. These foci may exhibit loss of cell polarity [16],

increased proliferation along with increased apoptosis, and high levels of genotoxic stress

markers [17]. The cell lineages that give rise to mammary duct constituents, basal and

luminal, portend different courses of progression for breast lesions as indicated by gene

expression profiling [18, 19]. Luminal-type breast tumors are more likely to be dependent on

estrogen for their growth, in accordance with their origins. Meanwhile tumors termed basal-

type resemble progenitor stem cells and the basal myoepithelium, lack hormone receptors for

estrogen and progesterone and thus can proliferate in the absence of these hormones. These

tend to be less differentiated and more likely to progress to metastasis.

The most common non-invasive form of breast cancer, Ductal Carcinoma in situ (DCIS),

bears histological features determined by the normal mammary ductal structure in which

it forms. Genetic signatures of DCIS include insertion or deletion of large genomic regions,

overexpression of the growth factor receptor HER2/neu, and, less frequently, loss of the

tumor suppressor p53 [20]. Together, these factors collaborate to permit ductal epithelial

cells to persist in aberrant settings: in the luminal space or crowding their phenotypically

normal neighbors. Invasive breast cancer typically presents histologically as clusters of tumor

cells interspersed in the stroma surrounding the primary tumor site. These cells move singly

or collectively through the stroma and eventually enter the vasculature or lymphatic system

and spread to distant sites [21].

Of special interest are factors that contribute to the onset of invasion and metastatic

spread, as these tumor behaviors prove deadly. Despite the wealth of clinical, histologic, and

genetic data on breast tumor progression, identifying the mechanisms by which DCIS lesions
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become invasive has eluded researchers [20, 22]. Several confounding factors contribute to this

difficulty, perhaps reflecting many possible routes by which a tumor mass initiates spreading.

First it is crucial to note that despite the gross genetic and morphological changes present in

DCIS lesions, they often do not progress to malignancy. If untreated, around half of all DCIS

lesions do not progress to invasive disease within 10 years [20]. A similar picture emerges

when considering recurrence: 10 years following removal of a DCIS lesion, 70-85% of women

remain disease-free [23]. Given this variation in the destinies of indolent lesions, researchers

have sought the means to stratify DCIS patients as low or high risk for progression.

Tumor grading schemes separate DCIS lesions with some predictive power. Grading

guidelines for DCIS characterize the profound changes to tissue architecture that anticipate

features of invasive disease. Grading rests on three parameters: tissue organization (tubular

or disorganized), frequency of proliferative cells (using markers for mitosis), and nuclear

pleiomorphism [24].

Accompanying these progressive alterations to the carcinoma itself are a host of stromal

changes that herald the breakdown of tissue homeostasis [2, 25]. Myoepithelial cells are gen-

erally absent in high-grade DCIS, along with a normal basement membrane, yet precisely

how and why these disappear is unclear [26, 27, 12, 15]. It is known that they are lost during

tumor progression, yet exactly how is not known [14]. Likewise, the direct impact of their

loss is poorly understood. Lesions are often infiltrated by immune cells, and surrounding

fibroblasts increase in number and change in morphology [28]. Finally, extracellular ma-

trix (ECM) proteins are substantially altered from normal breast tissue, most notably by

an increase in Collagen 1 fibril concentration and their arrangement into bundles [29, 25].

Collectively, these changes bear resemblance to sustained tissue injury as seen during fibro-

sis [1]. While this concept provides a compelling general framework, it leaves unclear the

causal relationships between tumor cells, myoepithelial cells, immune cells, fibroblasts, and

the ECM.

Attempts to classify gene expression changes that reliably track the transition to the
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invasive state from DCIS have yielded widely varying results. This is not isolated to breast

cancer, as attempts to predict metastasis have varied across tumor types [30]. The course for

patients diagnosed with invasive disease correlates well with the distinct molecular subtypes

luminal or basal that likely reflect the developmental lineage from which they arise [31, 32].

Applying the same classification scheme to stratify DCIS vs. invasive tumors has yielded

mixed results [33, 22]. The basal and luminal subtypes that define invasive disease and

predict their aggressiveness may not exist as stable categories for DCIS tumors. Indeed there

is well-documented heterogeneity that characterizes cell populations in DCIS lesions [34, 35,

26]. In one study, high grade DCIS lesions were found to bear greater genetic resemblance

to invasive tumors than to low-grade DCIS or benign hyperplastic disease [20]. Thus high-

grade DCIS tumors appear as heterogeneous invasion-competent tumors which have yet to

initiate invasion. Although the diversity of cell lineages and behaviors in preinvasive tumors

explains their gene expression profiles, these do not capture the precise the mechanisms that

drive invasion. This challenge might be more reasonably approached by focusing on the

behaviors that cells acquire in order to invade, rather than molecular markers that would

identify invasive cells.

1.1.3 Cancer invasion and tissue development

A phenotype-based approach to cancer invasion motivates experimental systems to analyze

invasive behaviors using organotypic cell culture. With the benefit of directly observing

cell invasion, inferences can be drawn about its origins and means of regulation [36]. The

Ewald group has led efforts to dissect the mechanisms of tumor invasion by challenging

tumor explants removed from humans or mice to migrate into a prepared collagen matrix

[37]. Their findings have provided support for the multicellular nature of cancer invasion

[38], and highlight the dominant role of the ECM [39], as suggested by others [40, 29].

In particular, the Ewald group has found that invasive cohorts of mouse or human tumors

were organized into leading and following cells specified by their developmental lineage [41].
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These findings identified basal-like carcinoma cells, which resemble myoepithelial cells and

are marked by cytokeratin 14, that consistently led invasive cohorts from a mixed popula-

tion of basal-like and luminal-like tumor cells. These findings were corroborated by gene

expression data predicting poor outcomes for women whose tumors expressed high levels of

this cytokeratin. Ewald and colleagues proposed that breast tumor invasion requires that

epithelial tissues “reinvent” motility regimes present during mammary gland development

[42]. This reinvention was directly observable by live imaging of luminal-like cells converting

to basal-like cells upon contact with collagen fibrils that reside outside the basement mem-

brane [41, 43]. These observations agree with the dire consequences of deregulation or loss of

the basement membrane seen in high-grade DCIS lesions, which would expose tumor cells to

collagen fibrils [20, 12]. Finally, fundamental features of this model were confirmed by later

work that established the necessity of collective migration via cell-cell junctions for efficient

tumor spread [38]. More recently, work by the Sahai and Trepat groups has extended studies

of collective invasion in vitro to include associated fibroblasts [44]. These can form cell-cell

adhesions with tumor cells and subsequently lead their invasion. The set of immune cells

surrounding and infiltrating tumors can also direct their local spread. The Condeelis group

has analyzed invasion using intravital imaging of mouse tumors and immune cells [45]. Their

work showed that immune cells secrete signaling proteins that promote tumor cell migration

from the tumor towards nearby vasculature [46].

Overall these findings encourage a holistic perspective of breast tumor progression from

the standpoints, first, of an aberrant tissue comprising multiple cell types and ECM compo-

nents [25, 1], and second as a resurgence of multicellular motility exhibited during develop-

ment [42]. Invasion via multicellular clusters is a common means of tumor spread [47, 48].

Mounting data suggests a close collaboration between distinct cell subpopulations, as pro-

posed by Ewald et al, and the arrangement of thick collagen bundles, as explored by Keely

and colleagues [49]. These thick bundles are stiffer than normal breast stroma, and concen-

trate the adhesive ligands by which cells migrate in 3D [50, 51]. Presumably, cohorts of cells
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encountering these fibrils could extend along them, led by basal-type epithelial cells. Multi-

cellular invasion also offers a plausible mechanism by which heterogeneous cell populations

cooperate during tumor spreading [8]. Finally, multicellular clusters are better able to form

distant metastases following transit through the bloodstream [52, 53, 54].

The transformation over years of a normal epithelium to an invasive tumor is a context-

dependent and highly variable process. The complexities of tumor formation and progres-

sion described here prompt an evaluation of the conserved properties that enable tumor cell

spreading. Fundamental physical properties governing tumor cells interactions with each

other and their surrounding matrix remain incompletely understood, despite recent interest

in mechanical descriptions of cancer progression and metastasis [55]. Building a sufficiently

detailed understanding of cancer cell motility and invasion in situ would therefore be aided

by a better grasp of the means by which cells interact with their matrix and how these

interactions are integrated across cell collectives. Detailed cell invasion studies using experi-

mental systems may open new perspectives on how tissues either prevent or permit aberrant

cell motility.

1.2 The cellular basis of tissue shape changes

1.2.1 Branching morphogenesis generates the final shape of many organs

The primary function of a tissue necessitates that it acquires the appropriate form during

organismal development, as captured by the aphorism that form follows function throughout

biology. This is as true for the brain as the small intestine. Specificity of form and organi-

zation was a feature of tissues recognized as early as 1822 by Bichat, in his work classifying

tissue types [56]. The lens exhibits a geometry that quite directly impacts its role in the

visual system, but even the expansive, complex, and intricate shapes adopted by the vascu-

lature or the skin must equally contribute to their respective functions [57]. The conserved

means by which tissues assume their shapes during development, and general principles they
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share, have been the objects of study for generations of biologists.

With some variation, most epithelial tissues adopt shapes that aid in the transport,

secretion, or absorption of solutes [58]. These include the lung, gut, and mammary tissues

in mammals. In these cases, tissues with very different roles acquire a highly stereotyped

final form. The final shape of the lung epithelium optimizes airflow and surface area for gas

exchange [59], epithelial tubules of the kidney collecting system mediate water resorption

[60], and the ductal tree of the mammary gland transports milk secreted by lobules [61].

These tissues vary widely in complexity and size, but they have in common a geometry of

iteratively branched tubules [9, 62, 63]. Proper function for all of these tissues, whether

as selective barriers or transport routes, requires this highly stereotyped layout of hollow,

interconnected networks [63].

Branching morphogenesis refers to a broadly conserved strategy of tissue expansion and

remodeling that generates branched tissues [62, 63]. During their development, most such tis-

sues start as small, contained masses of precursor cells. The constituent cells of these nascent

tissues generate the final dendritic structure often through a combination of collective motil-

ity and proliferation [9, 64]. The elaboration of the mammary ductal tree [65] or formation

of the Drosophila tracheal system [66] are classic examples of branching morphogenesis.

However, each of these organs develop in their own specific milieu within the embryonic or

post-natal animal. Further, the actions taken by each tissue are directed by distinct sig-

naling molecules. Thus a perfect comparison across all tissues whose development requires

branching morphogenesis is impossible. Nonetheless, branching morphogenesis is represents

a conserved strategy observed throughout biology, owing to its adherence to certain hall-

marks [9, 64, 67, 68]. These include the maintenance of cell-cell adhesions, self-organization

into migratory and non-migratory cohorts, regularly spaced and iterative generation of new

branches, and resolution into hollow tubules.

Branching morphogenesis begins when a few individual cells within an immature tissue

become motile and move with their neighbors into the surrounding Extracellular Matrix
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(ECM). They lead a cohort of cells through their surroundings, elaborating multiple branches

to form a characteristic dendritic structure [69, 64, 62]. Depending on the tissue type, new

branches can be formed by bifurcation of the leading edge, or by cell extensions emanating

from the sides of an elongating branch, which then grow into a new branch (Figure 1.2) [67].

Finally, cell fusion or rearrangement events form a contiguous lumen during or after the full

extension of branches, depending on the tissue type [70].

Tissue Shape Changes during Development
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Figure 1.2. Branching morphogenesis describes the development of the mammary ductal tree, above, as
well as the Drosophila tracheal system, below. Mammary ductal elongation is achieved by a cohort of rapidly
rearranging cells that do not exhibit cell extensions into the ECM. Meanwhile, Drosophila tracheal develop-
ment is led by a single cell that leads its neighbors and makes extensive protrusions into its surroundings.
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1.2.2 Mechanisms of collective cell motility during branching

morphogenesis

Collective cell motility is a highly conserved phenomenon seen across organisms and in

both physiologic and pathologic contexts [71, 48, 64]. To translocate through a tissue or

across a surface, individual cells must control their shape and regulate adhesions to their

surroundings. Single mesenchymal cells such as fibroblasts move by extending processes from

the cell body which adhere to ligands in the ECM, and use this adhesion to pull the cell

body forward. However, studies of cell movements in living organisms and in various 3D

environments in vitro have identified a range of strategies used by cells for locomotion [72].

Cells of epithelial or mesenchymal origin readily migrate without the use of specific adhesion

sites to the ECM, termed ameoboid migration [73]. This involves controlled contraction of

the cell rear to squeeze the cell body forward through a porous matrix, and does not require

strong cell-ECM adhesion.

These motility behaviors are also coordinated by groups of cells during tissue morphogen-

esis [69]. A hallmark of branching morphogenesis is the organization of cells into motile or

invasive behaviors at the tissue’s leading edge. The motile cell front leads the cells following

behind and determines the direction taken by the cohort [72, 64]. In many cases leader cells

at the front exhibit a polarized morphology resembling single mesenchymal cells, while main-

taining adhesion to their neighbors that follow [74, 75]. These leader cells protrude, adhere,

and contract against the Extracellular Matrix (ECM) as do single cells. However, specific

behaviors that propel the leading edge differ according to the tissue type and environment

[63].

With some variation, there are two strategies to accomplish elongation of cell collectives.

During puberty in mammals, elaboration of branches by mammary ducts is carried out

through dynamic, nonprotrusive motility localized to the front of the elongating tissue. The

leading edge in these tissues is composed of a rapidly rearranging cohort of cells [65, 76, 77].

Elongation of the tissue branch is independent of cell proliferation, and instead relies on
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dynamic cell shape changes and rearrangements. In this case, the leading edge is properly

described as a localized cell behavior rather than as a stable lineage- or signaling-specified

population. In contrast, branching morphogenesis during development of the Drosophila tra-

cheal system and vascular sprouting during mammalian angiogenesis begins when individual

cells extend protrusions from the initial cohort, commonly known as the tissue rudiment,

into the ECM [62]. These protrusions form adhesions to the ECM. Individual leader cells use

these protrusions and adhesions to pull themselves forward and drag their neighbors with

them.

The differences between the strategies of ductal elongation described above may not run

so deep. Organotypic assays examining mammary duct morphogenesis in vitro demonstrated

that these tissues migrate via protrusive or nonprotrusive collective cell motility according

to the 3D matrix. In the soft, meshlike matrices formed from basement membrane proteins,

branch elongation was nonprotrusive, while in fibrillar matrices of collagen 1, branch elonga-

tion was accomplished by protrusive cells at the leading edge, reminiscent of those described

for Drosophila tracheal development or vascular sprouting [39]. As branch elongation in

collagen proceeded, protrusive fronts resolving into nonprotruding end buds or lobules over

tens of hours. Thus these apparently opposed phenotypes may simply be manifestations of

a conserved collective behavior dependent on the extracellular environment [40].

Many developing tissues are patterned by soluble factors known as morphogens whose

spatial distribution dictates tissue geometry [67]. Individual cells in a tissue sense the local

concentration of a morphogen through specific cell surface receptors, in a dose-dependent

manner. This patterning strategy has been intimately linked with tissue morphogenesis by

a broad array of in vivo and in vitro experiments [78, 79, 80]. In the well-defined case

of Drosophila tracheal development, Branchless (ortholog of mammalian Fibroblast Growth

Factor), the morphogen that cues branching, bathes equally the ˜80 cells of the nascent tissue.

Only a minority of these cells form protrusions and become leader cells during branching

morphogenesis. These differential cell fates are determined through cells unequal expression
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of the Branchless receptor Breathless (ortholog of Fibroblast Growth Factor Receptor 2)

[74]. Specification of leader cells can thus arise deterministically through this or similar

mechanisms, but many tissues such as the mammary epithelium undergo branching initiation

in a stochastic manner [42, 63]. These cases challenge biologists to devise and interpret

experimental systems that can uncover the causative factors, such as mechanical properties,

that determine branch initiation.

1.2.3 MDCK cells as an in vitro model to explore the regulation branching

morphogenesis

Few cell culture models exist to explore complex rearrangements such as branching morpho-

genesis in a reproducible fashion [79, 75, 36]. These models are valuable because they permit

testing for the requirements of branching morphogenesis with a wider range of perturbations

and measurements than is possible when studying intact organisms. Below is a brief history

of one such model, the Madin Darby Canine Kidney (MDCK) cell line.

Following the initial isolation in 1958 of epithelial cells from the renal tubule of an adult

Cocker Spaniel by S. H. Madin and N. B. Darby, the cell line bearing their name was

employed primarily as a model for viral infection of mammalian cells. It was not until

1970 that the laboratory of Zbynek Brada published work describing MDCK cells as a

representative cell line bearing hallmarks of renal tubule epithelial cells [81]. They based this

conclusion on the fluid transport activities of cell monolayers, the presence of microvilli on

their apical surface, and their multicellular organization into tubules and cysts (a phenotype

that required multiple weeks of culture). In their report, the authors speculated that the

“histotypic expression” by which MDCK cells formed structures reminiscent of their tissue

of origin might be fruitfully applied to the study of other tissues. The following decades

have proved them largely right, although the repertoire for studying tissue morphogenesis

has vastly expanded [36]. After this point, the MDCK cell line found new use as a model

for mammalian epithelia. In 1982 Mina Bissell and colleagues demonstrated that MDCK
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monolayers responded to the addition of a collagen overlay, generating a sandwich culture,

by forming a lumen [82]. This hinted for the first time that the cell line would respond to 3D

environments in vitro by self-organizing into the appropriate 3D structure. In the following

years, the culture of MDCK cells embedded fully in collagen was shown to yield hollow cysts,

or acini [83]. These were spherical epithelial monolayers with a defined interior and exterior.

However, the fact that MDCK cells did not form tubules under these conditions remained

unexplained until later.

Over the same period, biologists studying cell motility had hit upon an interesting and

reproducible phenotype of cells: the scattering response. Epithelial cell clusters could be

induced to break cell-cell contacts and become elongated and motile, after exposure to a

“scatter factor” that was secreted by mesenchymal cells such as Swiss 3T3 fibroblasts [84, 85].

This was best described by Julia Grays group in 1987 [86]. During the same period in the mid

1980’s, a monoclonal antibody published by the group of Walter Birchmeier was described

to disrupt cell-cell contacts and alter the front-rear polarity of cells in culture [87, 88]. The

target of this antibody was later identified as the adherens junction component E-cadherin

[89]. These concepts eventually coalesced into a paradigm for cell motility and cell polarity.

In 1991, the response of MDCK acini in 3D culture to this factor was first reported

by Lelio Orci and colleagues. They cultured acini of MDCK cells in collagen gels with

or without Swiss 3T3 fibroblasts, in which media could exchange but the cell types were

not in direct contact [90]. Coculture with fibroblasts induced MDCK acini to undergo

branching and elongation to yield a network of tubules. In the same year, the paracrine-

acting “scatter factor” was shown to be a previously described protein secreted by fibroblasts,

Hepatocyte Growth Factor (HGF) [91]. This work solved an outstanding mystery of MDCK

culture, as the tissue from which these cells derived is tubular, and thus not reminiscent of

spherical acini. Beyond that immediate paradox, a crucial connection was forged between

the acute induction of cell motility in 2D by the “scatter factor,” and its impact on the

spatial organization adopted by tissues in 3D. This connection remains significant as a link
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between precisely defined mechanisms of cell motility in 2D and complex rearrangements in

3D whose regulation is yet to be understood fully.

In the last 20 years, understanding of MDCK cell biology in 3D culture has been advanced

largely by the laboratory of Keith Mostov. This group has focused on the regulation of cell

polarity and its downstream effects on branching morphogenesis [92, 75]. Indeed the body

of work generated by the Mostov group has successfully synthesized decades of knowledge

about the spatial segregation of intracellular functions, and their molecular markers, into a

remarkable model for the generation and homeostasis of cell polarity in tissues [93, 92, 94]. In

2003, Yu et al reported the first comprehensive account linking branching morphogenesis with

hallmarks of apical-basal polarity [95]. This work established that MDCK cells do not loose

contacts with neighbors during the onset of branching, but that canonical markers of polarity

are transiently lost. One outcome of this shift in polarity signaling is the reorientation of

cell division along a newly growing branch of cells, in order to correctly position daughter

cells to continue branch extension. Cell motility by which MDCK cells produce and elongate

branches was linked with these polarity phenotypes. Specifically, they showed enrichment of

phosphoinoside-3-phosphate at the leading edge of elongating branches, and that reduction

of cell contractility resulted in overabundant and disorganized cell protrusions at the outset

of branching.

These findings were integrated into a model for branching morphogenesis that focused on

the transient rearrangement of cell polarity signaling. This allows normally nonmotile cells

to generate protrusions and migrate collectively, followed by redifferentiation and formation

of hollow tubules [96]. In support of this model, Mostov and colleagues have identified the

effects of HGF on MDCK acini as eliciting a partial transition from epithelial to mesenchymal

cell phenotypes [96]. This argument marshals an established signaling program termed the

epithelial to mesenchymal transition (EMT), by which sessile epithelial cells become motile

and break cell-cell contacts [97]. EMT has been proposed as the transcriptional signaling

cascade that drives cell scattering, although previously researchers did not conflate the two

15



[98, 99]. Given the distinction that, for acini in 3D, cell-cell junctions do not rupture, it is

unclear how to precisely relate the EMT concept with branching morphogenesis.

The Mostov group has also investigated the means by which HGF activates cell motility

during MDCK branching morphogenesis [100, 101]. Their studies have shown that branching

morphogenesis requires the Erk transcription factor, downstream of the Mitogen Activated

Protein Kinase cascade, a well-defined signal transduction pathway implicated in cell motility

and proliferation [102]. The cell motility machinery responsible for branching morphogenesis

has not been specified by the Mostov group, beyond the requirement for a signaling protein

involved in regulating the small GTPase Rho [100, 101]. A few reports have linked ECM

receptor family of integrins to MDCK acinar polarity. These have not focused the ability of

cells to maintain integrin-based adhesions, but have documented profound polarity defects

when β-1 integrin function is blocked [95, 103].

Meanwhile, other groups have demonstrated the requirement for cell-ECM adhesion pro-

teins or their regulators in MDCK branching morphogenesis [104, 105, 106]. These have

not yielded mechanistic insights that show precisely how HGF changes cell behavior to

drive branching morphogenesis. They have, however, correlated cell adhesions to the ECM

with the ability to undergo branching. Using a modified model for MDCK cell culture and

branching morphogenesis, Gierke and Wittman established the requirement for microtubule

dynamics in regulating the early steps in branching [107]. They observed deficient cell adhe-

sive coupling to the collagen matrix when microtubules were deregulated. This phenotype

indicated the importance of trafficking the appropriate cell adhesion and protrusion proteins

to the cell front as branching morphogenesis was initiated. Combined with observations from

the Mostov group, this work confirmed that cell polarity is indispensable for MDCK acinar

homeostasis as well as migratory behaviors during branching.
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1.3 The molecular basis of directed cell motility

1.3.1 Cell motility

The study of directed motion by single cells developed alongside advances in the study of

morphogenesis and cancer biology discussed above. This section addresses the intracellular

mechanisms that enable cells, and the tissues they compose, to change shape and move.

Migration of adherent cells integrates three fundamental properties: Protrusion, adhe-

sion, and contraction [108, 109]. While these are somewhat separable functions and can be

ascribed to related groups of proteins, their functions are interdependent and tightly co-

regulated. However, at initial glance, cell migratory behavior in many different contexts can

be reduced to these three properties. For an adherent cell on a flat substrate, the direction of

motion is determined by a protrusive front. A broad, constantly ruffling cell edge is formed

by lamellipodia [110], while filopodia are slender, spike-like extensions that rapidly emerge

from the cell body. The cell front may exhibit a combination of these mechanisms [111],

but both can serve to advance the cell membrane in the direction of migration. Following

protrusion, cells form adhesions at or near the cell edge. These take the form of focal ad-

hesions, dense subcellular plaques of proteins that make strong yet dynamic attachments

to proteins on the substrate [112]. Anchored by focal adhesions at the cell front, the cell

contracts across its trailing edge in order to retract its rear and move the cell body forward

[113]. Retraction is dominated by contractile actomyosin networks, which are distinct in

form and regulation from protrusive networks. This step highlights the importance of spa-

tial organization of protrusion and retraction, through which sustained front-rear polarity is

established [114, 113].

As noted in previously, differing cell shapes and environments impose specific constraints

on the above process. Notably, cells moving through 3D matrices can move with a wide

array of protrusive structures, and do not always form focal adhesions [115]. However, these

fundamental elements still describe the vast majority of cell motility processes [116].
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1.3.2 The actomyosin cytoskeleton

Cell migration relies on conserved dynamics of the actomyosin cytoskeleton, which is orga-

nized in space and time into protrusive and adhesive organelles [109]. The primary struc-

tural material with which cells maintain their shape, exert forces, and migrate is the actin

cytoskeleton. Across a migrating cell, actin monomers are continuously polymerized into

networks, which continuously undergo depolymerization on timescales of seconds to minutes

[117]. Through the combined activities of a panoply of actin nucleation and elongation fac-

tors, actin bundling proteins, and filament severing proteins, different networks are spatially

segregated into organelles, each with specific mechanical properties [118, 119]. These net-

works are both crosslinked and contracted by myosin motor proteins [120]. Together these

networks, and the mechanical properties they confer, permit cells to execute a wide range of

motility behaviors and shape changes [121].

Actin is one of the most abundant proteins in eukaryotic cells. Assembly of monomers into

filaments generates a helical, semiflexible polymer with an intrinsic polarity [119]. Monomer

addition is favored at the barbed end, with intrinsic polymer activity under most purified

conditions. Depolymerization dominates at the pointed end, the other end of filaments,

which is accelerated by hydrolysis of a bound ATP molecule as monomers age within the

filament [122]. These rates of filament assembly and disassembly are dominated by a rich

diversity of actin regulatory proteins discussed below.

At the leading edge of a migrating cell, lamellipodia drive protrusion of the cell edge.

These organelles are rapidly advancing and retracting broad extensions whose defining fea-

ture is an extensively branched meshwork of actin filaments [123, 110, 124]. Lamellipodia

are nucleated by Arp2/3, a complex of 7 proteins whose conformation allows it to both

bind to the side of an existing actin filament and nucleate a new filament. Arp2/3 activity

thereby generates a dense meshwork of actin filaments, joined to each other at a 70 degree

angle [125]. Critical to the function of Arp2/3 networks within lamellipodia are capping and

severing proteins. Capping protein binds to the growing end of actin filaments, ensuring
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filament length is kept short [119]. A complementary function is played by severing proteins,

such as ADF/cofilin, which bind along the length of filaments and sever them. Severing

events recuperate monomeric actin for recycling into new filaments and maintain a short

average filament length [126]. Together these confer to Arp2/3 networks the density and

turnover rate necessary for efficient advance of the cell edge. Indeed, the collective actions

of lamellipodia components are sufficiently robust to retain their morphology, motility, and

directional persistence, even when isolated from intact cells [127].

On the other hand, experiments to test the central role of Arp2/3 in lamellipodia have

used both genetic ablation of Arp2/3 complex components, as well as more recent pharmaco-

logic approaches [128]. Collectively, these studies established that cells can indeed migrate,

albeit inefficiently, with the total loss or instability of lamellipodia, although they become

insensitive to the changes in their physical environment [129, 130].

Complementing the Arp2/3 network at the cell’s leading edge are an array of linear net-

works maintained by Diaphanous-related formins, a diverse family of actin nucleators and

elongators. These linear networks assemble into stress fibers within the lamellum, spike-like

filopodia at the cell edge, and the cytokinetic ring following mitosis [131]. The protein do-

mains that define the formin family and carry out actin filament assembly, Formin Homology

(FH) 1 and 2, are highly conserved from yeast to humans. In humans the 15 family mem-

bers show considerable variation outside of these domains [132, 133]. Catalytic activity of

formins is carried out by homodimers of the FH2 domain, which constitute a ring structure

that associates with and continuously elongates the barbed end of an actin filament [131].

Formin-nucleated actin filaments are thus unbranched and tend to be longer than Arp2/3-

nucleated filaments. Adjacent to the FH2 domains are flexible FH1 domains, which bind

actin via the small actin monomer-binding protein profilin [134]. Thanks to the high affinity

of profilin for the FH1 domain, monomers of actin can be continuously associated with the

formin dimer. These interactions combine to enable the rapid yet controllable generation of

linear actin filaments.
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Besides the FH1 and FH2 domains, the other domains are less conserved across the

formin family. They are responsible for dimerization and regulatory functions critical for

controlling formin activity in space and time [135, 131]. Most important are the Diaphanous

Inhibitory Domain (DID) and Diaphanous Autoregulatory Domain (DAD), located at either

end of the protein. Binding of the DAD to the DID prevents formin activity and must be

displaced by binding of the small GTPase Rho in order to relieve inhibition [133]. Through

this mechanism, formin activity is regulated tightly by Rho. Further regulation is mediated

through the FH1 domain, which can bind to Src homology domains whose activity links

formins to upstream tyrosine kinase signaling pathways [136]. This domain organization is

representative of diaphanous related formins Dia1 and Dia2 [131]. Another formin, Formin

Homology 2 Domain Containing 1 (FHOD1) retains actin polymerization activity of Dia1

and Dia2 but interacts with different regulatory partners [137].

The emergence of dynamic networks from the simple filaments generated by formins and

Arp2/3 requires the actions of two broad classes of proteins: actin-crosslinking proteins and

myosins [118]. Non-muscle myosins were one of the first motor proteins to be described in

detail and their functions as contractile elements were surmised early on thanks to the study

of muscle physiology [138]. Yet it took a set of nontrivial conceptual leaps, such as by Huxley

in 1973, to describe cytoskeletal function in nonmuscle cells lacking the organization of

muscle fibers [139]. In most cells, Non-muscle Myosin II forms small bipolar oligomers termed

minifilaments, that bind to and contract against actin filaments at either end [140, 120]. Their

activity is regulated directly through Myosin Light Chain (MLC), which binds and releases

head-tail interactions that otherwise lock Myosin II into an inactive state. Two isoforms of

Myosin II, A and B, are highly expressed in most cell types, and exert dominant effects on

cell shape and motility. With some variation, Myosin IIA is found predominantly near the

leading edge of migrating cells, and is abundant throughout the lamellum. Meanwhile Myosin

IIB accumulates at the cell rear and nonprotrusive regions of the cell body [141]. Together

Myosins IIA and IIB generate virtually all of a cell’s contractile force, and the spatial control

20



of their activity is essential to generate the wide diversity of cell shapes observed throughout

biology [109, 142, 121].

Rapid assembly, reinforcement, and disassembly of the above actin networks are achieved

by signaling pathways converging on the small GTPases Rac, Rho, and Cdc42 [143, 114].

These membrane-bound, switch-like proteins integrate biochemical signaling inputs from cell

receptors or gene expression and govern the activation of the Arp2/3 complex and formins,

via direct and indirect mechanisms. Rac is active primarily at the leading edge of a migrating

cell, where it activates Arp2/3 through adaptor proteins such as Neural Wiskott-Aldrich

Syndrome Protein (nWASP). Rac also activates the formin family protein FHOD1, which

assembles stress fibers near the leading edge [137, 144]. Cdc42 activation is also polarized

toward the cell front, and primarily directs formation of filopodia [145]. Rho promotes

the assembly of contractile actomyosin arrays and is associated with contraction of the cell

rear and maintenance of front-rear polarity in migrating cells [143]. Activation of myosin

contractility is controlled by Rho primarily through its activation of Rho Kinase (ROCK)

[146]. Like Rac and Cdc42, the effects of Rho are integrated across the whole cell for efficient

migration [147]. Indeed, the use of optical probes has suggested that Rho is recruited to

the leading edge of migrating cells, although these claims have yet to be broadly confirmed

[148, 149].

1.3.3 Formation and regulation of cell adhesions

During migration along planar surfaces cells form focal adhesions, complexes 1-2 um in length

comprising hundreds of proteins that bind to extracellular proteins on the cell exterior, and

interact extensively with the actin cytoskeleton on the cell interior [112]. Focal adhesions

were identified as early as 1976 by Izzard and Lochner as discrete subcellular points of

adhesion, via the careful use of interference microscopy on migrating chick cardiac fibroblasts

[150]. This technique achieved exquisite resolution of the cell membrane’s proximity to a

glass coverslip, from which the authors correctly reported their size and shape, and their
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integration into the cell’s cytoskeleton. Later work using the same technique permitted

them to form early conclusions regarding the formation of focal adhesions within protrusive,

actin-rich structures, from which stress fibers emanated [151]. These conclusions have been

borne out by later studies using an array of genetic, optical, and computational techniques

through which focal adhesion structure and dynamics have been comprehensively detailed

[118, 112, 152].

The features of focal adhesions which permitted their visualization by Izzard and Lochner

reflect their underlying structure and integration into the actin cytoskeleton. The nanoscale

organization of a focal adhesion originates with small clusters of integrins, a family of trans-

membrane receptor proteins [153]. These clusters bind to extracellular proteins such as

fibronectin or collagen [154, 155]. Initial binding by integrins occurs at the cell’s periphery

in association with the actin pool within the lamellipodia. In this way, lamellipodia test

their environment for ECM proteins as integrins make initial contacts with ECM proteins

[156]. More integrins are recuited upon initial engagement with the ECM, as well as focal

adhesion proteins such as Paxillin, Talin and Vinculin, forming a nascent focal adhesion

[157, 158]. This small complex is immobilized with respect to the ECM. Over a period of

minutes, focal adhesions then undergo a structural and biochemical maturation process that

integrates them with the cells contractile actomyosin networks [118, 112]. The complex re-

mains associated with actin filaments, and recruits the actin bundling protein alpha-actinin

as well as actin nucleators and elongators [157, 159, 160]. During this process the adhesion

grows in length perpendicular to the cell edge and its protein constituents are modified by

phosphorylation. These include modification sites on Paxillin and Focal Adhesion Kinase

(FAK) that are associated with focal adhesion maturation and participate in biochemical

signaling through Src kinase [161, 162]. Eventually, mature focal adhesions are disassembled

in concert with cell motility.

The orderly picture for focal adhesion assembly and maturation described here falls far

short of capturing the tight integration of these processes with the actomyosin networks
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in which focal adhesions exist. Focal adhesions initially assemble within Arp2/3-generated

networks that are largely free of myosins. During and after initial integrin engagement

with the ECM and clustering, nascent adhesions must contend with rapid flow of the bulk

actin network toward the cell center, termed retrograde flow [163, 164]. This centripetal

flow was recognized long ago as a conserved feature of migrating cells, and reflects rates

of Arp2/3 network assembly at the cell front coupled with myosin activity within the cell

body [165, 166, 119]. Nascent adhesions are dragged rearward with this flow and are either

disassembled in the contractile lamellum, or are stabilized in concert with focal adhesion

protein assembly [167, 168]. Myosin activity is required for focal adhesion maturation but

not their formation, indicating that nascent adhesion formation within lamellipodia is a

spatially and mechanically separate process [118, 158].

Nascent focal adhesions are, however, sites of actin polymerization through Arp2/3 [169],

formins [157, 170], and the actin filament elongation factor Vasodilater Stimulated Phospho-

protein (VASP) [171]. Formins and VASP colocalize with maturing and mature focal adhe-

sions, from which they generate stress fibers [172, 159]. Cells lacking formins [160, 170] or

the actin crosslinking protein alpha-actinin [157] show impaired focal adhesion maturation.

Septins, which can bind to and stabilize stress fibers, also promote focal adhesion matu-

ration [173]. These observations suggest that rather than passive linkages, focal adhesions

are active players in the actomyosin network organization in cells. Moreover, focal adhesion

properties require regulators of the actin cytoskeleton directly, making them acute sensors

of the actin network dynamics in a migrating cell.

As initially observed over 20 years ago, the direct consequences of Rho activity include

myosin contractility and the formation and growth of focal adhesions [174]. This observation

has evolved into a model of myosin-dependent maturation of focal adhesions. Myosin con-

tractility translated through the actin cytoskeleton applies tension to focal adhesion plaques,

which respond by undergoing maturation and transmitting increased tension to the cells

substrate [175]. Other experiments have detailed how cells respond to substrate stiffness,
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showing that increased stiffness correlates with increased focal adhesion size and maturation

[176, 177]. In this way, the maturation of focal adhesions appears to furnish a mechanic

signal to the cell, governing cellular responses to the physical environment [175]. This con-

cept has stimulated a range of hypotheses for the precise mechanisms, as well as proposed

outcomes, of how cells sense mechanical forces at focal adhesions [178, 50, 179, 180]. Many

putative sensing mechanisms involve tension-dependent conformational changes in focal ad-

hesion proteins such as integrins, talin, and vinculin [154, 181].

Complicating these results are observations that refute the correlation established be-

tween focal adhesion maturation and mechanical force. First, nascent focal adhesions can

bear substantial tension and their size is not sensitive to increases intracellular tension

[170, 182]. Second, measures of the stress exerted by a cell, via its focal adhesions, have

consistently scaled with the area of the cell, rather than the number or composition of its

focal adhesions [167, 121]. Moreover, most experimental evidence for mechanical maturation

of focal adhesions use approaches that reduce myosin contractility [174, 175]. Such perturba-

tions necessarily impair the actin network rearrangements inherent to normal focal adhesion

maturation. Thus structural defects in actin network organization are difficult to separate

from defects in myosin contractility [157, 160].

Furthermore, mutations in or depletion of individual focal adhesion components have

resulted in a wide range of cell motility defects [183, 184, 185]. These effects appear to be

highly context-dependent, which has made it difficult to parse the consistent, general prop-

erties of the focal adhesion functions. A recent study found that pharmacologic inhibition of

FAK, a central regulator and signaling protein at focal adhesions, rendered few measurable

effects on focal adhesion morphology or maturation [186]. Rather, these authors observed

a slight but consistent reduction in the turnover of FAK at focal adhesions. Results such

as these indicate either that focal adhesion structure and signaling is unimportant for their

functions (which seems unlikely), or that cell biologists may not yet know the salient features

of focal adhesions that link their functions to cell biology.
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1.3.4 Cell motility through 3D environments

The detailed understanding of cell migration described above need not be limited to cells

crawling on flat substrates. As fluorescence imaging has improved, cell biologists have looked

to cell culture models using biopolymer gels in order to analyze cell motility in 3D.

The key parameters distinguishing 3D from 2D cell motility are clearly not the cytoskele-

tal proteins involved nor their molecular functions, but rather 1) the physical properties of

the environment and 2) the arrangement of cytoskeletal proteins across the cell [115, 187].

Cells such as fibroblasts adopt a flattened shape and protrude via broad lamellipodia in 2D,

whereas in 3D, identical cells tend to be much more elongated with a narrow cross section

[187]. As they move through 3D environments, cells often protrude via narrow extensions,

with active ruffling reminiscent of lamellipodia only at the narrow tips of these extensions

(Figure 1.3) [116]. Across the cell, the signaling proteins that govern actomyosin architecture

and dynamics are spatially segregated as in cells on 2D surfaces [188, 116].

Focal adhesions and their regulators control cell adhesion and migration in 3D matri-

ces just as on 2D substrates. In fibrillar 3D environments, components of focal adhesions

are known to be required for migration, but their composition and formation dynamics are

poorly defined [189, 190]. The laboratory of Kenneth Yamada has made considerable contri-

butions to a general understanding of cell motility regimes and requirements in 3D. Kutys

et al showed reciprocal interactions between collagen fibril adhesion, focal adhesions, and

polarized cell protrusion that brought considerable detail to cell migration and agreed with

2D migration modes [187, 191]. As in 2D, myosin plays a critical role in enforcing cell shape,

and contributes to focal adhesion size and stability [192, 193]. Yet some aspects of focal

adhesion morphology remain unclear in 3D. A recent report documented variations in fo-

cal adhesion size of over an order of magnitude [185]. Another report claimed that focal

adhesion proteins regulate cell migration but do not form dense plaques as in 2D [189]. In

other cases, however, cells exhibit migration strategies in 3D using blebbing or amoeboid

migration that are independent of focal adhesions [73]. These widely varying reports made
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Organization of the cytoskeleton in 2D and 3D environments

Figure 1.3. Similarities and differences between cell migration through 2D and 3D environments. To move
in a directed manner, cells on 2D surfaces form broad lamellipodia where many discrete adhesions are formed.
These adhesions undergo maturation and are integrated into the cells contractile actomyosin networks. In
contrast, 3D migration typically involves long extensions in which adhesions form but their maturation and
integration inot the cytoskeleton are not well understood. Notably the spatial organization of myosin in 3D
is less well defined than for cells on 2D surfaces.
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a broad consensus difficult to formulate for 3D migration, owing in part to variations in

culture techniques, imaging capabilities, ect.

However, physical parameters necessarily circumscribe the possible mechanisms of 3D

migration [115]. When using focal adhesions to migrate, cells must form adhesions at ECM

fibrils. These offer much smaller adhesive area than a cell on a 2D surface, and can resemble

1-dimensional migration along lines [194, 193]. Moreover, even if their precise organization

into puncta is not obvious under all conditions, cell movements still depend on focal adhesion

proteins to translocate under many conditions [192, 189, 195]. Cell movement without focal

adhesions appears to be controlled by upstream signaling through GTPases signaling and

may set the range of movement possibilities for a given cell [116, 196, 197]. Thus while

much of the existing literature highlights a wide variety of cell motility strategies, some key

features can be extracted that help advance a broad knowledge base.

The impacts of different actin regulatory GTPases and myosin activity have been studied

in detail for cells migrating in 3D [188, 116]. For the case of 2D migration, the roles played by

these regulators have been linked intimately with actin architectures and dynamics, connect-

ing Rho activation, for instance, with stress fiber formation [174]. Yet the actin architecture

of cells in 3D has been more difficult to identify and parse between different subcellular

organelles. Rather, actin is almost exclusively cortical and rarely shows a particular network

organization. Stress fibers, for instance, are less abundant and difficult to resolve in 3D [198].

This missing link between biochemical signaling and cell migration has forestalled efforts to

build a unified view of cytoskeletal function for cells in 3D environments.

Fortunately, the range of motility phenotypes in 3D can be narrowed to those that operate

during development and cancer invasion. Interestingly, branching morphogenesis and tumor

invasion have been shown to require specific focal adhesion components, suggesting that

focal adhesions may play a role in regulating tissue shape changes [199, 200, 162, 201].

These observations suggest that despite the relative variation in cell motility for individual

cells in 3D compared with 2D, complex biological processes rely on these components for
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motility. It remains to be seen what specific cellular behaviors lie between the molecular

details of focal adhesion proteins and the final tissue shape changes they appear to control.
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CHAPTER 2

METHODS FOR 3D CULTURE AND IMAGING OF

MULTICELLULAR STRUCTURES

2.1 Introduction

The study of tissue morphogenesis concerns how the basic plans of tissues are generated

during development. Microscopic examination the conserved geometries exhibited by tissues

during morphogenesis has spanned at least a century. Biologists have enjoyed three primary

methodologies to investigate morphogenesis [202]. First is histology of chemically fixed and

sectioned tissues from developing or mature animals [203]. The second is the analysis of

development, whether fixed or in real time, of small and transparent organisms serving as

model species [204, 205]. Finally, isolated primary or immortalized cells can be cultured

in 3D environments, known as organotypic culture [75, 36? ]. When carried out under

the correct conditions, organotypic culture permits cells to recapitulate self-organization

behaviors of their representative tissues. This offers the chance to introduce genetic or

pharmacologic perturbations while observing cell behaviors that can be reliably compared

across conditions [206, 37]. This section will describe organotypic culture techniques and

technical considerations for exploring cell behaviors that contribute to morphogenesis.

The cell culture techniques described below utilized mouse mammary carcinomas, and

immortalized cells were from the Madin Darby Canine Kidney (MDCK) line. The culture

of these cell types focused on growth and morphogenesis in organotypic conditions and their

imaging by immunofluorescence and live microscopy.
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2.2 3D culture of cells and tissues

2.2.1 General principles and strategies

Epithelial tissues are defined by distinct spatial relationships that dictate cell orientation. As

barrier tissues organized into planes or hollow tubes, epithelial cells must recognize “inside”

and “outside” environments and organize their behaviors accordingly. Taking the example

of a tube, its outside is surrounded by the basement membrane, a tightly woven tapestry

of extracellular proteins that form a physical and signaling barrier [92, 207]. Epithelial cells

line the inside of the basement membrane and orient secretory or absorptive activity into

the middle of the tube. Experimental systems to approximate this environment for cell

propagation have focused on providing basement membrane mimics that form a supportive

hydrogel [206]. Two parameters, appropriate protein cues and appropriate material proper-

ties, collaborate to support the growth and organization of epithelial cells into 3D structures

that recapitulate key properties of epithelial tissues [11, 208]. With some caveats, these

parameters are provided by Matrigel. Matrigel is inexpensive, easy to manipulate, and con-

tains a variety of basement membrane proteins in roughly stoichiometric ratios[209]. The

reproducible culture of epithelial cells in Matrigel mandates that the same production lot

is used across experiments. This ensures that the variability inherent to the extraction and

purification of basement membrane proteins from mice is minimized.

MDCK cells, however, can secrete and assemble a basement membrane autonomously

[210, 75]. Because of this, MDCK cells can be cultured in gels of the fibrillar extracellular

matrix Collagen 1 [83]. Collagen is the most abundant protein by weight in the human

body, and forms scaffolds for interstitial as well as glandular tissues throughout the body

[211]. As such, its polymerization and use as a 3D hydrogel support more closely resembles

interstitial mammalian tissue than does Matrigel. Unlike Matrigel, the 3D networks formed

by collagen fibrils in vitro resemble stromal collagen in vivo. Single MDCK cells grown in

collagen 1 gels of 2-3 mg per ml proliferate and organize into acini over 10 days [75]. Their
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growth in Matrigel is accelerated, and they form equivalent structures as those in Collagen

1. However, cell motility and response to mechanical properties are acutely impacted by

Collagen 1 compared with Matrigel [39, 212].

Matrigel liquefies at temperatures near 0 C. Briefly lowering the temperature facilitates

the extraction of intact cell ensembles from liquefied Matrigel and obviates the use of enzymes

such as collagenase or trypsin. Cell ensembles may then be replated into collagen or other

extracellular matrices. This technique was modified from a protocol developed by Yoshihiro

Yui in the laboratory of Valerie Weaver. The primary benefit of this method is that it permits

the separation of cell growth and polarization from cell motility and dissemination. Isolating

multicellular structures in this manner also allows their exposure to low titer virus for the

introduction of transgenes into a subpopulation of cells. This method enables labeling or

genetic manipulation in a mosaic manner, as described by Cheung and Brugge [213].

Finally this method has proven a useful strategy for maintaining primary tumor explants

from mice. Matrigel supports their growth while preventing their dissolution into single

cells, prior to their isolation and plating for invasion studies using Collagen gels. Below

we document procedures that capitalize on these two extracellular matrix gels for studying

MDCK cells and mouse tumor explants. These offer a generalized protocol to be adapted to

suit the needs of a particular experiment. The cell culture strategies used throughout this

thesis are diagrammed in Figure 2.1.

2.2.2 A general protocol for the culture and isolation of MDCK acini

Epithelial cells can be extremely sensitive to high concentrations of basement membrane

proteins, which in Matrigel may greatly exceed physiological concentrations. This, as well as

variations in pH, makes pure Matrigel toxic for some cells. Mixing Matrigel with cell culture

media proved the optimum for cell proliferation and morphogenesis of 3D structures. A 1:1

ratio of Matrigel and cell culture media provided the most robust support for cell growth

and morphogenesis.
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Figure 2.1. Matrigel promotes the self-organization of cells to form model tissues. It can be removed at
low temperatures to isolate intact multicellular structures. This strategy works for immortalized cell lines
as well as primary tumor explants. Below, tumor explants can be maintained in Matrigel for propagation,
or plated directly into collagen gels for invasion studies.
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From a confluent 10 cm tissue culture dish, MDCK cells were trypsinized and resuspended

in 6-8 ml of media. During trypsinization, a solution of equal parts Matrigel and media was

prepared on ice to a final volume of 500-800 µl. 30-50 µl pure Matrigel was pipetted into

a well of a 24-well plate, and spread evenly across the bottom with the pipette tip. The

24-well plate was then placed in the incubator. Once cells were trypsinized and resuspended,

cell clustering was disrupted by pipetting with a narrow (p1000) pipette tip. From this

suspension, 8-20 µl were transferred to the cold Matrigel solution. Cells were mixed within

the Matrigel solution and plated in the 24-well plate over the layer of pure Matrigel. The

24-well plate was placed immediately in the incubator for 30-60 minutes before 800 µl warm

media was added. Cells left in Matrigel were viable overnight without added media, but not

longer.

MDCK cells grow into multicellular acini usually of clonal origin over 5-7 days following

initial plating. Cells in these contexts require fewer media exchanges, usually only twice

over the course of their growth. When viewed through a typical tissue culture microscope,

acini appear as semi-transparent spheres. A clear lumen becomes visible by around day 4

as an inner circle that is less optically dense than the ring of cells surrounding it. MDCK

cells eventually slow but do not completely stop their growth after reaching maturity. Once

mature, acini can be stained by immunofluorescence in Matrigel, or transferred to Collagen

1 gels.

To isolate mature acini from Matrigel for replating, a bucket of ice was prepared by

sprinkling salt generously on it and the ice was shaken to mix the salt. The salted ice was

left at 4 C. Media was aspirated from the wells containing acini to be islated. From a 15

ml conical tube containing 10 ml warm Phosphate Buffered Saline (PBS) with Ca/Mg, 5

ml were used to disrupt Matrigel with a 5 ml pipette. PBS was pipetted vigorously up and

down while moving the tip around the bottom of the well in circles. All visible Matrigel

was removed from the well, with special attention paid to the bottom and sides. This PBS-

Matrigel solution was added to the remaining 5 ml of PBS. The tube was inverted rapidly
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to thoroughly mix the solution. The PBS-Matrigel solution was centrifuged at low speed

( 1000 RPM) for 3 minutes. This step helped remove excess Matrigel.
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Effects on acini of replating into collagen

Laminin 511 α6 Integrin f-Actin

Figure 2.2. Immunofluorescence analysis of MDCK acini cultured in Matrigel (top) or cultured in Matrigel
before isolation and replating into a collagen gel (bottom). Overall multicellular organization is retained.
Acini retain peripheral Laminin 511 in collagen gels along with the Laminin-specific α6 integrin. Scale bars,
50µm.

The Matrigel, with acini still embedded in it, was visible as a large pellet. The super-

natant was discarded and another 10 ml of PBS was added, pipetting up and down to disrupt

the Matrigel pellet. This tube was embedded in the bucket of salted ice and the bucket was

placed on a rocker at 4 C. The rocker was set to maximize the fluid displacement within

the conical tube. After 30-45 minutes, the tube was removed from the ice and immediately

centrifuge at low speed as above. Following this centrifugation the liquid supernatant was

discarded and the remaining gelatinous pellet contained acini in small but variable volume

(30-150 µl) of residual Matrigel. Acini were visible as small specks in a dense suspension at

the bottom of the tube. The size of this pellet served as a good indication of the efficacy
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of the isolation: A large pellet indicated that much of the Matrigel remained, while a small

pellet indicated less Matrigel remained around acini. However, we have found that the total

removal of Matrigel was not feasible.

Collagen gels were prepared prior to the start of isolation and allowed to incubate on ice.

This incubation time was varied in some cases to form preferentially more or less bundled

collagen gels, as discussed below. We made collagen gels from Rat Tail Collagen 1, which is

stored in acetic acid to prevent polymerization. Collagen 1 was neutralized in a base such

as sodium bicarbonate, and diluted in buffered cell culture media to a final concentration

of 2 mg/ml. The volume of media was reduced to accommodate the 30-150 µl of acini

concentrated in Matrigel following isolation. Following preparation of liquid collagen gels,

the slurry of acini in suspension was added to collagen gels, mixed gently, and allowed to

solidify at 37 C. Mixing is critical to ensure a homogenous gel and prevent pockets of acini

trapped in large regions of residual Matrigel.

To test the effects of this replating procedure on acini, we performed immunofluorescence

staining to visualize the basement membrane component Laminin 511, the Laminin-specific

cell surface receptor integrin α6, and filamentous actin [210, 214]. We compared images

acquired by confocal microscopy between acini replated into collagen gels and those left in

Matrigel (Figure 2.2). Acini replated into Collagen 1 gels showed little disruption of acinar

morphology or integrin expression. Most important, a layer of Laminin remained surrounding

replated acini. It should be noted that the Laminin 511 antibody recognizes both Matrigel

Laminin (of mouse origin) as well as canine Laminin and thus does not distinguish cell-

derived Laminin from that in the Matrigel. Hallmarks of the larger Matrigel meshwork are

visible by this staining. These images document changes in Laminin organization between

these conditions, and confirm that multicellular organization is robust the isolation and

replating of acini.
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2.2.3 Tuning matrix properties to control collective cell motility

Matrix properties such as local ligand density, pore size, and stiffness can exert dominant

effects on cell motility and invasion [40, 55, 25]. However these properties simultaneously

alter gene expression and proliferation of cell and tissues [49, 179, 215]. Thus testing cell

motility in a controlled manner, without altering cell proliferation, necessitates the separation

of multicellular growth from cell motility and invasion. We therefore used the protocol above

to isolate acini in conjunction with strategies to tune Collagen 1 gelation and the properties

of the resulting gel.

Collagen gels of identical concentration were prepared to form dense bundles or an

isotropic mesh of fibrils by incubating collagen solutions on ice for varying times before

polymerization. This property of collagen has been described in detail, and its use for 3D

cell culture has been explored by others [39, 195]. We found that varying the incubation

time between 0 and 2 hours resulted in robust changes to the resulting collagen matrix. We

then placed acini cultured together in Matrigel into these differing collagen gels. We used

Collagen 1 conjugated to Alexa fluorophores to confirm that gels varied in apparent bundle

thickness and pore size.

When acini plated in these two collagen gels were stimulated to undertake cell motility

using Hepatocyte Growth Factor (HGF) [95], we observe profound effects of collagen matrix

bundling on cell behavior, as shown in Figure 2.3. Bundled collagen gels promoted multicel-

lular movement into the matrix, while meshwork gels prevented large-scale invasion. These

could be explained by differing stiffness or pore size of the collagen gels, and can be further

utilized to dissect cell-matrix interactions during morphogenesis.
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Collagen incubated 5 min Collagen incubated 2 hours

Collagen f-Actin Nuclei

Tuning collagen matrix properties

Figure 2.3. MDCK cells were cultured to form acini, which were isolated and plated in fluorophore-
labeled collagen gels that had been prepared with or without a 2 hour incubation. After 24 hours acini were
stimulated with Hepatocyte Growth Factor (HGF) to induce collective cell motility. Following 48 hours in
HGF, acini were fixed and stained to visualize f-actin, cell nuclei, and Collagen 1.
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2.2.4 Conclusion

Together these methods build upon and expand established strategies for organotypic cell

culture and imaging. These techniques are premised on matching the cells physical environ-

ment to relevant cell behaviors under study: either polarized growth and self-organization

in Matrigel or invasion and cell motility through collagen gels. Leveraging the strategic and

creative use of these extracellular matrix proteins allowed us to both observe and modify

multicellular behaviors.

We were especially encouraged by the ease with which intact acini could be isolated and

manipulated without compromising cell organization. Thus the effects of different extra-

cellular matrix properties can be tested in a controlled manner, by replating subsets from

the same initial population of acini. We also expect that lentiviral infection of individual

cells within acini can be employed to generate mosaic populations within acini. Overall

these observations promote the creative use of 3D culture techniques to suit the experimen-

tal question at hand, and we expect future advances will lower the cost and improve the

reproducibility of 3D culture techniques. The methods described here emphasize the careful

consideration of cells’ physical context to match the experimental question at hand. This is

an overlooked priority that requires time and creativity, but permits unprecedented control

and measurements of multicellular behaviors.

2.3 Lattice light sheet microscopy

2.3.1 Introduction

The many rich descriptions of living cells using confocal fluorescence microscopy have been

circumscribed by its technical limitations [37, 216, 217]. These include, among others, the

diffraction limit of light, as well as the effects on living cells rendered by intense laser il-

lumination. Imaging the full 3 dimensional volumes of cells or tissues is limited by the

z-resolution of conventional laser scanning or spinning disk confocal techniques. Compound-
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ing this problem, imaging too frequently risks damaging cells due to the ionizing effects of

laser light. Together, these obstacles enact a boundary on the spatial and temporal res-

olution with which images of living cells can reasonably be captured. These boundaries

necessarily propagate into the working models put forth by cell biologists using knowledge

gleaned from live imaging data. For example, widely accepted models for organelles have

been upturned by improved imaging techniques that revealed the dynamic movements of

mitochondria [218? ] and the endoplasmic reticulum [219].

These challenges have been confronted by a variety of methods to improve microscopy of

living cells. Chief among these are means of illuminating samples using light sheets, rather

than point sources of laser light [220]. Light sheet illumination strategies encompass a range

of modifications to light that result in a plane of light passing through the sample. This

strategy derives from optical techniques initially described 100 years ago, which were repur-

posed for bioimaging starting in 1993. In that year, Voie et al described a fluorescent light

sheet imaging strategy [221]. Selective Plane Illumination Microscopy (SPIM), described

some ten years later, featured improvements on light sheet imaging and demonstrated its

utility for capturing embryonic development. In contrast to SPIM, digitally scanned light

sheet microscopy (DLSM) uses a rapidly dithered laser beam to illuminate the sample in a

single plane [222]. Whether using SPIM or DLSM, the maximum axial resolution and imag-

ing depth achievable by a light sheet are determined by the light sheets properties. Most

of all, the beam waist, its thinnest point, sets the axial resolution. However, thinner waists

reduce the penetrating depth over which the light sheet is effective.

The DLSM technique was adapted and improved by Eric Betzig and colleagues using a

hollow cylinder of light known as a Bessel beam, created by passing light through an annulus.

When dithered rapidly over the sample, constructive and destructive interference of the ring

structure conferred superior resolution to the resulting plane. This permitted impressive

imaging of cell rearrangements in living embryos [223]. Later, the same group developed

lattice light sheet microscopy (LLSM), in which the annulus of the Bessel beam was replaced
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with six points arrayed in a hexagon [224]. The resulting lattice produced a thinner plane

and thereby improved z resolution. LLSM and other light sheet techniques require lower

excitation light intensity relative to confocal microscopy to achieve comparable signal to

noise ratios. Thus overall, LLSM yields improved spatial resolution while also permitting

increased temporal resolution thanks to its lower light intensity.

While the speed and sensitivity of LLSM is a great improvement over conventional con-

focal microscopy, it requires a very tight arrangement of the objectives over the sample.

LLSM mandates that two objectives (for separately illuminating the sample and recording

emission) are placed within a few hundred microns of the sample, at oblique angles. This

eliminates the possibility of using conventional coverslips or imaging chambers. The sample

must instead be mounted on 5 mm diameter coverslips, which poses strict limitations on

sample preparation and cell culture. The sample and the objectives are all immersed in a

large bath of imaging media. Once the cellular environment is optimized in this bath by

temperature and media buffers, imaging MDCK acini within collagen ’pillows’ on 5 mm

coverslip is feasible. The results of this imaging are presented below.

2.3.2 Visualization of single cells within acini by lattice light sheet

microscopy

We used LLSM to investigate the dynamics of the actin cytoskeleton at the basal surface

of MDCK acini expressing the fluorescent actin marker GFP-Lifeact [225]. Live imaging of

acini expressing GFP-Lifeact portends multiple advantages and disadvantages. A limitation

of expressing exogenous proteins such as GFP-Lifeact is that their expression can vary from

cell to cell. In MDCK cells, this variation resulted in a mosaic pattern of expression in mature

acini. This variation in expression precluded studies of actin dynamics across the basal cortex

of an acinus in its entirety, which can be properly explored only through analysis of fixed

samples. However, these acini often contained one or a few cells expressing GFP-Lifeact

at levels much higher than their neighbors, and could be isolated visually by thresholding
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(Figure 2.4). This approach permitted imaging of single cells within acini. A possible

confounding factor is the selection of cells expressing the highest levels of GFP-Lifeact,

which risks analyzing artifacts induced by its overexpression. While such artifacts have been

documented for yeast [226], it is unclear whether Lifeact alters MDCK cell behavior.

Before thresholding After thresholding

Visualizing individual cells within acini

Figure 2.4. MDCK cells expressing the actin marker GFP-Lifeact were plated in collagen and imaged by
time lapse lattice light sheet microscopy. Shown are two renderings of an acinus with different threshold
settings to highlight the shape an individual cell.

2.3.3 Subcellular actin dynamics in acini

We next compared acini from MDCK cells depleted of a key regulator of the actin cytoskele-

ton, Dia1 (discussed in Chapters 3 and 4). Analysis of representative single shControl and

shDia1 cells revealed stark differences in GFP-Lifeact dynamics (Figure 2.5). Regions of

dense actin accumulation in shControl cells appeared to grow and shrink in a continuous

manner. In shDia1 cells, in contrast, small puncta of Lifeact appeared and disappeared

more rapidly. These puncta showed reduced apparent correlation between frames, suggest-

ing faster turnover. The distribution of Lifeact into discrete puncta also contrasted with

shControl cells, which showed larger continuous regions of bright Lifeact. These images sug-

gest that cells within intact tissues exhibit increased turnover dynamics and reduced spatial
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correlation of the actin cytoskeleton upon depletion of Dia1. LLSM enables resolution of

these fine details of the cytoskeleton within multicellular structures.
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Figure 2.5. 3D rendering of a time-lapse comparing individual MDCK cells within acini expressing GFP-
Lifeact and a control shRNA (top) or an shRNA targeting the cytoskeleton regulator Dia1 (bottom). Each
cell is oriented to show its basal surface, in contact with the collagen gel. Representative renderings are
shown for 4 time points out of 40 total taken. GFP-Lifeact intensity is scaled to show bright patches in
yellow/orange and dimmer areas in magenta/purple. Images were collected at 3 minute intervals.

2.3.4 Monitoring cell deformations of collagen fibrils

Beyond imaging fluorescent proteins expressed by cells, LLSM is well-suited to capture flu-

orescent dyes conjugated to proteins. Its low power and high sensitivity aid in reducing

bleaching of these dyes, which are not continuously expressed by cells and therefore have

a limited lifetime. We used Collagen 1 conjugated with Alexa fluorophores to monitor the

interactions between MDCK acini and their surrounding collagen gel. We plated wild type

MDCK acini expressing GFP-Lifeact in labeled collagen and stimulated acini with HGF to
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induce collective cell motility. LLSM was able to resolve individual collagen fibrils, and cap-

ture their deformations as cells moved within the acinus (Figure 2.6). These images reveal

the range of complex deformations in the collagen matrix in response to cell movements.
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GFP-Lifeact
Collagen

Monitoring cell interactions with collagen

Figure 2.6. Montage showing time lapse imaging of an MDCK cell within an acinus and Collagen 1 at 6
minute intervals. Image z-stacks are shown in maximum projections. GFP-Lifeact is shown in red, Collagen
1 is in white. As the cell moves toward the left, its adhesion to the collagen gel causes deformations and
rearrangements. Arrowheads show areas of the collagen gel altered as the cell moves.
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2.3.5 Comparison of confocal and lattice light sheet microscopy

Finally we imaged a regulatory component of myosin, myosin light chain (MLC), fused to

the fluorescent protein mCherry. We compared live imaging of MLC using LLSM and con-

ventional spinning disk confocal imaging. Our results show that MLC undergoes clustering

dynamics at the basal cortex of MDCK acini stimulated with HGF. As shown in Figure 2.7,

subcellular patches of MLC grow over minutes in size and intensity, before their eventual dis-

assembly. Using confocal microscopy to image acini in the same conditions, we could resolve

small puncta of MLC and track their location. However, the spatial dynamics of MLC clus-

ters were less easily resolved. These images suggest that the increased sensitivity of LLSM

enables finer resolution of the true shape of subcellular structures. With higher sensitivity,

complex shapes can be readily resolved over time. Meanwhile, confocal microscopy captures

a bright spot of MLC and can track its lifetime, but does not resolve its true shape.
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Comparison of confocal and lattice light sheet microscopy for live imaging

ConfocalLLSM

Myosin Lifeact Myosin

10 µm 10 µm

Figure 2.7. Time-lapse montage using LLSM and confocal microscopy to image myosin in MDCK cells
expressing Myosin Light Chain tagged with mCherry. Acini of wt MDCK cells were plated in collagen gels
and stimulated with HGF before imaging. LLSM imaging shows large, dim areas that coalesce into a bright,
dense cluster at the top of the frame. Confocal imaging shows the appearance and location of a similarly
sized spot of myosin. For the confocal microscopy montage, GFP-Lifeact was imaged simultaneously (in
cyan) to highlight colocalization with myosin. Images for both were collected at 3 minute intervals.
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2.3.6 Conclusion

Together these data point to the benefits of advanced imaging modes developed to improve

spatial resolution and phototoxicity limitations that limit confocal microscopy. LLSM im-

ages shown here demonstrate its advantages in resolving individual cell shapes within acini,

spatiotemporal dynamics of subcellular actin and myosin pools, and deformations across com-

plex collagen structures occurring during cell motility. Each of these offers helpful lessons

for the study of cell motility within complex 3D environments.

Despite these gains, the practical uses of LLSM are limited. Namely, the technique

produces many terabytes of data per imaging experiment. Thus the imaging advantages it

offers come a high cost, ensuring that cannot easily supplant conventional confocal imaging.

The specific advantages of LLSM can help resolve otherwise intractable issues in imaging,

but are not undertaken lightly. As a complement to confocal imaging, however, the selective

use of LLSM allows greater insight into subcellular mechanisms that underlie multicellular

behaviors. As such, its strategic use can directly address outstanding questions that confocal

imaging leaves unexplored.
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CHAPTER 3

FORMIN-DEPENDENT ADHESIONS ARE REQUIRED FOR

INVASION BY EPITHELIAL TISSUES

3.1 Abstract

Developing tissues change shape, and tumors initiate spreading, through collective cell motil-

ity. Conserved mechanisms by which tissues initiate motility into their surroundings are not

known. We investigated cytoskeletal regulators during collective invasion by mouse tumor

organoids and epithelial Madin Darby Canine Kidney (MDCK) acini undergoing branching

morphogenesis. Inhibition of formins, but not Arp2/3, prevented the formation of migrat-

ing cell fronts in both cell types. MDCK cells depleted of the formin protein Dia1 formed

polarized acini and could execute planar cell motility, either within the acinus or in 2D scat-

tering assays. However, Dia1 was required to form protrusions into the collagen matrix. Live

imaging of actin, myosin, and collagen in control acini revealed adhesions that deformed indi-

vidual collagen fibrils, while Dia1-depleted acini exhibited unstable adhesions with minimal

collagen deformation. This work identifies Dia1-mediated adhesions as essential regulators

of tissue shape changes, through their role in focal adhesion maturation.

3.2 Introduction

Tissue shape changes encompass multiple developmental and pathological processes. In or-

der to form branched tubular networks, developing tissues such as mammalian vasculature

or the Drosophila trachea undergo extensive elongation and remodeling known as branching

morphogenesis [64, 62, 63]. In many cases, branching morphogenesis is initiated when growth

factors stimulate a few individual cells within the developing tissue to extend protrusions

that adhere to the surrounding extracellular matrix (ECM). These cells subsequently lead

cohorts of their neighbors out of their initial site, migrating collectively through the ECM
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to form extensively branched tubules [9, 75]. Malignant tissue can exhibit similar, if deregu-

lated, shape changes during local invasion from the site of tumor formation [48]. Invasion by

tumors is often accomplished by collective cell migration, in a manner that frequently mimics

development [199, 69]. In both developmental and pathological contexts, shape changes un-

dertaken by tissues rely on the coordination of cell motility and cell adhesions to neighboring

cells and the ECM.

An outstanding question is how tissues transition from compact structures dominated by

cell-cell adhesions to invading cohorts of cells that interact extensively with their ECM. A

well-established framework describing the acquisition of invasive behaviors is the epithelial-

mesenchymal transition (EMT) [97]. EMT comprises a gene regulatory program that si-

multaneously suppresses cells epithelial traits while activating mesenchymal traits, thereby

stimulating invasion. However, EMT does not adequately describe tissue shape changes

when epithelial traits such as cell-cell adhesion are maintained [9, 227, 38]. In these cases,

a partial or transient EMT has been proffered to account for invasive behaviors exhibited

by intact tissues [228, 48, 7, 75, 229]. But this model leaves unclear how the partial loss or

gain of epithelial or mesenchymal traits, respectively, can orchestrate collective cell invasion

[76, 101]. For example, cell movements within tissues are required in some cases to maintain

epithelial homeostasis, [230, 231, 63] but in other cases to drive branching morphogenesis

[65]. Thus we lack precise mechanisms to describe how motility and adhesions to the ECM

are shifted in individual cells to accomplish tissue shape changes.

Cell motility and adhesions rely on the actin cytoskeleton, which is organized in space

and time into protrusive, contractile and adhesive organelles [109]. Protrusion of the cells

leading edge is typically driven by Arp2/3mediated lamellipodia [118, 119]. Proximal to

the lamellipodia, within a RhoA-dependent lamella, actomyosin networks construct actin

bundles and generate contractile forces. Coordinated with the actin cytoskeleton is the as-

sembly and modification of focal adhesions, which serve as sites of biochemical signaling

and as mechanical linkages between the cell and its surroundings [118, 112]. Focal adhe-
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sions assemble within the lamellipodia [158], but undergo increases in size and changes in

composition in a maturation process that relies on Rho effectors Myosin II [176] and Dia1

[174, 170]. Focal adhesion maturation has been extensively studied in cells on 2D planar

surfaces, and exerts context-dependent effects on matrix deposition, front-rear polarity, and

migration speed [183, 186, 170, 185, 184]. In fibrillar 3D environments, focal adhesion mor-

phology is significantly altered and the role of focal adhesion maturation is less well-defined

[192, 189, 190, 193]. While branching morphogenesis and tumor invasion require canonical

focal adhesion components, [48, 104, 105, 106], the mechanism underlying their regulation

is not known.

We used 3D culture and organotypic models to dissect the contributions of cytoskeletal

organelles to tissue shape changes. A tractable in vitro model to study the regulation of tissue

remodeling is provided by Manin Darby Canine Kidney (MDCK) cells undergoing branch-

ing morphogenesis. MDCK cells cultured in 3D matrices form hollow acini that resemble

simple cuboidal epithelial tissues [92]. These undergo robust and well-described branching

morphogenesis in response to Hepatocyte Growth Factor (HGF) [95]. Using pharmacological

inhibitors, we found that branching morphogenesis requires the activity of formins but not

Arp2/3. Tumor explants from mice confirmed that formins were also required for multi-

cellular invasion. We found that the formin isoform Dia1 was dispensable for growth and

polarization of MDCK acini and, interestingly, Dia1 depletion did not affect HGF-mediated

planar cell motility in either cell scattering assays or cell motility within acini. Rather, Dia1

was selectively required for cells to form stable, mature adhesions and deform collagen fibrils

during the initiation of branching morphogenesis. Interestingly, we found that adhesion sites

to collagen fibrils contained both actin and myosin II, whose accumulation coincided with

force generation on collagen fibrils. Dia1-depleted cells exhibited unstable myosin-rich adhe-

sions, coincident with the loss of dense puncta and linear bundles of actin at the basal cortex.

Thus, Dia1 conditions tissue shape changes by controlling the stabilization of cell-collagen

adhesions.
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3.3 Results

3.3.1 Formin activity is required for invasion and branching morphogenesis

To explore the roles of Arp2/3 and formins in tissue shape changes, we used two cell models:

Manin-Darby Canine Kidney (MDCK) acini undergoing branching morphogenesis, and inva-

sive motility by murine tumor explants. Single MDCK cells embedded in Matrigel grew into

polarized acini with clear lumens over 4-5 days. Using a protocol modified from Rubashkin

et al, we isolated acini and plated them intact into 2 mg/ml collagen gels [181]. Once plated

in collagen, acini remained quiescent for at least 1 week or could be induced to undergo

branching morphogenesis by the addition of 20 ng/ml Hepatocyte Growth Factor (HGF)

(Materials and Methods). After 48 hours, branching morphogenesis resulted in multiple

protrusive fronts extending into the collagen gel from each acinus. These protrusions started

as extensions by single cells which then lengthened to form chains and tubules of cells, as

shown by phalloidin staining for actin (Figure 3.1). The size and growth rate of protrusions

we observed agreed with the stages of branching morphogenesis described previously[95, 96].

Actin

HGF 4h HGF 24h HGF 48h

10 µm

Figure 3.1. Growth of protrusions during branching morphogenesis. MDCK acini plated in
collagen were stimulated with 20ng/ml Hepatocyte Growth Factor (HGF) for the durations indicated. Acini
were fixed and stained with phalloidin. Shown are representative images of cell protrusions into the collagen
gel at 4, 24, and 48 hrs following HGF addition.

To explore the role of Arp2/3 and formins in regulating branching morphogenesis, we

treated acini with the Arp2/3 inhibitor CK666 [128] or the pan-formin inhibitor SMIFH2

[232]. Phalloidin staining in control acini, prior to branching morphogenesis, revealed that

51



F-actin was localized exclusively to the cell membranes. The apical surface was marked by a

dense band of actin, due to the presence of microvilli as previously reported [83] (Figure 3.2B,

i). Addition of 20 ng/ml HGF resulted in prototypical branching morphogenesis (Figure

3.2B, iv). Treatment with 50 µM CK666 in the absence of HGF caused individual cells to

bulge within acini, as evidenced by convex curvature at the apical membrane (Figure 3.2B, ii).

This suggested an acute polarity defect, consistent with reported roles for Arp2/3 in forming

polarized membrane domains [93]. However, stimulating acini with HGF in the presence of

CK666 did not prevent acini from forming multiple protrusions into the collagen gel even as

cell morphology remained perturbed (Fig 3.2B, v). In contrast to Arp2/3 inhibition, treating

acini with 30 µM SMIFH2 did not appreciably alter acinar morphology relative to controls

(Figure 3.2B, iii). When stimulated HGF, however, SMIFH2-treated acini did not form any

discernable protrusions into the collagen gel. Rather, these acini were indistinguishable from

untreated controls (Figure 3.2B, vi).

We scored the ability of cells to respond to HGF in the above conditions by counting

protrusive structures, whether by single cells or multicellular chains or branches invading

into the collagen gel. This confirmed that SMIFH2, but not CK666, prevented protrusion

formation in response to HGF (Figure 3.2C). Together, these data demonstrate that Arp2/3

activity is dispensable for invasion during branching morphogenesis, despite its role in polar-

ity signaling. Meanwhile, formin activity is dispensable for acinar morphology, but required

for formation of HGF-mediated invasion into the surrounding collagen matrix.

To confirm the generality of these results, we performed invasion assays with primary

tumor organoids from mice. Tumors from the Murine Mammary Tumor Virus-Polyoma

Middle-T (MMTV-PyMT) mouse strain comprise heterogeneous cell populations, do not

form a basement membrane, and do not require a defined signal to stimulate invasion into

collagen gels [41, 233]. Mice with advanced tumors were sacrificed and tumor tissue was

harvested and digested into multicellular organoids. Organoids were first cultured in Matrigel

for 48 hours in low-serum media, then replated intact into collagen gels. To stimulate
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Figure 3.2. Formin activity is required for invasion and branching morphogenesis. Strategy for
3D culture and branching morphogenesis of Manin Darby Canine Kidney (MDCK) acini. Bi-iii, Equatorial
confocal sections of MDCK acini showing phalloidin stain for f-actin. Acini were plated in collagen and
treated with 50 µM CK666 or 30 µM SMIFH2 for 48 hrs. Biv-vi, F-actin in acini treated for 48 hrs with 20
ng/ml Hepatocyte Growth Factor (HGF) with or without the indicated inhibitors. C, Box plot of protrusions
formed per acinus in each condition. D, Mouse mammary tumors from MMTV/PyMT mice. Tumors were
harvested and digested, and resulting organoids were plated directly in collagen gels and treated with serum
alone or with 50 µM CK666 or 30 µM SMIFH2, then fixed after 24 hrs. Shown are equatorial confocal sections
of phalloidin stain for f-actin. E, Box plot of protrusions per organoid, with number of organoids scored
indicated below. F, Organoids were plated in collagen, treated with serum alone or with 30 µM SMIFH2,
and imaged in brightfield for 72 hrs by time lapse microscopy. Invasion onset was scored as the time of
initial extension into collagen gel and plotted in box plot with number of organoids scored indicated below.
Box plots show the 25th and 75th percentiles and the median, circle indicates mean, and whiskers mark 1.5
standard deviations. Single asterisk indicates p<0.01, double asterisk indicates p<0.05, by a Student’s two
tailed t-test assuming unequal variance.

53



invasion, media containing serum was added and after 24 hours tumor organoids were fixed

to visualize the actin cytoskeleton. Control organoids were uniformly invasive, extending

multicellular fronts into the collagen matrix (Figure 3.2D). Inhibition of Arp2/3 did not

affect the total number of fronts per organoid. However, SMIFH2-treated organoids did not

form invasive fronts after 24 hours (Figure 3.2E). To clarify the motility defects rendered by

formin inhibition, we analyzed invasion in tumor organoids via time-lapse imaging. Cells in

control and SMIFH2-treated tumor organoids appeared to actively rearrange over 48 hours.

However, by 20 hours after plating, control organoids had formed subcellular extensions from

which collective invasion proceeded. Formin inhibition prevented organoids from generating

such extensions until ˜40 hours following plating (Figure 3.2F).

Collectively, these data implicate formin activity as a previously unappreciated determi-

nant of both branching morphogenesis by MDCK acini and collective invasion by mouse tu-

mor organoids. In MDCK acini, formin activity appears to be dispensable for cell shape and

acinar homeostasis prior to HGF stimulation. However, in both acini and tumor organoids,

formin inhibition blocked tissue shape changes by preventing the formation of the invasive

fronts into the surrounding collagen matrix.

3.3.2 Dia1 and FHOD1 are required for branching morphogenesis

Because SMIFH2 is a pleiotropic inhibitor of formins [232], we sought to identify formin

family members required for invasion. We initially chose to explore the roles of three formin

family members: Diaphanous 1 (Dia1), Diaphanous 2 (Dia2), and Formin Homology 2 Do-

main Containing 1 (FHOD1). We and others have previously established roles for Dia1 in

cell motility and focal adhesion maturation [170, 176]. Like Dia1, Dia2 is activated by Rho

and participates in stress fiber formation but is also implicated in cytokinetic ring formation

[172, 234]. FHOD1 is a noncanonical formin activated through Rac that has been shown to

bind ROCK and participates in focal adhesion maturation ([160, 144]. shRNA constructs

targeting these genes reduced the expression to 45-50% of control levels (Figure 3.3A).
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Stable cell lines expressing each of these shRNA constructs could proliferate in 2D culture

and in Matrigel. After replating acini from each into collagen gels, we fixed and stained them

to analyze acinar morphology and actin architecture. While shDia1 and shFHOD1 cells could

form acini with cleared lumens, shDia2 cells formed acini of aberrant shapes without clear

lumens (Figure 3.4A, top row).
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Figure 3.3. Knockdown of formin genes by shRNA. A, Western blots for the indicated proteins
after knockdown. Percentages indicate protein remaining relative to Control, calculated by densitometry. B,
Sample images of acinar growth after 6 days in Matrigel. C, Box plots showing protrusions per acinus for
each knockdown and its matched control, following treatment with 20 ng/ml HGF for 48 hrs. Protrusions
were scored as cell extensions greater than 5 µm. D, Box plots of protrusion length for each knockdown and
its matched control. Box plots show the 25th and 75th percentiles and the median, circle indicates mean,
and whiskers mark 1.5 standard deviations. Single asterisk indicates p<0.01 by a Student’s two tailed t-test
assuming unequal variance.

To test their capacity to undergo branching morphogenesis, we treated acini from each

cell type with 20 ng/ml HGF. After 48 hours, shDia1 and shFHOD1 acini formed signifi-
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sections of actin stain in acini of each genotype prior to (top) and following stimulation with HGF for
48 hrs (bottom). B, The number of protrusions per acinus relative to matched shControl acini; number
of acini scored indicated below. SMIFH2 treatment serves as a negative control. C, Equatorial confocal
sections of acini stained for E-cadherin to mark cell-cell junctions, podocalyxin to mark the apical surface,
and the basement membrane component Laminin 511 in acini generated from control (top), shDia1 (middle)
and shFHOD1 (bottom) cells. Asterisk indicates p<0.01 by a Student’s two tailed t-test assuming unequal
variance.
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cantly fewer invasive protrusions relative to shControl acini (Figure 3.4A, bottom row). We

analyzed protrusions as above and compared the average number of protrusions formed per

acinus in each genotype. Combining data from all acini showed a significant decrease in pro-

trusions formed by shDia1 and shFHOD1 acini, but not shDia2 acini, relative to matched

controls (Figure 3.4B). When protrusion lengths were measured across these conditions, we

found that the protrusions formed by shDia1 and shFHOD1 acini were shorter on average

than matched controls (Figure 3.3D).

Although they appeared morphologically similar to controls, knockdown of Dia1 and

FHOD1 may still alter cell polarity within the acini. To test for polarity defects in shDia1

and shFHOD1 acini we stained for E-cadherin, Podocalyxin, and Laminin 511 by immunoflu-

orescence. Localization of these proteins to lateral, apical, and basal surfaces, respectively,

resembled that in control acini (Figure 3.4C). These results suggest that as they develop and

polarize, shDia1 and shFHOD1 acini could generate and orient an apical domain, marked

by podocalyxin, and form adherens junctions, marked by E-cadherin. After replating in

collagen, these acini also deposited basement membrane laminins similar to their control

counterparts.

We conclude from these data that depletion of Dia1 and FHOD1 does not impair the

growth and polarization of acini. These formins are, however, required to initiate branching

morphogenesis by establishing and elongating protrusions into the collagen gel. In contrast,

Dia2 is required for normal acinar development but is dispensable for generating invasive

protrusions in response to HGF. Dia1 and FHOD1 appear to play nonoverlapping roles,

perhaps due to their differing upstream activators. We were interested in the role played

by Dia1 because another RhoA effector, ROCK, is known to restrict rather than promote

protrusions in response to HGF [95]. This suggests that these two RhoA effectors may play

competing roles in controlling branching morphogenesis. We therefore sought to clarify the

role of Dia1.
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3.3.3 Dia1 is dispensable for HGF-mediated planar motility in 2D and

within acini

Branching morphogenesis requires that cells migrate into the surrounding collagen matrix

[95]. Previous work has shown the importance of Dia1 in establishment of a polarized leading

edge for motility on 2D substrates [? 235]. Thus, one possibility is that a cell migration

defect underlies the role of Dia1 in branching morphogenesis.

To test this hypothesis, we first used a cell scattering assay, in which HGF drives the dis-

sociation of cell islands on glass coverslips into individual, highly motile cells [86]. We plated

shControl and shDia1 MDCK cells on glass coverslips and serum starved them for 24 hours

before adding 20 ng/ml HGF to stimulate scattering. Timelapse microscopy revealed that

shDia1 cells could break cell-cell contacts and migrate as single cells similarly to shControl

cells (Figure 3.5A). We tracked individual cells (Figure 3.5B) and found a modest reduction

in the mean instantaneous speed of shDia1 cells, but no change in their persistence (Figure

3.5C). Thus, Dia1 may contribute to the ability to initiate scattering, but is dispensable for

HGF-mediated motility in Figure 3.2D.

We next explored cell motility within acini. Cell rearrangements and rotation within 3D

tissues have been reported in vitro [236], and can contribute to tissue morphogenesis [65, 237]

and ECM deposition [231, 63]. We speculated that MDCK cells may exhibit similar in-plane

motility prior to and, perhaps, during branching morphogenesis. To track cell motility within

acini, we generated Dia1 knockdown cell lines and matched controls expressing the nuclear

marker H2B-mCherry. Immediately after stimulating with HGF, we imaged acini from these

cell lines via time-lapse confocal microscopy. Shortly after the start of imaging, shControl

cells began moving within the acinus (Figure 3.5D). This motility resulted in rotation of the

entire acinus, with occasional cell rearrangements and rare single cells moving independently

of their neighbors. The cell motility within shDia1 acini was virtually indistinguishable from

that of control acini (Figs. 3.5D). Analysis of individual cell tracks (Figure 3.5E) showed

a decline in average instantaneous speed of shDia1 cells from 0.3 µm/min to 0.2 µm/min,
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Figure 3.5. Dia1 is dispensable for HGF-mediated planar motility in 2D and within acini.
Brightfield images at 0, 5, and 9 hrs of shControl and shDia1 cell islands scattering following 20ng/ml HGF
addition at 0 hrs. Time is indicated in hr:min. B, Rose plots of 10 cell trajectories from the cell islands
scattering in panel A and Video 2 over 9 hr. Initial location of each trajectory was positioned at (0,0).
C, Box plots of instantaneous speed and persistence for shControl and shDia1 cells. D, Acini of shControl
and shDia1 expressing H2B-mCherry. Acini were stimulated with 20 ng/ml HGF and imaged by timelapse
fluorescence microscopy for 12 hrs. Shown are stills with individual tracks overlaid. E, Rose plots from
cell trajectories obtained from panel D. F, Box plots of instantaneous speed and persistence to characterize
cell motility, with number of cell trajectories obtained from at least 5 acini per condition indicated below.
Box plots show the 25th and 75th percentiles and the median, circle indicates mean, and whiskers mark 1.5
standard deviations. Single asterisk indicates p<0.01, double asterisk indicates p<0.05 by a Student’s two
tailed t-test assuming unequal variance.
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while average persistence did not change relative to shControl cells (Figure 3.5F).

These data show that in-plane cell motility driven by HGF, encompassing both scattering

of small islands on 2D substrates and motility within acini, does not require Dia1. This

suggests that HGF-mediated motility within the plane of a tissue or on 2D substrata is

largely independent of Dia1. We next explored whether Dia1 regulates protrusions extending

from acini into the surrounding collagen matrix.

3.3.4 Dia1 is required to stabilize protrusions into the collagen matrix

Defects in branching morphogenesis rendered by Dia1 depletion could arise from reduced

formation of protrusions into the collagen matrix. Alternatively, reduced focal adhesion

maturation could impair protrusion stability due to reduced adhesion to collagen fibrils.

To adjudicate between these hypotheses, we turned to time-lapse imaging in transmitted

light and analyzed protrusive activity at the onset of branching morphogenesis. Following

HGF stimulation, shControl acini extended narrow protrusions into the collagen gel over

a period of tens of minutes (Figure 3.6A). All shControl acini imaged formed protrusions

over 12 hours of imaging (Figure 3.6B). We analyzed protrusion lifetimes by measuring the

duration over which protrusions remained before they underwent retraction. This analysis

revealed that 60% of all protrusions retracted partially or completely within one hour (Figure

3.6C). A smaller proportion were stable for up to two hours, and 20% of protrusions were

stable over several hours. These long-lived protrusions eventually mediated cell egress from

control acini into the collagen matrix. Comparing the lifetime of each protrusion to its

maximum length confirmed that the subpopulation of most stable protrusions grew to the

greatest lengths of >20 microns (Figure3. 6D).

In contrast to control acini, shDia1 acini exhibited impaired protrusion stability (Fig

3.6A). While 50% of shDia1 acini formed protrusions, the distribution of protrusion lifetimes

was weighted towards short protrusions lasting less than 90 minutes (Figure 3.6B and 3.4C).

The loss of stable protrusions lasting >2 hours in shDia1 acini was matched by a reduction
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Figure 3.6. Dia1 is required to stabilize protrusions into the collagen matrix. Timelapse imaging
in brightfield during initiation of branching morphogenesis, showing formation and growth of protrusions in
shControl and shDia1 acini over a period of 200 min. Images were obtained starting 3 hrs after addition
of 20 ng/ml HGF. B, The proportion of acini from each cell type that formed any protrusions over 12 hrs
of imaging, with number of acini scored indicated below. C, Histogram summarizing the distribution of
protrusion lifetimes from acini for each cell type, from movies obtained 1 hr after HGF addition. Number of
protrusions scored indicated in legend. D, Plot of protrusion lifetime as a function of its maximal length for
protrusions obtained in panel C.
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in the maximum length they reached (Figure 3.6D). Meanwhile, protrusions lasting less

than 90 minutes were indistinguishable between shDia1 and shControl acini (Figure 3.7A).

To test whether this failure of protrusion stability caused motility defects that were cell-

autonomous, we performed time-lapse imaging of single MDCK cells in collagen gels. This

revealed a significant decrease in the motility of single shDia1 cells relative to their shControl

counterparts following stimulation with HGF (Figure 3.7B and 3.7C).
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sions lasting less than 90 mins in shControl and shDia1 acini, taken from the data shown in Figure 3.6B-D.
B, Brightfield images showing single MDCK cells in collagen gels and stimulated with 20 ng/ml Hepatocyte
Growth Factor (HGF). Images were obtained 5 h after addition of HGF. C, Box plot of cell displacements
over 8 hrs, with displacements exceeding 20 µm scored as motile. Number of cells scored indicated in legend.
Box plots show the 25th and 75th percentiles and the median, circle indicates mean, and whiskers mark 1.5
standard deviations.

These data show that, under normal conditions, the early stages of branching morpho-

genesis are characterized by numerous small protrusions extending from the acinus into the

surrounding collagen matrix. While a majority of these protrusions are unstable and retract

within 90 minutes, a minority of protrusions adhere stably and extend into the collagen ma-
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trix. The correlation observed between protrusion lifetime and maximum length indicates

that protrusion growth depends acutely on their ability to adhere stably to collagen. Dia1

knockdown did not abolish protrusions, nor did it alter lifetimes and sizes of the short-lived

protrusions relative to controls. Rather, Dia1 was required for protrusions to stably adhere

to collagen matrix and subsequently elongate. These data therefore strongly suggest that

Dia1 conditions branching morphogenesis through its role in focal adhesion maturation and

stability.

3.3.5 Dia1 is required to adhere to and displace individual collagen fibrils

To test whether unstable protrusions observed in shDia1 acini resulted from an underlying

adhesion defect, we used fluorescence live cell imaging to examine actin, myosin and collagen

fibrils during cell protrusion. We imaged shControl and shDia1 acini coexpressing GFP-

Lifeact and mCherry-tagged myosin light chain (MLC) plated in collagen matrices labeled

with Alexa-647. After incubating acini for 4 hours in HGF, we captured fluorescence confocal

images at the lower surface of acini juxtaposed to the collagen matrix. To better capture

dynamic cell adhesions to collagen, we acquired images at 3 minute intervals for 3 hours.

We noted passive responses of the collagen matrix as cells moved within acini. However

we also observed shControl cells deforming single collagen fibrils at discrete points with

displacements of ˜2 µm while leaving surrounding fibrils undisturbed (Figure 3.8A). We

captured deformations within each field of view and found an average rate of one per hour

per acinus (Figure 3.8C). Interestingly, we observed dense MLC puncta and increased actin

intensity at sites of fibril deformation, which tracked the collagen fibril as it deformed over

tens of minutes (Figure 3.8A).

We observed substantially fewer instances of acute collagen deformations in shDia1 acini,

although nonspecific movements of the collagen matrix occurred as with controls (Figure

3.8B and). On average, we observed a three-fold decrease in collagen fibril deformations by

shDia1 acini relative to controls (Figure 3.8C, left). When we scored only those deformations
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Figure 3.8. Dia1 is required to adhere to and displace individual collagen fibrils. A and B,
Images at the basal acinar surface of GFP-Lifeact (cyan), mCherry-Myosin Light Chain (MLC, magenta)
and Alexa-647 labelled collagen (yellow) obtained 4 hrs after addition of 20 ng/ml Hepatocyte Growth Factor
(HGF) in (A) shControl acini and (B) shDia1 acini. Montage in (A) shows an example of shControl cell
deforming a single collagen fibril, outlined in solid yellow line, over a period of 24 min. An unaffected fibril
is outlined with a dashed line. B, Example of shDia1 cell showing collagen fibrils that remain immobile as
a cell moves over them. C, Box plot indicating frequency of collagen fibril deformations, with number of
acini scored indicated below. D, Collagen deformations at which MLC appeared or was recruited. Box plots
show the 25th and 75th percentiles and the median, circle indicates mean, and whiskers mark 1.5 standard
deviations. Asterisk indicates p<0.01 by a Student’s two tailed t-test assuming unequal variance.
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with coincident MLC puncta, these were even more suppressed in shDia1 acini relative to

controls (Figure 3.8C, right).

These data identify Dia1-dependent interactions between cells and the collagen matrix

during the earliest stages of HGF-stimulated protrusion. Adhesions to collagen are marked

by dense myosin puncta through which cells deform single collagen fibrils while leaving

surrounding fibrils unaffected. The planar motility observed in shDia1 acini suggests that

Dia1 is not necessary for weak adhesion to collagen fibrils that can support planar motility

and rotation, but is required specifically for adhesion to and contraction against collagen

fibrils during the onset of branching morphogenesis.

3.3.6 Myosin colocalizes with Dia1-dependent adhesions

The observation that MLC accumulates into discrete puncta at sites of adhesion to collagen

suggested that myosin-rich puncta are sites of focal adhesions. To confirm this, we imaged

actin, myosin and collagen as leader cells protruded away from acini into the surrounding

collagen 24 hours after stimulation with HGF. Leader cells advanced via bursts of actin,

followed by the accumulation of MLC in puncta at the cell front (Figure 3.9A). MLC puncta

at the cell front coincided with points of collagen fibril deformation.

To confirm these myosin-rich sites contained canonical focal adhesion proteins, we per-

formed immunofluorescence staining for actin, myosin IIA, and either paxillin or phospho-

tyrosine. These images revealed that actin and myosin-rich puncta within leader cells also

contained paxillin and phospho-tyrosine (Figure 3.9B). We found that around half (0.48

±0.16, n=283) of all phospho-tyrosine positive puncta were also enriched in myosin IIA

(Figure 3.10A). These observations confirm that focal adhesions along collagen fibrils re-

tain a punctuate appearance and a subpopulation of them are rich in actin and myosin.

While the myosin localization we observed contrasts with canonical descriptions of myosin

exclusion from focal adhesions on planar 2D surfaces [120], our observations agree with re-

ports identifying myosin recruitment at leading edge adhesions in some 2D and 3D contexts
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Figure 3.9. Myosin colocalizes with Dia1-dependent adhesions. A, Timelapse images of a leader
cell protruding into the surrounding collagen matrix from an shControl acinus stimulated with HGF for 24
hrs. Images of GFP-Lifeact (cyan), mCherry-MLC (magenta) and Alexa-647 labelled collagen (yellow) are
shown. Time is indicated in hrs:min. B, Immunofluorescence images of f-actin (cyan), Myosin IIA (magenta)
and phospho-tyrosine (top row) or paxillin (bottom row), shown in yellow, in leader cells extending from
shControl acini following stimulation with HGF for 48 hrs. C, Immunofluorescence images of f-actin (cyan),
Myosin IIA (magenta) and phospho-tyrosine acini 4 hrs following stimulation with HGF, combined into
maximum intensity projections spanning 3µm. Insets of the indicated boxed regions are shown at right.
Scale bars, 10 µm.
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Figure 3.10. Analysis of focal adhesion components during branching morphogenesis. Box
plots of total and myosin IIA-positive focal adhesions in n=9 acini, 48h following addition of 20 ng/ml
Hepatocyte Growth Factor (HGF). B, Box plots comparing phospho-tyrosine-positive focal adhesions in
shControl and shDia1 acini, 4 hrs following addition of HGF. Number of acini scored indicated in legend.
C, Immunofluorescence images of phospho-tyrosine in shControl and shDia1 acini 4 hrs following addition
of HGF, with red line indicating the regions measured by linescans. Plot shows the minima and maxima
of 77 linescans in 11 acini per condition. D, Immunofluorescence images of shControl and shDia1 acini
stained for f-actin (cyan), Myosin IIA (magenta), and Paxillin (yellow) at equatorial sections in shControl
and shDia1 acini 4 hrs following addition of HGF. E, Immunofluorescence staining for f-actin (cyan) and
p-FAK (magenta), in shControl and shDia1 cells undergoing scattering 6 hrs following addition of HGF. F,
Box plot of p-FAK+ focal adhesions per cell, calculated from thresholded images of the cells shown in E.
Number of cells indicated in legend. Box plots show the 25th and 75th percentiles and the median, circle
indicates mean, and whiskers mark 1.5 standard deviations. Double asterisks indicate p<0.05 by Student’s
two-tailed t-test assuming unequal variance.
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We next assessed the impact of Dia1 depletion on adhesion formation. Because shDia1

acini failed to form stable protrusions into the collagen matrix, we analyzed acini after 4 hours

of HGF stimulation, when acinar rotation and collagen interactions can be observed. Acini

were fixed and immunostained for actin, phospho-tyrosine and myosin IIA, and maximum

intensity projections at the equatorial plane were analyzed. Phospho-tyrosine was enriched in

dense puncta at the basal surface in shControl acini (Figure 3.9C, left). Meanwhile, phospho-

tyrosine was diffusely distributed at the basal surface of shDia1 acini (Figure 3.9C, right), and

organized into fewer discrete puncta per acinus (Figure 3.10B). This defect was accompanied

by a redistribution of phospho-tyrosine away from the basal surface in shDia1 acini (Fig

3.10C), which was paralleled by myosin IIA and paxillin localization (Figure 3.10D). We

confirmed these results by immunofluorescence staining for mature focal adhesions in cells

scattering on glass coverslips. Consistent with prior reports (Oakes et al., 2012), shDia1 cells

formed significantly fewer phospho-FAK-positive focal adhesions relative to shControl cells

(Figure 3.10E and 3.10F).

These data demonstrate that a subset of adhesions to collagen fibrils are marked by

actin and myosin-rich puncta. Myosin accumulation correlates with force generation against

collagen fibrils. We find these adhesions do not form in the absence of Dia1, preventing

stabilization of protrusive fronts into the collagen matrix. Dia1 has been previously shown

to be essential for focal adhesion maturation on 2D surfaces [170], and we suspect that

Dia1 plays a similar role here. Clearly, because Dia1 is not required for planar acini motility,

adhesions to collagen are capable of forming, consistent with prior observations [170]. Rather,

we hypothesize that Dia1-mediated focal adhesion maturation is necessary to form stable

adhesions that facilitate the egress of cells away from the acini into the surrounding collagen.
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3.3.7 Dia1 Regulates Actomyosin Organization and Dynamics of the Basal

Cortex

Prior reports have demonstrated that formin-dependent stress fibers act as templates for

the compositional and morphological maturation of focal adhesions [173, 160, 170]. We

hypothesized that Dia1 performs a similar role at the basal actin cortex of acini, and may

control focal adhesion maturation through its effects on actin architecture. Indeed, confocal

sections of acini stained with phalloidin revealed striking differences in the organization of

cortical actin between shControl and shDia1 acini. In the absence of HGF, cortical actin

in shControl acini was organized into bundles often emanating from dense puncta in the

middle of cells (Figure 3.11A, left). In shDia1 acini, the basal cortex was largely absent of

such actin bundles and their associated puncta (Figure3. 11A, right). Instead, actin was

diffusely spread across the cortex. These differences in basal actin organization remained

after HGF stimulation, and were matched by altered myosin localization (Figure 3.11B). This

confirmed an important role for Dia1 in regulating the organization of the basal actomyosin

cortex of acini.

To explore changes in dynamics of the actomoysin cortex, we used timelapse fluorescence

microcroscopy to image the basal surface of GFP-Lifact/MLC-mCherry acini (Figure 3.11C).

We found MLC puncta in shControl remained immobile in cells moving within the plane of

the acinus over tens of minutes (Figure 3.11C). By contrast, MLC puncta in shDia1 were

more dynamic, undergoing assembly and motion over similar time intervals (Figure 3.11C).

Using a threshold of 12 minutes without displacement to distinguish immobile from mobile

MLC puncta, we found that shControl acini formed three-fold more immobile MLC puncta

relative to shDia1 acini (Figure 3.11D).

How do individual cells adhere to and migrate along collagen fibrils in the midst of

ongoing planar motility within the acinus? During acinar rotation, we observed isolated

instances of multiple cells forming MLC puncta at the same location on collagen fibrils as

they encountered it in sequence (Figure 3.11E). Interestingly, the next cell encountering the
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Figure 3.11. Dia1 Regulates Actomyosin Organization and Dynamics of the Basal Cortex. A,
F-actin stain of the basal surface of acini prior to HGF addition, with region of interest enlarged below. B,
Immunofluorescence of the basal surface of f-actin (cyan) and Myosin IIA (magenta) in shControl and shDia1
acini stimulated with 20 ng/ml HGF for 4 hrs. C, shControl and shDia1 acini coexpressing GFP-Lifeact
(cyan) and mCherry-MLC (magenta) were stimulated for 4 hrs with 20 ng/ml HGF and fluorescence images
were taken every 3 min at the basal surface. Kymographs show representative MLC and actin puncta, time
scale bar represents 10 min and distance scale is 10 µm. D, Box plot of the number of stable actomyosin
puncta per field of view observed over 3 hr window, with total organoids imaged indicated below. E, Images
of GFP-Lifeact (cyan) and mCherry-MLC (magenta) and Alexa-647 labelled collagen (yellow) in shControl
acinus. Montage shows movement of a cell with high expression of GFP-Lifeact, followed by a low-expressing
cell. As the first cell moves to the left, MLC and Lifeact puncta remain stationary (arrowheads). Once the
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indicates p<0.01 by a Student’s two tailed t-test assuming unequal variance.
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same region of collagen assembled a puncta in the same location. This example illustrates

that certain locations within the collagen matrix are primed for repeated adhesion assembly

in subsequent cells during planar acinar motility.

3.4 Discussion

The suite of molecular mechanisms governing cell motility through 3D environments has

enjoyed much attention, as these form the basis for profound tissue shape changes during

development and cancer invasion [69]. Detailed models exist to describe how cytoskeletal

organelles control the motility of single cells [116], but how these organelles are regulated in

space and time to effect tissue shape changes is less clear. Data presented here suggest a

previously unappreciated mechanism by which focal adhesion maturation regulates branching

morphogenesis in a model epithelial tissue.

Our results suggest that focal adhesions in MDCK acini embedded in collagen matrices

share key features with focal adhesions in cells on 2D substrata. We and others have previ-

ously reported that maturation of focal adhesions during 2D cell motility requires a stress

fiber template, through the activities of alpha-actinin, septins and formins such as Dia1

[157, 173, 170, 172]. HGF signaling in MDCK cells activates Rho, which regulates Dia1 and

myosin activity [240]. These effectors play critical roles during branching morphogenesis.

When an MDCK cell initially contacts a collagen fibril, formation of a nascent adhesion

causes a burst of actin polymerization and myosin recruitment (Figure 12A). Our data in-

dicate that actin and myosin concentrate at the adhesion in a Dia1-dependent manner and

promote its maturation, marked by phospho-tyrosine rich proteins such as Focal Adhesion

Kinase (FAK) and Paxillin [162, 241]. Mature adhesions are resistant to disassembly as cells

change shape and move within the acinus. In concert with myosin contractility, mature focal

adhesions enable cells to pull themselves and their neighbors away from the acinus into the

collagen matrix (Figure 3.12A).

This work provides evidence to expand the biological functions of focal adhesion mat-
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uration. Despite the exquisite detail with which focal adhesion assembly and maturation

has been defined [112], the acute consequences of maturation defects on cell motility and

tissue morphogenesis remain poorly defined [189, 183, 184, 242]. Data presented here suggest

that tissues may require focal adhesion maturation to carry out complex shape changes in

3D fibrillar environments. This conclusion is supported by a recent report demonstrating

that focal adhesion maturation through septins is similarly required for MDCK branching

morphogenesis [173]. Our data showing a similar role of formins during migration by mouse

tumor explants into collagen matrices suggests this idea could be generalized to other mor-

phogenic processes. For an individual cell within a developing or malignant tissue, it is not

clear a priori how its motility within the tissue or into the ECM is determined. Here we

present a mechanism by which adhesions to the ECM act as a switch from planar motility

to invasive motility (Figure 3.12B). Together, these results suggest an expanded repertoire

for the biological functions of focal adhesions and their regulators, and prompt testable

predictions about the interplay between adhesion stability, cell motility, and tissue shape.

In contrast to adhesions in 2D contexts, we observed myosin accumulation at sites of

adhesion in acini. Our data suggest that adhesions to collagen fibrils are sites of continuous

actin polymerization and sustained myosin recruitment. It is possible that Rho is recruited

to adhesions, and mediates local Dia1 and myosin activation. Indeed this role is consistent

with observations of Rho at the leading edge of migrating cells [148, 149]. Finally, the re-

cruitment of myosin at adhesions is a feature shared with invadosomes [243, 244]. Formation

of invadosomes in cancer cells were shown to require formins [245], raising the possibility that

adhesions described here also play proteolytic roles during MDCK branching morphogenesis.

The role we identify for Dia1 carries important implications for its primary regulator,

Rho. Rho activation is thought to impact cell motility primarily through ROCK and myosin

contractility [116]. Prior studies have shown that reducing myosin activity during branch-

ing morphogenesis results in increased branching, implicating Rho as a negative regulator

of tissue shape changes [246, 95]. Conversely, we show that Dia1 is required for branching
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Figure 3.12. Maturation of focal adhesions through Dia1 during tissue shape changes. A, Model
for focal adhesion maturation during the onset of MDCK branching morphogenesis. Cells generate actin-rich
protrusions from their basal surface into the collagen matrix. Protrusions are initially weakly adhered to
collagen fibrils through nascent focal adhesions. Localized actin polymerization through Dia1 and myosin
recruitment stabilize focal adhesions and promote their maturation. Mature adhesions resist turnover and
allow cells to exert contractile forces against collagen fibrils to enable branching morphogenesis. B, Dia1 may
function as a mechanism by which tissues can regulate noninvasive and invasive motility. In the absence of
Dia1 activity cells can adhere sufficiently to the collagen matrix to mediate planar motility within the acinus
and acinar rotation. Invasive motility into the collagen matrix requires that cells form mature adhesions,
dependent on Dia1.

morphogenesis through stabilizing focal adhesions to collagen fibrils. Together these obser-

vations suggest competing effects of Rho signaling during complex tissue shape changes: one

as a negative regulator via ROCK-mediated contractility and one as a positive-regulator via

Dia1-mediated focal adhesion maturation. In the absence of ROCK-mediated contractility,

focal adhesion maturation is not needed to facilitate migration of cells away from the ac-

inus due to the overall low levels of contractile tension within the tissue. In the presence

of ROCK-mediated contractility, Dia1-mediated focal adhesion maturation is not required

for weak adhesion to collagen fibrils and planar cell motility to support rotation. However,

it is required to assemble adhesions that are sufficiently stable to withstand physiological

contractile tension as cells migrate away from the acinus and drive tissue shape change.

Future studies may delineate these apparent opposing roles of Rho effectors, and whether

they indeed converge on focal adhesion stability and spatial regulation of contractility during

tissue morphogenesis.
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3.5 Methods

Cell culture and reagents

Manin-Darby Canine Kidney (MDCK) type II/G cells (American Type Culture Col-

lection) were cultured in a humidified incubator with 5% CO2 using Dulbeccos Minimal

Essential Medium (Corning) supplemented with 5% fetal bovine serum (FBS) (Corning),

2 mM l-Glutamine, and penicillin-streptomycin (Corning). Selection media was supple-

mented with 5 µg/ml puromycin (Gibco). The MDCK cell line expressing GFP-Lifeact

was a gift from Thorsten Wittman (University of California, San Francisco). The following

antibodies were used: Rat anti-Ecadherin DECMA (Santa Cruz Biotechnologies), mouse

anti-Podocalyxin (gift from the Keith Mostov Laboratory, University of California, San

Francisco), rabbit anti-Laminin 511 (Sigma), rabbit anti-Myosin IIA heavy chain (Covance),

mouse anti-Paxillin 5H11 (Millipore), rabbit anti-FAK-pY397 (Life Technologies), Alexa

fluor 488 goat anti-mouse secondary (Life Technologies), Alexa fluor 568 goat anti-mouse

secondary (Life Technologies), Alexa fluor 568 goat anti-rat secondary (Life Technologies),

rabbit anti-Diaph1 (ProteinTech), rabbit anti-Diaph2 (Cell Signaling), rabbit anti-FHOD1

(Abcam), rabbit anti-GAPDH. For immunofluorescence, all primary antibodies were used at

1:200 and all secondary antibodies were used at 1:500. The formin inhibitor SMIFH2 (gift

from David Kovar, University of Chicago) was dissolved in DMSO and used at 30 µM. The

Arp2/3 inhibitor (Calbiochem) was dissolved in DMSO and used at 50 µM.

DNA constructs and gene knockdown

Knockdown cell lines were generated using shRNA constructs against canine Dia1 (gatcc-

ccgccacagatgagagagacattcaagagatgtctctctcatctgtggcttttta), Dia2 (gatccccgcaaccttacagcaatg-

gattcaagagatccattgctgtaaggttgcttttta), FHOD1 (gatccccgaagacgaggacatactgattcaagagatcagtat-

gtcctcgtcttcttttta), or a nontargeting control (OligoEngine). These were annealed and cloned

into the HindIIII and BglII sites of the pSuper retroviral vector (OligoEngine). Retrovirus

was produced using the Phoenix cell line (Nolan Lab, Stanford University) using Fugene 6

transfection reagent (Roche) to transfect the retroviral vector and a VSV-G psuedotyping
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plasmid (gift from Marsha Rosner, University of Chicago). Viral supernatant was collected,

filtered, and incubated with target MDCK cells for 12 hours in the presence of 8 µg/ml

polybrene (Millipore).Following viral transfection and selection, knockdown was confirmed

by western blot. For nuclear tracking, shControl and shDia1 cells were transfected using

a pQCXIX retrovirus construct encoding H2B-mCherry (gift from Mark Burkard, Univer-

sity of Wisconsin). Cells were purified using flow cytometry (University of Chicago Flow

Cytometry Core). The lentiviral vector encoding MLC-mCherry was generated by cloning

MLC-mCherry sequence into pWPT lentiviral backbone (Addgene plasmid 12255) with the

aid of SnapGene Software (GSL Biotech LLC; www.snapgene.com). Virus was produced in

293T cells (gift from Geof Green, University of Chicago) using a pHR1-8.2-deltaR packag-

ing plasmid and a VSV-G psuedotyping plasmid (gifts from Marsha Rosner, University of

Chicago). Following viral transfection cells were isolated by flow cytometry at the University

of Chicago Flow Cytometry Core to purify mCherry and GFP positive cells.

Culture and manipulation of acini

Matrigel (Corning) from a single lot containing 9.1 mg/ml protein was used for all 3D

culture experiments. To generate acini, the lower surface of wells in a 24-well plate were

coated with 30 µl Matrigel and allowed to gel at 37 C. MDCK cells were trypsinized, pipet-

ted vigorously to break up cell clusters, and 10,000 cells were added to 800 µl of a 1:1

solution of growth media and Matrigel, which was kept on ice to prevent gelation. The

resulting cell suspension was immediately pipetting up and down to disperse cells and added

to the Matrigel-coated well The Matrigel-cell suspension was immediately placed in a 37 C

incubator and allowed to gel for 30 minutes before 800 µl growth media was gently added

to each well. Media was changed every 3 days for 6-7 days until acini formed lumens. To

isolate acini, a modified protocol by Rubashkin et al [181] was used to melt Matrigel by

incubation at low temperatures. Briefly, media was aspirated and Matrigel was disrupted

by pipetting up and down with 5 ml of warm PBS with Ca/Mg (Corning) per well. The

PBS-Matrigel solution was pelleted at 500 x g for 3 minutes and resuspended in 10 ml fresh
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PBS was added. Acini were incubated in a bucket of salted ice with rocking at maximum

speed for 40 minutes. Acini were pelleted at 500 x g, yielding a 50 µl slurry of residual

Matrigel and acini which were kept on ice to prevent gelation. Collagen gels were prepared

30 minutes before use and kept on ice. To prepare collagen gels, 1 M HEPES and 7.5%

NaHCO3 were combined with media to achieve final ratios of 1:50 and 1:23.5, respectively.

Rat tail collagen 1 (Corning) was gently added to a final concentration of 2 mg/ml. Collagen

was fluorescently labeled using Alexa Fluor 647 NHS ester (Life Technologies), dissolved at

10 µg/µl in DMSO and incubated with Rat tail collagen at a ratio of 1:1000 and stored at

4 C. The resulting Alexa-647-labelled collagen was included in a ratio of 1:4 with unlabelled

collagen. Acini were added to the collagen solution, mixed by pipetting, and plated in either

4 or 8-well Ibidi chambers (Ibidi) or in 4-well Labtek chamber slides (Nunc), in volumes of

40 or 100 µl. All chambers were precoated with 10 or 30 µl collagen solution for 10 minutes

prior to plating acini. Collagen was allowed to gel for at least 30 minutes before growth

media was gently added to the sides of wells.

Mouse tumor explants

One female day 70 mouse of the Mouse Mammary Tumor Virus-Polyoma Middle T Anti-

gen strain (MMTV-PyMT, Jackson Laboratories) was sacrificed and the largest mammary

tumor from each inguinal mammary gland was surgically excised. Each tumor was man-

ually minced with a razorblade and tumor tissue was digested by shaking for 30 minutes

at 37 C in a conical tube containing 40 ml of DMEM/F12/50:50 (Corning) with 3 mg/ml

Collagenase A, 1 mg/ml hyaluronidase (Worthington) and 2 U/ml DNase 1 (Fisher). 5 ml

of FBS was added to halt digestion, and tumor tissue suspension was pelleted at 500x g for

3 minutes and resuspended. Tumor organoids were placed in a 1:1 mixture of Matrigel and

DMEM/F12/50:50 supplemented with 10% Fetal Bovine Serum (Corning), 10 µg/ml human

Insulin (PromoCell), 5 µg/ml human Transferrin, and penecilin/streptomycin (Corning).

The bottom wells of a 24-well plate (Corning) were coated with Matrigel and allowed to

gel before adding 800 µl of organoid-Matrigel suspension per well. Matrigel was allowed to
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gel for 30 minutes and 800 µl growth media was gently added. Organoids were cultured

in Matrigel for 24-48 hours prior to replating into 2mg/ml Collagen 1 gels in 4-well Ibidi

chambers as described above, with the ice incubation step reduced to 20 minutes. Following

replating in collagen, fresh media containing DMSO, 30 µM SMIFH2, or 50 µM CK666 was

added and chambers were placed on a heated microscope stage. Images were collected every

30 minutes for 72 hours.

Western blot analysis

For Western blotting, cells were lysed in Laemmli buffer (4% sodium dodecyl sulfate,

20% glycerol, 120 mM Tris-Cl pH 6.8, 0.02% bromophenol blue). Lysates were separated by

SDS-PAGE gel and electrotransferred to a nitrocellulose membrane. Blots were blocked in

PBS with 5% nonfat dry milk and incubated with primary antibodies at 1:1000 overnight at

4 C. Blots were incubated in secondary antibodies at 1:10000 for 1 hour at room temperature

and developed with ECL Western blotting substrate (Thermo Fisher Scientific). Blots were

scanned as film negatives on a photo scanner (Perfection v700; Epson) and analyzed using

the gel analysis tool in ImageJ (National Institutes of Health). The intensity of the protein

bands was normalized through comparison with the loading control bands.

Microscopy

All fluorescence images were acquired on an inverted microscope (Ti-E; Nikon) with a

confocal scanhead (CSUX; Yokogawa Electric Corporation), laser merge module containing

491, 561, and 642 laser lines (Spectral Applied Research), a stage controller (Prior), and a

cooled charge-coupled device camera (HQ2; Roper Scientific). Images were acquired using

either a 20x 0.75 NA Plan Fluor multi-immersion objective (Nikon) or a 40x 1.15 NA Plan

Apo water immersion extra long working distance objective (Nikon). Immunostained acini

or organoids were imaged by acquiring z-stacks with either 500 nm or 1 m z spacing. All

transmitted light images were acquired on an inverted microscope (Ti-E; Nikon), a stage con-

troller (Prior), and a cooled charge-coupled device camera (HQ2; Roper Scientific). Images

were acquired using a 20x 0.45 NA air extra long working distance objective (Nikon). All
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hardware was controlled via MetaMorph acquisition software (Molecular Devices). Bright-

field images of acini were acquired on a Nikon Eclipse TS100 (Nikon) with an iPhone 6S

(Apple) and a SnapZoom adaptor (SnapZoom).

Live cell imaging

All live cell imaging was performed with a stage incubator for temperature, humidity, and

CO2 control (Chamlide TC and FC-5N; Quorum Technologies). The stage adaptor, stage

cover, and objective were maintained at 37 C, while humidified 5% CO2 air was maintained

at 50 C at its source to prevent condensation within its tubing. Acini were transferred to

collagen gels in 4- or 8-well plastic chambers (Ibidi) at least 1 day prior to imaging. Imaging

media was identical to growth media except phenol red-free DMEM was used. Imaging

media containing 20 ng/ml HGF was added to chambers immediately before transfer to the

pre-warmed microscope stage, where they equilibrated for 30 minutes prior to imaging.

Image sequences were corrected for drift using the Stackreg plugin in ImageJ (National

Institutes of Health), and a custom Matlab script. Fluorescence imaging of cells expressing

H2B-mCherry was performed by collecting z-stacks of 21 planes at 3 µm intervals every 10

minutes. For fluorescence imaging of GFP-Lifeact, mCherry-MLC, and Alexa Fluor 647-

collagen, 20 ng/ml HGF was added to phenol red-free media 4 or 24 hours prior to imaging.

For each acinus, images were acquired at 6 planes separated by 3 m every 3 minutes for 3

hours. Only the lower surface of each acinus was imaged, to capture collagen fibrils and cells

simultaneously. Alexa Fluor 647-collagen images were bleach corrected in ImageJ.

Immunofluorescence

For immunofluorescence staining of acini, a 1.5 U/ml solution of Clostridium Collagenase

(Sigma) in PBS was added to culture media prior to fixation and acini were replaced in the

incubator for 10 minutes. Acini were fixed in a solution of 4% paraformaldehyde with 0.1%

Triton X-100 in Phosphate Buffered Saline solution (PBS, Corning). Fixation solution was

gently added to each well while simultaneously aspirating culture media, and incubated for

20 minutes. Collagen autofluorescence was quenched with 3 rinses of 0.1 M glycine in PBS
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for 20 minutes each. Acini were permeabolized in 0.5% Triton X-100 for 10 minutes, and

blocked with 2.5% Bovine Serum Albumin and 0.1% Triton X-100 in PBS for 1 hour. Acini

were incubated with primary antibody at 1:200 in blocking solution overnight at 4 C, washed

3 times in 0.1% Triton X-100 for 20 minutes each, and secondary antibody at 1:500 or Alexa

fluor 647 phalloidin at 1:1000 (Life Technologies) was incubated in blocking solution for

1 hour. After another 3 20 minute washes with 0.1% Triton X-100, chamber walls were

removed and 20 µl Prolong Gold (Life Technologies) was added per well. A clean coverslip

had blobs of clear nail polish applied to its corners and allowed to dry, and placed over the

chamber slide. Slides were allowed to dry, sealed with nail polish, and stored at 4 C. All

incubations were performed on a rotary shaker. Immunofluorescence staining of cells in 2D

culture was performed as above but without glycine rinses.

Branching morphogenesis assays

Acini plated in collagen gels were cultured for at least 1 day prior to inducing branching

morphogenesis. Briefly, growth media was removed and replaced with media containing 20

ng/ml human recombinant Hepatocyte Growth Factor (HGF) (Sigma-Aldrich), with DMSO

or inhibitors as indicated. Fresh HGF with inhibitors was added after 24 hours. After 48

hours, acini were fixed and stained with phalloidin.

Scattering assays

MDCK cells were plated sparsely in 4-well plastic chambers (Ibidi) or on glass coverslips

and allowed to form islands. Cells were serum starved by replacing growth media with phenol

red-free media supplemented with 0.5% FBS, and culturing for 12 hours. For timelapse

microscopy, chambers were placed on a heated microscope stage and 20 ng/ml HGF was

added to low-serum media to stimulate scattering. Cells were imaged in brightfield at 10

minute intervals for 12 hours. For immunofluorescence, cells were plated on glass coverslips

and allowed to form islands, then serum starved for 12 hours, incubated in HGF for 6 hours,

and fixed for immunofluorescence staining.

Image Analysis
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For branching morphogenesis assays, z-stacks of each acinus were collected at 0.5 or

1 µm intervals and the entire volume was scored for protrusions. These were scored as

single- or multi-cellular extensions at least 5 µm in length emanating from acini into the

collagen gel. Protrusion length was measured as a straight line from the basal surface of

the cell or cells to the tip of the cellular extension. Protrusions extending in the z direction

were measured by counting the confocal sections they spanned. For nuclear tracking, image

sequences for analysis were generated by combining lower z-planes from each acinus into

maximum projections. Cells were tracked manually in ImageJ (National Institutes of Health)

and tracks were analyzed using custom Matlab scripts. For cell tracking during scattering,

cells were tracked manually using ImageJ (National Institutes of Health) and tracks were

analyzed using custom Matlab scripts. Time of initial of cell-cell contact rupture was scored

by the first cell to contract and completely dissociate from its neighbors. Quantification of

phospho-Tyrosine puncta was performed on maximum intensity projections combining 3 µm

at the acinar equator. The resulting images were background subtracted and binarized, and

puncta were counted using the Analyze Particles feature of ImageJ (National Institutes of

Health), set to a pixel range of 30-1000 pixels2. Maximum intensity projections were also

analyzed with linescans, each measuring 2 by 15 µm. Quantification of phospho-FAK was

performed on background subtracted, binarized images using the Analyze Particles feature

of ImageJ (National Institutes of Health), set to a pixel range of 30-1000 pixels2. Analysis

of collagen fibril deformations and MLC puncta mobility was performed on image sequences

in which the lower basal surface of cells and the collagen matrix could be resolved in the

same imaging plane. This surface ranged from 1500-2100 µm2, representing approximately

0.19 of the total surface area for a typical acinus 50-60 µm in diameter. To quantify collagen

fibril deformations, image sequences were analyzed for fibrils that were deformed by 1-2 µm,

independently of their neighbors.

Statistical Tests

To assess statistical significance, we used independent two-sample Students t tests of the

80



mean to determine the significance with respect to WT or Control. P values were indicated

by *, p<0.01; **, p<0.05.
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CHAPTER 4

ANALYSIS OF CELL SHAPE IN 3D TISSUES

4.1 Abstract

Collective cell behaviors orchestrate the movement of tissues in development and cancer.

However the underlying mechanical properties that govern these changes are difficult to

track or measure directly. A computational model was developed recently to integrate the

intracellular mechanical properties and cell shape in a packed epithelial monolayer. Using

information on cell shape, the model can accurately predict cell motility within the monolayer

and describes a tissue jamming and unjamming transition in the tissue. It is unclear whether

this model can also describe epithelial monolayers in 3D. Here we show that this model

accurately captures properties of 3D tissues of Madin-Darby Canine Kidney cells. We find

that under control conditions, these tissues are jammed and exhibit no motility. Inducing cell

motility within tissues corresponds with a transition to the unjammed state. We show that

maintenance of the jammed state requires the actin regulator Dia1 as well as cell contractility.

Finally we validate cell shape changes caused by these defects by accounting for cells’ 3D

shapes. These data confirm that biophysical principles relating cell shape and cell motility

are conserved between cell culture models in 2D and 3D environments.

4.2 Introduction

Tissues change shape dramatically over the course of organismal development as well as dur-

ing tumor spreading [62, 48]. Shape changes result from the collective actions of cells, whose

individual shapes and motions are coordinated across the tissue to drive tissue elongation,

folding, spreading, or other large-scale changes [247, 248]. During some such events tissues

motions resemble a liquid, and during other events a solid. For instance, cells appear to

flow or stream during convergent extension in the Drosophila embryo [249, 250], or during
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blastoderm spreading in the Zebrafish embryo [251]. These behaviors resemble viscous liq-

uids. Meanwhile, at the leading edge of an invasive tumor [55] or during tissue folding events

such as occur during Drosophila apical constriction [252], tissues are better approximated

as solids that can bear tension or compression [247, 142]. To date there are few established

methods to report on mechanical states of epithelial tissues that would capture these pu-

tative liquid-like or solid-like behaviors. Many common measurements of the mechanical

properties of living tissues are invasive [253] or difficult to interpret [254]. Computational

models can help overcome these challenges by generating testable hypotheses that relate cell

mechanical properties with tissue shape changes [255, 256].

Recently, Manning and colleagues developed a computational model to explore the re-

lationship between stiffness transitions in tissues and the shapes of their constituent cells

[257, 258]. This model is premised on established mechanical properties of epithelial cells

integrated into a tissue, and the motility of cells within them [259, 260, 261]. In an epithe-

lial sheet, each cell maintains adhesions to its neighbors through adherens junctions, which

permit tension generated by one cell to propagate across many of its neighbors [262]. The

strength of a cell-cell adhesion is equivalent to the force required to separate two cells ad-

hered to each other, and can vary widely across different cell types or different cells within

a tissue [263, 264]. For example, adhesion strength can be tuned by isoform and expression

level of cadherin proteins [265], as well as the components and dynamic regulation of the

adherens junction plaque [266]. While daunting in their complexity, these molecular details

confer a measurable magnitude of the adhesive energy of a cells junctions [247].

A related but distinct determinant of cell shape is its intracellular contractility. The ac-

tomyosin networks spanning a cells cortex cause contraction against the neighbors to which

it is adhered [267]. The total contractile energy a cell exerts on its surroundings is directly

related to the activity of myosin, which causes contraction of cortical actin networks [121].

Thus a highly contractile cell within a monolayer will pull more against its neighbors, and

deform them in turn. Meanwhile a cell with low contractility will be more easily deformed
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Figure 4.1. Model for jamming transition in epithelial monolayers. A, Diagram showing forces
that contribute to epithelial cell shape. Blue arrows represent intracellular contractility, which combine to
favor a circular cell shape. Yellow arrows represent intercellular adhesion, which favor maximizing cell-cell
junction length at the expense of a circular cell shape. B, Diagram showing cell shape for an epithelial
monolayer at either extreme of the jamming transition. In the jammed state, cells are immobile and the
shape index p0 is near or below 3.81. In the unjammed state, cells are mobile and the shape index is above
3.81.

84



by its neighbors (Figure 4.1). Manning and colleagues have incorporated these quantita-

tive parameters into a vertex model for packed epithelial tissues [257]. This model readily

provokes a simple hypothesis: the average shape of cells within a confluent epithelium is a

direct consequence of cell-cell adhesion strength and intracellular contractility. Their model

predicted that a shape index p0, equal to the ratio of the cells perimeter to the square root

of its area, will capture this relationship. An important condition is assumed by the model:

that cell-cell adhesion strength and cell contractility change uniformly across a tissue and do

not vary from cell to cell. However, the model is independent of cell absolute size, density,

and stiffness of the underlying substrate.

Under these conditions, the model predicts that the balance of these two parameters cell-

cell adhesion strength and cell contractility describe two alternate states of a tissue. When

intracellular contractility is high, the model predicts that cells will remain immobile within

the tissue they appear “caged” by their neighbors. Meanwhile, when cell-cell adhesion

is high, cells are predicted to exhibit motility and undergo neighbor exchanges within the

monolayer. This trade-off can be expressed by considering the energy that adjacent cells

would require to exchange places. Manning and colleagues showed that the energy barrier

that cells must overcome in order to undergo rearrangements remains very high at low

values of p0 (e.g. ˜3.6), indicative of high cell cortical tension. This energy barrier rapidly

disappears as the value of p0 approaches a critical threshold of 3.81. Above this transition

point, cells are predicted to freely rearrange within the tissue (Figure 4.1B). Importantly,

this measure is dimensionless and can be applied to any epithelial tissue for which the

assumptions of this model hold.

Manning et al describe this transition in terms borrowed from granular matter such as

sand. Specifically, the model proposes that tissues undergo a transition between liquid-like

and solid-like states known as jamming. This transition is analogous to how we experience

the bulk properties of sand. Each grain can move independently of its neighbors, thus sand

flows out of ones hand when picked up. However, when sufficient external pressure is applied
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as when one steps on a pile of sand the individual grains become locked in place, or jammed

[268]. The pile will deform up to a point, after which it will support the weight of a person

standing atop it.

Unlike this analogy, however, jamming and unjamming in epithelial tissues is proposed as

an intrinsic process driven by changes to cell behavior [257]. This model has been successfully

applied to biological settings such as the bronchial airway epithelium. In collaboration with

Manning, Fredberg and colleagues measured the shape parameter p0 for primary bronchial

epithelia from healthy and asthmatic donors [269]. By time-lapse imaging, they were able

to corroborate that p0 indeed correlates with cell motions within the monolayer. Their

results further showed that bronchial airway epithelia from healthy donors were jammed

while those from asthmatics were unjammed and cells displayed aberrant motility within the

epithelium. This study thereby linked important biomedical states of the epithelium with

simple and easily measured physical parameters.

The theoretical implications of jamming transitions have thus far been explored for ep-

ithelial monolayers on 2D substrates. Epithelial tissues in 3D culture form spherical acini,

which can be thought of as monolayers wrapped around a sphere. Despite a long-standing

enthusiasm to explore cell biology using 3D culture techniques [11, 92, 206, 36], few efforts

have focused on the shared properties of monolayers in 2D and 3D culture [270]. This has

hampered progress in experimentally validating models of epithelial cell biology, as it is often

unclear which epithelial cell behaviors are conserved across culture techniques. We address

this gap by testing the model elaborated by Manning et al for 2D monolayers using 3D

spheroids. We present evidence that this model successfully captures cell shape and motility

behaviors within epithelial monolayers cultured in 3D. These results suggest that broadly

shared physical principles govern motility within tissues across culture conditions.
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4.3 Results

4.3.1 Impairing Cytoskeleton Components causes Unjamming in MDKC

Acini

Acini grown from either MDCK shControl or shDia1 cells were transferred to collagen gels

(see methods) and cultured for 48 hours prior to fixation. Staining for f-actin using fluo-

rescent phalloidin faithfully revealed cell borders, as virtually all f-actin was cortical (see

Chapter 3). Confocal fluorescence microscopy enabled the visualization of individual cell

shapes within the epithelium when imaged just above the basal surface (Figure 4.2A and

4.2B). Analysis of cell perimeters and areas across several acini revealed the average p0 for

shControl cells was 3.88 (Figure 4.2C). This suggests these tissues are at or near a jammed

state (p0=3.81).

Meanwhile p0 measured in acini of shDia1 cells was significantly higher at 4.00. This

measurement indicates that, under control conditions, depleting Dia1 is correlated with

either lower effective cell cortical tension, or increased effective cell-cell adhesion. Dia1

activity dictates the structure and mechanics of the actin cortex [271, 272] and while Dia1

plays a role at adherens junctions [273], no previous evidence suggests that its loss would

strengthen these adhesions.

To confirm the role of cortical tension in determining cell shape, the Rho effector ROCK

was inhibited using the compound Y-27632. As a primary regulator of myosin activity,

ROCK activity sets cortical stiffness without directly impairing actin network assembly [272,

274]. When wild type MDCK acini plated in collagen gels were incubated with 10 µM y-

27632 for 24 hours, the resulting cell shapes had a significantly higher p0 value than their

unperturbed counterparts and were equivalent those measured for shDia1 cells (p0 = 3.99,

Figure 4.2C). These data confirm that tissues become unjammed upon ROCK inhibition and

would be predicted to show liquid-like behaviors. These data suggest that directly impairing

cortical tension causes similar changes to cell shape as those seen in shDia1 acini.

87



shControl shDia1

C
o
n
tr
o
l

shControl

+Y-27632

shControl shDia1 shControl

+Y-27632

Actin

C

B

A

Figure 4.2. Impairing cytoskeletal components causes unjamming in MDCK acini. A, confocal
images of acini stained with phalloidin. Imaging plane is indicated by the diagram above, which permits
analysis of cell shape within acini. Acini of shControl or shDia1 cells were cultured in collagen gels for 24
hours, with or without 10 µM of the ROCK inhibitor Y-27632 prior to fixation. B, cell shape outlines drawn
from each of the acini above showing variation in shape across conditions. C, box plots of measure p0 values
for n>20 cells from at least 6 acini. Box plots show the 25th and 75th percentiles and the median, circle
indicates mean, and whiskers mark 1.5 standard deviations. Scale bars, 20 µm.
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4.3.2 Stimulation with HGF causes unjamming in MDCK acini

To extend these findings to the execution of tissue shape changes, shControl and shDia1

acini in collagen gels were treated with Hepatocyte Growth Factor (HGF) for 4 hours prior to

fixation. As shown previously, at this stage tissues from both cell types undergo rotation and

rearrangements, but multicellular branches have not formed in shControl acini. In agreement

with their similar behaviors at this state, cell shape analysis revealed that p0 values for

shControl and shDia1 acini were not significantly different (p0 = 4.15-4.22) (Figure 4.3). In

both cell types, p0 values were consistent with an unjammed state. These data suggest that

cell unjamming is an early event during branching morphogenesis, coincident with rotation

and in-plane motility of cells prior to collective migration into the collagen gel (see Chapter

3). Given that there was no measurable difference in p0 between shControl and shDia1 cells,

the addition of HGF may induce the maximum p0 in MDCK cells. In addition, these data

show that the increased shape parameter for shDia 1 cells under control conditions is not

additive with stimulation by HGF.
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Figure 4.3. Stimulation with HGF causes unjamming in MDCK acini. A, confocal images of
acini stained with phalloidin showing cell shapes for shControl and shDia1 acini plated in collagen gels and
stimulated for 4 hours with 20 ng/ml Hepatocyte Growth Factor (HGF). B, box plots of measure p00 values
for n>35 cells from at least 6 acini. Box plots show the 25th and 75th percentiles and the median, circle
indicates mean, and whiskers mark 1.5 standard deviations. Scale bars, 20 µm.
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4.3.3 Cell motility within acini validates the unjamming transition

Collectively, these measurements suggest that prior to the addition of HGF, wild type MDCK

acini are in the jammed, solid-like state. Data presented in the previous chapter shows

that upon stimulation with HGF, both shControl and shDia1 acini undergo movements and

rotation within the plane of the epithelium. This suggests that these acini are unjammed, in

agreement with the cell shape data shown here. We next sought to measure cell motility in

wild type acini before and after addition of HGF, to determine whether our measurements

of cell shape faithfully report on a an unjamming transition.

Wild type MDCK cells were transfected with a construct encoding the histone H2B tagged

with the fluorescent protein mPlum. We cultured these cells to generate acini and placed

them in collagen gels, and captured cell positions by time-lapse microscopy at 15 minute

intervals with or without the addition of HGF. At each timepoint we collected z-stacks of

cell nuclei, then combined these into maximum projections to analyze cell movements within

a single x-y plane. We tracked cells manually and calculated the average instantaneous ve-

locity for at least 21 cells across 3 acini per condition. As shown in Figure 4.4A, cells in

control conditions undergo little to no motility. Following addition of HGF, as expected,

cells rearrange extensively within acini. Cell tracking showed an average instantaneous ve-

locity rose from near 0 microns per minute to 0.16 microns per minute (figure 4.4B). These

observations confirm that under control conditions MDCK acini are jammed tissues, with

limited cell movement, and undergo unjamming upon the addition of HGF. Overall these

data corroborate the model put forth by Manning et al [257, 269].
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Figure 4.4. Cell motility within acini validates the unjamming transition. A, Confocal and trans-
mitted light images from time-lapse microscopy showing cell positions within acini. MDCK cells expressing
H2B-mPlum were cultured to form acini, plated in collagen, and imaged by time-lapse microscopy with or
without 20 ng/ml Hepatocyte Growth Factor (HGF). Top montages show control acini, bottom montages
show HGF-stimulated acini. Each shows nuclei alone and nucle with transmitted light image overlaid. Time
indicated since the start of the imaging. At the right, images show corresponding cell tracks from each aci-
nus. B, box plots of instantaneous cell velocity in um per min for n>21 cells from at least 3 acini. Box plots
show the 25th and 75th percentiles and the median, circle indicates mean, and whiskers mark 1.5 standard
deviations. Scale bars, 20 µum.
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4.3.4 The unjamming transition correlates with altered cell junction

orientation

The measurements of cell shapes in Figures 4.2 and 4.3, and the mathematical model to which

they refer, offer only an estimation of a cell’s 3-dimensional shape. Notably, this method

collapses cells along their apical/basal axis to examine the 2-dimensional shape that they

occupy within the epithelium. We hypothesized that the cell shape parameter p00 might be

complemented by an analysis of cell shape along the apical/basal axis. We therefore analyzed

cell-cell junctions in images taken at the equatorial plane through the middle of acini. In

this plane, cell-cell junctions marked by f-actin extend from the apical surface to the basal

surface of a cell and meet the basal surface at right angle to it (Figure 4.5A). As a measure

of the orientation of cell-cell junctions, the angle formed by a junction and the basal surface

should normally remain near 90 degrees. We hypothesized that deviation from a 90 degree

angle would therefore correspond to unjamming and the motility of cells within the acinus.

Instances of this junction angle rising above 90 degrees would occur when one cell expands

the area of its basal surface, to the exclusion of its neighbors. Conversely, the same geometry

would be achieved by one cell contracting at its basal surface and pulling on its neighbors.

Both cases would be conceptually consistent with an unjammed tissue state, as defined by

fluctuation in cell shape and motility of cells within the tissue. These actions would alter

the orientation of cell junctions such that their angle would deviate from 90 degrees relative

to the basal surface.

Using this parameter of cell junction angles, the orientation of cell-cell junctions was

measured across several cell pairs in multiple shControl and shDia1 acini (Figure 4.5B). For

consistency, the angle above 90 degrees was always recorded. The orientation of cell-cell

junctions in control cells deviated from the orthogonal by an average of 11 degrees (Figure

4.5C). In shDia1 acini, however, junctional orientation was farther from the orthogonal, by

an average of 19 degrees. As above, these results were compared with acini incubated with

the ROCK inhibitor Y-27632, which we predicted would cause a deregulation of cell shape.
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Figure 4.5. The unjamming transition correlates with altered cell junction orientation. A,
Diagram showing measurements of cell-cell junction orientation for orthogonal and deviated junctions. Red
line indicates orientation of the junction, while the blue line indicates the tangent to the basal surface of
the acinus. B, representative confocal images of phalloidin staining in the indicated acini showing junction
orientations. Acini of shControl or shDia1 cells were cultured in collagen gels for 24 hours, with or without
10 uM of the ROCK inhibitor Y-27632 prior to fixation. C, box plots of cell-cell junction orientations for
n>34 cell pairs from at least 5 acini. Box plots show the 25th and 75th percentiles and the median, circle
indicates mean, and whiskers mark 1.5 standard deviations. Scale bars, 20 µum.
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Indeed, junction orientation in these acini were more varied than controls, at 14 degrees,

although this difference was not statistically significant. Together, these data confirm and

extend the conclusions made with the analysis of 2D cell shape above.

4.4 Discussion

Observations described here validate the proposed model by Manning and colleagues that re-

lates cell mechanics with cell motility for epithelial tissues, using a simple index of cell shape

[257]. We conclude that quiescent spherical tissues are in the jammed state, which is lost

upon either stimulation with HGF to induce cell motility, or upon defects in the actomyosin

networks at the cell cortex. These simple observations offer confirmation that the physical

determinants of cell motility in monolayers are shared between 2D and 3D culture systems.

We expect this correlation could be exploited to further understanding of cytoskeletal deter-

minants of tissue biology that might be conserved across different geometries.

Our results agree with previous reports on Dia1 as a key regulator of cortical actin

networks [275, 271, 272]. Fritzsche et al measured actin filaments in the cortex of single

cells and found that Dia1 maintains longer actin filaments, which they found allowed actin

pools to persist for longer at the cortex [272]. These dynamics were found to directly impact

the mechanical properties of the cell cortex, as measured by atomic force microscopy. In

light of these observations, we suggest that unjamming in MDKC acini may arise through

measurable defects in the actin cortex. Future work could use established methods such as

micropipette asipiration to confirm these connections between tissue mechanical properties

and cytoskeletal regulators.

An unexplored aspect of this work is the role, if any, of tissue curvature. While a 2D

sheet and a 3D shell might be topologically equivalent, a sheet has no curvature while the

shell experiences a constant curvature. What are the implications for curvature on jamming

in epithelial tissues? We speculate that very high curvature may enforce constitutive unjam-

ming of acini, while low curvature (more closely approximating a 2D sheet) would exhibit
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jamming. As curvature increases, we predict cells would be less able to maintain static

cell-cell junctions, and cell contractility would be insufficient to restrain cell shape changes.

This could be tested by comparing the average shape index of an acinus with its diameter.

As diameter increases, p00 would approach the jammed state of 3.81. Two reports have

measured cell movements within developing acini consisting of just a few cells [237, 276].

Because they are small these structures have a very high curvature and undergo constant

motility, consistent with a correlation of curvature and unjamming.

These results also carry implications for the growth and self-organization of cells into

tissues. Given that shDia1 cells are capable of forming polarized of acini when cultured in

Matrigel, these data suggest that the jamming/unjamming transition may be dispensable

for the growth of epithelial tissues. However, shControl acini transition to the jammed

state. This transition may relate to cell-ECM interactions and the generation of a basement

membrane. Muthuswamy and colleagues investigated movements within acini formed by

MCF-10A cells, and found that disruption of the basement membrane stimulated cell motility

[276].

Making precise measurements on the actin cortex of living cells is typically an invasive

procedure [254, 253], with few models that help interpret such precise measurements to un-

derstand their biological significance. Yet it is well-appreciated that mechanical properties

of tissues, arising from intracellular actomyosin dynamics, drive many morphogenic events

during organismal development [248, 142, 121]. Looking ahead, we suspect that analysis

of subcellular actomyosin neworks could help discern how tissue properties arise from cy-

toskeletal regulators. This work opens new possibilities to explore the how the effects of such

cytoskeletal regulators are propagated across tissues.

4.5 Methods

Cell culture and reagents

Manin-Darby Canine Kidney (MDCK) type II/G cells (American Type Culture Col-
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lection) were cultured in a humidified incubator with 5% CO2 using Dulbeccos Minimal

Essential Medium (Corning) supplemented with 5% fetal bovine serum (FBS) (Corning), 2

mM l-Glutamine, and penicillin-streptomycin (Corning). Y-27632 (Millipore) was diluted

to 10 µM in DMSO. MDCK cells stably expressing the nuclear marker H2B-mPlum were

kindly provided by W James Nelson (Stanford University).

Culture and manipulation of acini

Matrigel (Corning) from a single lot containing 9.1mg/ml protein was used for all 3D cul-

ture experiments. To generate acini, the lower surface of wells in a 24-well plate were coated

with 30 µl Matrigel and allowed to gel at 37 C. MDCK cells were trypsinized, pipetted

vigorously to break up cell clusters, and 10,000 cells were added to 800 µl of a 1:1 solution

of growth media and Matrigel, which was kept on ice to prevent gelation. The resulting

cell suspension was immediately pipetting up and down to disperse cells and added to the

Matrigel-coated well The Matrigel-cell suspension was immediately placed in a 37 C incuba-

tor and allowed to gel for 30 minutes before 800 µl growth media was gently added to each

well. Media was changed every 3 days for 6-7 days until acini formed lumens. To isolate

acini, a modified protocol by Rubashkin et al was used to melt Matrigel by incubation at low

temperatures [181]. Briefly, media was aspirated and Matrigel was disrupted by pipetting

up and down with 5 ml of warm PBS with Ca/Mg (Corning) per well. The PBS-Matrigel

solution was pelleted at 500 x g for 3 minutes and resuspended in 10 ml fresh PBS was

added. Acini were incubated in a bucket of salted ice with rocking at maximum speed for

40 minutes. Acini were pelleted at 500 x g, yielding a ˜50 µl slurry of residual Matrigel and

acini which were kept on ice to prevent gelation. Collagen gels were prepared 30 minutes

before use and kept on ice. To prepare collagen gels, 1 M HEPES and 7.5% NaHCO3 were

combined with media to achieve final ratios of 1:50 and 1:23.5, respectively. Rat tail collagen

1 (Corning) was gently added to a final concentration of 2 mg/ml. Acini were added to the

collagen solution, mixed by pipetting, and plated in 100 µl onto 25 mm coverslips. Coverslips

were sealed in magnetic chambers (Chamlide).
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Microscopy

All fluorescence images were acquired on an inverted microscope (Ti-E; Nikon) with a

confocal scanhead (CSUX; Yokogawa Electric Corporation), laser merge module containing

491, 561, and 642 laser lines (Spectral Applied Research), a stage controller (Prior), and a

cooled charge-coupled device camera (HQ2; Roper Scientific). Images were acquired using

either a 20x 0.75 NA Plan Fluor multi-immersion objective (Nikon) or a 40x 1.15 NA Plan

Apo water immersion extra long working distance objective (Nikon). Immunostained acini

were imaged by acquiring z-stacks with either 500 nm or 1 µm z spacing. All transmitted light

images were acquired on an inverted microscope (Ti-E; Nikon), a stage controller (Prior),

and a cooled charge-coupled device camera (HQ2; Roper Scientific). Images were acquired

using a 20x 0.45 NA air extra long working distance objective (Nikon). All hardware was

controlled via MetaMorph acquisition software (Molecular Devices).

Live cell imaging

All live cell imaging was performed with a stage incubator for temperature, humidity, and

CO2 control (Chamlide TC and FC-5N; Quorum Technologies). The stage adaptor, stage

cover, and objective were maintained at 37 C, while humidified 5% CO2 air was maintained

at 50 C at its source to prevent condensation within its tubing. Acini were transferred

to collagen gels in magnetic chambers (Chamlide) at least 1 day prior to imaging. Imaging

media was identical to growth media except phenol red-free DMEM was used. Imaging media

containing 20 ng/ml HGF was added to chambers immediately before transfer to the pre-

warmed microscope stage, where they equilibrated for ˜30 minutes prior to imaging. Image

sequences were corrected for drift using the Stackreg plugin in ImageJ (National Institutes of

Health). Fluorescence imaging of cells expressing H2B-mPlum was performed by collecting

z-stacks of 21 planes at 3 µm intervals every 15 minutes.

Immunofluorescence

For immunofluorescence staining of acini, a 1.5 U/ml solution of Clostridium Collagenase

(Sigma) in PBS was added to culture media prior to fixation and acini were replaced in the
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incubator for 10 minutes. Acini were fixed in a solution of 4% paraformaldehyde with 0.1%

Triton X-100 in Phosphate Buffered Saline solution (PBS, Corning). Fixation solution was

gently added to each well while simultaneously aspirating culture media, and incubated for

20 minutes. Collagen autofluorescence was quenched with 3 rinses of 0.1 M glycine in PBS

for 20 minutes each. Acini were permeabolized in 0.5% Triton X-100 for 10 minutes, and

blocked with 2.5% Bovine Serum Albumin and 0.1% Triton X-100 in PBS for 1 hour. Acini

were incubated with Alexa fluor 647 phalloidin at 1:1000 (Life Technologies) in blocking

solution for 1 hour. After another 3 20 minute washes with 0.1% Triton X-100, chamber

walls were removed and 20 l Prolong Gold (Life Technologies) was added per well. A clean

coverslip had clear blobs of nail polish applied to its corners and allowed to dry, and placed

over the chamber slide. Slides were allowed to dry, sealed with nail polish, and stored at 4

C. All incubations were performed on a rotary shaker.

Image analysis

To trace cell outlines, 2 confocal sections spanning 2 µm in z were combined in maximum

projections. This was repeated at the upper and lower surface of each acinus. Acini were

only analyzed when cell borders were easily resolved by phalloidin staining. Cell borders

were manually drawn and shape analysis was performed using ImageJ (National Institutes

of Health). p00 for each cell was calculated by dividing its perimeter by the square root of

its area, according to the model published by Bi et al (2015). At least 5 cells per acinus

were measured. To measure junction orientation, confocal sections of phalloidin staining in

the equitorial plane of acini were analyzed. A straight line was drawn from the center of the

acinus through a cell junction, orthogonal to the cell’s basal surface using ImageJ (National

Institutes of Health). Then a straight line was drawn along the cell-cell junction to capture

its orientation. The angle between these lines was recorded. For consistency, only the larger

angle was recorded for each cell-cell junction. Only junctions that lay within the plane of the

confocal section were analyzed. At least 7 junctions were analyzed per acinus. For nuclear

tracking, image sequences for analysis were generated by combining lower z-planes from
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each acinus into maximum projections. Cells were tracked manually in ImageJ (National

Institutes of Health).

Statistical Tests

To assess statistical significance, we used independent two-sample Students t tests of the

mean to determine the significance with respect to the Control.
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CHAPTER 5

DISCUSSION

5.1 Summary

The preceding chapters have detailed investigations into the biology of epithelial tissues,

and how they regulate tissue shape changes in 3D environments. Overall this work links

tissue shapes with established regulators of cell adhesion originally defined for cell migration

along 2D surfaces. These findings encourage new applications of long-established models for

cytoskeletal control of cell motility. They also support an emerging biophysical perspective

on the mechanisms of invasion and dissemination by breast cancer cells.

Cells regulate their adhesions to their surroundings through combined biochemical and

biophysical mechanisms [112]. Adhesion formation and regulation during cell motility is

integrated into the actomyosin networks that span cells [118]. Data presented here shows that

cytoskeletal regulators exert dominant effects on cell adhesions to their surroundings during

tissue shape changes. The formin Dia1 is required for the morphological and biochemical

maturation of focal adhesion plaques, as was shown previously [170]. The present work shows

that loss of Dia1 does not prevent the formation of polarized acini in 3D culture, and does

not prevent cell movement within acini. Further, Dia1 is dispensable for motility stimulated

by the growth factor HGF along 2D substrates. These observations provoke the question:

what is the physiologic role of focal adhesion maturation?

Indeed many cell motility behaviors do not require that cells form canonically mature

focal adhesions [167]. This question is resolved for tissue shape changes by functionally

separating different interactions between MDKC cells and the surrounding collagen matrix,

which in turn correspond to different MDCK cell motility behaviors. When stimulated with

Hepatocyte Growth Factor (HGF), MDCK cells exhibit two distinct motility phenotypes:

cells rearrange and rotate within the plane of the epithelium, after which a few cells initiate

out-of-plane motility and extend into the collagen matrix. Current models for cell motil-
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ity, whether along 2D surfaces or through 3D matrices, and whether as single cells or cell

collectives, did not offer clear predictions on how MDCK acini might control these distinct

motility phenotypes. Our observations of cell-collagen interactions establish that Dia1 is

critical for stable adhesion to collagen fibrils. Adhesion instability is marked by the inabil-

ity to deform collagen fibrils as cells contract against them. This adhesion defect prevents

MDCK cells depleted of Dia1 from undertaking collective shape changes. A previous report

from our group similarly concluded that remodeling of ECM proteins was impaired when

focal adhesion maturation was blocked [170]. Together these results suggest that focal ad-

hesion maturation might play a conserved role in the deformation or reorganization of ECM

proteins on subcellular scales. Finally, these observations show how multicellular behaviors

depend on subcellular cytoskeletal control of adhesions.

The work presented here does not thoroughly address biochemical signaling that might

regulate branching morphogenesis. Interestingly, Mostov and colleagues have published a

gene expression array study to uncover transcriptional profiles regulating branching morpho-

genesis [101]. This study notably did not identify formins or their regulators as significantly

upregulated genes during branching morphogenesis. There could be several reasons for this.

Their gene expression data came from MDCK cells after 72 hours of HGF stimulation. This

might be too late to capture expression changes that drive the initial steps of branching

morphogenesis, analyzed here. Further, and more importantly, gene expression changes may

not be necessary to drive the initial cytoskeletal changes that accomplish cell invasion.

Several cell-intrinsic parameters contribute to the mechanical properties of tissues [247,

142, 262, 260]. Many of these parameters directly impact cell shapes within epithelial mono-

layers [258]. This prompted our exploration of physical models to help understand and pre-

dict tissue properties by analyzing their cellular constituents [257, 277]. We tested a model

for tissue jamming transitions predicated on cell shape measurements. Using two different

perturbations of the actin cortex – depletion of Dia1 or inhibition of myosin contractility –

we could drive MDCK acini from a jammed state into an unjammed, fluid-like state. We
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further show that the stimulation of cell motility by HGF also induces unjamming. This

work validated the generality for this jamming model in spherical epithelial tissues, which

are topologically identical to epithelial monolayers in 2D culture. We therefore confirm that

cell shape reports on biologically relevant tissue parameters irrespective of tissue culture as

a 2D or a 3D monolayer.

Considered together, this work clarifies the roles for formins as cytoskeletal regulators

controlling the mechanical properties and shape changes of epithelial tissues. These expanded

roles provoke a reconsideration of how tissues change shape, whether in developmental or

pathological contexts. Regulation of formins also offers a mechanism by which tissues could

control shape changes downstream of a potent driver of cell motility such as HGF. The

turnover of actin networks in the cell cortex might offer a unified mechanism that relates

formin activity both to cell shape and to the stability of cell adhesions to collagen. We

show that tissue unjamming or fluidization occurs early during HGF-stimulated branching

morphogenesis. However, the cell jamming model in its current form does not describe later

invasive processes as these involve shape constraints of the tissue as well as inhomogeneities in

cell mechanics for which the model cannot account. This model might therefore be helpfully

extended by probing whether and how the initial tissue state dictates the course of branching

morphogenesis, for example when myosin contractility is inhibited.

The roles we define for Dia1 in controlling adhesion stability during branching morpho-

genesis encourage a reconsideration of how Dia1 is regulated. In most contexts, Dia1 is

activated by binding of Rho [143, 134]. In addition to controlling formins, however, Rho

activates myosin contractility through ROCK [143]. As a central regulator of cell motility

Rho has been presumed to determine cell shape and motility through myosin contractility.

This conflation of myosin with Rho signaling, at the expense of consideration for formins,

has contributed to simplistic views of focal adhesion maturation and actin network organiza-

tion [174, 278, 116]. In contrast, data presented here advocates for opposing roles assumed

by Rho. Via ROCK and myosin activity, Rho controls cell shape, limits protrusions, and
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enforces front-rear polarity [246, 121, 113]. However, myosin contractility is not required for

small, unstable adhesions [170]. Through formins, Rho controls the actin network organi-

zation of a cell through formation of stress fibers, which are required to form stable focal

adhesions [157, 170].

In the case of MDCK acini undergoing branching morphogenesis, these two effects of Rho

appear to compete to control cell motility into the collagen gel. Prior to branching, cells

undergo rapid rearrangements and move past sites of adhesion on collagen fibrils. Without

formin activity, adhesions are easily disassembled in the midst of these cell rearrangements.

On the other hand, without myosin contractility cell rearrangements do not propagate tension

across the monolayer. Thus weak adhesions can prevail and cells can migrate into the collagen

gel, as has been reported upon ROCK inhibition [95]. Together, these data propose a refined

role for Rho and emphasize the competing roles of cytoskeletal regulators.

5.2 Future directions

An immediate implication of this work is the role for formins during branching morphogen-

esis and tumor invasion. To clarify this role, two avenues could be pursued. First, cells

overexpressing either full-length Dia1 or a version missing its regulatory domains could be

tested for their ability to invade into collagen gels. Using MDCK cells, a corollary study

could test whether these constructs interfere with growth and polarization of acini in Ma-

trigel. Both MDCK acini and mouse tumor explants could be employed to test whether Dia1

expression is sufficient to induce collective cell invasion in a dose-dependent manner. This

possibility is suggested already by studies showing that an intermediate filament, Cytoker-

atin 14, promotes invasion by mammary tumor cells [41]. The actin cytoskeleton and the

intermediate filament network have been shown to interact, although the details of their in-

teraction are not understood [279, 280]. If their interaction is indeed mechanistically related

to invasion, then Dia1 may operate as a cytoskeletal effector of mammary tumor cell lineage

as was demonstrated for Cytokeratin 14.
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One aspect of this work that has yet to be fully investigated is the relation of the data

shown here to the properties of the cell cortex. The control of actin cortex mechanics

are a rich area of investigation by biologists as well as physicists [281, 271, 272] yet cortical

dynamics in multicellular ensembles are less well studied outside of intact embryos [264, 282].

The present work may therefore present a compelling case for the integration of two distinct

but related areas of investigation: actin cortical dynamics and focal adhesion formation and

turnover. Acini of MDCK cells present a unique case for the formation of focal adhesions not

seen in canonical models of cell motility on 2D substrates [112] or in single cells migrating

through 3D environments [190]. This is thanks to the enforcement of a continuous surface

formed by the acini, at which individual cells must form adhesions. The context in which

such adhesions are formed appears to be highly dependent on the properties of the actin

cortex, as shown by this work. This might be most readily apparent by the lattice light

sheet imaging shown in Chapter 2.

It is therefore tempting to speculate that focal adhesions in MDCK acini might share

common themes with other cell surface assemblies such as immunological signaling complexes

[283]. The formation of such complexes is reliant on specific functions of the cortical actin

network to which they are tethered. For example, the immunological synapse formed by T-

cells with their targets was recently shown to exert centripetal force dependent on actomyosin

contractility [284]. There is little reason to suspect that loss of Dia1 would only impair focal

adhesion formation, and it might also prevent normal immune receptor function or a range of

complexes that require the dynamics of the actin cortex for their formation [275]. Pursuing

focal adhesion formation and stability in spherical tissues might benefit from, and contribute

to, the body of literature on the acotmyosin cortex, its mechanical properties, and its role

in cell surface receptor signaling. This connection is already suggested by lattice light sheet

imaging of myosin activity at the cortex of control and Dia1-deficient MDKC acini, detailed

in Chapter 2.

The methodologies pursued throughout this work encourage broader experimental con-
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siderations of cell motility. Analyzing cytoskeletal regulators of cell shape or motility within

model epithelial tissues draws from decades of accrued knowledge of cell motility and its

control by the cytoskeleton. Cells do not create or use different protein components, or even

very different subcellular organelles, whether moving in simplified 2D or complex 3D envi-

ronments. What differs substantively across environments is rather the spatial organization

of cytoskeletal proteins that regulate cell motility. Cell biologists must therefore carefully

choose how to apply the lessons of cell motility studies across varying environments. The

observations described here illustrate the shared overall organization and roles of the actin

cytoskeleton in forming adhesions and driving cell motility. However, this work also empha-

sizes that some cytoskeletal proteins, such as myosin, mark cell adhesions to collagen in 3D

contexts but not in 2D. Thus while the conclusions reached by this work are shared between

cells migrating collectively in 3D and individually in 2D, namely, that actin organization de-

termines adhesion stability, some of the components that mark subcellular organelles differ

appreciably across cell culture conditions. As noted previously, the concentration of myosin

at adhesions might signify that these share features with sites of ECM proteolysis known as

invodosomes. If true, then the distinctions between focal adhesions and invadosomes might

be revisited. Yet this work argues that, whatever their specific constituents, these adhesions

require formins for their stability.

Overall this work illustrates that cell biology should advance through clear mechanistic

models that make predictions across different experimental settings, but retain flexibility in

visualizing and interpreting experimental results. Clearly, the internal organization of cells

is under no obligation to abide by cell biologists’ established classification schemes of, for

example, a focal adhesion or an invadosome. This lesson should discourage dogmatic adher-

ence to specific protein markers in order to validate the presence or absence of subcellular

structures. Meanwhile this work encourages the application of mechanistic models differ-

ently to suit a given experimental context. This flexibility can move cell biology forward

and highlight novel areas of overlap between existing subfields. Showing, for example, that
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myosin is indeed localized to sites of adhesion permits us to broaden and specify into new

contexts the predictions made by established models of cell motility in 2D.

Finally, the conclusions drawn here regarding emphasize the importance of defining func-

tional outcomes when studing of cell motility and the actin cytoskeleton. Focal adhesion

stability might best be studied in contexts where cells use focal adhesions to deform or re-

model their physical surroundings in measurable ways, rather than in contexts that simply

measure cell displacement. In this sense, cell motility, especially through 3D environments,

might be more robust to perturbation than is generally appreciated in this field currently.

More broadly, one might conclude that cell motility does not meaningfully capture the most

critical behaviors of tissues as they develop or during cancer invasion. Tying functional out-

comes for tissues more closely to individual cell behaviors may require consistently revisiting

assumptions made about how to bridge these scales.

5.3 Outlook

This work describes methods and data that draws from the self-organization and emergent

properties of cells and their fruitful investigation by imaging-based methods. These studies

bridge 3D cell culture techniques and investigations into cell adhesions rooted in biophysics.

Making these connections requires careful techniques for culturing and imaging multicellular

structures. Much more can be learned by leveraging the improved resolution and sensitivity

of lattice light sheet microscopy, for example. However, the value of creative and ambitious

application of conventional microscopy cannot be overstated. Prioritizing resolution to the

exclusion of all else risks missing the cell behaviors, albeit imperfectly captured, that might

offer greater biological insight.

In this sense, the work described here highlights the importance of considering spatial

scales in future advances in cell biology. Reductionist approaches too often to drive pro-

posed biological mechanisms to the smallest conceptual scale. This scale may be that of a

single protein domain [285] or as large as a single cell [286]. Bringing explanatory power
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to biological phenomena drives many biologists toward simple causative protein-protein in-

teractions, single gene actions, or cell populations. These often succeed in some instances

but fail in others with limited understanding of why [287]. On the one hand, biologists have

increasing understanding of the molecular mechanisms of protein actions, especially with re-

cent advances of superresolution microscopy and cryo-EM studies [288]. On the other hand,

more and more data is available on the bulk behavior of tumors using gene expression data,

histology, or animal models [289, 31, 290]. These advances have yet to properly meet in the

middle, to establish causal relationships between proteins and the immediate microenviron-

ment of tissues. This scale has gained increasing relevance, for instance, due to mounting

evidence for small clusters of tumor cells as seeds of future metastatic outgrowths [53, 54].

Finally, this work owes a significant debt to generations of microscopists. Prior to the

theories and technologies that centralized the DNA code, the study of biology was acutely

reliant on the ability to visually inspect and describe living systems. From the forms of sin-

gle cells and the organelles within them, to the steps by which entire organisms attain their

final shapes, living systems were investigated through meticulous description. The success of

careful observation as a methodology traverses generations of biologists, from hand drawings

of embryonic development by Wilhelm His [203], to the structure of mitochondria described

by George Palade using electron microscopy [291]. Visual data provides invaluable source

material with which biologists test hypotheses or elaborate underlying mechanisms. Tech-

nology drives improvements in observation, which could then adjust or disprove theoretical

descriptions of biological systems. In many ways this methodology has changed little since

the work of Willhelm His or Darcy Thompson. The ability to directly observe biological

phenomena persists today as the foundation of understanding across subfields of biology, es-

pecially as a means of testing theories and hypotheses. Increasing the breadth and precision

of imaging technologies thus pushes forward the boundaries of biological knowledge.
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