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ABSTRACT 

The development of next-generation sequencing has brought a comprehensive understanding 

of human genome to us. It has been well undertand that human genes are not consecutive but 

contains numerous cis-regulatory elements. These cis-regulatory elements was proved to be 

crucial for lineage-specific gene expression during development. To elucidate the gene-regula-

tory interactome is important not only in understanding the development of human and other spe-

cies but also provide crucial guidance on studying diseases. This task is surprisingly difficult as 

cis-regulatory elements can regulate genes that are not their immediate neighbors. Some ele-

ments could modulate gene expression from a large genome distance. Thus, to uncover the mys-

tery of gene regulation requires a better understanding of how chromatin fibers folded in 3D 

among different cell type. Moreover, epigenetic markers emerge to be proven as important indi-

cators for gene regulation. Recent years have seen rapid progress in technologies for genome-

wide analysis of 3D genome organization. However, there remains largely unknown between 

chromatin structure and gene regulation. In addition, lacking high resolution chromatin contacts 

maps also limit our understanding of mechanism of chromatin folding.To meet the requirement, 

two major strategies are designed and will be discussed in the thesis.   

The Chemical-crosslinking Assisted Proximity Capture (CAP-C) strategy improves the 

chromatin contact maps at high resolution by capture more short range-chromatin contacts. Us-

ing this strategy, we also discovered an inexplicable relationship between chromatin structure 

and transcription and proposed that organization of genome may not be a determinant of tran-

scription but also a consequence of its function.  

The Nano-hmC-Seal strategy enable us to profile 5hmC location with limited materials. We 

have successifully utilize this method in studying AML and predict its clinical outcome 
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1 Introduction 

1.1 Features of chromatin architecture and gene regulation 

The ~ 2-meter-long mammalian genomic DNA is organized elegantly into compact, knot-free 

chromosomes in cells (1, 2). Thus, packaging the genome requires extensive folding to fit within 

the volume of a constrained cell nucleus. Protein-mediated DNA interactions are thought to influ-

ence chromatin compaction and affect transcriptional outcomes. As cells enter different cell cycle 

stages or differentiate according to their intended pathways of development, their chromosomes 

often undergo re-organization, experiencing changes in gene expression which impact cellular pro-

cesses and functions (3-6). The structure of chromosomes is thus critical for the cell to function 

properly; disruption of chromosome territories often leads to the dysfunction of gene regulation or 

contributes to diseases (7-10).  

Changes of gene expression during development is usually coupled with switching of pro-

moter-enhancer interactions. Enhancers confer tissue-specific expression of target genes by re-

cruiting sequence-specific transcription factors and chromatin remodeling complexes (11-14). Be-

sides, insulator elements play an important role in gene regulation by limiting the enhancer func-

tion and preventing the spread of heterochromatin (15). Thus, for accurate gene expression, it is 

important to question how cis-regulatory elements are spatially stalled to prevent enhancers tar-

geting unfavorable promoters and promote those preferred ones. And in turn, how tuning gene 

transcription affects the overall 3D chromatin organization. 

1.2 Tools to study 3D genome organization 

Recent years have seen rapid progress in technologies for genome-wide analysis of 3D ge-

nome organization in living organisms. Two major technologies have been introduced and used 

extensively to study the 3D chromatin structure: microscopy-based imaging tools (fluorescence in 
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situ hybridization (FISH)) (16) and chromosome conformation capture (3C)-coupled sequencing 

methods (17). 

Fluorescence in situ hybridization (FISH) uses fluorescent bearing probes that bind specifi-

cally to the parts of chromatin with high degree of sequence complementary (18). Such DNA or 

RNA probes will either tagged directly with fluorophores or biotin or digitonin that can be further 

recognized by antibody linked fluorophores (19). The chromosome samples are prepared by cross-

linking with para-formaldehyde and firmly attached to substrate like glasses. After denaturing and 

blocking repetitive DNA sequence with short DNA fragments, the designed FISH probes are ap-

plied to hybridize to their targeting regions. The results are then visualized and quantified using a 

microscope that is capable of exciting the dye and recording images (20) (Fig.1.1 right).  

The use of FISH enables researchers to visualize multiple loci that are spatially in proximity 

in each cell, making it possible to investigate the heterogenicity of chromatin organization. In ad-

dition, live cell imaging can reveal dynamic changes in interactions among chromatin loci. How-

ever, the drawbacks of FISH are obvious as it requires pre-knowledge on possible interacting loci 

before designing probes. Moreover, the fosmid probes used for chromatin labeling are 40kb long 

in average, making it difficult to resolve those interacting loci that span less than 100Kb long (21). 

Lastly, the resolution achieved by FISH is strongly constrained by the limitation of diffraction of 

light sources which is ∼200 nm laterally and >500 nm axially (22). Taken together, FISH is fre-

quently used in validating those known long-range enhancer promoter interactions. The lack of 

resolution and throughput limits its application in studying chromatin structure genome-wide. 
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Fig.1.1 Tools to study chromatin architecture. Left: scheme of Chromatin Conformation 

Capture (3C); Right: scheme of Fluorescent in situ Hybridization (FISH) 

 

Besides visualizing directly with imaging tools, 3D chromatin structure can also be inferred 

by pairwise contact frequency among loci. Chromatin conformation capture (3C) (17) and its de-

rivatives (23) were introduced as an alternative strategy to study chromatin interaction. 3C is per-

formed by first crosslinking chromatin with formaldehyde to preserve the 3D chromatin confor-

mation, the DNA was then digested with restriction enzyme (i.e. HindIII) followed by re-ligation. 

If two loci are spatially in proximal at the time of crosslinking, they will be joint together known 

as proximity ligation, the ligated product could then be assessed by designing probes for qPCR to 

quantify the frequency by comparing with those non-ligated ones. Though 3C could be applied to 

investigate interreacting loci at all range, lacking throughput limits its broad use. Moreover, the 
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results acquired by 3C are often the consequence of a large population of cells, making studying 

the heterogenicity of chromatin structure impossible (Fig.1.1 left). 

1.3 3C derived technology 

In recent years, next-generation sequencing has been extensively applied to couple with all 

kind of 3C derived technology, resulting in proliferation of tools to map chromatin structure with 

various coverage and resolution. Some typical technologies that have been used extensively are 

introduced in below (24) (Fig.1.2): 

 

Fig.1.2 Brief overview of the C-technologies. All C-technologies share the steps of formal-

dehyde cross-linking, DNA fragmentation, and proximity ligation but may vary in whether to label 

the fragment end with biotin, the strategy to enrich the regions of interest by either antibody or 

designed sequence probe, and the quantification methods. The biotin label is represented by the 

purple star. Abbreviation: IP, immunoprecipitation. 
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4C:  4C (25) is a “one to all” technology that allows for genome-wide identification of all 

possible interacting patterners to one specific locus. It requires designing primers specific targeting 

to the interested locus (or called as view point). The primers will then by hybridized with 3C 

ligated products. Through PCR, all potential candidates interacting with the view point will be 

amplified and then quantified with high-throughput sequencing (26). 

5C: 5C (27) is a “many to many” technologies, which for the first time greatly improve the 

genome coverage of 3C. This method takes advantage of designing primer pools that could target 

multiple chromatin locus. By annealing to the 3C ligated products, all interacting partners with the 

designed primer pools will be captured and amplified from PCR and analyzed through high-

throughput sequencing (28) (29). 

Hi-C: Hi-C (30) is a “all to all” technology, which unbiased captured all possible interactions 

across the genome. The major modification of Hi-C over conventional 3C is labeling the DNA 

fragments with biotin before proximity ligation in order to allow for the subsequent enrichment of 

all ligation products. There are all kinds of variants of Hi-C depending on the fragmentation 

method or the ligation condition, including micro-C (31), DNase Hi-C (32) and in situ Hi-C (29). 

Of note, in situ Hi-C is not only the most frequently used but also bears the highest resolution of 

all 3C related methods largely owing to the deep sequencing.  

ChIA-PET: (33) Chromatin interaction analysis by paired-end tag (ChIA-PET) is a “many to 

many” technology which combines chromatin immunoprecipitation (ChIP) and proximity ligation 

and sequencing. In ChIA-PET, cross-linked chromatins are sheared by sonication and then sub-

jected to immunoprecipitation by using antibodies against the protein of interest, followed by prox-

imity ligation, amplification of proximity ligation products, and sequencing. Compared to Hi-C, 
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ChIA-PET is a cost-effective method especially suitable to investigate enhancer-promoter interac-

tions at high resolution (34). 

Capture-C: Capture-C (35) (36) is a “many to all” method which combines Hi-C with targeted 

DNA fragment capture and sequencing. Unlike 5C, Capture-C requires designing pools of DNA 

or RNA oligos containing biotin to specifically hybridized with multiple proximity ligation prod-

ucts corresponding to those interested locus (i.e. promoters). The captured DNA sequence is se-

quenced to reveal spatial contacts within these regions (37) (38, 39). 

HiChIP: Only until recently, HiChIP, (40) a “many to all” technology, has been introduced as 

an alternative method for ChIA-PET. Unlike ChIA-PET, HiChIP is performed by in situ ligate of 

proximal DNA fragment within nucleus just like in situ Hi-C before immunoprecipitated of protein 

of interest. By doing so, it preserves more chromatin contacts of interest compared to ChIA-PET 

and requires less amount of cell input. In addition, by comparing with Capture-C, HiChIP doesn’t 

require to synthesis oligo pools targeting interested locus, making it unique method to map versa-

tile chromatin interaction by choosing different antibody against protein of interest at high resolu-

tion (41). 

1.4 Chromatin features detected by 3C derivatives 

The above described methods and their variations employ formaldehyde-mediated crosslink-

ing followed either by in-situ enzymatic and proximity ligation or labeling with fluorescent bear-

ing probes to infer spatial relationships between genomic loci. They have been instrumental in 

elucidating the principles of chromatin folding. Studies using these techniques have confirmed 

the existence of multiple layers of genome organization such as chromosome territories (42), 

compartments (30), topologically associating domains (TADs) (43), sub-TADs (28), insulated 

neighborhoods (44) and chromatin loops (29) (Fig.1.3).  
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Fig.1.3 Existence of multiple layers of genome organization. Chromosome are partitioned 

into chromosome territories, compartments, topologically associating domains (TADs), sub-

TAD (loop domain and compartment domain) and chromatin loops. CTCF is shown in green, 

each cohesin sub-unit is presented in different color. (Smc1 in blue; Smc3 in purple; Rad21 as a 

red belt; Scc3 in orange) 

 

 

Chromosome territory, which could be visualized via FISH, was defined as each chromo-

some occupies its own position inside nucleus (45). Separation of chromosome into different par-

titions is also supported by Hi-C. Chromosome territory is not randomly distributed inside the 

nucleus, rather than that, Long and gene poor chromosomes tend to locate at the periphery of nu-

cleus while those short and gene rich chromosomes will prefer to reside at the center (46). More-

over, chromosome territory is conserved during mitosis, which suggests an uncharacterized 

mechanism for mother cells to pass the information of chromosome positioning to their daughter 

cells (47). Lastly, such positioning in chromosome territory also correlates to replication timing 

as those early replicating loci tend to locate at the center, whereas those late replicating loci have 

a preference sitting at nucleus periphery (48, 49). 

Besides chromosome territory, contact maps generated by 3C methods after normalization 

display a plaid pattern when viewing in observe/expect mode, suggesting the existence of two 

compartments inside nucleus (30). Principle component analysis on the observe/expect matrix 
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reveals that chromosome is partitioned in A/B compartment based on the first principle compo-

nent. Intriguingly, compartment A regions are early replicating and high density of gene with ac-

tive transcription. They are enriched with H3K36me3 and DNaseI hyper sensitive sites (30). On 

the contrary, compartment B regions are late replicating enriched in inactive gene locus, which 

overlap strongly with lamina-associated domains as well as heterochromatin (50). Compartment 

A and B is also cell type specific. Human embryonic stem cells undergo over 30% compartment 

switching during differentiation (51). Thanks to high resolution achieved by deep-sequencing of 

in situ Hi-C, compartment A and B are further divided into 5 sub-compartments, namely A1, A2, 

B1, B2, B3 (29). And intriguingly, each sub-compartment is associate with a specific pattern of 

histone modifications (52). 

When zooming in the contact matrix generated by Hi-C to achieve higher resolution using the 

smaller bin size (around 40Kb resolution), computational algorithms measuring the directionality 

of interactions in the genome identified topologically associating domains (TADs) (43, 53), rang-

ing from 0.2-1.0Mb long. It corresponds to sequences that prefers to interact with themselves rather 

than other genomic regions. In the study of mouse embryonic stem cells (mESCs), it was reported 

that more than 90% of its genomes are partitioned into TADs with a median length of 800Kb. 

Besides, TADs are also found to be conserved among species. Drosophila, (54) C. elegans (55), 

zebra fish (56), yeast (31, 57) and human genomes are all organized into different size of TADs 

depending on their genome size. On the contrary, Hi-C contact maps generated from Arabidopsis 

thaliana showed no sign of TADs, indicating that genome of plant may adopt different organization 

principles (58). It is important to point out that hierarchically multiple TADs interact with each 

other and form compartment. Each TADs are marked specifically with either active or inactive 

histone modification. On the boundaries of TADs, proteins like CTCF and cohesin was found to 
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be enriched together with some house-keeping gene and active chromatin transcription start sites 

(TSS) (43). There exist many evidences to support that TADs are the fundamental unit of chroma-

tin organization (59, 60). First of all, TADs were found to be stable across cell types and tends to 

remain unchanged during cell differentiation. The change of histone modification rarely changes 

the TADs positioning (51). Secondly, TADs were identified to be conserved among species, 50-

70% of human and mouse TADs share similar boundaries (51). Thirdly, the enhancers and pro-

moters within the same TADs tend to be coordinately weakly. Lastly, boundaries of replication 

domains were found to show one-to-one correspondence with TAD boundaries, suggesting that 

the TAD is a basic unit for replication (61-63). 

The presence of smaller structure units within TADs were also reported by high resolution in 

situ Hi-C experiment, namely sub-TADs (28), contact domains (29) and insulation neighborhoods 

(36). Like TADs, sub-TADs display self-association with a decrease in contact frequency among 

sub-TADs boundaries. The boundaries of sub-TADs and many contact domain boundaries also 

enriched for CTCF/cohesin (29). Compared to TADs, sub-TADs seem to be less conserved among 

cell types but rather appeared to be more related to tissue specific gene expression (64). In addition, 

insulation neighborhoods are defined as gene regulation units with Ctcf/cohesin anchors at their 

boundaries, appearing to constrain the enhancer-promoter interactions within it (65). 

According to the polymeric nature of chromatin fibers, two genomic loci will not contact with 

each other at high frequency via random collision (66, 67). In this way, chromatin looping occurs 

rarely without strictly regulation. Such chromatin looping always reflect the biological relevant 

activities like enhancer-promoter interaction during gene regulation. Given the fact that regulation 

elements distributed at a range of several hundreds to a few thousands base away from each other 

(37, 68-72). Kilobase resolution Hi-C contact maps are required to achieve identifying looping 
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contacts across genome. Visualized as a bright spot on the Hi-C contact matrix, two types of chro-

matin looping events have been identified (29). The first type is constitutive and invariant across 

cell types, demarcating most of the boundaries of TADs (73, 74). Such type of loops is often found 

to be mediated by CTCF/Cohesin complex. Among which, most of these loops contain conver-

gently positioned CTCF, which explained why only a subset of CTCF will compose the TADs 

(29). On the other hand, another type of loops, mainly constructed by enhancer and enhancer as-

sociated factors as well as cohesin subunits together with mediator sub-units, are more cell type 

specific and might change during cell differentiation and development (28, 74).   

1.5 Proposed mechanism for chromatin organization 

To date, the smallest higher order chromatin structure identified is chromatin loops. It has 

thus been proposed that chromatin loops are the basic unit for chromatin architecture (29). Given 

the fact that many domain boundaries are formed by Ctcf/cohesin complex, a model called loop 

extrusion (Fig.1.4 left) has been proposed to explain how hierarchically loops help in formation 

of domain and compartment (75-79). Cohesin is a large protein complex containing four core 

sub-units: two SMC proteins (SMC1 and SMC3), an alpha-kleisin, and an orthogonal of the 

yeast Scc3 protein (80). The cohesin complex will be loaded onto the DNA by NIPBL, it will 

then slide and extrude along the DNA sequence until blocked by convergently oriented CTCF 

(81-83). The stopped Cohesin/CTCF complex will constrained the sequence to form domains 

and serve as insulator to prevent interactions with another domain. Cohesin could also be un-

loaded by WAPL (84), resulting in a dynamic on and off formation of domain along the genome 

and further influence the transcription. 
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Fig.1.4 Two proposed mechanisms on chromatin organization. Left: TAD formation by 

loop extrusion. The Cohesin complex forms a ring structure and travels along the DNA fiber, ex-

truding a progressively larger loop until it is stalled by bound CTCF with convergent orientation. 

(CTCF is shown in green, each cohesin sub-unit is presented in different color. (Smc1 in blue; 

Smc3 in purple; Rad21 as a red belt; Scc3 in orange)) Right: TAD formation through phase sepa-

ration. Segregation of chromatin states in the nucleus may occur as a consequence of the pres-

ence of different classes of multivalent proteins that mediate class-specific interactions to create 

different phases, which result in droplets of distinct chromatin states within the nucleus. Red 

balls represent proteins and histone modifications present at genes or regulatory sequences in a 

transcriptionally active state, yellow balls represent histone H3 lysine 27 trimethylation 

(H3K27me3) and Polycomb group proteins, and blue balls represent H3K9me3 and heterochro-

matin protein 1α (HP1α) 

 

 

Loop extrusion model indeed explained many of experimental observations from Hi-C (85-

87), however, there still remains many contradictories as well as mysteries yet to be solved. First, 

there is no clear evidence to support the cohesin extrusion in vivo (88). The loop extrusion model 

speculated that cohesin subunit SMC1/3 consumes ATP and help its extruding. Indeed, when 
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ATP is depleted, cells with acute loss of cohesin have no ability to recover the loops. However, 

this might not be a direct evidence to support the idea that it is cohesin itself consumes the ATP 

to extrude. There are other work speculating that during transcription RNA polymerase II 

(RNAPII) might push cohesin ring for extruding (89, 90), however, calculation based on the 

movement speed indicates that RNAPII movement is much slow compared to cohesin extrusion. 

Beyond that, some simulation work has been done to support the hypothesis that transcription 

induced supercoiling might serve as a strong force for cohesin movement (91, 92). However, no 

direct evidence has been shown to prove that. Second, Hi-C experiments display a lot of differ-

ences between cells with acute loss of CTCF and cohesin, suggesting that there are mechanisms 

for domain formation other than cohesin/CTCF formed loops (93-95). Lastly, CTCF is a rela-

tively small protein (~5 nm) compared to cohesin (~50nm), how such small protein could block 

the movement of a large protein like cohesin remains unclear (96). Besides, eukaryotic DNA is 

wrapped with histone, how cohesin slide along the DNA with so many histones around is also a 

mystery. Some studies have proposed cohesin walking along the chromatin but there is no clear 

evidence to support that (97).  

Given the fact that compartment domains still remain after acute loss of CTCF, mechanism 

independent of loop extrusion exists. It was not until recently another theory has been proposed 

which speculate domain formation through phase separation (98, 99) (Fig.1.4 right). On the basis 

of this model, active and inactive regions of the genome may be able to interact with members of 

their own class, forming two different phases that preclude inter active and inactive compart-

mental contacts. This model was largely coming from the fact that chromatins are partitioned 

into A/B compartment as well as recent discoveries of phase-separated heterochromatin protein 

1α (HP1α)-mediated heterochromatin droplets are formed in vitro and can be detected in vivo. 
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Indeed, recent studies have shown RNAPII forms phase separated droplets both in vitro and in 

vivo (100). This might suggest that transcription activation is able to promote phase separation of 

active chromatin. Model of phase separation would entail the constant fusion and fission of chro-

matin droplets, suggesting that compartmental domains are involved in dynamic interactions. 

Despite the above stated two mechanisms, we don’t preclude other possible mechanisms on do-

main formation. Both loop extrusion and phase separation could only explain partial of the ex-

perimental observations. More experiments are needed to further elucidate the principle of chro-

matin organization.   

1.6 Relationship between chromatin structure and gene regulation is complex 

The above discoveries on chromatin structure highlighted the chromatin is strictly parti-

tioned into TADs and such phenomenon is conserved across species. Each TAD may contain one 

or several compartment domains and loop domains while loop domains are thought to be formed 

through cohesin/CTCF loop extrusion. As chromatin structure is thought to be closely related to 

gene regulation, many studies have been conducted to indicate that insulators like cohesin and 

CTCF form loops/domain boudaries in order to help enhancers find their cognate promoters 

within the same loop/domain, while on the other hand, prevent those enhancers to target promot-

ers that locate outside the loop/domain (65, 73). In this way, any inversion or deletion around the 

boundaries of TADs will cause dysregulation of genes or even worse, disease (101). This is best 

illustrated by studying on EPHA4 locus (102) (Fig.1.5). EPHA4 at the telomeric side resulted in 

brachydactyly (short digits) whereas an inversion and a duplication on the centromeric side in-

volving part of the EPHA4 TAD were shown to be associated with a complex form of syndac-

tyly. Further investigations have revealed that an enhancer clusters located in the EPHA4 TAD 
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that normally regulates the expression of EPHA4 in the limb bud is activating different genes de-

pending on the structure variation. Paired box3 (Pax3) gene is activated in brachydactyly while 

Wingless-type MMTV integration site family, member 6 (Wnt6) in the syndactyly. All this pheno-

type comes from the disruption of one TAD boundary so that misexpression of genes occurred 

due to ectopic interaction of the enhancer with the target gene (102). 

 

 

Fig.1.5 Deletion of TAD boundaries lead to disease. Top panel: Cartoons illustrate dele-

tion of TAD boundaries will result in dysregulation of gene expression. Bottom panel: A deletion 

removing Epha4, parts of the Epha4 TAD, and the boundary region results in ectopic interaction 

of the Pax3 promoter with enhancers that originally belonged to Epha4. This ectopic interaction 

results in ectopic expression of Pax3 in the distal limb bud, which results in shortening of the 

first and second digits (arrow). 
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As shown above, TAD boundaries play an important role in gene regulation by limiting en-

hancers to target cognate promoters. CTCF, as an insulator, is often found to be located near the 

TAD boundaries, such observations suggests a crucial role for CTCF in gene regulation. How-

ever, the effects of CTCF removal on transcription can be quiet variable. Complete loss of CTCF 

is lethal during embryonic development (103), whereas haploinsufficiency results in intellectual 

disability, microcephaly and growth retardation (104, 105). Heterozygous CTCF-knockout mice 

show a high incidence of tumors, and mutation of specific CTCF binding sites correlates with 

various cancers in humans (106, 107). However, recent studies conducted on acute loss of CTCF 

show contradictory results as only a minority of gene expressions have been changed (53). Com-

pletely depletion of CTCF only result in 370 differential gene expression, while among which 

only 43 genes showed 5-fold change in expression. Aside from CTCF depletion, acute loss of 

Rad21 eliminate all CTCF loops only found 2 genes displayed 5-fold expression change. The 

drastic difference between phenotype in CTCF/cohesin depletion in living organism and minor 

changes to gene expression observed in culture cells lead to an important question: How chroma-

tin structure affects the gene expression? More studies are required to further understand it. 

On the other hand, we know little about how differential transcription changes the overall 

chromatin structure. Inhibition of RNAPII in the bacteria Caulobacter crescentus and Bacillus 

subtilis results in a great loss of compartment domain (108). Similar experiments conducted in 

mammalian cells seem to show less significant results. Inhibition of RNAPII elongation in D. 

melanogaster cells only result in reduction of interactions inside compartmental domains but 

doesn’t eliminate the compartment domains (109). Moreover, there was minor chromatin struc-

ture changes after transcription inhibition in human cancer cell lines (87). All these observations 

indicate that the relationship between transcription and chromatin structure is complex and share 
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little similarities between species. One possible explanation is that the maintenance of these do-

mains is dependent on the presence of proteins related to transcription rather than on the tran-

scription process (110). As there are at least two independent mechanisms toward domain for-

mation, it is thought that transcription might play a bigger role in compartment domain formation 

while loop extrusion has a more significant impact on loop domain formation. The conclusion 

major comes from the following aspects: 1. D. melanogaster cells only have few loops which 

largely mediated by PRC2 complex and most of its domains are compartment domains (111); 2. 

Acute loss of CTCF doesn’t eliminate all the compartment domain but only CTCF mediated 

loops (86); 3. High resolution Hi-C maps show compartment domains between the start and the 

termination sites of transcribed genes (109). Taken together, more systematically studies are 

needed to further illustrate the causal relationship between transcription and chromatin structure. 

1.7 Scope of thesis 

The recent progress in understanding the chromatin structure and its related gene regulation 

revealed that the relationship between structure and function is much complicated than we thought. 

3C related methods have provided evidence that genome is partitioned into segments in a strictly 

regulated manner. However, the 3C methods by far have been all rely on the formaldehyde cross-

linking followed by restriction digestion, resulting in fragmentation of genome into large and uni-

form pieces. Consequently, the contact matrix generated by 3C methods have low resolution and 

full of noise. Some of the chromatin features are strongly dependent on the resolution of the current 

3C technologies. Thus, new crosslinking strategies which can ideally expose all potential re-

striction sites, are required to ubiquitously capture proximal contacts at all length scales. The thesis 

will discuss some progress in a novel crosslinking strategy method development in studying large 

molecule interactions involving DNA-DNA and RNA-RNA. 
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Chapter 2 presents a Chemical-crosslinking Assisted Proximity Capture (CAP-C) for chro-

matin structure study. Using this strategy, we obtained a high-resolution map of local chromatin 

interactions in mouse embryonic stem cell, discovering two types of domains that are formed 

through different mechanisms, establishing a close relationship between transcription and chro-

matin structure. 

Chapter 3 presents a Nano-5hmC-Seal for sensitive mapping of 5hmC genome-wide with 

limited starting materials. Using this strategy, we obtained high-quality maps of 5hmC for AML 

mice model and epigenetic drugs treated AML patients. We envisioned the possible utility of this 

method to predict the clinical outcome.  
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2 Chemical-crosslinking Assisted Proximity Capture (CAP-C) for chromatin 

structure study 

2.1 Introduction 

In eukaryotes, DNA exists as compact, knot-free chromosomes in the nucleus. How chromo-

somes organize in the nucleus can influence transcription, DNA replication and other nuclear pro-

cesses (1, 2).  Chromosome conformation capture approaches (such as 3C and Hi-C) (3-6) have 

been widely used to study chromatin organization in different species and cell types. These meth-

ods and their variations employ formaldehyde-mediated crosslinking followed by in-situ enzy-

matic and proximity ligation to infer spatial relationships between genomic loci. They have been 

instrumental in elucidating the principles of chromatin folding. Studies using these techniques have 

confirmed the existence of multiple layers of genome organization such as chromosome territories, 

compartments (6), topologically associating domains (TADs) (7), sub-TADs (8), insulated neigh-

borhoods (9), and chromatin loops (10).  

Some of these chromatin features are strongly dependent on the resolution of the current 3C 

technologies. The sub-megabase scale chromosomal domains termed TADs (median: 880 Kb) 

identified in previous low-resolution Hi-C maps of mammalian cells (7), are in stark contrast to 

the contact domains (median: 185Kb) obtained from high-resolution Hi-C maps (10). It is still 

unclear whether all domains form hierarchies with nested domains that are subsequently revealed 

as map-resolution increases, or whether a series of small domains with irreducible length identified 

in a high-resolution map co-aggregate and establish a large domain in low-resolution maps. Cur-

rently, only a handful of high resolution Hi-C datasets for mammalian mouse and human genomes 

(10, 11), with map resolutions around 1 Kb, are available to address these questions. Mechanisms 

leading to domain formation are only just starting to be elucidated (12-15). Hence, there has been 
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a concerted effort to push past the 1 Kb resolution limit, such as by fragmenting the genome into 

smaller uniform units (16-18). However, a recurring limitation of 3C type approaches is partial 

digestion. All of the current 3C methods rely on formaldehyde-mediated crosslinking, which cre-

ates extensive covalent linkages of protein-protein and protein-DNA in chromatin. These cross-

links can mask certain restriction sites and prevent their full digestion. The ligation of partially 

digested fragments leads to an imprecise inference of their actual genomic proximity. New cross-

linking strategies, which can ideally expose all potential restriction sites, are required to ubiqui-

tously capture proximal contacts at all length scales (Fig.2.1). 

 
 

Fig. 2.1 Schematic illustration of two advantages of CAP-C over in-situ Hi-C. (A) Pso-

ralen-functionalized PAMAM dendrimers (blue balls) not only crosslink to proximal DNA-DNA 

(black line) contacts mediated by direct protein-mediated interactions, but also crosslinks DNAs 

in close proximity without direct protein binding (indirect). Potential MboI restriction sites on 

genomic DNA are shown as grey lines. (B) In a crowded nuclear environment, binding of large 

protein complexes masks certain restriction sites and prevents them from being fully fragmented 

through restriction enzyme digestion in Hi-C procedures (Hi-C relies on protein-mediated cross-

linking). Partial digestion leads to longer ligation products and reduced resolution in Hi-C proce-

dures. The dendrimer-mediated crosslinking avoids this shortcoming. The proximal DNA loci are 

covalently crosslinked to the same dendrimer. After crosslinking all DNA-bound proteins are 

stripped away using protease treatment. All potential restriction sites are exposed and can be fully 

digested followed by ligation, leading to a preservation of chromatin contacts at all length scales. 
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Furthermore, although general principles describing the spatial conformation of mammalian 

chromosomes are emerging, critical gaps in our understanding of chromatin structure remain, es-

pecially regarding how domains form. An appealing model of loop extrusion was proposed based 

on numerous results obtained by applying 3C methods, which showed that Ctcf and cohesin loops 

help to bring distant DNA loci into proximity (15). However, this model only explains some of the 

observations, given that a large proportion of domains at high resolution do not form loops at their 

boundaries (10). In addition, recent studies investigating the consequences of acute cohesin loss 

(19, 20) indicated that two independent mechanisms compact chromatin: i) a cohesin-dependent 

loop extrusion mechanism compacts chromatin locally; ii) a cohesin-independent mechanism spa-

tially segregates the genome into active and inactive compartments at a smaller scale than previ-

ously appreciated. These results strongly implicate an alternative mechanism that correlates the 

chromatin structure with transcription, which might play an important role in shaping chromatin 

landscape. 

 

2.2 Result and discussion 

2.2.1 Synthesize psoralen functionalized dendrimer family 

To establish an approach that captures proximal chromatin contacts at all length scales, we 

utilized a new type of crosslinker in the form of multifunctional dendrimers (PAMAM) that bear 

tens of crosslinking groups on the surface of polymer spheres with diameters ranging from 3-9 nm. 

PAMAM dendrimers are iteratively “grown” off a central core, with a new “generation” of den-

drimer being synthesized at each subsequent step. Each generation of PAMAM dendrimer has a 

characteristic size and can be precisely tuned to control the number of surface amine groups rang-

ing from 16-256 amines (21). We used psoralen, which crosslinks to double-stranded DNA 
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(dsDNA) upon UV irradiation, to functionalize approximately half of the surface amine branches 

on generation G3, G5 and G7 PAMAM dendrimers, with the diameters of 3.6 nm, 5.4 nm, and 8.1 

nm, respectively. The remaining amine branches were masked with acetyl groups, making them 

inert to cellular interactions (Fig.2.2).  

 
 

Fig. 2.2 Synthesis scheme of psoralen functionalized dendrimer family Generations of 3, 

5 and 7 PAMAM dendrimers with surface amines were shown as balls in blue red and green, 

respectively. The diameters for each type of dendrimers are shown below. For each generation of 

dendrimers, half of the terminal amine branches are modified with psoralen while the rest are 

blocked with acetyl group.  

 

2.2.2 Validation crosslinking between genomic DNA and psoralen functional-

ized dendrimer in vivo 

Psoralen-functionalized dendrimers will be referred to as dendrimers throughout the theis. To 

confirm dendrimer functionality, we mixed different concentrations (2-25 µM) of G3 dendrimers 
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with 10 million of mouse embryonic stem cells (mESCs). After different time of UV irradiation, 

proteins and RNA were digested followed by DNA extraction and purification. We observed effi-

cient crosslinking upon UV exposure as genomic DNA crosslinked with dendrimer will become 

larger so that the complex will run slower in agarose gel compared to native genomic DNA 

(Fig.2.3). Thus, these nanometer probes were proved to penetrate crowded chromatin environ-

ments and covalently crosslink dsDNAs, but not proteins, that are in proximity to the psoralen 

groups on the same dendrimer. We refer to this approach as Chemical-crosslinking Assisted Prox-

imity Capture (CAP-C).  

 

 

Fig. 2.3 Validation of photo-crosslinking between psoralen-modified PAMAM den-

drimers and purified genomic DNA in vivo.  Psoralen-functionalized dendrimer G3 was serial 

diluted to 25, 10, 5, 2 µM and mixed with 10 million of mouse embryonic stem cells (mESCs), 

respectively. Each mixture was exposed under UV irradiation 10, 20 or 30 minutes. The cross-

linked complexes were analyzed on agarose gel. Red box indicates the position of genomic 

DNA. DNA-dendrimer complexes were characterized as a band shift to the top. 
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2.2.3 General scheme of CAP-C 

To investigate chromatin architecture using CAP-C, we fix cells with formaldehyde to make 

sure the subsequent application of dendrimers does not perturb native chromosome conformation. 

We then diffuse dendrimers into the cell nucleus and expose these cells to UV irradiation. The 

formaldehyde fixing is then reversed, and DNA-bound proteins are removed with protease to ex-

pose all DNA motifs, the dendrimer-DNA complexes are subsequently purified with ethanol pre-

cipitation. The purified dendrimer-DNA complexes are then subjected to MboI restriction diges-

tion and end-filling with biotin-bearing DNA, followed by ligation under ultra-diluted solution, 

biotin capture and high-throughput sequencing (Fig. 2.4). Dendrimers with a defined size were 

used for each CAP-C experiment.  

 

Fig. 2.4 General scheme of CAP-C. Mouse embryonic stem cells (mESs) are treated with 

formaldehyde to crosslink proteins (Shown in red, green, yellow) with genomic DNA (black 

strings). Psoralen-modified PAMAM dendrimers with fixed diameter (Shown as blue balls) are 

diffused into nucleus. DNA in proximity are covalently crosslinked with dendrimers under UV 

irradiation. Proteins are digested with protease and dendrimer-DNA complexed are purified. The 

purified complexes, without DNA-bound proteins, are then subjected to MboI digestion and end-

filling with biotin-bearing DNA, followed by proximal ligation, biotin capture and high throughput 

sequencing. 

 

2.2.4 Validation of CAP-C in capturing chromatin conformation 

We validate of CAP-C strategy by conducting chromatin conformation capture in differ-

ent conditions. For cells without addition of dendrimer or without UV irradiation, chromatin con-

formation capture was failed as we observed no sufficient chromatin interactions on contact matrix. 
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On the other hand, cells treated with 25uM dendrimer G3 and exposed by UV irradiation for 30 

min display similar patterns on contact matrix compared to in situ Hi-C. In addition, we generated 

long-

range chromatin contacts capture required both the addition of dendrimer and UV irradiation. From 

the curve, we also noted that CAP-C was able to capture more short-range chromatin interactions 

spanning a distance from 1000-20000bp compared to in situ Hi-C (Fig. 2.5). 

 

Fig. 2.5 Validation of the CAP-C method. Long-range contacts were lost without initiat-

ing the chemical-assisted UV crosslinking. (A) 500 Kb resolution contact maps of chromosome 

1 are shown for in situ Hi-C under different conditions of “G3 CAP-C”. No dendrimer: experiment 

was performed without introducing psoralen functionalized dendrimer; No UV: experiment was 

performed in the presence of psoralen-modified G3 dendrimer but without UV irradiation to cross-

link chromatin; CAP-C G3: CAP-C was performed with addition of psoralen-modified G3 den-

drimer; in situ Hi-C was performed as previously described. (B) Relative frequency vs genomic 

distance curve generated from low resolution maps show that “No dendrimer” and “No UV” con-

ditions fail to crosslink chromatin at long-range genomic distances over 10 kB while “CAP-C G3” 

showed similar long-range patterns typically seen in in situ Hi-C. 
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2.2.5 CAP-C features in capturing short range chromatin contacts due to the 

ability of thorough chromatin digestion with restriction enzyme. 

We next investigate why CAP-C features in capturing short range chromatin contacts. We 

performed CAP-C with or without protein removal before using restriction enzyme to fragment 

DNA. Proteinase-K negative maps using G3 dendrimers showed a relative contact frequency vs 

distance plot that recapitulated in-situ Hi-C, with significantly fewer short-range interactions than 

G3 CAP-C maps (with proteinase-K digestion to expose most restriction sites). (Fig. 2.6) These 

data strongly suggest that protein removal promotes short-length proximal chromatin contact liga-

tion.  

 
Fig. 2.6 Short length contacts could not be enriched in CAP-C without protease treat-

ment. Relative contact frequency vs distance was plotted for 10 µM G3 CAP-C, 10 µM G3 

CAP-C without proteinase K (no proteinase-K treated CAP-C), merged CAP-C, and in-situ Hi-

C, respectively. We observed that in the absence of proteinase-K treatment, G3 CAP-C (green vs 

yellow) did not exhibit an enrichment of short-range contacts and was similar to the frequency-

distance curve of in-situ Hi-C (green vs red), suggesting that short-range contacts could not be 

enriched without protease treatment. 
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As we hypothesized removal of protein would result in exposure of more accessible sites 

for restriction enzyme, we designed qPCR probes to test several MboI sites between samples that 

performed with CAP-C or in situ Hi-C. Overall, we found that CAP-C yielded a higher digestion 

efficiency over in-situ Hi-C (Fig.2.7). 

 

Fig. 2.7 MboI digestion efficiency between CAP-C and in-situ Hi-C. CAP-C shows higher 

MboI digestion efficiency over in situ Hi-C. Primers were designed by mapping to upstream and 

downstream MboI recognition sites within 200 bp. The digestion efficiency was analyzed by qPCR 

of MboI fragmented DNA which followed the standard protocol of CAP-C and in situ Hi-C.  

 

2.2.6 Characterize deep-sequenced CAP-C contact matrix reveals the method is 

reproducible with high quality 

Next, we turned to compare CAP-C with in-situ Hi-C using mESCs. We sequenced a total of 

4.24 billion paired reads from six CAP-C libraries, consisting of primary and replicate libraries for 

each of the G3 (1.44 billion total reads), G5 (1.40 billion total reads) and G7 dendrimers (1.40 

billion total reads), as well as a primary and replicate library for in-situ Hi-C (2.59 billion total 

reads). CAP-C datasets were processed employing a similar pipeline used for processing in-situ 

Hi-C libraries, followed by removal of PCR duplicates, uninformative reads, as well as reads with 

a low mapping quality that strongly indicate non-unique mapping (Table. S1). We also performed 

strand orientation analysis and removed interactions below 1Kb where read orientation is roughly 
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equal to +/-1% (Fig. 2.8) (22). Those filtered strands are the product of un-ligated DNA fragment 

or self-ligated DNA fragment. 

 

Fig. 2.8 Strand orientation analysis between CAP-C and in-situ Hi-C. Strand orientation 

analysis revealed that contacts above 1 Kb are legitimate ligation products in both merged CAP-

C and in-situ Hi-C. “Inner”: inward strand configuration; “Outer”: outward strand configuration; 

“Right”, “Left”: same strand configuration. 

 

 The replicates for each experiment were then merged to yield a total of 732, 628, 804 and 

2,093 million valid contact pairs for G3, G5, G7 and in-situ Hi-C libraries, respectively. Pearson’s 

correlation coefficients between dendrimers were slightly lower than those between replicates of 

the experiments with same-sized dendrimers, suggesting that dendrimers of different sizes may 

capture different features of chromatin organization. We merged G3, G5 and G7 libraries and refer 

to this as the “merged CAP-C”. Comparisons between primary and replicate libraries for both 

merged CAP-C and in-situ Hi-C showed that they exhibited high reproducibility at the 100 Kb 

(CAP-C: R = 0.9990 and in-situ HiC: R = 0.9991) and 25 Kb (CAP-C: R = 0.9974 and in-situ HiC: 

R = 0.9959) resolution (Fig. 2.9). Proportions of intra-chromosomal contacts were 62.1% for 

merged CAP-C, and 64.1% for in-situ Hi-C.  
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Fig. 2.9. Reproducibility of CAP-C and in-situ Hi-C experiments. Pearson’s correlation 

analyses were performed for contact matrices binned at 25 Kb and 100 Kb resolution and visual-

ized in log-scale. First row: Comparisons made between primary and biological replicate of 

merged CAP-C (column 1), in-situ Hi-C (column 2) followed by one between merged CAP-C 

and in-situ Hi-C (column 3). Second row: Comparisons made between primary and biological 

replicates of CAP-C G3 (column 1), G5 (column 2) and G7 (column 3). Third row: Cross com-

parisons between CAP-C experiments using different dendrimers. 

 

To approximate the random ligation rate, we compared trans-interactions between mitochon-

dria and autosomes, which are physically separate prior to crosslinking (7). Here, we found that 

even though CAP-C libraries showed 1.3-fold more mitochondria (cis+trans) interactions, there 

was an 8-fold enrichment of cis-interactions over in-situ Hi-C libraries (Fisher’s Exact Test, P < 

0.0001). Thus, CAP-C exhibits a lower random ligation rate than in-situ Hi-C. 

 

2.2.7 CAP-C revealed finer local chromatin structures than in-situ Hi-C due to 

enrichment of short-ranged proximal chromatin contacts. 

We hypothesized that different sized dendrimer crosslinkers will capture distinct spatial rela-

tionships at different length scales. Indeed, the smallest dendrimer, G3, strongly crosslinked loci 
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between 1 to 5 Kb in distance, whereas G5 and G7 dendrimers preferentially crosslinked loci with 

distances between 5 to 20 Kb. The total chromatin contacts between 1-20 Kb captured by merging 

all dendrimer data were 2-3 folds greater than for in-situ Hi-C (Fig. 2.10A). This gain in short-

range interactions was offset by a relative reduction of long-range contacts after 1 Mb, however, 

contact maps plotted for a series of CAP-C resolutions showed similar chromatin features, such as 

compartments or TADs, as in-situ Hi-C (Fig. 2.10B). 

 

Fig. 2.10 CAP-C revealed higher resolution local chromatin structure compared to in-

situ Hi-C at similar sequencing depths. (A) Relative contact frequency vs genomic distance 

curve shows CAP-C differentially enriched at short range (1-20kb) chromatin contacts over in-situ 

Hi-C. The zoomed-in window shows approximately 2- to 3-fold enrichment. G3, G5, G7 represent 

CAP-C performed with psoralen functionalized PAMAM dendrimer generation 3, 5 and 7, respec-

tively (with the diameters of 3.6, 5.4, and 8.1 nm). CAP-C merge represents the merging of data 

generated from G3, G5, and G7. In-situ Hi-C was performed under conditions described previously. 

(B) CAP-C reproduces the same chromatin architecture identified by in-situ Hi-C. Top panel: 25 

Kb resolution contact map of CAP-C (top right triangle) and in-situ Hi-C (bottom left triangle); 

bottom panel: CAP-C and in-situ Hi-C identified similar A, B compartments by PCA at 25 Kb 

resolution. (C) CAP-C reveals folding principle of local chromatin at high resolution. 70 Kb-long 

regions of CAP-C (top) and in-situ Hi-C (bottom) 1kb resolution contact matrixes are shown cor-

responding to Chr4: 129.58-129.65Mb. Histone modification and ChIP profiles are shown in the 

middle. Arrowhead detected 3 domains (Black triangle) in CAP-C enveloping Eif3i, Tmem234 
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Fig. 2.10 continued and Txlna, respectively. Domain boundaries are highly enriched for active 

promoters, mediators and enhancers. No domains were detected for in-situ Hi-C at this resolution. 

(D and E) Domains are called by Arrowhead while loops are called by HiCCUPS using high res-

olution map with the same sequencing depth (CAP-C: 1.90 billion; in-situ Hi-C: 1.98 billion). Top 

left: CAP-C is able to capture more small-sized domains ranging from 5-40 kb in length. Top right: 

CAP-C had 2-fold more loops called genome-wide. Bottom: Overlap of domains called at different 

resolution and loops between the two methods. CAP-C could call more domains at high resolution 

(500bp and 1Kb).  

 

In contrast to higher-order chromatin structures that have been studied extensively by Hi-C, 

enrichment of short-range CAP-C contacts allowed us to better resolve new features of the genome 

at shorter length-scales. For comparison, contact maps of merged CAP-C and in-situ Hi-C datasets 

with similar depths (1.90 billion vs 1.98 billion) were plotted over a 70 Kb region (chr4:129.58-

129.65Mb) encompassing 6 different genes at 1 Kb resolution. At this resolution, CAP-C maps 

were clearer and sharper, enabling us to visually inspect promoters, enhancers and actively-tran-

scribed genes when placed alongside a ChromHMM track (23). Many of the small triangles with 

enhanced contact frequency close to the diagonal were observed in CAP-C, and were called as 

domains by using Arrowhead (10) at 1 Kb resolution, which were not distinguishable as domains 

in in-situ Hi-C maps with a similar sequencing depth. (Fig. 2.10C) Because contact maps consist 

of an ensemble of individual chromatin conformations across millions of cells, we do not assume 

that the genome can be partitioned into non-overlapping intervals. Thus, we called domains using 

Arrowhead at a series of resolutions (500 bp, 1 Kb, 2 Kb, 5 Kb and 10 Kb) and merged the call 

sets (nested and non-nested) into a unique but possibly overlapping set of domains. Identical do-

mains were merged, and domains with similar boundaries were removed based on the Euclidean 

distance criteria of min (0.2*shortest-length, 50000). Compared to in-situ Hi-C maps, CAP-C 

maps called 1.5-fold more domains with sizes of 5 to 40 Kb, but 1.2-fold fewer domains with sizes 

greater than 40 Kb (Fig. 2.10D, left). Boundaries of these smaller-sized domains (5-40 Kb) called 
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in CAP-C tend to strongly overlap with active promoters and enhancers. In contrast, the smaller-

sized domains called in in-situ Hi-C tend to overlap with heterochromatin. At similar sequencing 

depths, high-resolution peak calling using HiCCUPs (10) yielded more peaks (2.5-fold) with 

merged CAP-C contact maps than with in-situ Hi-C libraries. (Fig.2.10E). Proportionally, there 

was a 1.4-fold enrichment of peaks from CAP-C that were less than 100 Kb in size than peaks 

from in-situ Hi-C (Fisher’s Exact Test, P < 0.0001) (Fig. 2.10, right). 87.7% (6,496) and 61.9% 

(7,344) of in-situ Hi-C and HiChIP peaks (24) were concordant with merged CAP-C, suggesting 

that peak calling was more sensitive in CAP-C than in-situ Hi-C.  

 

2.2.8 Higher signal to noise ratio in CAP-C than in situ Hi-C results in more 

loops being identified. 

Meta-analyses performed on short (100-200 Kb) and long (300-500 Kb) concordant peaks 

between CAP-C and in-situ Hi-C suggested that even though depth-normalized signal values (FPM) 

at the foci were similar between maps, a faster decay in mean long-range contacts between the two 

anchors decreases the mean lower-left background values in CAP-C. This effect significantly in-

creases the signal-to-noise ratio and consequently increases the number of peaks called at a con-

stant threshold (Fig. 2.11). 
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Fig. 2.11 CAP-C shows a higher signal to noise ratio around loop anchors over in-situ 

Hi-C. Meta-analysis of concordant peak calls was performed to explain why CAP-C shows a 3-

fold increase in peak calls as well as an enrichment of peaks spanning short distances. When nor-

malized for sequencing depth (FPM), the mean delta signal between the focal center of CAP-C 

and in-situ Hi-C maps is close to zero (column 3). However, normalizing the FPM value by the 

mean value of the local region, and comparing this local-normalized signal between maps 

(logFC) suggest a higher signal to background ratio around loop anchors in CAP-C than in-situ 

Hi-C (column 4). Peaks closer to the diagonal (bottom row), which are harder to call, also show 

higher enrichment when classified by the span of their genomic distance. 

 

Indeed, contacts around loop anchors are expected to be low, as polymer models predict that 

long idealistic loops should not exhibit contacts anywhere except at the anchors where they meet 

(15, 25), suggesting that CAP-C identifies loops better than in-situ Hi-C. Further, 76.3% of unique 

Ctcf motifs were in the convergent orientation (Fig. 2.12), which is similar to results reported 

previously (10) and validates the reliability of peaks called in CAP-C.  
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Fig. 2.12 Ctcf motif orientation analysis of loops in CAP-C and in-situ Hi-C. 76.3% and 

84.8% of unique Ctcf motifs for CAP-C and in-situ Hi-C were in the convergent orientation, sug-

gesting either a slightly higher false positive rate of CAP-C or that certain peaks, i.e. CTCF-co-

hesin independent ones, may not be conforming to the rules of the loop-extrusion model. 

 

 

2.2.9 Different sized dendrimers probe different chromatin compartments 

Different sized dendrimers might also access and probe distinct regions of chromatin compac-

tion. This would be revealed by dendrimer size-dependent enrichment of interactions in distinct 

regions. Using principal component analysis, we determined the eigenvector with the highest ei-

genvalue using the pixel values of each G3, G5 and G7 contact maps and plotted a 2D map which 

we named as “dendrimer map” based on the eigenvector values of the 1st principal component. At 

multiple resolutions (500 Kb, 100 Kb, 10 Kb and 5 Kb), the 1st principal component tended to 

explain 90-95% of the variance instead of 50% for random contact map. Most importantly, these 
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“dendrimer maps” showed bifurcation similar to that of compartment intervals identified previ-

ously (6) (Fig. 2.13, A to D). Statistical analysis of low resolution (100 Kb) maps also yielded 

similar insights (see Materials and Methods). In low resolution maps, we observed differential 

separation along compartment intervals best represented by checkerboard patterns. Principal com-

ponent loadings suggested that G5 and G7 dendrimers mostly detect interactions within open con-

figuration chromatin, whereas G3 dendrimers identify more interactions within closed configura-

tion. Thus, we hypothesized that the “dendrimer map” we produced could reflect A/B compartment 

identified by Hi-C; G5 and G7 dendrimers could capture more contacts within compartment A 

while G3 dendrimers identify more interactions within compartment B. 
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Fig. 2.13 Chromatin contacts detected by G5 and G7 dendrimers are enriched for com-

partment A whereas those detected by G3 dendrimers are enriched for compartment B. (A 

to D) The eigenvector with the highest eigenvalue (or a rescaled version commonly referred to as 

the proportion of explained variance ranges between 90 to 95%) calculated for a 3 by N*(N+1)/2 

matrix (where N is the number of loci across a specified resolution) using principal component 

analysis yields a CAP-C map that shows a bifurcated separation that is similar to compartment 

intervals. Principal component loadings (bottom left arrow bars) suggest that G5 and G7 den-

drimers contribute most to an open configuration while G3 dendrimer to a closed configuration. 

(A to C) In low-resolution maps, we observe checkerboard patterns, usually associated with com-

partments, which are also associated with the enrichment of specific dendrimers. (D) We examine 

a close-up (5 kb res) of the CAP-C map to reveal a fine level of compartment detail. mESC TADs 

(7) annotated in the lower-left triangle and Arrowhead contact domains annotated on the upper-

right triangle reveals that the relationship between compartments intervals and domains (or domain 

boundaries) is complex. Eigenvector for compartment A was colored in green and compartment B 

in pink. (E) A G3 versus G5 delta map shows the one-to-one relationship with eigenvector com-

partments derived from (6, 10). CAP-C eigenvectors computed using the row-sums instead of pix-

els in (A to D) gives us increasing levels of high-resolution eigenvectors showing compartment 

intervals which are tens of kilobases in length, and missed in the low-resolution compartments 

calculated using the Pearson matrix (6). We validate our CAP-C eigenvectors by matching it with 

the in-situ Hi-C O/E 25 Kb resolution map to show the co-localization of compartments (in red). 

Eigenvector for compartment A was colored in green and compartment B in pink. 

 

To validate above hypothesis, we produced “CAP-C eigenvector” similar to the eigenvector 

constructed previously in determining compartments by performing principal component analysis 
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on the row sums, instead of the pixels, of all three dendrimer contact maps, and arbitrarily assigned 

positive values to regions which are gene-rich. Indeed, our “CAP-C eigenvectors” showed good 

positive correlations with compartment intervals derived from the eigenvector analysis on in-situ 

Hi-C at 500 Kb resolution (Pearson’s R = 0.861), and replication timing data from RepliSeq ex-

periments in mESC (Pearson’s R = 0.850) (26) as well as moderately negative correlation with 

H3K9me2 ChIP-Seq (Pearson’s R = -0.329) (27), a histone modification mark for constitutive 

heterochromatin in mESC (Fig. 2.13D, bottom tracks). Moreover, we obtained “CAP-C eigenvec-

tors” in a series of resolution and discovered smaller compartment intervals that are tens of 

kilobases in length, which were missed in the compartments calculated using the Pearson matrix 

of low resolution in-situ Hi-C maps (Fig. 2.13E). Given that G3 and G5 are sufficient to describe 

a distinction between compartment A and B, we plotted a delta map (difference in FPM) between 

G3 and G5 and observed the co-localization of compartment intervals with similar types (A/B) 

compared with 25 Kb resolution O/E maps of in-situ Hi-C, further proving that “CAP-C eigenvec-

tor” values are reflective of compartments.   

We next inspected the “dendrimer maps” at the 5 Kb resolution to reveal additional compart-

ment details that are missed in previous low resolution Hi-C experiments (Fig. 2.13D). When as-

sociating with chromatin states, we observed heterochromatin with negative CAP-C eigenvalue 

interspersed between gene-rich A compartments while smaller active open chromatin region with 

positive CAP-C eigenvalue were embedded in compartment B intervals. Such features were not 

detected in low-resolution Hi-C maps, indicating that CAP-C captures finer details of chromatin 

conformation. Moreover, overlapping mESC TAD annotations (Fig. 2.13D, bottom left matrix) (7) 

and high-resolution (5 Kb) contact domains (Fig. 2.13D, upper right matrix) revealed a complex 

relationship between compartments and domains. The smaller compartment intervals revealed in 
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CAP-C is further supported by recent studies using a variety of experimental techniques (12) and 

newer computational methods (20). 

In summary, the above analyses confirmed that smaller G3 dendrimers preferentially crosslink 

tightly packed heterochromatin in B compartments, whereas the larger G5 and G7 dendrimers tend 

to capture chromatin contacts in the open and gene-rich compartments (Fig. 2.14). Thus, different 

sized dendrimers enrich in different regions of the genome. These fixed-size probes could be used 

as nanometer-scale molecular rulers to infer physical distances among different genomic loci. 

 

Fig. 2.14 Comparison of contact distributions in different compartments. Relative con-

tact frequency of compartment A and B vs distance was plotted for G3; G5; G7 and in-situ Hi-C. 

As expected in Fig 2B, there was a stronger enrichment of G3 contacts in compartment B after 

100 Kb in distance, and a strong enrichment of G5 and G7 contacts in compartment A below 300 

Kb in distance. This suggests that large regions of compartment B are in closer contact (G3) than 

compartment A while smaller region in compartment A have a greater physical distance (more 

open) than compartment B. 
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2.2.10 Two types of chromatin domains with different boundary properties 

Given that our dendrimer maps showed high correlation between transcription and genome 

segregation, we investigated how transcription affects the formation of the contact domains we 

discovered. Recent studies using biophysical models have proposed different mechanisms to ex-

plain the self-associating and insulating properties of chromosomal domains in prokaryotes as well 

as in mammals (15, 28, 29). In model organisms such as C. crescentus and S. pombe, which lack 

Ctcf, polymer models attribute transcription-induced supercoiling as the force responsible for con-

formational changes in the form of writhes termed plectonemes (17, 30, 31). Boundaries of these 

domains, generically termed chromosomal interacting domains (CIDs), span the transcriptional 

start sites of active genes. On the contrary, the detection of TADs enriched with Ctcf at its bound-

aries in low-resolution maps, followed by the identification of Ctcf-cohesin-mediated loops and 

loop-domains in high-resolution maps, suggested that loop extrusion might be responsible for 

chromatin organization in mammals (7, 10, 20). However, the loop extrusion model may not ex-

plain the self-association property in large TADs unless supercoiling is taken into account (25). 

Hence, it is not entirely clear whether chromatin loop domains form in mammals exclusively via 

the loop-extrusion model, or whether multiple mechanisms underlie loop domain formation. To 

further complicate matters, only 30% of our high-resolution contact domains show loops at the 

corners of loop-domains (20) and 65% of the same contact domains overlap Ctcf (+/-10 kB), im-

plying that not all Ctcf-enriched boundaries form loops. In our high-resolution maps, we noticed 

that a substantial proportion of contact domains called at high resolution revealed boundaries start-

ing close to the promoters of short active protein-coding genes, which either terminate at their own 

transcription end sites (TSS), or half-way through the gene body of another gene. 
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Fig. 2.15. Loop and non-loop domains show different boundary properties. (A and B) 

Meta-domain analysis shows two independent mechanisms responsible for domain formation. 

Segregating domains (called using high-resolution maps) into loop and non-loop domains in-

dicate that boundaries of non-loop domains are enriched in RNA-polymerase binding as well 

as promoter and enhancer status while loop domains are enriched in CTCF binding. (C and D) 

Comparison of length distribution between loop domains and non-loop domains shows that 

non-loop domains are generally shorter and encompass a single protein-coding gene or not 
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Fig. 2.15 continued (i.e., domains spanning promoter-enhancer boundaries) while loop do-

mains are longer and have one or more protein-coding genes per domains. (E) Plectoneme-

free region causes strong separation and leads to domain formation. Pairs of protein-coding 

genes were classified by transcription directions oriented in divergent, tandem and convergent 

manner. Top panels show interaction counts for the three classes. Bottom panels show the 

same data expressed as the log2 ratio of observed interactions divided by expected interactions 

for a given genomic distance. Boundaries were strongest at divergent pairs. (F and G) By 

classifying promoters based on chromHMM states and associating them with both CAP-C 

eigenvector and DI calculated at 2 Kb resolution, we observed that the presence of RNA pol-

ymerase at the transcription start site and its increasing levels of elongation is strongly asso-

ciated with openness and the strength of boundaries. (H and I) CAP-C captures more loops 

which are not functionally different from in-situ Hi-C. (H) Loops are classified by using his-

tone modification and transcription factor features based on their upstream (L) and down-

stream (R) anchors around a +/- 5 Kb region. (I) Based on these states, the bar chart revealed 

that the proportion of different classes of loops are similar between CAP-C and in-situ HiC.  

 

The boundaries of domains starting at active promoter regions have been previously charac-

terized in S. cerevisiae and recently observed in mESCs (11, 17). The associations of CAP-C loops 

with histone modifications and transcription factor features around their anchor points suggest that 

the increased loops captured in CAP-C are not artifacts but functionally similar with loops identi-

fied in in-situ Hi-C (Fig. 2.15, H and I). In this instance, we merged contact domains called at 

high-resolution (500 bp, 1 Kb, 2 Kb) into a unique set, and classified the contact domains into loop 

and non-loop domains, based on whether they are associated with Ctcf-mediated loops. Segregat-

ing and plotting the distributions of the number of protein-coding genes per domain and size of 

domains showed striking contrast between these two “arbitrary” types of domains. Non-loop do-

mains are overwhelmingly shorter, and possess at most one protein coding gene, whereas loop 

domains are longer and contain 1 or more protein-coding genes (Fig. 2.15, C and D). 

To study the possible mechanisms separating the two types of domains, we next overlapped 

domain boundaries and domain bodies with a series of histone modification marks. To account for 
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the long-tailed size distribution of some of these domains, and the relatively smaller peaks gener-

ally associated with histone modification marks and transcription factors, we extracted only signals 

+/- 2 Kb around the boundary, and signals from 5-95% around the domain body. As expected, loop 

domains showed stronger Ctcf and cohesin signals than non-loop domains at their boundaries. 

However, some of the non-loop domain boundaries are also enriched with Ctcf and cohesin bind-

ing, suggesting that not all Ctcf- and cohesion-enriched domain boundaries form loops. Conversely, 

non-loop domains exhibit stronger H3K4me3, H3K27ac, PolII and Top2b signals than loop do-

mains at their boundaries (Fig. 2.15, A and B, 2.16).  

 

Fig. 2.16. Extended meta domain analysis. Meta-analysis of Top2b and Smc3 (cohesin) 

binding around boundaries (+/- 2 Kb) of loop and non-loop domains suggest that boundaries of 

loop domains are enriched in Smc3 binding while boundaries of non-loop domains are enriched 

in Top2b binding. 

 

We calculated a 2.2-fold enrichment of active promoter marks in non-loop domains compared 

to loop domains (Fisher’s Exact Test; P < 0.0001). Using K-means clustering, we classified do-

mains by the presence of H3K36me3, an epigenetic mark for transcription elongation, in domain 
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bodies. Non-loop domains with low H3K36me3 signals still contain a 3.2-fold and 2.7-fold en-

richment of H3K4me3 and PolII signals over loop domains with no H3K36me3 signals, respec-

tively (Fisher’s Exact Test, both P < 0.0001). We then asked whether the strength of domain 

boundaries correlate with the level of transcription. Indeed, using chromatin states information, 

we were able to classify TSS into four transcriptional elongation states and observed that bounda-

ries of actively transcribed genes were highly open when plotted with mean CAP-C eigenvector 

values (Fig. 2.15F), and were located at the center of domain boundaries when viewed alongside 

mean directionality index (DI) values (Fig. 2.15G). In addition, TSS marked by poised promoters 

of bivalent states (PRC2-repression + PolII-H3K4me3 active promoter) and PRC2-repressed re-

gions showed decreased levels of domain boundary formation, suggesting that transcription elon-

gation might be associated with chromatin structure. 

As loop domains were proposed to form via Ctcf-cohesin loop extrusion, the above observa-

tion led us to hypothesize that non-loop domains might be established through transcription-in-

duced supercoiling, similar to the formation of CIDs in S. cerevisiae and C. crescentus. The twin-

supercoiling domain model could predict how waves of supercoiling that propagate through diffu-

sional pathways react when encountering each other; they either enforce or cancel each other based 

on the propagation direction (32). Consistent with this model, our mouse CAP-C maps showed 

similar domain formation based on the orientation of gene pairs previously shown in S. cerevisiae 

(Fig. 2.15E) (16).  

Moreover, we observed that topoisomerase Top2b, which reduces torsional stress generated 

during transcription elongation (33), was highly associated with active promoters. Peaks called in 

our mESC Top2b ChIP-seq experiments showed a 2.6-fold enrichment of peaks overlapping at 

least 1 non-loop domain boundary versus that of loop domain boundary (Fisher’s Exact Test. P-
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value < 0.0001) (Fig. 2.16). The enrichment of PolII and Top2b binding on non-loop domain 

boundaries suggests that such chromatin domains could be formed by the action of supercoiling 

of duplex DNA during transcription elongation.  

 

2.2.11 Effects of supercoiling on the structure of genes with multiple active promoters 

Alternative promoter usage is a common mechanism for generating transcript complexity. 

Unlike alternative splicing, alternative promoter usage generates diversity across multiple cell-

types by selectively positioning the pre-initiation complex at different transcription start sites (TSS) 

before elongation (34). As distances between alternative promoters can range from only tens to 

thousands of base pairs, these features can now be discernable by our high-resolution contact maps 

with enriched short-range interactions. Because multiple active promoters that occur in a single 

gene are in the tandem direction, we predict from the twin-domain-supercoiling model an attenu-

ation of boundaries as positive and negative supercoils cancel each other at the active downstream 

promoter; this is analogous to the mean O/E contact map of gene pairs that are arranged in a tandem 

fashion (Fig. 2.15E). From the high-resolution CAP-C contact matrix, we observed that down-

stream promoters can cause insulation. Moreover, the domain boundaries correlated strongly with 

active promoters inside the gene body and were not well associated with Ctcf or cohein binding 

(Fig. 2.17A). Encouraged by this observation, we developed a scheme (see Materials and Methods) 

to select genes with multiple active alternative promoters (H3K4me3) and classified them into 4 

possible combinations (Fig. 2.17B). As expected, we not only observed strong domain boundaries 

at all active alternative promoter sites, but also observed that promoters downstream of type IV 

genes showed weaker boundaries in the O/E contact map and reduced directionality index values, 

even as they are bound by PolII, and showed evidence of divergent transcription (Fig. 2.17C). 
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Therefore, we propose that negative supercoiling as well as the cancellation of positive and nega-

tive supercoils at the domain boundaries causes DNA to be in an unwound (low twists) or relaxed 

state, fulfilling the requirement of insulation, while conformational changes resulting from both 

positive and negative supercoiling as writhes fulfill the self-associating property (35). 

 

Fig. 2.17 Active multiple promoters are involved in contact domain boundary formation. 

(A) Genes are segregated into different contact domains with active promoter on the boundary. 

Two examples of CAP-C contact matrix (at 1 KB resolution) are shown corresponding to Chr1: 

74.28-74.35Mb (Left) and Chr18: 6.42-6.53 Mb (Right). Black line depicts the domains called by 

Arrowhead. Direction index, histone modification and ChIP profiles are listed below each matrix. 
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Fig. 2.17 continued Entire Pnkd and Epc1 are separated into two domains by active promoter of 

Tmbim1 and Epc1 respectively. The boundaries are less correlated to Ctcf and cohesin binding. 

(B and C) Active alternative promoters are highly associated with strong domain boundaries. (B) 

Genes with alternative promoters were selected and classified into 4 different types based on the 

transcription state of their first and second promoters. Numbers of each type are shown inside the 

corresponding brackets. PolII ChIP profiles, Pro-Seq and Direction index around each promoter 

are shown below. (C) Interaction counts and the log2 ratio of observed interactions divided by 

expected interactions for a given genomic distance are shown side by side for each type. 

 

2.2.12 Inhibition of transcription reduces supercoiling and leads to global loss of chroma-

tin contacts 

Chromatin topology highly associates with supercoiling, and supercoiling domains have been 

proposed and identified (36). These supercoiling domains were shown to partially overlap with 

TADs. Motivated by a relationship between transcription-induced supercoiling and domain organ-

ization, we next examined whether transcription inhibition affects chromatin architecture. We ex-

plored two different transcription elongation inhibitors, flavopiridol and α-amanitin (37). Reduced 

levels and rates of supercoiling have been observed upon transcription inhibition (36). Thus, we 

performed time-series CAP-C experiments using G5 dendrimers to crosslink mESC samples 

treated with 2 µM flavopiridol for 1 h and 6 h, as well as samples treated with 4 µg/ml of α-

amanitin for 6 h and 12 h, respectively.  

No significant differences were observed between the compartments of G5-control and inhib-

itor-treated G5 samples, indicating that transcription is not required to maintain compartments, 

and that compartmentalization may have been established much earlier during early development 

(Fig. 2.18).  
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Fig. 2.18 Compartments remain unchanged upon transcription inhibition. Two exam-

ples of eigenvectors across full-length chromosomes, chr3: 0-160 Mb (top panel) and chr10: 0-

130 Mb (bottom panel), before and after transcription inhibition. Compartment intervals remain 

unchanged for all inhibitor-treated samples. Compartment A intervals are colored green while 

compartment B intervals are colored red. 

 

As expected, all 4 inhibitor-treated samples showed a profound loss in long-range interactions 

greater than 10 Kb in genomic-distance (Fig.2.19).  

 

Fig. 2.19 Loss of long-range chromatin contacts are observed through transcription in-

activation. Relative contact frequency vs distance curve generated from control and transcription 

inhibitor-treated samples reveal that a large portion of long-range chromatin contacts (over 10 

Kb) are lost upon transcription inhibition. Flavopiridol showed a slightly strong depletion of con-

tacts over 1 Mb. 

 



52 

CAP-C contact maps also displayed an extensive loss of contacts within domains for all in-

hibitor-treated samples. Directionality index values used to gauge domain boundaries were exten-

sively decreased (Fig. 2.20A, 2.21), whereas the number of domains called using Arrowhead was 

significantly reduced (Fig. 2.20B). However, despite the disappearance of domains, more than half 

of peaks originally called in the control sample remained (Fig. 2.20B) after the second-time point 

(6 hr and 12 hr treatments for flavopiridol and α-amanitin, respectively). The signals of these peaks 

were, however, weakly attenuated (Fig. 2.20A). Because these inhibitor-treated and G5-control 

samples are low-resolution contact maps, we applied Aggregate Peak Analysis (APA) of the peaks 

called in the deep sequenced CAP-C dataset. A superimposed image of all signals overlapping the 

peak set showed enrichment of the foci in both G5-control and the inhibitor-treated samples (Fig. 

2.20C, 2.22). We plotted the mean contact maps of 103-263 loop-domains (median length: 170Kb) 

shared between the control and inhibitor-treated samples by rescaling them into 10 bins (i.e. con-

tact domains in G5-control overlapping loops that are shared between control and inhibitor-treated 

samples). Contact maps of these loop-domains showed the presence of loops at the corner of the 

assigned domain boundaries in the inhibitor-treated samples (Fig. 2.20D). We also quantified these 

maps into a contact probability vs distance-scaled bins line-plot for all loop domains, non-loop 

domains and randomly permutated domains. As expected, we observed a general decrease in con-

tact probability between distance-scaled bins 2-7 for both the loop domains and non-loop domains 

when comparing G5-control and α-amanitin treated sample (the same trends were also seen for 

flavopiridol-treated samples). Increasing contact frequencies identified at corners of inhibitor-

treated loop-domains (bins 8-10) indicate the presence as well as attenuation of peaks from G5-

control (Fig. 2.20E). This is in stark contrast to the absence of such an increase in non-loop do-

mains and randomly permutated domain boundaries.  
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Fig 2.20 Inhibiting transcription causes widespread loss of domains and attenuates 

loops. (A) 10 kb resolution contact matrix shows a profound decrease in contacts after treatment 

of 2 µM flavopiridol for 1 h and 6 h as well as 4 µg/ml α-amanitin for 6 h and 12 h; directional-

ity indices (DI) as well as inhibitor-treated vs control delta maps also indicate the weakening of 

boundaries and loss of intra-domain interactions respectively. A representative example of a loop 

shows it being present but weakened over time as the domain is lost. (B) Domains were called by 

Arrowhead and loops were called by HiCCUPS. Bar chart shows that domains are totally disap-

peared while loops are reduced. (C) Aggregate peak analysis (APA) for control, 6 h and 12 h α-

amanitin treated samples indicates the presence of loops. APA was performed using the set of 

confident peaks called from deep-sequenced CAP-C on the lower-resolution inhibitor maps. Val-

ues greater than 1 in the bottom-left box indicate the presence of loops. APA scores (Enrichment 

of mean signal at peak foci over the mean signal in the lower-left corner) are also greater in α-

amanitin-treated samples over control, indicating that the loss of domains during transcription 

inhibition is greater than the attenuation of loops. (D) Meta-loop analysis shows the widespread 

loss of domains and the presence of weakened loops. Peaks called in both control and inhibitor 

maps were overlapped with domains in control to yield 103-263 loop-domains with a medium 

length of 170 Kb for meta-analysis. Mean map of α-amanitin-treated samples, with distances re-

scaled into 10 bins, were shown as an example. (E) Contact probability of the mean maps quanti-

fying results in (D) shows: 1) an increase of contacts at the diagonals and decrease of contacts in 

bins 2-7 between control and α-amanitin-treated samples; and 2) a corresponding increase in 

contacts of inhibitor-treated samples at the corners of all loop-domain. This is contrasted with a 

lack of increase at the corners of both non-loop domains and randomly permutated domains, sug-

gesting the presence of an attenuated loop. 
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Fig. 2.21 Transcription inhibition causes widespread loss of domains. 10 Kb resolution 

contact maps shown here for chr10: 67.0-73.0Mb (left panel) and chr16: 29.5-32.8Mb (right 

panel). Reduction in directionality indices (DI) between inhibitor-treated vs control indicate the 

weakening of boundaries. Similarly, delta maps between inhibitor-treated vs control maps indi-

cate the loss of intra-domain interactions. 

 



55 

 
Fig. 2.22 Loops are attenuated but preserved in flavopiridol-treated samples. (A) APA 

analysis was performed on low-resolution maps using loops called in the high-resolution CAP-C 

map. Aggregated signals showed the presence of loops after flavopiridol treatment. (B) Similar 

meta-analyses of loops were performed (See Fig. 5) for flavopiridol-treated samples. (C) Mean 

maps were quantified as contact probability vs scaled distance and showed that loops are pre-

served but attenuated (bin 8 to 10). 

 

 

Therefore, we conclude that domain formations are dependent on transcription-induced super-

coiling. Blocking transcription elongation abrogated both loop and non-loop domains; however, 

loops were attenuated but largely retained. These observations support the critical role of tran-

scription-induced supercoiling in the formation of non-loop domains, but also suggest that tran-

scription-induced supercoiling and loop extrusion likely work synergistically to shape the overall 
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chromatin architecture as the formation of loop domains also appear to be dependent on transcrip-

tion. Taken together, we propose that positive and negative supercoiling generated during tran-

scription elongation are responsible for the intra-domain contact interactions observed in our ex-

periments. 

 

2.2.13 Different sizes of dendrimer show different binding preference around transcrip-

tion start sites (TSS) 

Next, we question whether the fact that those small size dendrimer G3 preferred to be enriched 

at close compartment while large size dendrimer G5 and G7 enriched at open compartment comes 

from the ability of dendrimer to probe different size of the chromatin conformation or if dendrimer 

has its own preference on binding to specific DNA regions. In order to solve that puzzle we syn-

thesized dendrimer with psoralen as well as biotin on the branch. We mix different size of the 

synthesized dendrimer with mESCs and initiating the CAP-C crosslinking. The crosslinked DNA-

dendrimer complex is then purified and fragmented by sonication. The sheared DNA fragments 

were further subjected to library construction and high-throughput sequencing. We call this exper-

iment as 1D-dendrimer capture (Fig. 2.23). 

 

 
Fig. 2.23 General scheme of 1D dendrimer capture experiment. Dendrimer G1, G3, G5 and 

G7 are modified with psoralen as well as biotin (shown as pink ball) on the branch. Each size of 

the dendrimer is crosslinked with mESCs with UV irradiation. The DNA/dendrimer complex is 

purified and fragment with sonication. The DNA fragments are further subjected to library con-

struction and next generation sequencing. 
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First of all, we mapped all the DNA sequence that have been pulldown with biotinylated den-

drimer. The peaks called in 1D dendrimer capture experiment by using different sizes of dendrimer 

showed an evenly distributed profile. The result here suggests that difference of absolute numbers 

of psoralen on each type of dendrimer showed no sequence preference for dendrimer to crosslink 

with DNA. In addition, such observation also supports the idea that different size of the dendrimer 

has preference on different chromatin compartment comes from the versatile of dendrimer size 

fitting different chromatin conformation instead of bias on psoralen in crosslinking specific DNA 

sequence. Next, we treated the cells with RNAPII elongation inhibitor, flavopiridol, for 1h and 

performed the 1D dendrimer capture experiment. Again, the DNA sequence captured by different 

size of the dendrimer is still evenly distributed along the genome (Fig. 2.24).  

 

 
Fig. 2.24 DNA sequences captured by different size of dendrimer are evenly distributed 

across genome. Raw reads captured by dendrimer G1, G3, G5 and G7 are aligned to the mouse 

genome and shown on IGV. Overlay of the 4 track and the input are shown below. (Selected ge-

nomic region: chromosome 1: 37570769-38179982bp) 

 

However, when normalizing the counts by sequencing depth around the transcription start 

sites (TSS), we found that aside from dendrimer G1, all other 3 dendrimers displayed increasing 

of enrichment around TSS followed by the order of the increment of dendrimer generation. How-

ever, cells treated with flavopiridol showed a decrease of binding intensity for dendrimer G5 and 

G7. On the contrary, dendrimer G1 starts to enrich at the TSS compared to WT and dendrimer G3 
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seems to gain most favorable fitting around the TSS. As we know the DNA sequence keep invar-

iable, changes of binding preference around TSS by different dendrimer is not the result of bias 

for psoralen crosslink to specific DNA sequence but comes from the ability of dendrimer to fit at 

different chromatin conformation (Fig. 2.25). 

 
Fig.2.25 Dendrimer is able to probe the chromatin conformation change around TSS.  Each 

mapped reads captured by different size of the dendrimer are normalized by the depth of se-

quencing and centered at TSS +/- 2Kb region. Left: wild type cells (WT); right: cells treated with 

flavopiridol for 1h (1h flavopiridol). 

 

To test the relationship of transcription and the binding preference of dendrimer around cor-

responding TSS, we first classified (TSS) of wild type cells by their transcription strength using 

Pro-seq data into 10 percentiles. 90th percentile shows the highest nascent gene expression while 

the 0th percentile exhibits lowest. Then, we normalized the counts by sequencing depth (FPM) and 

plotted +/- 2Kb around each type of TSS. Intriguingly, for the wild type (WT) mESCs, we found 

that aside from dendrimer G1, all other 3 dendrimers showed slightly enriched at TSS. Besides, 

more significant enrichment was observed if the TSS showed higher nascent gene expression. 

However, G1 on the contrary, displayed a depleted binding preference at TSS, especially for TSS 

with higher nascent gene expression. Next, we treated the cells with RNAPII elongation inhibitor, 
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flavopiridol, for 1h and performed the 1D dendrimer capture experiment again. Similarly, we dis-

covered that G5 and G7 dendrimer showed decrease binding preference around TSS while den-

drimer G1 and G3 start to enrich at TSS. It is important to noted that degree of transcription level 

was thought to be close related to the chromatin accessibility. Higher transcription is always cor-

related to more open chromatin with more accessibility. On the contrary, inhibition of RNAPII 

elongation leads to a decrease of the amount of RNAPII around TSS as well as the transcription 

machinery. In this way, the corresponding chromatin region around TSS become relatively close 

and less accessible for large dendrimer but more favorable for small dendrimer compared to wild 

type. Taken together, we concluded that the phenomenon we observed here suggests that different 

sizes of dendrimer are able to probe the openness conformation around TSS (Fig. 2.26). 

 
Fig.2.26 Probe the openness of transcription starting sites (TSS) by biotinylated psoralen 

functionalized dendrimers. TSS are classified into 10 groups based on their transcription state. 

Each line represents the mean of the percentile of nascent gene expression at its TSS using Pro-

seq signal. (90th percentile shows the highest nascent gene expression while 0th exhibits the lowest) 

Normalized sequencing counts (FPM) are plotted +/- 2Kb around TSS for each percentile. (First 

row: experiment was performed on wild type cells; Second row: experiment was performed on 

cells treated with flavopiridol for 1h)  
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2.2.14 Characterize condensin and YY1 as potential player for non-loop domain bound-

ary formation. 

As we have demonstrated the existence of two type of domains, namely loop domain and non-

loop domain. Loop domains are thought to form through cohesin/CTCF mediated loop extrusion 

and upon depletion of cohesin, all loop domains disappear. Recovery of cohesin by removing auxin 

treatment showed the re-appearance of loop domain. However, there is little or no evidence in 

demonstrating the mechanism of non-loop domain formation until recently, people found two other 

proteins, condensin and YY1, could be served as potential players contributing in chromatin struc-

ture formation. First thing first, unlike CTCF, YY1 could form loops bringing distal enhancers and 

promoters together and form insulated neighborhoods. Insulated neighborhoods are small in size 

compared to TADs and is thought to be closely related to gene regulation. As we found non-loop 

domain boundaries are enriched for enhancer and promoter, we thought YY1 could be the reason 

for non-loop domain formation. Secondly, single molecule experiment done in vitro suggests that 

condensin is able to consume ATP and translocate on the DNA sequence. And it is not until re-

cently people have discovered that one condensin sub-units NCAPH2 is enriched around active 

promoter sites. Based on the above discoveries, we are questioning whether these two proteins 

might play an important role in non-loop domain formation. 

We first did a meta-domain analysis using NCAPH2 ChIP-seq data and discovered that 

NCAPH2, as a sub-unit of condensin, indeed enriched at non-loop domain boundaries but not the 

loop domain boundaries. Such observation motivates us to check whether NCAPH2 will form loop 

around non-loop domain. We did HiChIP using NCAPH2 and YY1 antibody followed by proxim-

ity ligation. The preliminary results showed no or little enrichment when compared HiChIP versus 

in situ Hi-C, which serve as a non-enrichment input. We then try to check the domain boundary 
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insulation score in each HiChIP experiment and compare them with in situ Hi-C. The insulation 

score in both HiChIP experiment showed 2-3 folds enrichment compared to in situ HiC at the loci 

where NCAPH2 or YY1 showed strong binding preference based on the ChIP-seq results. More-

over, we also compare our YY1 HiChIP data with published YY1 ChIA-PET by looking at the 

insulation score. To our delight, the enrichment of insulation score toward YY1 binding sites share 

similar pattern (Fig. 2.27).  

 

 
Fig.2.27 Validation of YY1 HiChIP by comparing with published YY1 ChIA-PET. Insula-

tion score is calculated by dividing ChIA-PET or HiChIP YY1 directional index value (DI value, 

shown in yellow) by in situ Hi-C DI value (shown in blue). Non-loop domains from 500bp, 1Kb, 

2Kb resolution are merged and listed below. (Selected genomic region: chromosome 1: 

73985252-75001652bp) 

 

As we validate our YY1 HiChIP data, we then compare the significant YY1 interactions with 

our non-loop domain boundaries. However, though some of the YY1 interactions do span from 

one non-loop domain coordinator to another, most of the YY1 loops locate inside one non-loop 

domain or even span across the boundaries of two domains, suggesting though YY1 could mediate 

enhancer and promoter interactions, is not the cause of non-loop domain formation. We also turn 

to check NCAPH2, though NCAPH2 HiChIP showed interesting enrichment of insulation score 
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at some of the active promoter sites, most sites display less enrichment on insulation score com-

pared to YY1. Moreover, most of the NCAPH2 significant interactions also span across two non-

loop domains, suggesting NCAPH2 is also not crucial for non-loop domain formation. However, 

as the active promoter features in non-loop domain, we hypothesized that is it plausible that 

RNAPII loops might correlate better with our non-loop domain. Indeed, when comparing our non-

loop domain boundaries with significant interactions mediated by RNAPII, we found that PolII 

loops won’t span over two non-loop domain boundaries and all of the loops tend to locate inside 

one non-loop domain. The dynamic of RNAPII elongation within the non-loop domain also sup-

port the fact that non-loop domain boundaries contain no significant static interactions like loop 

domains. In this way, we demonstrate that RNAPII most likely be the cause of non-loop domain 

formation while YY1 and condensin might play other role on chromatin architecture (Fig. 2.28).  

 
Fig.2.28 RNAPII mediated interactions showed better correlation with non-loop domain 

boundaries. Insulation score is calculated by dividing HiChIP H3K4me3 (shown in pink); YY1 

(shown in yellow); NCAPH2 (shown in purple) by in situ Hi-C DI value (shown in blue). Non-

loop domains from 500bp, 1Kb, 2Kb resolution are merged and listed below. (Selected genomic 

region: chromosome 1: 74064606-74887135bp) 

 

2.2.15 Improve CAP-C by introducing a bridge linker for better proximal ligation 

Though CAP-C showed advantages toward enrichment for short-range chromatin contacts as 

well as being able to probe chromatin conformation compaction, it still relies on formaldehyde 

crosslinking and restriction enzyme digestion. Furthermore, from an intuitive perspective it is not 



63 

clear that the differential diameters between dendrimers (3.6, 5.4, and 8.1 nm) would produce 

different features, as local contacts (generated by the crosslinking with a near zero-length linker 

formaldehyde) will get labeled with any of these distances. Thus, the argument that other method 

relies on formaldehyde fixation, but this psoralen method does not is incorrect, as the interactions 

that are “frozen in” to be probed with psoralen are crosslinked with formaldehyde, and thus this is 

the background of distances the CAP-C method probes. Moreover, though we digest away all the 

DNA binding protein and exposed all potential restriction enzyme digestion sites, the genomic 

DNA is still cut into non-evenly distributed fragments, causing potential bias on illustrating prox-

imal chromatin interactions at all length. Thus, it is crucial to improve the current CAP-C strategy 

without using formaldehyde fixation. Besides, changing DNA fragmentation approach from re-

striction enzyme to another enzyme which could cut DNA into evenly distributed fragments such 

as DNaseI or MNase is also important. Lastly, in situ Hi-C and original CAP-C protocol all relies 

on blunt end ligation. The ligation efficiency is low and random ligation could occur, leading to 

high background on Hi-C contact matrix. Here we describe a modified version of CAP-C. Despite 

functionalized psoralen on the dendrimer, an azide linker is also added to the dendrimer tips. The 

azide linker provide dendrimer ability to further react with a designed alkyne modified sequence 

through click chemistry. The designed sequence bears a biotin and one thymine protruding out at 

both 5’ end. The biotin helps to provide a handle for downstream enrichment by streptavidin beads 

while the 5’ protruding T will complement 3’ A tailing of the sequence captured by dendrimer. In 

this way, the proximal ligation switch from blunt end ligation to sticky end ligation. Such modifi-

cation was designed to promote the ligation efficiency and reduce the random ligation. Attaching 

biotin directly on the dendrimer also give us a chance to fragment DNA with shorter endonuclease 

such as MNase. 
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2.2.16 General scheme of modified CAP-C 

To test the feasibility of modified CAP-C, we first fixed mESCs with formaldehyde. We then 

diffuse azide and psoralen functionalized dendrimers into the cell nucleus and expose these cells 

to UV irradiation. The formaldehyde fixing is then reversed, and DNA-bound proteins are removed 

with protease to expose all DNA motifs, the dendrimer-DNA complexes are subsequently purified 

with ethanol precipitation. The purified dendrimer-DNA complexes are then subjected to MNase 

digestion followed by end polishing and A tailing. After that, DNA-dendrimer is purified again 

with ethanol precipitation to remove the excessed enzyme. Bridge linker containing biotin and is 

attached to dendrimer through click chemistry. Excess bridge linker is purified away by XP beads 

selection. The DNA-dendrimer complex is then ultra-diluted in ligation buffer and sticky proximal 

end is joint together by overnight ligation. The ligated products will then be pulled out with strep-

tavidin beads followed by library construction and next generation sequencing (Fig. 2.29).  

 

 
Fig.2.29 Scheme of modified CAP-C. Mouse embryonic stem cells (mESs) are treated with 

formaldehyde to crosslink proteins (Shown in red, green, yellow) with genomic DNA (black 

strings). Azide and psoralen-modified PAMAM dendrimers with fixed diameter (Shown as blue 

balls) are diffused into nucleus. DNA in proximity are covalently crosslinked with dendrimers 

under UV irradiation. Proteins are digested with protease and dendrimer-DNA complexed are pu-

rified. The purified complexes, without DNA-bound proteins, are then subjected to MNase diges-

tion, end filling and A tailing. Biotin, DBCO bifunctional linker is attached to dendrimer through 

click chemistry. Excess unreacted linkers are removed by size selection. The den-

drimer/linker/DNA complex is then ligated with ultra-dilution followed by biotin capture and high 

throughput sequencing. 
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2.2.17 Modified CAP-C capture more short-range contacts genome-wide. 

Utilizing MNase leads to fragmentation of genome into evenly smaller pieces compared to 

restriction enzyme. Relative frequency of chromatin contacts for short range (from 1Kb to 10Kb) 

showed 30% increase compared to original CAP-C and 60% more compared to in situ Hi-C. This 

allows us to visualizing contact matrix with an even higher resolution down to 500bp. When com-

pared to the highest mESC chromatin contact matrix, modified CAP-C map at 500bp has lower 

background and sharper domain boundaries. (Fig. 2.30) In addition, shorter fragmentation also 

leads us to get a finer structure of mitochondria genome. Previous restriction enzyme-based meth-

ods have limited cutting sites, resulting in capturing limited interactions for analysis. Here, for the 

first time, we obtained mitochondria genome structure with high resolution. The preliminary re-

sults suggest that mitochondria in mESCs are also partitioned into several domains. Each domain 

seems to correlate one specific mitochondria gene. As such feature is also observed in bacterial 

genome. We envisioned that mitochondria folds its genome through similar ways as compared in 

bacteria (Fig. 2.31). 
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Fig.2.30 Modified CAP-C shows clean background and clear chromatin feature at high res-

olution. Two examples are shown for contact matrix at 500bp resolution. (Left: in-situ Hi-C; 

right: modified CAP-C) 
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Fig.2.31 Modified CAP-C reveals mitochondria genome structure at high resolution. Dash 

lines depict start or end of gene position. Domains are highlight in the box. 

 

We then compared loops and domains called by different methods and discovered a universal 

more loops being captured by modified CAP-C. Domains, on the contrary, CAP-C capture more 

smaller domains ranging from 5Kb to 25Kb while in situ Hi-C detect slightly more larger domains. 

The overall domains captured by these two methods are generally the same. We then questioned 
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whether smaller domains specifically captured by CAP-C are positive and functional related struc-

ture. Indeed, compared with in situ Hi-C we observed higher correlation between boundaries of 

smaller domains captured by CAP-C and active histone modification, CTCF and Smc1. We dis-

covered that the smallest domain is around 5.5Kb and the smallest loop is 35Kb (Fig. 2.32). 

 
Fig.2.32 Modified CAP-C reveals functional related chromatin feature at high resolution. 

Left panel: loops are called by HiCCUPS and grouped by size; Middle panel: domains are called 

by Arrowhead and grouped by size; Right panel: Enrichment folds of given proteins around do-

main boundaries are listed accordingly to domain size. 

 

2.2.18 Acute deletion CTCF system. 

Genetic perturbation is a powerful tool to analyze the function of proteins in vivo. 

(CRISPR)/CRISPR-associated (Cas) system-based gene-editing technology has revolutionized the 

generation of gene knockouts in mammalian cells. However, some of the essential genes like 
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CTCF is so important that constitutive knockout will be lethal. Thus, conditional depletion of en-

coding genes like CTCF will be useful for its function study. Conditional depletion can be achieved 

by fusing a destabilizing domain (so-called degron) that can be conditionally controlled. Here we 

use the auxin-inducible degron (AID) technology by transplanting a plant-specific degradation 

pathway controlled by a phytohormone, auxin, into mouse embryonic stem cells (mESCs). In 

mESCs expressing the auxin perceptive F-box protein TIR1, which forms a functional SCF (Skp1–

Cullin–F-box) ubiquitin ligase, CTCF fused with an AID tag derived from the IAA17 protein of 

Arabidopsis thaliana can be induced for rapid degradation by the addition of auxin to the culture 

medium. In this way, we could transiently deplete CTCF and study its function on chromatin ar-

chitecture.  

 

2.2.19 Investigation the effect on genome architecture by inhibition of transcription or 

acute depletion of CTCF. 

In order to further characterize loop domain vs non-loop domain, we questioned whether 

these two domains are formed and regulated through different mechanisms. As we hypothesized 

non-loop domain has a higher correlation to active histone modification and transcription while 

loop domain is closely related to CTCF/cohesin mediated loop, we tried to inhibit transcription 

and acute deplete CTCF in our CTCF-AID mESCs system and compare the two conditions with 

wild type and investigate the effects on chromatin structure. Besides, we also combine the above 

two treatment to see whether transcription and CTCF might work together on genome architec-

ture.  

For sufficient inhibition of transcription, we treated CTCF-AID mESCs with 1 µM of flavo-

piridol for 6h. For acute depletion of CTCF, we treated CTCF-AID mESCs with 500 µM auxin 
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for 48h. We also tried to combine the two treatment together on this cell line. Surprisingly, we 

found all 3 treatments lead to decrease of chromatin interactions in different degree. Among 

which, KO CTCF while inhibition transcription at the same time has the most significant effect 

on reducing the chromatin interactions genome-wide. Compare to that, KO CTCF alone showed 

comparable decrease but to a less degree while inhibition of transcription alone has the least im-

pact on reduction of chromatin interactions. We then compare our KO CTCF results with the 

published KO CTCF data and identified similar decrease pattern when compared with wild type. 

In addition, we also performed CTCF, Rad21 ChIP-Seq on these 4 conditions. Both KO CTCF 

and KO CTCF + PolII inhibition lead to a global loss of CTCF peaks (Fig. 2.33). Besides, we 

found inhibition PolII reduce part of the CTCF level, which might come from the decrease of 

RNA when inhibition of PolII elongation. Taken together, these observations suggest the suc-

cessful KO of CTCF in our CTCF-AID system (Fig. 2.34).   
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Fig.2.33 CTCF and Rad21 ChIP-seq. CTCF and Rad21 peaks with high confidence are called 

from ChIP-seq for sample of wild type (WT); RNAPII inhibition (+ Flavopiridol 6h); KO CTCF 

(+Auxin 48h); KO CTCF +RNAPII inhibition (+Auxin 48h & + Flavopiridol 6h). 
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Fig.2.34 KO CTCF showed similar interaction loss on contact matrix compared to pub-

lished results. KO CTCF / Wild type contact matrix is viewed in Juicebox. Regions in red indi-

cates enrichment of interactions in KO CTCF while regions in blue shows enrichment of contacts 

in wild type. 

 

We then tried to investigate the above 3 conditions on reducing chromatin contacts in de-

tails. First of all, we investigate domain boundary by looking at the differential of insulation 

score as well as DI value. The results here suggest KO CTCF leads to a significant loss on 

boundary strength, inhibition of PolII also decrease the domain boundary to a relatively less ex-

tent. Moreover, by association of CTCF, Rad21 expression level at the domain boundaries we 

could see a dramatic decrease for both two proteins once deletion of CTCF, however, inhibition 

of PolII only exhibits a slightly decrease for CTCF and Rad21 at the domain boundaries. Sec-

ondly, upon inhibition of transcription, about one quarter of domains disappear at 10 or 5Kb res-

olution, KO CTCF gives a more dramatic impact on reducing domain numbers to about half re-

maining at 10 or 5 Kb resolution. (Fig. 2.35) As for loops, same trend has been observed as half 

of the loops disappeared for PolII inhibition samples. However, loops are more affected in CTCF 

KO samples as only 10% loops remain after depletion of CTCF (Fig. 2.36). To make sure the 
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drop on loop numbers are not false positive, we did APA analysis on loop peaks, which showed 

a slightly decrease on APA score for PolII inhibition samples. On the other hand, APA score 

drops dramatically in those samples without CTCF. This result again proves that the presence of 

CTCF is more important for loop while transcription only has a less significant effect on stabiliz-

ing the loop (Fig. 2.37). 

 
Fig.2.35 KO CTCF and RNAPII inhibition leads to different extent of domain boundary 

loss. Normalized insulation score and directional index value (DI) are centered around domain 

boundaries (+/- 500bp); CTCF and Rad21 expression level is normalized and centered around 

domain boundaries (+/- 500bp) for wild type (WT); RNAPII inhibition (flavopiridol); KO CTCF 

(KO); KO CTCF +RNAPII inhibition (KO-flavopiridol). 
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Fig.2.36 KO CTCF and RNAPII inhibition leads to different extent of domain and loop 

loss. Number of domains are called for 10Kb and 5Kb resolution with Arrowhead. High confi-

dence loops are called with HiCCUPS. 

 

 

 
Fig.2.37 Loops are more affected by KO CTCF. APA analysis was performed on contact 

maps using loops called in the high-resolution CAP-C map. Aggregated signals showed the sig-

nificant decrease of loops after KO CTCF while inhibition of PolII leads to less significant re-

duction. 

 

As there are still loops decrease in PolII inhibition samples, we asked a question if it has an-

ything to do with the drop on CTCF levels we see on ChIP-seq. As it is known that loop loss is 

result from CTCF depletion in KO samples, correlation of the loss of CTCF level with loss of 

loops showed a deviated curve. However, similar correlation curve showed no such deviation 
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pattern in PolII inhibition curve, suggesting that the loss of loops in PolII inhibition samples are 

not result from the decrease level of CTCF level (Fig. 2.38 and 2.39). 

 
Fig.2.38 Decrease of loops are not result from reduction of CTCF around loop anchors by 

inhibition of transcription. CTCF expression level around loop anchors are associated with 

normalized signals around the same location on contact matrix. FC=Sample/wild type (WT) 
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Fig.2.39 Decrease of loops are not result from reduction of cohesin around loop anchors by 

inhibition of transcription. Rad21 expression level around loop anchors are associated with 

normalized signals around the same location on contact matrix. FC=Sample/wild type (WT) 

 

 

The results above seem to show that PolII inhibition and CTCF KO each contribute to chro-

matin change in a unique way. It encourages us to dig deeper by checking the global effect of 

PolII and CTCF on intra domain interactions and strength of loops. First, as for loops, we clas-

sify loops into two types based on their location in A/B compartment and discovered that CTCF 

plays a more important role on loop formation as KO CTCF leads to a much greater loss when 

compared to WT. PolII inhibition, however, did show some effect on decreasing the loop 

strength but to a less degree. Moreover, combine the two treatment gives us an even more loop 

decrease in both compartments. Next, we turned to check how PolII inhibition and KO CTCF 

might work on domain. 10Kb and 5Kb resolution domains are divided into two groups based on 

their location in A/B compartment. Intra-domain interactions are summarized for each condition 
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and compared to WT. For both resolution, inhibition of PolII has a more profound impacts on in-

tra-domain interactions drop in active compartments, on the contrary, KO CTCF results a more 

significant loss for intra-domain interactions decrease in inactive compartments. This result is 

highly correlated to previous classification of domain boundary features for loop domain and 

non-loop domain. As non-loop domain boundaries are demarcated more with active promoters 

(Fig. 2.40). We next classify loop domain and non-loop domain and investigate the effect of Po-

lII inhibition and KO CTCF on intra-domain interactions. In agreement with previous hypothe-

sis, KO CTCF has little effect on non-loop domain as only for loop-domains in compartment B 

see a moderate intra-domain decrease. However, PolII inhibition have a more significant effects 

on intra-domain interaction loss in both compartments. As loop domain, the trend goes opposite 

as CTCF KO shows a profound decrease in intra-domain interactions in both compartments, es-

pecially for those domains in inactive compartment compared to PolII inhibition. Moreover. 

combined the two treatment give us an even more decrease in intra-domain interactions for all 

domains genome-wide. Taken together, these observations suggest that transcription and CTCF 

play a mutually exclusive role on domain formation but different in specific region. Transcrip-

tion plays a more important role on active chromatin region while CTCF is more crucial on inac-

tive chromatin region. In addition, CTCF is more important for loop formation while transcrip-

tion seems to play a role in stabilizing loops based on our observations (Fig. 2.41). 
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Fig.2.40 Transcription and CTCF each contribute to chromatin in different way. Normal-

ized contacts are summed and divided into A/B compartment for 10kb loops. Intra-domain inter-

actions are summed and divided into A/B compartment for domains at 10Kb or 5Kb resolution. 

N is the total number of loops or domains. 

 

 

 
Fig.2.41 Transcription contributes more in Non-loop domains while CTCF is more respon-

sible for loop domain. Intra-domain interactions are summed and divided into A/B compartment 

for loop domain and non-loop domain at 2Kb resolution. N is the total number of loops or do-

mains. 

 

We then turn to study another chromatin feature, stripe, and check how CTCF and transcrip-

tion might work on its formation. Visual inspection of ultra-deep CAP-C maps with Juicebox 
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also showed a previous identified feature, stripe, where a single locus forms frequent contacts 

with a contiguous genomic interval. Stripes frequently appeared along the edges of domains with 

abundant cohesin loading and ranged from a few to hundreds of Kb. The stripe has been found to 

highly associate with transcription as 79% of stripe domains were enriched for active enhancers, 

including conventional and super enhancers (SEs) but repelled for poised enhancers. In addition, 

investigation of stripes between mESCs and B cells reveals different stripe distribution pattern, 

suggesting stripe is not conserve between cell types. Moreover, deletion of stripe anchors weak-

ens the functional interactions between SE and promoters, leading to a reduction of correspond-

ing gene expression. Lastly, depletion of ATP leads to decrease of loops as well as stripes 

(Fig.2.42). 

As stripe is highly associate with transcription, we questioned whether inhibition of tran-

scription will in turn affect stripe formation. As expected, upon KO CTCF, a previously charac-

terized stripe anchor, eliminates most of the stripe domains. Intriguingly, inhibition of transcrip-

tion also leads to a significant decrease of stripe compared to WT. We also found there is no sig-

nificant change on CTCF level around the stripe anchor that has been weakened by inhibition of 

transcription. As stripe was thought to be the consequence of loop extrusion by cohesin and 

CTCF, loop extrusion is thought to be independent from transcription. Here, we demonstrate that 

CTCF mediated stripes, though remained after completely transcription shut down, are signifi-

cantly weakened. The transcription could promote stripe formation or even loop extrusion inde-

pendent of changing CTCF or cohesin level. We hypothesize that stripe is highly correlated with 

transcription. On the one hand, deplete stripe anchors like CTCF will weaken enhancer-promoter 

interactions to repress gene transcription. On the other hand, active transcription within the stripe 

promote the dynamic of loop extrusion and strengthen stripe formation in a feedback manner. 
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Fig.2.42 Transcription inhibition leads to stripe loss. Interaction counts and the log2 ratio of 

observed interactions divided by expected interactions for a given genomic distance are shown 

side by side for each treatment. 

 

In addition to loop loss in transcription inhibition samples, we also discover a decent amount 

of loop appear in both PolII inhibition sample as well as PolII inhibition plus KO CTCF sample. 

However, there is no sign for new loop emerge in KO CTCF at the same location. By comparing 

with ChIP-Seq data we found no sign of CTCF or cohesin on the new loop anchors, suggesting 
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other proteins might mediate those loops formation. Although with no clear evidence, we hy-

pothesized it to be YY1 mediated loops. Further exploration is required to study the mechanism 

of formation for these loops (Fig.2.43). 

 
Fig.2.43 New loops emerge in transcription inhibitor treated samples. 

 

2.3 Experiment section 

2.3.1 Construction of plasmids for CTCF-AID mouse embryonic cell 

The CRISPR/Cas9 plasmid was assembled using the Multiplex CRISPR/Cas9 Assembly Sys-

tem (38) kit (Addgene kit #1000000055). Oligonucleotides for three gRNA templates were syn-

thesized, annealed and introduced into the corresponding intermediate vectors. The first gRNA 
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matches the genome sequence 23 bp upstream of the stop codon of mouse CTCF. The oligonucle-

otides with sequences (5’- CACCGTGATCCTCAGCATGATGGAC-3’) and (5’-AAAC-

GTCCATCATGCTGAGGATCAC-3’) were annealed. The other two gRNAs direct in vivo line-

arization of the donor vector: the first pair of oligonucleotides are (5’-CACCGCTGAG-

GATCATCTCAGGGGC -3’) and (5’- AAACGCCCCTGAGATGATCCTCAGC -3’); the second 

pair are (5’- CACCGATGCTGGGGCCTTGCTGGC-3’) and (5’-AAACGCCAG-

CAAGGCCCCAGCATC-3’). The three gRNA-expressing cassettes were incorporated into one 

single plasmid using Golden Gate assembly. The donor vector was constructed using PCR and 

Gibson Assembly Cloning kit (New England Biolabs). The insert cassette includes sequences that 

codes for a 5GA linker, the auxin-induced degron (AID), a T2A peptide and the neomycin resistant 

marker, and is flanked by 24-bp homology arms to integrate into the CTCF locus. The left and 

right arms have sequences CCTGAGATGATCCTCAGCATGATG and GAC-

CGGTGATGCTGGGGCCTTGCT, respectively. The AID coding sequence was amplified from 

pcDNA5-H2B-AID-EYFP (39) (Addgene plasmid #47329) and the T2A-neomycin was amplified 

from pAC95-pmax-dCas9VP160-2A-neo (40) (Addgene plasmid #48227). The sequence for the 

5GA linker was included in one of the primers. The original donor backbone was a gift from Dr. 

Ken-ichi T. Suzuki from Hiroshima University, Hiroshima, Japan. The lentiviral vector for ex-

pressing TIR1 was constructed using PCR and Gibson Assembly Cloning kit (New England Bi-

olabs). The backbone was modified from lentiCRISPR v2 (41) (a gift from Feng Zhang, Addgene 

plasmid #52961) and the TIR1-9myc fragment was amplified from pBabe TIR1-9myc (39) (a gift 

from Don Cleveland, Addgene plasmid #47328). The expressing cassette includes a puromycin 

resistant marker followed by sequences that code for P2A peptide and TIR1-9myc protein. The 

gene expression is driven by EFS promoter in the original lentiCRISPR v2. 
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2.3.2 General mouse embryonic cell culture 

F123 mouse embryonic stem cells were grown on gamma-irradiated mouse embryonic fibro-

blast cells under standard conditions (85% High Glucose DMEM, 15% Knockout Serum Replace-

ment, 0.1 mM non-essential amino acids, 0.1 mM β-mercaptoethanol, 1 mM Glutamine, LIF 

500U/mL, +P/S). Before harvesting for CAP-C and in-situ Hi-C, F123 mESCs were passaged onto 

feeder free 0.2% gelatin coated plates for at least 2 passages to rid the culture of feeder cells.  

 

2.3.3 Transfection and establishment of CTCF-AID knock-in clones 

The cells were passaged once on 0.1% gelatin-coated feeder-free plates before transfection. 

The cells were transfected using the Mouse ES Cell Nucleofector Kit (Lonza) and Amaxa Nu-

cleofector (Lonza) with 10 µg of the CRISPR plasmid and 5 µg of the donor plasmid following 

the manufacturer's instructions. After transfection, the cells were plated on drug-resistant MEFs 

(GlobalStem). Two days after transfection, drug selection was started by addition of 160 µg/ml 

G418 (Geneticin, Gibco) to the medium. Drug-resistant colonies were isolated and the clones 

with AID knock-in on both alleles were found by performing PCR of the genomic DNA using 

primers specific to sequences flanking the 3' end of the CTCF coding sequence 

(AAATGTTAAAGTGGAGGCCTGTGAG and AAGATTTGGGCCGTTTAAACACAGC). 

The sequence at the CTCF-AID junction on both alleles were checked by sequencing of allele-

specific PCR products, which were generated by using either a CTCF-129-specific (CTGACTT-

GGGCATCACTGCTG) or a CTCF-Cast-specific (GTTTTGTTTCTGTT-

GACTTAGGCATCACTGTTA) forward primer and a reverse primer in the AID coding se-
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quence (GAGGTTTGGCTGGATCTTTAGGACA). The expression of CTCF-AID fusion pro-

tein was confirmed by observing the difference in the molecular weight compared to the control 

cells by Western blot with anti-CTCF antibody (Millipore, 07-729).We produced the lentivirus 

for expressing TIR1-9myc using Lenti-X Packaging Single Shots system (Clontech) and infected 

the CTCF-AID knock-in mouse ES cells following the manufacturer's instructions. After infec-

tion, the cells were selected by culturing with 1 µg/ml puromycin. Drugresistant colonies were 

isolated and expression of TIR1-9myc was confirmed by Western blot using anti-Myc antibody 

(Santa Cruz, sc-40). Clones expressing high level of TIR1-9myc were used for the experi-

ments.The CTCF-AID knock-in mouse ES cells expressing TIR1-9myc were passaged on 0.1% 

gelatincoated plates without MEFs. We added 1 ul 500 mM auxin (Abcam, ab146403) per 1 ml 

medium to deplete CTCF, and changed medium with auxin every 24 hours. Cells were harvested 

48 hours after stating auxin treatment. 

 

2.3.4 Synthesis of psoralen functionalized PAMAM dendrimer 

PAMAM dendrimer G3, G5 and G7 (Sigma Aldrich) were dissolved in 2 mL methanol re-

spectively. Half molar ratio of SPB (Thermo Fisher) was then added followed by 5 μl Et3N. Each 

reaction mixture was stirred at r.t. for overnight before addition of 100 μl Ac2O. The reaction 

was continuing for another 12 h. The reaction was quenched by addition of 3 mL ddH2O. The 

modified PAMAM dendrimer was purified by centrifugation with 3 K Amicon Ultra Centrifugal 

Filter Unit (Millipore).  

Below shows a synthetic scheme using PAMAM dendrimer G3 as an example: 
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2.3.5 CAP-C 

 

2.3.5.1 Fixing cells in situ 

Grow five million cells under recommended culture conditions. Detach adherent cells by 

centrifugation at 300 x G for 5 min. Resuspend cells in fresh medium at 1 million cells per 1 ml 

medium. Add 16% formaldehyde solution to a final concentration of 1%, v/v. Incubate at r.t. for 

5 min on rotating rocker.Add 2.5 M glycine solution to a final concentration of 0.2 M to quench 

the reaction. Incubate at r.t. for 5 min on rotating rocker. Centrifuge for 5 min at 300 x G at 4 ˚C. 

Discard supernatant. Resuspend cells in 1 ml of cold 1X PBS and spin for 5 min at 300 x G at 4 

˚C. Discard supernatant and flash-freeze cell pellets in liquid nitrogen (can be stored in -80 ˚C 

for up to a year). 

2.3.5.2 UV crosslinking cells with dendrimers 

Combine 250 μl of ice-cold lysis buffer (10 mM Tris-HCl, pH 8.0, 10 mM NaCl, 0.2% Ige-

pal CA630) with 50 μl of protease inhibitors (Sigma, P8340). Add to formaldehyde fixed pellet 

of cells. Incubate cell suspension on ice for 20 min. Centrifuge at 2500xG for 5 min. Discard the 

supernatant. Wash pelleted nuclei once with 500 μl of ice-cold Hi-C lysis buffer. Centrifuge and 

discard the supernatant. Resuspend the cell pellet in 1 ml 10 uM dendrimer in methanol. Incubate 

at 4 ˚C on a rocker with rotation. Photo crosslink the nuclei by irradiating under 365 nm UV for 

30 min. Centrifuge for 5 min at 2500 x G at 4 ˚C. Discard supernatant. Wash pelleted nuclei 
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twice with 500 μl of ice-cold Hi-C lysis buffer. Centrifuge and discard the supernatant. Resus-

pend the pellet in proteinase K buffer (420 μl Hi-C lysis buffer, 50 μl 10% SDS, 30 μl 20 mg/ml 

proteinase K) Incubate at 65 ˚C for O/N on a thermomixer at 800 rpm. 

 

2.3.5.3 Purify UV crosslinked DNA-Dendrimer complexes: 

Extract the DNA with 500 μl phenol:chloroform. Centrifuge at max for 10 min at r.t. Trans-

fer the upper layer to a new tube. Add 800 μl EtOH and 50 μl 3 M NaOAc (pH 5.5). Incubate at -

80 ˚C for 3-4 h. Centrifuge at max for 15 min at 4 ˚C. Discard the supernatant. Wash the pellet 

twice with 500 μl 70% EtOH. Centrifuge at max for 5 min at 4 ˚C. Discard the supernatant. 

Resuspend the DNA pellet in 50 μl water. 

 

2.3.5.4 Digest DNA-Dendrimer complexes with MboI: 

50 μl of DNA-Dendrimer complex         

20 μl of 10 X NEBuffer 2 

20 μl of 5U/ μl MboI (NEB, R0147)                            

110 μl of ddH2O                                           

Incubate at 37˚C for O/N on a thermomixer at 800 rpm. On the next day, inactivate MboI by 

incubating at 65 ˚C for 20 min on a thermomixer at 800 rpm. 

 

2.3.5.5 Marking DNA ends with Biotin 

200 μl of above DNA-Dendrimer complex         

37.5 μl of 0.4 mM biotin-14-dATP (Life Technologies, 19524-016)  

1.5 μl of 10 mM dCTP  
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1.5 μl of 10 mM dGTP  

1.5 μl of 10 mM dTTP  

10 μl of 5 U/μl DNA Polymerase I, Large (Klenow) Fragment (NEB, M0210) 

Incubate at 37 ˚C for 1 h on a rotating rocker. Inactivate the Klenow by incubating at 65 ˚C 

for 30 min on a thermomixer at 800 rpm. 

 

2.3.5.6 Proximity Ligation in the ultra-diluted solution 

6.2 ml of water  

500 μl of 10X NEB T4 DNA ligase buffer (NEB, B0202)  

300 μl of above DNA-Dendrimer complexes         

12 μl of 10mg/ml Bovine Serum Albumin (100X BSA)  

20 μl of 400 U/ μl T4 DNA Ligase (NEB, M0202) 

Incubate at 16˚C for 8 h on a rotating rocker. 

 

2.3.5.7 Purify DNA-Dendrimer complexes 

Extract the DNA with 7 ml phenol:chloroform. Centrifuge at 2000 G for 10 min at r.t. 

Transfer the upper layer to a new tube. Add 17.5 ml EtOH and 700 μl 3 M NaOAc (pH 5.5). In-

cubate at -80 ºC for O/N. Centrifuge at 10000 G for 20 min at 4 ˚C. Discard the supernatant. Re-

suspend the pellet in 300 μl water. 

2.3.5.8 Shear DNA-Dendrimer complexes 

Instrument: Diagenode Bioruptor Pico 

Volume of Library: 100 μl in a 0.65 ml Diagenode tube 

Program: 30 s on; 30 s off; 8 cycles. 
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2.3.5.9 Library construction 

Perform all the following steps in low-bind tubes. Prepare for biotin pull-down by washing 

150 μl of 10 mg/ml Dynabeads MyOne Streptavidin C1 beads (Life technologies) with 400 μl of 

1X Tween Washing Buffer (1X TWB: 5 mM Tris-HCl (pH 7.5); 0.5 mM EDTA; 1 M NaCl; 

0.05% Tween 20). Separate on a magnet and discard the solution. Resuspend the beads in 300 μl 

of 2X Binding Buffer (2X BB: 10 mM Tris-HCl (pH 7.5); 1 mM EDTA; 2 M NaCl) and add to 

the reaction. Incubate at room temperature for 15 min with rotation to bind biotinylated DNA to 

the streptavidin beads. Separate on a magnet and discard the solution. Wash the beads by adding 

600 μl of 1X TWB and transferring the mixture to a new tube. Heat the tubes on a Thermomixer 

at 55 °C for 2 min with mixing. Reclaim the beads using a magnet. Discard supernatant. Repeat 

wash. Resuspend beads in 100 ul 1X NEB T4 DNA ligase buffer (NEB, B0202) and transfer to a 

new tube. Reclaim beads and discard the buffer. To repair ends of sheared DNA and remove bio-

tin from unligated ends, resuspend beads in 100 μl of master mix: 88 μl of 1X NEB T4 DNA lig-

ase buffer with 10 mM ATP S33, 2 μl of 25mM dNTP mix, 5 μl of 10 U/μl NEB T4 PNK (NEB, 

M0201), 4 μl of 3 U/μl NEB T4 DNA polymerase I (NEB, M0203), 1 μl of 5 U/μl NEB DNA 

polymerase I, Large (Klenow) Fragment (NEB, M0210) Incubate at room temperature for 30 

min. Separate on a magnet and discard the solution. Wash the beads by adding 600 μl of 1X 

TWB and transferring the mixture to a new tube. Heat the tubes on a Thermomixer at 55°C for 2 

min with mixing. Reclaim the beads using a magnet. Discard supernatant. Repeat wash. Resus-

pend beads in 100 μl 1X NEBuffer 2 and transfer to a new tube. Reclaim beads and discard the 

buffer. Resuspend beads in 100 μl of dATP attachment master mix: 90 μl of 1X NEBuffer 2, 5 μl 

of 10 mM dATP, 5 μl of 5 U/μl NEB Klenow exo minus (NEB, M0212). Incubate at 37°C for 30 

min. Separate on a magnet and discard the solution. Wash the beads by adding 600 μl of 1X 
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TWB and transferring the mixture to a new tube. Heat the tubes on a Thermomixer at 55°C for 2 

min with mixing. Reclaim the beads using a magnet. Discard supernatant. Repeat wash. Resus-

pend beads in 100 μl 1X Quick ligation reaction buffer (NEB, B6058) and transfer to a new tube. 

Reclaim beads and discard the buffer. Resuspend in 50 μl of 1X NEB Quick ligation reaction 

buffer. Add 2 μl of NEB DNA Quick ligase (NEB, M2200). Add 3 μl of  Illumina indexed 

adapter. (Nextflex) Record the sample-index combination. Mix thoroughly. Incubate at room 

temperature for 15 min. Separate on a magnet and discard the solution. Wash the beads by add-

ing 600 μl of 1X TWB and transferring the mixture to a new tube. Heat the tubes on a Thermo-

mixer at 55°C for 2 min with mixing. Reclaim the beads using a magnet. Remove supernatant. 

Repeat wash. Wash 3 times with 100 μl water. Reclaim the beads with 50 μl water. Incubate at 

98 ˚C for 10min to elute the DNA from the beads. Transfer the supernatant to a 8-well PCR tube. 

PCR amplify 12 cycles with following conditions: 

98 ˚C 30 s ;98 ˚C 15 s ;60 ˚C 30 s; 72 ˚C 30 s; Repeat 12 cycles; 72 ˚C 1 min. 

Purify the libraries with 0.9X Ampure beads. Elute with 30 μl water. Check the ligation effi-

ciency by aliquote 8 μl DNA libraries and adding 1 μl 10X CutSmart buffer, 1 μl BspdI. Incubate 

at 37 ºC for 1 h. Run a 2% agarose gel with digested libraries and original libraries side by side. 

A clear shift-down to small size should be observed with BspdI digested libraries. 

 

2.3.6 In-situ Hi-C 

 

In-situ Hi-C experiments were performed as previously described using the MboI restriction 

enzyme (Rao et al., 2014). For fixation, trypsinized mES cells were counted and resuspended 

with adjusted volume (1 million cells per mL) of fresh media. Formaldehyde was added to 1% 

final, and samples were incubated for 10 minutes at room temperature. Then, 25 μl per mL of 
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2.5M Glycine was added followed by a 5-minute incubation at room temperature and then a 15-

minute incubation on ice. Aliquots were spun down at 3,500 x g for 15 minutes, washed with 

cold 1 x PBS, frozen on dry ice, and stored at -80˚C. The crosslinked pellets were thawed on ice, 

and were incubated with 200ul of lysis buffer (10 mM Tris-HCl pH 8.0, 10 mM NaCl, 0.2% Ige-

pal CA630, 33 μL Protease Inhibitor (Sigma, P8340)) on ice for 15 min, washed with 300 μL 

cold lysis buffer, and then incubated in 50uL of 0.5% SDS for 10min at 62°C. After heating, 170 

μL of 1.47% Triton X-100 was added and incubated for 15min at 37˚C. To digest chromatin 

100U MboI and 25uL of 10X NEBuffer2 were added followed by overnight incubation at 37˚C 

with agitation at 700rpm on a thermomixer. After incubation, MboI was inactivated by heating at 

62°C for 20 minutes. Digestion efficiency was confirmed by performing agarose gel electropho-

resis of the samples. The digested ends were filled and labeled with biotin by adding 37.5uL of 

0.4mM biotin-14-dATP (Life Tech), 1.5 μL of 10mM dCTP, 10mM dTTP, 10mM dGTP, and 

8uL of 5U/ul Klenow (New England Biolabs) and incubating at 23°C for 60 minutes with shak-

ing at 500 rpm on a thermomixer. Then the samples were mixed with 1x T4 DNA ligase buffer 

(New England Biolabs), 0.83% Trition X100, 0.1 mg/mL BSA, 2000U T4 DNA Ligase (New 

England Biolabs, M0202), and incubated for at 23°C for 4 hours with shaking at 300rpm on a 

thermomixer to ligate the ends. After the ligation reaction, samples were spun and pellets were 

resuspended in 550uL 10 mM Tris-HCl, pH 8.0. To digest the proteins and to reverse the cross-

links, 50 μL of 20mg/mL Proteinase K (New England Biolabs) and 57 μL of 10% SDS were 

mixed with the samples, and incubated at 55°C for 30 minutes, and then 67 μL of 5M NaCl were 

added followed by overnight incubation at 68°C. After cooling the samples for 10 minutes at 

room temperature, 0.8X Ampure (Beckman-Coulter) purification was performed and samples 
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were eluted in 100 μL 10 mM Tris-HCl, pH 8.0. Next, the samples were sonicated to mean frag-

ment length of 400 bp using Covaris M220 with the following parameters: 70 seconds duration 

at 10.0% duty factor, 50.0 peak power, 200 cycles per burst. To collect 200-600 bp size of frag-

mented DNA, two rounds of Ampure (Beckman-Coulter) beads purification was performed and 

the samples were eluted in 300 μL 10 mM Tris-HCl, pH 8.0. The DNA labeled with biotin was 

purified using Dynabeads My One T1 Streptavidin beads (Invitrogen). 100 μL of 10 mg/mL 

Dynabeads My One T1 Streptavidin beads was washed with 400 μL of 1x Tween Wash Buffer 

(5 mM Tris-HCl pH 7.5, 0.5 mM EDTA, 1 M NaCl, 0.05% Tween-20), and resuspended in 300 

μL of 2x Binding Buffer (10 mM Tris-HCl pH 7.5, 1 mM EDTA, 2 M NaCl). The beads were 

transferred to the sample tube, incubated for 15 minutes at room temperature, and the supernatant 

was removed from the beads using a magnetic rack. Then the beads were washed twice by add-

ing 600 μL of 1x Tween Wash Buffer, heating on a thermomixer for 2 minutes at 55˚C with mix-

ing, and removing the supernatant using a magnetic rack. Then the beads were equilibrated once 

in 100 uL 1x NEB T4 DNA ligase buffer (New England Biolabs) followed by removal of the su-

pernatant using a magnetic rack. To repair the fragmented ends and remove biotin from unligated 

ends, the beads were resuspended in 100uL of the following: 88 μL 1X NEB T4 DNA ligase 

buffer (New England Biolabs, B0202), 2 μL of 25mM dNTP mix, 5 μL of 10 U/μL T4 PNK 

(New England Biolabs), 4 μL of 3 U/μL NEB T4 DNA Polymerase (New England Biolabs), 1 

μL of 5U/μL Klenow (New England Biolabs). The beads were incubated for 30 minutes at room 

temperature, followed by removal of the supernatant using a magnetic rack. The beads were 

washed twice by adding 600 μL of 1x Tween Wash Buffer, heating on a thermomixer for 2 

minutes at 55˚C with mixing, and removing the supernatant using a magnetic rack. To add dA-

tail, the beads were resuspended in 100uL of the following: 90 μL of 1X NEB Buffer2, 5 μL of 
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10mM dATP, and 5 μL of 5U/ul Klenow (exo-) (New England Biolabs). The beads were incu-

bated for 30 minutes at 37˚C, followed by removal of the supernatant using a magnetic rack. The 

beads were washed twice by adding 600 μL of 1x Tween Wash Buffer, heating on a thermomixer 

for 2 minutes at 55˚C with mixing, and removing the supernatant using a magnetic rack. Follow-

ing the washes, the beads were equilibrated once in 100 μL 1x NEB Quick Ligation Reaction 

Buffer (New England Biolabs) and the supernatants were removed using a magnetic rack. Then 

the beads were resuspended again in 50 μL 1x NEB Quick Ligation Reaction Buffer. To ligate 

adapters, 2 μL of NEB DNA Quick Ligase (New England Biolabs) and 3 μL of Illumina Indexed 

adapter were added to the beads and incubated for 15 minutes at room temperature. The superna-

tant was removed using a magnetic rack and the beads were washed twice by adding 600 μL of 

1x Tween Wash Buffer, heating on a thermomixer for 2 minutes at 55˚C with mixing, and re-

moving the supernatant using a magnetic rack. Then the beads were resuspended once in 100 μL 

10 mM Tris-HCl, pH 8.0, followed by removal of the supernatant and resuspension again in 50 

μL 10 mM Tris-HCl, pH 8.0. After deciding an optimal PCR cycle number using KAPA DNA 

Quantification kit (Kapa Biosystems), 8-9 cycles of PCR amplification was performed with the 

following: 10 μL Fusion HF Buffer (New England Biolabs), 3.125 μL 10uM TruSeq Primer 1, 

3.125 μL 10uM TruSeq Primer 2, 1 μL 10mM dNTPs, 0.5 μL Fusion HotStartII, 20.75 μL 

ddH20, 11.5 μL Bead-bound HiC library. Then, PCR products underwent final purification using 

AMPure beads (Beckman-Coulter) and were eluted in 30 μL 10 mM Tris-HCl, pH 8.0. Libraries 

were sequenced on Illumina HiSeq 4000. 

2.3.7 Modified CAP-C 

2.3.7.1 Crosslink cells with dendrimers  

For modified CAP-C with formaldehyde crosslinking: 
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Grow five million cells under recommended culture conditions. Detach adherent cells by 

centrifugation at 300 x G for 5 min. Resuspend cells in fresh medium at 1 million cells per 1 ml 

medium. Add 16% formaldehyde solution to a final concentration of 1%, v/v. Incubate at r.t. for 

5 min on rotating rocker. Add 2.5 M glycine solution to a final concentration of 0.2 M to quench 

the reaction. Incubate at r.t. for 5 min on rotating rocker. Centrifuge for 5 min at 300 x G at 4 ˚C. 

Discard supernatant. Resuspend cells in 1 ml of cold 1X PBS and spin for 5 min at 300 x G at 4 

˚C. Discard supernatant and flash-freeze cell pellets in liquid nitrogen (can be stored in -80 ˚C 

for up to a year). Combine 250 μl of ice-cold lysis buffer (10 mM Tris-HCl, pH 8.0, 10 mM 

NaCl, 0.2% Igepal CA630) with 50 μl of protease inhibitors (Sigma, P8340). Add to formalde-

hyde fixed pellet of cells. Incubate cell suspension on ice for 20 min. Centrifuge at 2500xG for 5 

min. Discard the supernatant. Wash pelleted nuclei once with 500 μl of ice-cold Hi-C lysis 

buffer. Centrifuge and discard the supernatant. Resuspend the cell pellet in 1 ml 50 uM den-

drimer in methanol. Incubate at 4 ˚C on a rocker with rotation. Photo crosslink the nuclei by irra-

diating under 365 nm UV for 30 min. Centrifuge for 5 min at 2500 x G at 4 ˚C. Discard superna-

tant. Wash pelleted nuclei twice with 500 μl of ice-cold Hi-C lysis buffer. Centrifuge and discard 

the supernatant. Resuspend the pellet in proteinase K buffer (420 μl Hi-C lysis buffer, 50 μl 10% 

SDS, 30 μl 20 mg/ml proteinase K) Incubate at 65 ˚C for O/N on a thermomixer at 800 rpm. 

For modified CAP-C without formaldehyde crosslinking: 

Grow five million cells under recommended culture conditions. Detach adherent cells by 

centrifugation at 300 x G for 5 min. Combine 250 μl of ice-cold nucleus lysis buffer (10mM 

Tris, pH7.5, 10mM NaCl, 3mM MgCl2, 0.5% NP-40, 0.15mM spermine, 0.5mM spermidine) 

with 50 μl of protease inhibitors (Sigma, P8340). Add to pellet of cells. Incubate cell suspension 

on ice for 5 min. Centrifuge at 500xG for 5 min. Discard the supernatant. Wash pelleted nuclei 
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once with 500 μl of resuspension buffer (10mM Tris-HCl pH7.4, 15mM NaCl, 60mM KCl, 

0.15mM spermine, 0.5mM spermidine). Centrifuge at 500xG for 5 min and discard the superna-

tant. Resuspend the cell pellet in 1 ml 50 uM dendrimer in methanol. Incubate at 4 ˚C on a rocker 

with rotation for 10min. Photo crosslink the nuclei by irradiating under 365 nm UV for 30 min. 

Centrifuge for 5 min at 2500 x G at 4 ˚C. Discard supernatant. Wash pelleted nuclei twice with 

500 μl of resuspension buffer. Centrifuge and discard the supernatant. Resuspend the pellet in 

proteinase K buffer (420 μl Hi-C resuspension buffer, 50 μl 10% SDS, 30 μl 20 mg/ml protein-

ase K) Incubate at 65 ˚C for O/N on a thermomixer at 800 rpm. 

 

2.3.7.2 Purify UV crosslinked DNA-Dendrimer complexes: 

Extract the DNA with 500 μl phenol:chloroform. Centrifuge at max for 10 min at r.t. Trans-

fer the upper layer to a new tube. Add 800 μl EtOH and 50 μl 3 M NaOAc (pH 5.5). Incubate at -

80 ˚C for 1 h. Centrifuge at max for 15 min at 4 ˚C. Discard the supernatant. Wash the pellet 

twice with 500 μl 70% EtOH. Centrifuge at max for 5 min at 4 ˚C. Discard the supernatant. 

Resuspend the DNA pellet in 100 μl MNase digestion buffer (10mM Tris-HCl pH7.4, 

15mM NaCl, 60mM KCl, 1mM CaCl2, 0.15mM spermine, 0.5mM spermidine). 

 

2.3.7.3 Digest DNA-Dendrimer complexes with MNase: 

100 μl of DNA-Dendrimer complex         

1 unit of MNase                            

Incubate at 37˚C for 5 min then stop the reaction by adding 150μl of Stop Buffer. (20mM 

EDTA, 20mM EGTA, 0.4% SDS) Incubate the mixture at 65°C for 30min. Purify DNA with 

ethanol precipitation by adding 800 μl EtOH and 50 μl 3 M NaOAc (pH 5.5). Incubate at -80 ˚C 



95 

for 1 h. Centrifuge at max for 15 min at 4 ˚C. Discard the supernatant. Wash the pellet twice with 

500 μl 70% EtOH. Centrifuge at max for 5 min at 4 ˚C. Discard the supernatant. Resuspend the 

DNA pellet in 100 μl H2O. 

 

2.3.7.4 Repair end and add “A” 

Repair DNA ends and add “A” using the KAPA Hyper plus kit.  

100 μl of above DNA-Dendrimer complex         

28 μl of ER&AT buffer mix  

12 μl of ER&AT enzyme mix 

Incubate at 20˚C for 30 min then 65˚C for 30 min. Purify DNA with ethanol precipitation by 

adding 500 μl EtOH and 20 μl 3 M NaOAc (pH 5.5). Incubate at -80 ˚C for 1 h. Centrifuge at 

max for 15 min at 4 ˚C. Discard the supernatant. Wash the pellet twice with 500 μl 70% EtOH. 

Centrifuge at max for 5 min at 4 ˚C. Discard the supernatant. Resuspend the DNA pellet in 100 

μl H2O. 

 

2.3.7.5 Attach biotin linker to the dendrimer 

100 μl of above DNA-Dendrimer complex   

2 μl of 100 μM biotin linker       

Incubate at 37˚C for 2 h on a thermomixer at 800 rpm. Excess of biotin linkers are removed 

by XP beads size selection. DNA is eluted with 100 μl of H2O. 

2.3.7.6 Immobilize dendrimer-DNA complex on streptavidin beads 

Prepare for biotin pull-down by washing 20 μl of 10 mg/ml Dynabeads MyOne Streptavidin 

C1 beads (Life technologies) with 400 μl of 1X Tween Washing Buffer (1X TWB: 5 mM Tris-
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HCl (pH 7.5); 0.5 mM EDTA; 1 M NaCl; 0.05% Tween 20). Separate on a magnet and discard 

the solution. Resuspend the beads in 100 μl of 2X Binding Buffer (2X BB: 10 mM Tris-HCl (pH 

7.5); 1 mM EDTA; 2 M NaCl) and add to the reaction. Incubate at room temperature for 15 min 

with rotation to bind biotinylated DNA to the streptavidin beads. Separate on a magnet and dis-

card the solution. Wash the beads by adding 600 μl of 1X TWB and transferring the mixture to a 

new tube. Heat the tubes on a Thermomixer at 55 °C for 2 min with mixing. Reclaim the beads 

using a magnet. Discard supernatant. Repeat wash. 

2.3.7.7 Proximity Ligation in the ultra-diluted solution 

4 ml of water  

500 μl of 10X NEB T4 DNA ligase buffer (NEB, B0202)  

1 ml of above DNA-Dendrimer complexes         

20 μl of 400 U/ μl T4 DNA Ligase (NEB, M0202) 

Incubate at 16˚C for overnight on a rotating rocker. Separate on a magnet and discard the so-

lution. 

2.3.7.8 Purify DNA-Dendrimer complexes and library construction 

Wash the beads by adding 600 μl of 1X TWB and transferring the mixture to a new tube. 

Heat the tubes on a Thermomixer at 55 °C for 2 min with mixing. Reclaim the beads using a 

magnet. Discard supernatant. Repeat wash. Perform all the following steps in low-bind tubes. 

Resuspend beads in 100 ul 1X NEB T4 DNA ligase buffer (NEB, B0202) and transfer to a new 

tube. Reclaim beads and discard the buffer. To repair ends of sheared DNA and remove biotin 

from unligated ends, resuspend beads in 100 μl of master mix: 88 μl of 1X NEB T4 DNA ligase 

buffer with 10 mM ATP S33, 2 μl of 25mM dNTP mix, 5 μl of 10 U/μl NEB T4 PNK (NEB, 

M0201), 4 μl of 3 U/μl NEB T4 DNA polymerase I (NEB, M0203), 1 μl of 5 U/μl NEB DNA 
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polymerase I, Large (Klenow) Fragment (NEB, M0210) Incubate at room temperature for 30 

min. Separate on a magnet and discard the solution. Wash the beads by adding 600 μl of 1X 

TWB and transferring the mixture to a new tube. Heat the tubes on a Thermomixer at 55°C for 2 

min with mixing. Reclaim the beads using a magnet. Discard supernatant. Repeat wash. Resus-

pend beads in 100 μl 1X NEBuffer 2 and transfer to a new tube. Reclaim beads and discard the 

buffer. Resuspend beads in 100 μl of dATP attachment master mix: 90 μl of 1X NEBuffer 2, 5 μl 

of 10 mM dATP, 5 μl of 5 U/μl NEB Klenow exo minus (NEB, M0212). Incubate at 37°C for 30 

min. Separate on a magnet and discard the solution. Wash the beads by adding 600 μl of 1X 

TWB and transferring the mixture to a new tube. Heat the tubes on a Thermomixer at 55°C for 2 

min with mixing. Reclaim the beads using a magnet. Discard supernatant. Repeat wash. Resus-

pend beads in 100 μl 1X Quick ligation reaction buffer (NEB, B6058) and transfer to a new tube. 

Reclaim beads and discard the buffer. Resuspend in 50 μl of 1X NEB Quick ligation reaction 

buffer. Add 2 μl of NEB DNA Quick ligase (NEB, M2200). Add 3 μl of Illumina indexed 

adapter. (Nextflex) Record the sample-index combination. Mix thoroughly. Incubate at room 

temperature for 15 min. Separate on a magnet and discard the solution. Wash the beads by add-

ing 600 μl of 1X TWB and transferring the mixture to a new tube. Heat the tubes on a Thermo-

mixer at 55°C for 2 min with mixing. Reclaim the beads using a magnet. Remove supernatant. 

Repeat wash. Wash 3 times with 100 μl water. Reclaim the beads with 50 μl water. Incubate at 

98 ˚C for 10min to elute the DNA from the beads. Transfer the supernatant to an 8-well PCR 

tube. 

PCR amplify 12 cycles with following conditions: 

98 ˚C 30 s ;98 ˚C 15 s ;60 ˚C 30 s; 72 ˚C 30 s; Repeat 12 cycles; 72 ˚C 1 min. 
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Purify the libraries with 0.9X Ampure beads. Elute with 30 μl water. Check the ligation effi-

ciency by aliquote 8 μl DNA libraries and adding 1 μl 10X CutSmart buffer, 1 μl BspdI. Incubate 

at 37 ºC for 1 h. Run a 2% agarose gel with digested libraries and original libraries side by side. 

A clear shift-down to small size should be observed with EcoRV digested libraries. 

2.3.7.9 ChIP-Seq 

ChIP-seq experiments was performed as described in ENCODE experiments protocols (42) 

with minor modifications. Cells were crosslinked with 1% formaldehyde for 10 min and 

quenched with 200 mM glycine. 5.0 million mESCs were used for each ChIP sample. Shearing 

of chromatin was performed using Diagenode Bioruptor Pico for sonication with following pa-

rameters: 30 s on; 30 s off; 30 cycles at 4°C. The concentration of fragmented DNA was diluted 

to 0.1 μg/μl with 1xTE. For immunoprecipitation, we used 20 μL anti-mouse IgA Dynabeads 

(Life Technologies) and wash them with cold BSA/PBS (0.5 mg / mL bovine serum albumin in 

1x phosphate buffered saline) for 3 times. After washing, 3 μL anti-Top2B (Santa Cruz) with 147 

μL cold BSA/PBS were added to the beads and incubated on a rotating platform at 4°C for 2 

hours. After incubation, beads were washed with150 mL cold BSA/PBS for 3 times, and mixed 

with 100 μL Binding Buffer (1% Triton X-100, 0.1% Sodium Deoxycholate, 1x complete prote-

ase inhibitor (Roche)) plus 100 μL 0.2 μg/μl chromatin followed by overnight incubation on a 

rotating platform at 4°C. Beads were collected on a magnetic rack and washed 5 times with 50 

mM Hepes pH 8.0, 1% NP-40, 1 mM EDTA, 0.70% Sodium Deoxycholate, 0.5 M LiCl, 1x com-

plete protease inhibitor (Roche) and washed once with 150 μL cold 1x TE. After removing the 

TE, 150 μL ChIP elution buffer (10 mM Tris-HCl pH 8.0, 1 mM EDTA, 1% SDS) was added, 

and samples were incubated at 65°C for 4 h at 800 rpm on a thermomixer. The beads were dis-
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carded using a magnetic rack and the samples were further incubated at 65°C overnight to re-

verse crosslinks. For input samples, 20 μL of chromatin was added to 130 μL ChIP elution buffer 

and incubated at 65°C overnight with the other samples. The input samples were processed in 

parallel with the ChIP samples from here on. RNase A was added to each sample and incubated 

at 37°C for 1 hour, and Proteinase K was added and incubated at 55°C for 1 hour. The samples 

were extracted with phenol: chloroform: isoamyl alcohol (25:24:1) using Phase Lock tube (5 

Prime). Then the samples were precipitated with ethanol and resuspended in 50 μL10 mM Tris 

(pH 8.0). The KAPA Hyper plus Kit (KAPA) was used to for preparing Illumina sequencing li-

braries. Libraries were sequenced on HiSeq4000 single end for 50 bp. 

 

2.3.8 HiChIP 

Pellet detached adherent or suspension cells and resuspend in freshly made 1% formalde-

hyde (methanol free) at a volume of 1 mL of formaldehyde for every one million cells. Incubate 

cells at room temperature for 10 minutes with rotation. Add glycine to a final concentration of 

125 mM to quench the formaldehyde, and then incubate at room temperature for 5 minutes with 

rotation. Pellet cells, wash in PBS, pellet again, and then store in -80°C or proceed into the 

HiChIP protocol. Resuspend up to 15 million crosslinked cells in 500 μL of ice-cold Hi-C Lysis 

Buffer and rotate at 4 for 30 minutes. For cell amounts greater than 15 million, split the pellet in 

half for contact generation and then recombine for the sonication. Spin down at 2500 rcf for 5 

minutes and discard the supernatant. Wash pelleted nuclei once with 500 μL of ice-cold Hi-C 

Lysis Buffer. Remove the supernatant and resuspend pellet in 100 μL of 0.5% SDS. Incubate at 

62°C for 10 minutes and then add 285 μL of H2O and 50 μL of 10% Triton X-100 to quench the 

SDS. Mix well and incubate at 37°C for 15 minutes. Add 50 μL of 10X NEB Buffer 2 and 375 U 
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of MboI restriction enzyme (NEB, R0147), and digest chromatin for 2 hours at 37°C with rota-

tion. For lower starting material, less restriction enzyme was used: 15 μL was used for 10-15 

million cells, 8 μL for 5 million cells, and 4 μL for 1 million cells. Heat inactivate MboI at 62°C 

for 20 min. To fill in the restriction fragment overhangs and mark the DNA ends with biotin, add 

52 μL of fill-in master mix: Fill-in Master Mix 1 Reaction 0.4 mM biotin-dATP (Thermo 

19524016) 37.5 μL 10 mM dCTP 1.5 μL 10 mM dGTP 1.5 μL 10 mM dTTP 1.5 μL 5U/μL DNA 

Polymerase I, Large (Klenow) Fragment (NEB, M0210) 10 μL. Mix and incubate at 37°C for 1 

hour with rotation. Add 948 μL of ligation master mix: Ligation Master Mix (10X NEB T4 DNA 

ligase buffer with 10 mM ATP (NEB, B0202) 10% Triton X-100 125 μL 50 mg/mL BSA 3 μL 

400 U/μL T4 DNA Ligase (NEB, M0202) 10 μL Water) Incubate at room temperature for 4 

hours with rotation. Pellet nuclei at 2500 rcf for 5 minutes and remove supernatant. Bring pellet 

up to 880 μL in Nuclear Lysis Buffer. Aliquot 300 μL samples in 1.5ml Bioruptor tube each and 

sonicate chromatin on Diagenode Bioruptor Pico instrument with 30 s on; 30 s off for 30 cycles. 

Clarify sample for 15 minutes at 16100 rcf at 4°C. Add 2X volume of ChIP Dilution Buffer. 

Wash 60 μL of Protein A beads for every 10 million cells in ChIP Dilution Buffer. Amounts of 

beads (for preclearing and capture) and antibody should be adjusted linearly for different 

amounts of cell starting material. Resuspend Protein A beads in 50 μL of Dilution Buffer per 

tube (100 μL per HiChIP), add to sample and rotate at 4°C for 1 hour.  Put samples on magnet 

and transfer supernatant into new tubes. Add 7.5 ug of antibody (YY1 or NCAPH2) for every 

10million cells and incubate at 4°C overnight with rotation. Wash 60 μL of Protein A beads for 

every 10m cells in ChIP Dilution Buffer. Resuspend Protein A beads in 50 μL of Dilution Buffer 

(100 μL per HiChIP), add to sample and rotate at 4°C for 2 hours. Wash beads three times each 
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with Low Salt Wash Buffer, High Salt Wash Buffer, and LiCl Wash Buffer. Washing was per-

formed at room temperature on a magnet by adding 500 μL of a wash buffer, swishing the beads 

back and forth twice by moving the sample relative to the magnet, and then removing the super-

natant. Resuspend ChIP sample beads in 100 μL of DNA Elution Buffer (make fresh). Incubate 

at RT for 10 minutes with rotation, followed by 3 minutes at 37°C with shaking. For ChIP sam-

ples, place on magnet and remove supernatant to a fresh tube. Add another 100 μL of DNA Elu-

tion Buffer to ChIP samples and repeat incubations. Remove ChIP samples supernatant again to 

the new tube. There should now be 200 μL of ChIP sample. Add 10 μL of Proteinase K to each 

sample and incubate at 55°C for 45 minutes with shaking. Increase temperature to 67°C and in-

cubate for at least 1.5 hours with shaking. Use Zymo DNA Clean & Concentrator to purify the 

samples and elute in 10 μL of water. Quantify post-ChIP DNA to estimate the amount of Tn5 

needed to generate libraries at the correct size distribution. Prepare for biotin pull-down by wash-

ing 5 μL of Streptavidin C-1 beads with Tween Wash Buffer. Resuspend the beads in 10 μL of 

2X Biotin Binding Buffer and add to the samples. Incubate at room temperature for 15 minutes 

with rotation. Separate on a magnet and discard the supernatant. Wash the beads twice by adding 

500 μL of Tween Wash Buffer and incubating at 55°C for 2 minutes shaking. Wash the beads in 

100 μL of 1X (from 2X) TD Buffer. Resuspend beads in 25 μL of 2X TD Buffer, the appropriate 

amount of Tn5 for your material amount (2.5 μL for 50 ng of post-ChIP DNA), and water to 50 

μL. Adjust Tn5 amount linearly for different amounts of post-ChIP DNA, with a maximum 

amount of 4 μL of Tn5. Incubate at 55°C with interval shaking for 10 minutes. Place samples on 

magnet and remove supernatant. Add 50 mM EDTA to samples and incubate at 50°C for 30 

minutes, then quickly place on magnet and remove supernatant. Wash samples twice with 50 

mM EDTA at 50°C for 3 minutes, removing quickly on magnet. Wash samples twice in Tween 
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Wash Buffer at 55°C for 2 minutes, removing quickly on magnet. Wash samples in 10 mM Tris. 

Resuspend beads in 50 μL of PCR master mix (Phusion HF 2X 25 μL Nextera Adapter1.1 (Uni-

versal) 12.5 uM 1 μL Nextera Adapter2.x (Barcoded) 12.5 uM 1 μL Water 23 μL) Run the fol-

lowing PCR program: First run 5 cycles on a regular PCR and then remove from beads. Add 

0.25X SYBR green and then run on a qPCR and pull out samples at the beginning of exponential 

amplification. Run reactions on a PCR and estimate cycle number based on the amount of mate-

rial from the post-ChIP Qubit (greater than 50 ng was ran in five cycles, while approximately 50 

ng was running in six, 25 ng was running in seven, 12.5 ng was ran in eight, etc.). PCR Program: 

72°C 5 minutes; 98°C 1 minute; Cycle 98°C 15 seconds 63°C 30 seconds 72°C 1 minute. Place 

libraries on a magnet and elute into new tubes. After PCR place libraries on a magnet and elute 

into new tubes. Then add 25 μL of Ampure XP beads and keep the supernatant to capture frag-

ments less than 700 bp. Transfer supernatant to a new tube and add 15 μL of fresh beads to cap-

ture fragments greater than 300 bp. Finally elute libraries in 10 μL of water. Sequence the librar-

ies on Hi-Seq4000 with PE 50bp. 

2.3.9 1D-dendrimer capture experiment 

Pellet detached adherent or suspension cells and resuspend in freshly made 1% formalde-

hyde (methanol free) at a volume of 1 mL of formaldehyde for every one million cells. Incubate 

cells at room temperature for 10 minutes with rotation. Add glycine to a final concentration of 

125 mM to quench the formaldehyde, and then incubate at room temperature for 5 minutes with 

rotation. Pellet cells, wash in PBS, pellet again. Resuspend cell pellet in 500 μL lysis buffer (10 

mM Tris-HCl pH 8.0, 10 mM NaCl, 0.2% Igepal CA630) In cubate on ice for 15min, pellet cells. 

Add 50 μM each generation of biotinylated dendrimer functionalized with psoralen into cell pel-

let. Incubate at 4°C for 10min. Crosllink the cells with UV365 for 30min. Pellet cells and wash 
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twice with lysis buffer (10 mM Tris-HCl pH 8.0, 10 mM NaCl, 0.2% Igepal CA630) Resuspend 

the pellet in proteinase K buffer (420 μl Hi-C lysis buffer, 50 μl 10% SDS, 30 μl 20 mg/ml pro-

teinase K) Incubate at 65 ˚C for O/N on a thermomixer at 800 rpm. Extract the DNA with 500 μl 

phenol:chloroform. Centrifuge at max for 10 min at r.t. Transfer the upper layer to a new tube. 

Add 800 μl EtOH and 50 μl 3 M NaOAc (pH 5.5). Incubate at -80 ˚C for 3-4 h. Centrifuge at 

max for 15 min at 4 ˚C. Discard the supernatant. Wash the pellet twice with 500 μl 70% EtOH. 

Centrifuge at max for 5 min at 4 ˚C. Discard the supernatant. Resuspend the DNA pellet in 100 

μl water. Prepare for biotin pull-down by washing 20 μl of 10 mg/ml Dynabeads MyOne Strep-

tavidin C1 beads (Life technologies) with 400 μl of 1X Tween Washing Buffer (1X TWB: 5 mM 

Tris-HCl (pH 7.5); 0.5 mM EDTA; 1 M NaCl; 0.05% Tween 20). Separate on a magnet and dis-

card the solution. Resuspend the beads in 100 μl of 2X Binding Buffer (2X BB: 10 mM Tris-HCl 

(pH 7.5); 1 mM EDTA; 2 M NaCl) and add to the reaction. Incubate at room temperature for 15 

min with rotation to bind biotinylated DNA to the streptavidin beads. Separate on a magnet and 

discard the solution. Wash the beads by adding 600 μl of 1X TWB and transferring the mixture 

to a new tube. Heat the tubes on a Thermomixer at 55 °C for 2 min with mixing. Reclaim the 

beads using a magnet. Discard supernatant. Repeat wash. Resuspend beads in 100 ul 1X NEB T4 

DNA ligase buffer (NEB, B0202) and transfer to a new tube. Reclaim beads and discard the 

buffer. To repair ends of sheared DNA and remove biotin from unligated ends, resuspend beads 

in 100 μl of master mix: 88 μl of 1X NEB T4 DNA ligase buffer with 10 mM ATP S33, 2 μl of 

25mM dNTP mix, 5 μl of 10 U/μl NEB T4 PNK (NEB, M0201), 4 μl of 3 U/μl NEB T4 DNA 

polymerase I (NEB, M0203), 1 μl of 5 U/μl NEB DNA polymerase I, Large (Klenow) Fragment 

(NEB, M0210) Incubate at room temperature for 30 min. Separate on a magnet and discard the 

solution. Wash the beads by adding 600 μl of 1X TWB and transferring the mixture to a new 
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tube. Heat the tubes on a Thermomixer at 55°C for 2 min with mixing. Reclaim the beads using a 

magnet. Discard supernatant. Repeat wash. Resuspend beads in 100 μl 1X NEBuffer 2 and trans-

fer to a new tube. Reclaim beads and discard the buffer. Resuspend beads in 100 μl of dATP at-

tachment master mix: 90 μl of 1X NEBuffer 2, 5 μl of 10 mM dATP, 5 μl of 5 U/μl NEB 

Klenow exo minus (NEB, M0212). Incubate at 37°C for 30 min. Separate on a magnet and dis-

card the solution. Wash the beads by adding 600 μl of 1X TWB and transferring the mixture to a 

new tube. Heat the tubes on a Thermomixer at 55°C for 2 min with mixing. Reclaim the beads 

using a magnet. Discard supernatant. Repeat wash. Resuspend beads in 100 μl 1X Quick ligation 

reaction buffer (NEB, B6058) and transfer to a new tube. Reclaim beads and discard the buffer. 

Resuspend in 50 μl of 1X NEB Quick ligation reaction buffer. Add 2 μl of NEB DNA Quick lig-

ase (NEB, M2200). Add 3 μl of Illumina indexed adapter. (Nextflex) Record the sample-index 

combination. Mix thoroughly. Incubate at room temperature for 15 min. Separate on a magnet 

and discard the solution. Wash the beads by adding 600 μl of 1X TWB and transferring the mix-

ture to a new tube. Heat the tubes on a Thermomixer at 55°C for 2 min with mixing. Reclaim the 

beads using a magnet. Remove supernatant. Repeat wash. Wash 3 times with 100 μl water. Re-

claim the beads with 50 μl water. Incubate at 98 ˚C for 10min to elute the DNA from the beads. 

Transfer the supernatant to a 8-well PCR tube. 

PCR amplify 12 cycles with following conditions: 

98 ˚C 30 s ;98 ˚C 15 s ;60 ˚C 30 s; 72 ˚C 30 s; Repeat 12 cycles; 72 ˚C 1 min. 

Purify the libraries with 0.9X Ampure beads. Elute with 30 μl water. 
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2.3.10 ChIP-seq data analysis 

Top2b, CTCF, Rad21 ChIP-seq and control datasets was aligned to the mm10 reference ge-

nome using BWA-MEM (43). PCR duplicates were removed using Picard Tools version 2.2.2 

(http://broadinstitute.github.io/picard/). Peak calling was performed using MACS2 (Zhang et al.) 

with both treated and control BAM files and the following parameters: -q 0.05 –f BAM –g mm. 

For visualization of all internally and externally generated ChIP-seq as tracks, we aligned each 

dataset to the mm10 reference genome, and used bedtools version 2.27 (44) to create bedGraph 

files of depth-normalized RPM or FPM values (depending on whether it is a paired-end or sin-

gle-end dataset). bedGraph files were then converted to bigWig files for its indexing and fast 

query retrievals using UCSC bedGraphToBigWig (https://genome.ucsc.edu/util.html). 

 

2.3.11 Alignment and pre-processing of CAP-C and in-situ Hi-C datasets 

All CAP-C and in-situ Hi-C libraries were sequenced on the Illumina NextSeq500 or 

HiSeq2500. Paired-end FASTQ formatted files were aligned to the mm10 reference genome us-

ing BWA-MEM (3). Each read end was aligned independently before combining them into a sin-

gle BAM file. Singletons and chimeric reads were set aside. PCR duplicates were removed using 

Picard Tools. Separately, an MboI restriction sites BED file was prepared containing the posi-

tions of all possible GATC cut sites using HiCPro (45). We performed an extra filtering step to 

remove all contact distances less than 1Kb in length to ensure that 1) all strand orientations were 

equally represented as a function of genomic distance and 2) because they were highly incon-

sistent across all replicates sequenced, and severely skewed the relative contact frequencies of 

longer range interactions. Only valid, and filtered contact pairs were used for all downstream 

analysis. A pre-formatted text file was prepared before converting it into a .hic format file with 

http://broadinstitute.github.io/picard/
https://genome.ucsc.edu/util.html
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the following resolutions (0.5 Kb, 1 Kb, 2 Kb, 5 Kb, 10 Kb, 25 Kb, 40 Kb, 50 Kb, 100 Kb, 250 

Kb, 500 Kb, 1 Mb and 2.5 Mb). Finally, a MAPQ>=1 and MAPQ>=30 .hic file was then gener-

ate for each sample. 

To generate a CAP-C merge file, all G3, G5 and G7 primary and replicated libraries in the 

pre-formatted text file were concatenated and merged-sorted before using Juicer to convert it into 

a .hic formatted file. All contact matrices visually represented as contact maps were VC-normal-

ized with Juicer (46). 

 

2.3.12 CAP-C eigenvectors and other statistical analyses 

Because we had prepared CAP-C libraries using 3 different dendrimers, a standard differen-

tial analysis could not be sufficiently tested with large number of pixels and limited replicates at 

high-resolution. Instead, we depth-normalized all libraries and performed a principal component 

analysis using a 3 by N*(N+1)/2 matrix where N is the number of loci based on the specified res-

olution. To calculate CAP-C eigenvectors, we performed principal component analysis on a 3 * 

N matrix by using the depth-normalized row sum values of all 3 contact matrices. The first prin-

cipal component or the eigenvector with the highest eigenvalue and its loadings were extracted. 

Regions with high gene densities were arbitrarily assigned as positive values.  

To compare the difference of enrichment between groups of dendrimers, we deployed a 

multi-step statistical test to determine whether the dendrimer with the highest relative contact 

frequency in the bin is different from the relative contact frequency of the other two groups of 

dendrimers. For sufficient power, we performed the statistical analysis of all contact matrices at 

low-resolution (100Kb). First, we performed a one-way ANOVA (analysis of variance), and if 

there is a significant difference between groups (Fstat < Fcritical) for the appropriate significance, 
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we followed up with post-hoc analysis using a linear contrast. Rather than use it as a decision to 

reject the null, the calculated p-value is used to intensify the color of the bin to reflect the varia-

bility among biological replicates. Because the objective of the analysis is to compare between 

dendrimers, we scale contact frequencies (and contact probabilities) by the total number of intra-

chromosomal valid contact pairs, and do not perform implicit normalization such as KR or ICE 

matrix balancing approaches because we do not assume that the row (or column) sums should be 

equal, i.e. the row sums are bias for the enrichment of regions in which the dendrimers target for. 

 

Euclidean Distance Criteria: 

Determining the overlap or concordance of 2D features is based on the criteria proposed by 

(1) 

min(0.2 ∗ 𝑙𝑒𝑛𝑔𝑡ℎ, 50𝐾𝑏) <= √(𝑥1 − 𝑥2)2 + (𝑦1 + 𝑦2)2 

 

2.3.13 Compartments, domains, loops calling and external validation 

Compartments were called at 500Kb resolution using the eigenvector module of Juicer.  

Contact domains were called using the Arrowhead module of Juicer. To utilize the increase 

in short-range contacts in CAP-C, we sensitively call more short-range contact domains by mak-

ing changes to the Blockbuster.java file to toggle the minimum width parameter. We set this to 

zero. A customized Juicer jar file was recompiled based on these changes. We called contact do-

mains at 500bp, 1Kb, 2Kb, 5Kb and 10Kb resolutions, and merged all nested and non-nested 

contact domains into a unique call set. Out of all domains that overlapped (based on the Euclid-

ean distance criteria), the contact domain with the highest corner score was retained. 
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Peaks in the deeply sequenced CAP-C and in-situ Hi-C libraries were called using HiCCUPs 

with the following high-resolution parameters (hiccups –m 1024 –r 5000,10000 –k KR –f .1,.1 –

p 4,2 –i 7,5 –t 0.02,1.5,1.75,2 –d 20000,20000), while lower-resolution G5 inhibitor-treated li-

braries were called with the following medium-resolution parameters (hiccups –m 1024 –r 

5000,10000,25000 –k KR –f .1,.1,.1 –p 4,2,1 –i 7,5,3 –t 0.02,1.5,1.75,2 –d 20000,20000,50000). 

We validated our peaks calls by comparing peak calls to mESC Smc1 HiChIP (24) and mESC 

cohesin ChIA-PET (47). Comparisons between peaks or domains in a call set were determined to 

be concordant based on the Euclidean distance criteria. For peaks, we took the mid-point as the 

coordinate for each anchor. Loop domains were determined by overlapping peaks with domains 

under the same criteria. All remaining contact domains were classified as non-loop domains. 

 

2.3.14 Meta-analysis of domain boundaries 

To investigate the properties of loop versus non-loop domains, we first merged all nested 

and non-nested contact domains called at the 500bp, 1Kb and 2Kb resolution into a unique call 

set, and segregate them into high-resolution loop versus non-loop domains based on whether 

they overlapped a peak or not. For all ChIP-Seq datasets of histone modification marks and tran-

scription factor peaks, we extracted only signals +/- 2 Kb around the boundary, and signals at 5% 

to 95% around the domain body using pyBigWig (48). 

To build mean contact maps of contact domains with varying sizes, boundaries of each con-

tact domain were first extended both upstream and downstream by 30%, and contact frequencies 

recomputed into 32 bins (6 upstream + 20 for the body + 6 downstream). The rescaled contact 

probability was then computed for each contact map, and a mean contact map visualized based 

on the array of rescaled contact matrices. We then performed meta-analysis on loop-domains, 



109 

non-loop domains, and domains whose boundaries overlaps a promoter and enhancer state. At 

the same time, we also visualized cohesin ChIA-PET interactions (8) overlapping promoter and 

enhancers. Promoter-enhancer interactions is unlikely to have the same characteristics as CTCF-

cohesin loops we see in loop-domains. 

Contact domains overlapping at least 50% of the length of the gene is considered to overlap 

a single gene. 

 

2.3.15 Directionality Index and TADs 

Directionality indices were calculated based on the following accorded to (7) for quantifying 

strength of domain boundaries (i.e the upstream vs downstream bias) in a one-dimensional linear 

fashion.  

 

𝐷𝐼 = (
𝐷 − 𝑈

|𝐷 − 𝑈|
)(
(𝑈 − 𝐸)2

𝐸
+
(𝐷 − 𝐸)2

𝐸
) 

 

Where  

• U is the total number of contacts pairs for all R-th resolution bins between the 

locus to the locus R*40 bp upstream 

• D is the total number of contact pairs for all R-th resolution bins between the 

locus to the locus R*40 bp downstream 

• E is the expected number of contact pairs for each locus 
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2.3.16 Classification of loops, domains and TSS 

Loops were classified as promoter-promoter (P-P), promoter-enhancer (P-E), enhancer-pro-

moter (E-P), enhancer-enhancer (E-E), insulator, repressed or heterochromatin based on the fol-

lowing histone modification marks: H3K4me3, H3K27ac, Ctcf and H3K27me3. Because loop 

resolution (5Kb) was still significantly lower than the peak resolution (200bp) of histone modifi-

cation and transcription factors, we devised the following a priori criteria to classify loops. A 

loop anchor was defined as overlapping a promoter region if the mean H3K4me3 mark was more 

enriched than the global H3K4me3 average. A loop anchor was defined as overlapping an en-

hancer region if the mean H3K27ac mark was more enriched than the global H3K27ac average. 

A loop anchor was defined as overlapping a repressed region if the mean H3K27me3 mark was 

more enriched than the global H3K27me3 average. Loop anchors were defined as overlapping 

insulator regions if the loop anchors were not classified as overlapping promoter, enhancer, or 

repressed regions but whose mean CTCF signals were greater than the global CTCF average. 

Loop anchors with mean signals of H3K4me3, H3K27ac, CTCF and H3K27me3 lesser than the 

global averages were classified as overlapping heterochromatin regions. Med12 was used to in-

dependently validate the classification of these anchors, as Med12 is known to be present at pro-

moter and enhancer regions, but not at CTCF-cohesin mediated insulator loops. Classification of 

loops are not mutually exclusive, and each loop may have multiple assignments. 

Because resolution of contact domains and TSS were higher than loops, we simply over-

lapped the upstream and downstream boundaries with chromatin state track and classified them. 

For contact domains, we were only interested in promoter-enhancer domains. For each gene, we 

classified their activity status based on the chromatin states around the TSS. We classified them 

into 4 categories: active promoter, poised promoter, repressed and heterochromatin states. 
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2.3.17 Analyses involving domain boundary formation based on the orientation of gene 

pairs 

Ensembl gene annotations (v87) of the mm10 reference genome was used to determine the 

longest transcript of a gene. We classified the orientation of each consecutive gene pair as diver-

gent (reverse-forward strand), convergent (forward-reverse strand), and tandem (forward-for-

ward, and reverse-reverse strand). We plot average contact maps of VC-normalized counts and 

O/E values by centering the TSS or TES of the second gene in the gene pair. 

 

2.3.18 Alternative Promoter Analyses 

RefSeq annotated transcripts were used to discover alternative promoters by selecting genes 

with different transcription start sites (TSS) sites (1,046 genes or 4.2% of all RefSeq genes had 

more than one TSS). Because certain genes have more than 2 known and unique transcription 

start sites, we simplified the analysis by selecting genes with only two unique TSS which are at 

least 5Kb apart. Genes that were less than 10Kb at their longest were filtered away (689 genes 

remained). We classified these genes with multiple alternative promoters into 4 different classes 

based on the arrangement in which their TSS overlapped an active promoter ChromHMM state. 

128 (18.6%) did not have either TSS overlap any active promoter states. 99 (14.4%) had their 

upstream TSS, and not their downstream TSS, overlap an active promoter region. 300 (43.5%) 

had their downstream TSS, but not their upstream TSS, overlap an active promoter region. 162 

(23.5%) had both TSS overlapped active promoters. Based on these classifications, we plotted 

VC-normalized mean contact maps and O/E maps to determine the strength of their domain 
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boundaries. We also overlapped these regions with PolII ChIP-seq, PRO-seq (determine pres-

ence and strength of divergent transcription) and DI (strength of domain boundary) values. Con-

tact maps and mean signal values of these genes were all adjusted to the forward orientation. 

 

2.3.19 Analyses of inhibitor experiments 

Primary and replicate inhibitor maps at each individual time-point were found to be repro-

ducible and merged. Because the merged maps are low-resolution quality and have a map-resolu-

tion of 25Kb, HiCCUP Peaks were called using medium resolution parameters while domains 

were called using the unmodified Arrowhead at 5Kb, 10Kb and 25Kb resolutions. Aggregate 

peak analyses (APA) was performed using the APA module of Juicer. APA extracts out a 200Kb 

by 200Kb contact matrices at 10Kb resolution around all peaks and superimposes the images to 

calculate the overall enrichment of the foci over the local background values. To examine the ef-

fect of loops on inhibitors in low-resolution maps, the APA P2LL scores (ranging from 3.85 to 

23.93) in all inhibitor-treated maps were greater than 1, implying the presence of loops. What is 

striking is the increase in enrichment over the local background in all inhibitor-treated maps be-

cause the decrease in intra-domain contacts decreased faster than peak signals at the foci. 

 Mean maps were visualized by first extending the boundaries of domains by 30% in 

both directions, and re-scaling the contact matrices (in 10 Kb resolution) into (16 x 17)/2 bins 

(Length of each bin represents 10% of the domain length). Random domain boundaries were per-

muted using bedtools shuffle based on the size distribution of all domains from control. 
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2.4 Discussion and future perspective: 

CAP-C represents a new method for studying chromatin architecture. CAP-C utilizes a mul-

tifunctional dendrimer platform instead of DNA-bound proteins to crosslink DNA, achieving in-

formative spatial chromatin organization at higher resolution than in situ Hi-C. The high resolution 

achieved with CAP-C is not dependent on the sequencing depth but stems from its ability to pre-

serve abundant informative short-range (1-20 Kb) chromatin contacts.  

RNAPII is a powerful rotational motor whose activity has a significant impact on the topology 

of DNA (49). Using CAP-C, we discovered a role for transcription-induced supercoiling in delin-

eating chromatin domains. The twin-domain supercoiling model predicts that during transcription, 

DNA regions ahead of the polymerase incur positive supercoiling (over-wound DNA) while those 

behind the polymerase incur negative supercoiling (under-wound DNA) (50). At the same time, 

conformational changes existing in the form of writhes in eukaryotes and plectonemes in prokar-

yotes start to form in both directions. Plectonemes (or writhe-like structure) can propagate quickly, 

and almost always faster than the rate of elongation (51). Biophysical models have also suggested 

that plectonemes can be propagated after elongation of just 5 bp (52, 53), explaining why poised 

promoters of bivalent states have also been observed to be insulated at its boundaries. Recent stud-

ies sought to map and measure the distribution of negative supercoiling across the genome using 

microarrays (36, 54) or next generation sequencing (55). These methods use psoralen derivatives 

as a probe to measure under-wound DNA by intercalating base-pairs of double-stranded DNA and 

crosslinking these regions with UV irradiation. In one study, low-resolution (~10 Kb) mapping of 

chromosome 11 in human retinal cells identified large-scale domains with varying degrees of 
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supercoiling (36), strongly resembling high-resolution compartment intervals (10) and compart-

ment domains (12). In addition, high-resolution mapping (150 bp to 1 Kb) showed general enrich-

ment of negative torsional stress detected as unwound DNA at the promoter region of actively 

transcribed genes (54, 56).  

Our study here draws an inexplicable link between transcription-induced supercoiling (tor-

sional stress) and higher-order structures like TADs, offering experimental evidence that transcrip-

tion-induced supercoiling does cause chromatin conformation changes. Locally, self-associated 

domains are a manifestation of writhes that result from unconstrained supercoiling generated from 

RNAPII rotational torsion which helps to increase the contact possibilities between promoter and 

gene body. On the broader level, several proximal gene domains with distal regulatory element 

co-aggregate to form domains that further interact to build insulated neighborhood and TADs, 

while the supercoiling force generated within TADs might push the cohesin handcuff to form loops 

on the boundaries (57). Our findings raise the possibility that chromatin domains might form 

through transcription-induced supercoiling and this mechanism may be common among species 

from prokaryotes to eukaryotes. In species like mouse and human, that have acquired insulator 

proteins such as Ctcf and cohesin during evolution, loop domains might further insulate regulatory 

elements like enhancers with their targeted promoters to elevate their communication.  

CAP-C offers several distinct advantages over conventional 3C-based methods. For chromatin 

packed in a highly crowded environment, DNA-bound proteins block the accessibility of DNA 

motifs for efficient restriction digestion and subsequent ligation in conventional 3C. These proteins 

are stripped away in CAP-C before restriction enzyme digestion, thus exposing all potential re-

striction sites to favor ligation of proximal contacts at all length scales. Unlike conventional 3C, 

CAP-C can also reveal DNA-DNA interactions that are not mediated by protein complexes. The 



115 

association of proximal DNA contacts within the same dendrimer molecule could facilitate deri-

vation of loci-specific interactomes in the future, by enrichment of DNA bait without ligation.  

PAMAM dendrimers allow precise control of the spherical polymer size, with different sized 

dendrimers serving as “molecular rulers” that fit chromatin conformations of various densities and 

potentially “measuring” the physical distances between two genomic loci. Different sized den-

drimers offer an opportunity to discern open and closed chromatin at high resolution. Small den-

drimers such as G3 favor tightly compacted, closed chromatin regions, whereas open chromatin 

regions are packed loosely and enrich for large dendrimers. Future work will explore synthesizing 

even larger dendrimer platforms to probe interactions at large scale to investigate potential com-

munications between chromosome territories. 

Lastly, the CAP strategy is not limited to studying chromatin structure via proximity ligation 

and high throughput sequencing. The crosslinked DNA-dendrimer complexes, which preserve in-

tact chromatin structure, could be purified and coupled with other downstream methods (58) such 

as electronic microscopy or fluorescent microscopy to directly visualize native chromatin structure 

at high resolution. In addition, the surface exposed amines could be functionalized with crosslink-

ing groups for RNA and protein, allowing broad application of the strategy to study all potential 

interactions among large biomolecules. 
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3 A highly sensitive and robust method for genome-wide 5hmC profiling and its applica-

tion on acute myeloid leukemia (AML) study 

3.1 Introduction 

 

5-hydroxymethylcytosine (5hmC), the oxidative product of 5-methylcytosine (5mC) cata-

lyzed by ten-eleven translocation (TET) enzymes, is found in various mammalian tissues and cell 

types. Emerging evidence indicates that 5hmC is not only an intermediate of DNA demethyla-

tion, but also acts as a potential epigenetic mediator, which modulates a spectrum of biological 

processes and human diseases. (1-4) The recent development of high-throughput, genome-wide 

sequencing technologies has enabled genome-wide mapping of 5hmC in mammalian systems. 

(5-11) While applications of these methods have provided key information about the distribution 

of 5hmC and its functional insights, the need for a large amount of cells to obtain sufficient ge-

nomic DNA starting material for 5hmC localization precludes their use with rare cell populations 

including normal and malignant stem cells, homogeneous neuronal cells, and clinical isolates in-

cluding needle biopsies, circulating tumor cells, and cell-free DNA. Therefore, new approaches 

are needed to allow for the detection of 5hmC in rare cell populations. Here, we developed a sen-

sitive and robust 5hmC sequencing approach which allows genome-wide profiling of 5hmC 

based on a previously invented selective chemical labeling. (8) Using a limited amount of ge-

nomic DNA that can be readily isolated from 1,000 cells (nano-hmCSeal). To demonstrate the 

advantage and utility of this strategy, we have applied this approach to compare 5hmC profiles 

between hematopoietic stem cell (HSC) and progenitor cell populations. We found that 5hmC is 

enriched in the gene body of highly expressed genes and the level of 5hmC positively correlates 
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with histone modifications that mark active transcription. Moreover, we observed that the differ-

entiation of murine HSCs to progenitor cells is strongly associated with dynamic alterations in 

5hmC patterns with lineage-specific enhancers marked by pronounced 5hmC peaks. We further 

applied this technology to profile leukemia stem cells from a murine model of Tet2-mutant acute 

myeloid leukemia (AML) and obtained high-quality maps of 5hmC in tumor-initiating cells. 

 

3.2 Result and discussion 

3.2.1 General Scheme of Nano-hmC-Seal 

We modified an engineered Tn5 transposase-based library construction strategy, (12-14) 

which allows fragmentation of genomic DNA into 300–500-bp fragments and appends sequenc-

ing compatible adaptors in a single tagmentation step. (12) Next, to enrich 5hmC-containing 

DNA fragments, we took advantage of the selective 5hmC chemical labeling (hmC-Seal) strat-

egy, which has been previously developed for efficient, unbiased, and genome-wide labeling and 

covalent pull down of 5hmC. (8, 9) Specifically, sequencing adaptors are incorporated through 

the transposase-catalyzed DNA tagmentation. (12)2 The T4 bacteriophage enzyme β-glucosyl-

transferase (βGT) is then employed to transfer an engineered glucose moiety containing an az-

ide-group to 5hmC in duplex DNA, yielding β-6-azide-glucosyl-5-hydroxymethyl-cytosine (N3-

5-gmC), as reported previously. (8)2 Then a biotin tag is installed onto the azide group by using 

Huisgen cycloaddition (click) chemistry. Finally, 5hmC-containing DNA fragments with biotin 

tags are efficiently captured from the random DNA fragments pool by avidin beads. A regular 

PCR amplification reaction generates the library, which is then subjected to high-throughput se-

quencing (Fig.3.1A). 
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Fig. 3.1 Nano-hmC-Seal to Generate Genome-wide 5hmC Maps from Ultra-Low DNA 

Starting Materials (A) Schematic overview of the nano-hmC-Seal approach. (B) Genome 

browser views of 5hmC signals detected in a 30 kb region from libraries generated with 5 ng–10 

mg of starting genomic DNA from mESCs. In blue, the 5hmC profile obtained using regular 

hmC-Seal with 10 mg genome DNA (top). Approximately 5–6 ng of genomic DNA could be iso-

lated from 1,000 mESCs (1,000 cells). (C) Scatterplots showing correlation between nano-hmC-

Seal replicates with Pearson correlation (r) displayed. Each dot represents a 5hmC enriched peak. 

The read counts were transformed to log2 base. From left to right: correlation between replicate 

libraries prepared from 50 ng and 5 ng mESC genomic DNA, and genomic DNA isolated from 

1,000 mESCs, respectively, and between libraries using 1,000 cells with regular hmC-Seal using 

10 mg genomic DNA. 
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3.2.2 Generation of Nano-hmC-Seal Libraries with Ultra-Low Starting Material 

We tested the nano-hmC-Seal approach with 50 ng and 5 ng genomic DNA isolated from 

mouse embryonic stem cells (mESCs) or directly starting from 1,000 mESCs in replicates. We 

found that nano-hmC-Seal enrichment profiles are similar to results obtained from the regular 

hmC-Seal profiling starting with 10 mg mESC DNA (Fig. 3.1B and Fig. 3.2A– C). The 5hmC 

profiles were highly reproducible between replicates (R = 0.979 for 50 ng, 0.863 for 5 ng, and 

0.821 for 1,000-cell samples) (Fig. 3.1C). The pairwise correlation of 5hmC signals in 2,000-bp 

tiling regions across the genome is 0.98 (Pearson correlation coefficient) when comparing the 

two replicates using 50 ng DNA, while regular hmC-Seal libraries showed a correlation of 0.88 

(Fig. 3.2C). The 5hmC signals from 5 ng and 1,000-cell libraries correlated well with those ob-

tained from the regular hmC-Seal libraries (Pearson’s r ranging from 0.76 to 0.82) (Fig. 3.2C), 

albeit with slightly lower levels of correlations likely due to reduced input materials used (Fig. 

3.1C Fig. 3.2C). Furthermore, the fractions of reads in high density 5hmC clusters were calcu-

lated as a measure of specific enrichment. All of the libraries generated by nano-hmC-Seal had 

similar 5hmC enrichment levels compared to the regular hmC-Seal libraries (Fig. 3.2D). We next 

employed the PreSeq (15) package to extrapolate and estimate library complexity (Fig. 3.2E). 

The results showed that libraries using 50 ng DNA have similar complexity as regular hmC-Seal 

libraries. Although libraries built from 5 ng or 1,000 cells displayed lower complexity, deeper 

sequencing of these libraries could still generate enough unique reads for downstream analysis. 

The 5hmC peaks detected from libraries using 50 ng DNA have similar number and quality com-

pared to peaks obtained from regular hmC-Seal libraries; the quality starts to decrease with li-

braries employing 5 ng DNA or from 1,000 cells, but still yields a large number of 5hmC-en-

riched peaks for analysis (Fig. 3.2F). To compare our data sets with the ‘‘gold-standard’’ base-
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resolution 5hmC maps generated by using TAB-seq, (11) 5hmC sites detected by TAB-seq were 

divided into three sets with low (10%–25%), medium (25%–40%), and high (>40%) 5hmC per-

centage. 5hmC signals obtained using nano-hmC-Seal around these sites positively correlate with 

the 5hmC abundance determined by TAB-seq (Fig. 3.2G). In addition, a strong enrichment of 

nano-hmC-Seal signals was also observed at the 5hmC-containging CpG islands (CGIs) detected 

by oxRRBS (Fig. 3.2H). (5) We therefore conclude that nano-hmC-Seal provides a reliable ap-

proach to the genome wide detection of 5hmC using limited genomic DNA materials. 
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Fig. 3.2 Global comparison of conventional hmC-Seal and nano-hmC-Seal sequencing 

data. (A and B) Average profiles (A) and heatmap (B) across gene regions ±2,000 bp for nano-

hmC-Seal libraries. Each row represents a gene, ordered by the mean value signals. Regular 

hmC-Seal libraries were generated from 10 μg genomic DNA and used as references. (C) Ge-

nome-wide correlations (2,000bp tiling windows) of sequencing results obtained using conven-

tional hmC-Seal and nano-5hmC-Seal (with 50 ng and 5 ng DNA as well as genomic DNA iso-

lated from 1,000 cells). (D) Fraction of reads located in 5hmC high-density clusters for libraries 

constructed using different amounts of input DNA. (E) Preseq library complexity curves for dif-

ferent libraries. (F) The number of high confident 5hmC-enriched peaks (right axis) called from 

different libraries and the portion of peaks validated by TAB-seq 5hmC sites (left axis). The 

5hmC-enriched peaks were considered as validated if TAB-seq detected 5hmC sites reside in the 

area of 1000 bp surrounding the peak center. (G) The distribution of nano-hmC-Seal (50ng) sig-

nals at 5hmC sites detected by TAB-seq. 5hmC sites were further divided into low (10 - 25%), 

medium (25 - 40%), high (40% and above) subgroups (5,000 sites were randomly selected for 

each subgroup) (H) The distribution of nano-hmC-Seal (50ng) signals at 562 5hmC-containing 

CGIs detected by ox-RRBS method. 
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3.2.3 Nano-hmC-Seal Reveals Dynamic Hydroxy Methylation Localization at Enhancer 

Sites during Early Hematopoietic Differentiation 

Having validated nano-hmC-Seal with limited starting genomic DNA, we next applied this 

approach to the study of hematopoiesis, a process in which epigenetic regulation plays a central 

role (16, 17). In order to profile the dynamics of 5hmC during hematopoietic cell differentiation 

(Fig. 3.3A), we performed nano-hmC-Seal on cells isolated from mouse bone marrow by fluores-

cence-activated cell sorting (FACS). We analyzed flow sorted HSCs (LSK), common myeloid 

progenitors (CMP), granulocyte-macrophage progenitors (GMP), and megakaryocyte erythroid 

progenitors (MEP), with approximately 5,000 cells isolated from each purified population. Each 

cell type was sequenced in triplicate to monitor biological variability. These libraries yielded a 

total of 226.62 million reads, of which, 92.5% could be aligned to the mouse reference genome. 

A total of 323,854 5hmC peaks in the genome were identified.  
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Fig. 3.3 Nano-hmC-Seal Provides Dynamic 5hmC Profiles during Early Hematopoiesis 

(A) Schematic of the hematopoietic differentiation stages. The cell types investigated in this 

study are outlined. The cell surface phenotypes were LSK (lin- Sca+ cKit+), MPP (lin- Sca+ cKit+ 

CD48+ CD150-), CMP (lin- Sca- cKit+ CD34+ CD16/32-), MEP (lin- Sca- cKit+ CD34- CD16/32-), 

and GMP (lin- Sca- cKit+ CD34+ CD16/32+). (B) Relationship of 5hmC profiles in four different 

types of hematopoiesis stem and progenitor cells. Hierarchical clustering applied to the matrix of 

sample-to-sample distance based on rlog-transformed read counts in 304,069 detected 5hmCen-

riched peaks is shown. (C) Representative examples of 5hmC profile in several loci (from left to 

right: Cebpe, Klf1, and Hlf). (D) Distribution of 5hmC signals at lineage-specific enhancers 

(from left to right: common enhancers, erythroid enhancer, myeloid enhancers, and T/NK cells 

enhancers). The lineage-specific enhancers were determined based on K-means analysis of 

H3K4me1 signals. The genomic locations of enhancers were previously defined. 
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The replicates displayed high similarity of 5hmC signal density in these peaks, thus demon-

strating high reproducibility of our method (Fig. 3.3B). Of note, the 5hmC pattern of LSK bears 

more resemblance to the 5hmC pattern of CMP, and the 5hmC pattern of GMP cells are closer to 

that of CMP than LSK, whereas the 5hmC pattern of MEP is distinct from the other three line-

ages (Fig. 3.3B), indicating that the transition from CMP to MEP is associated with significant 

changes in 5hmC localization. Furthermore, at the differentially methylated regions (DMRs), 

which distinguish between GMP and MEPs obtained using RRBS (17), the 5hmC density 

showed an inverse comparative pattern in comparison with 5mC changes (Fig. 3.4A–C). Our re-

sults represent comprehensive genome-wide 5hmC maps obtained during in vivo differentiation 

of HSCs to committed progenitors.  

 



128 

 

Fig. 3.4 5hmC levels correlate with DNA methylation and with histone marks in HSC 

and progenitor cells. (A) Boxplot to show the level of DNA modification (5mC+5hmC) at hypo 

(upper) and hyper (lower) DMRs. (B-C) The distribution of 5hmC (B) and H3K4me1 (C) signals 

at hypo (upper) and hyper (lower) DMRs. (D) Heatmap displaying the reads density distribution 

of 5hmC and indicated histone modifications in all annotated genes ordered by decreasing ex-

pression in LSK, CMP, GMP cells and MEP cells. Each row represents a gene. Due to lack of 

LSK histone modification data in published datasets, LSK hmC data was compared with histone 

modification data obtained from MPP cells. (E) Scatter plot displaying the correlation of 5hmC 

with H3K4me1, H3K4me2, H3K4me3 and H3K27ac in LSK, CMP, GMP cells and MEP cells. 

Each dot represents a gene. Due to lack of LSK histone modification data in published dataset, 

LSK hmC data was compared with histone modification data obtained from MPP cells. All val-

ues are represented as log10 RPKM. The spearman rank correlation coefficient is shown (ρ) in 

each comparison. 

 

We next examined differential 5hmC localizations at genes encoding master transcriptional 

factors known to be expressed or silenced during HSC differentiation (18, 19)2. For example, 

5hmC was observed at the highest level across the gene body of the Cebpe gene in GMP; Cebpe 
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encodes a bZIP transcription factor responsible for the lineage determination of GMP cells (19, 

20) (Fig. 3.3C). In contrast, Klf1, a gene encoding a transcription factor critical for erythropoie-

sis, showed an increased 5hmC deposition at genic-proximal regions in MEP. Moreover, we ob-

served a stepwise loss of 5hmC across the intragenic regions of Hlf, a gene essential for main-

taining HSC function (21). To assess the regulatory role of 5hmC during differentiation, we com-

pared 5hmC levels for each gene with previously reported chromatin immunoprecipitation se-

quencing (ChIP-seq) signals of histone modifications (19). The distributions of 5hmC and his-

tone modifications were plotted ±2 kb around annotated genes and sorted based on their expres-

sion levels (Fig. 3.4D). As expected, 5hmC is enriched in the gene-body of highly expressed 

genes. In all cell types, there is a positive correlation of gene-body 5hmC with histone modifica-

tions that mark gene activation, especially for H3K4me1 (Fig. 3.4D-E).  
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Fig. 3.5 The distribution of 5hmC and histone modifications at selected genomic re-

gions. (A) Heatmap displaying read densities of ATAC-seq, 5hmC and histone modifications 

around the ATAC-seq signal-enriched peaks. ATAC-seq peaks were divided into four clusters by 

k-means clustering and ranked according to decreased ATAC signal values. Due to lack of LSK 

histone modification data in the published dataset, LSK ATAC-seq and hmC data were com-

pared with histone modification data obtained from MPP cells. (B) Heatmap displaying read den-

sities of 5hmC, H3K4me1, H3K4me2, H3K4me3 and H3K27Ac around DhMRs across differen-

tiation stages. Clusters were generated by k-means clustering of 5hmC signals. Histone modifica-

tion datasets were arranged to match the order of 5hmC heatmap. (C-D) Functional annotation of 

DhMRs in each cluster was performed using GREAT. The top over-represented categories be-

longing to Gene Ontology biological process (C) and Mouse Genome Informatics phenotype on-

tology (D) are shown. The x axis values correspond to the log10-transformed binomial P-values. 

 

We next probed the relationship between 5hmC distribution and chromatin accessibility de-

tected by assay for transposase-accessible chromatin (ATAC)-seq (13, 19). We divided ATAC-

seq peaks into four groups based on signal intensity and found that 5hmC is depleted in the cen-

ter of ATAC-seq peaks with high chromatin accessibility but enriched in ATAC-seq peaks with 
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lower signal intensity in all cell stages (Fig. 3.5A). The distribution of H3K4me1 peaks showed 

similar patterns with depletion in the center of ATAC-seq peaks, but not for other active histone 

makers (Fig. 3.5A). These observations are consistent with previous findings that 5-formylcyto-

sine (5fC) and 5-carboxylcytosine (5caC), the further oxidized intermediates in active demethyl-

ation, mark open chromatin sites (22), whereas 5hmC tends to mark less active or ‘‘poised’’ 

chromatin elements (7, 11, 22) and enriches around, but not on the transcription factor binding 

sites (11). Next, we studied the potential association between changes in 5hmC sites and in his-

tone modifications during differentiation (Fig. 3.5B). We identified 21,791 regions that display 

differential 5hmC peaks across different differentiation stages. Clustering of these regions by 

their dynamic 5hmC profiles revealed four clusters. 5hmC sites in cluster I do not show noticea-

ble trends of 5hmC changes, nor correlation patterns to reported histone modification differ-

ences. Gene set enrichment analysis with the Genomic Regions Enrichment of Annotations Tool 

(GREAT) (23) showed that genes associated to these 5hmC sites had enriched for genes with a 

role in immune system development and related to abnormalities in hematopoietic cell number 

and immune cell physiology (Fig. 3.5C). H3K4me1 and H3K4me2 signals show similar correla-

tion patterns with respect to differential 5hmC in clusters II–IV (Fig. 3.5B). However, cluster III 

comprises peaks with the highest 5hmC level in LSK cells, which gradually reduces during dif-

ferentiation. GREAT annotation of these peaks showed association with genes highly enriched 

for leukocyte differentiation. Cluster II comprises sites with increased 5hmC signals during dif-

ferentiation from CMP to MEP cells, and cluster IV contains sites with gradually increasing 

5hmC signals upon differentiation from LSK to GMP cells, but with slightly reduced 5hmC sig-

nals in MEP cells. Cluster II sites are linked to genes essential for erythrocyte differentiation and 
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cluster IV sites are related to genes whose knockout phenotypes exhibit defects in immune toler-

ance and acute inflammation (Fig. 3.5C). Both clusters contain regions that are pre-marked with 

relatively low levels of 5hmC in the stem cell stage; however, the 5hmC level increases upon dif-

ferentiation to GMP or MEP cells, which is accompanied by the appearances of H3K4me1 and 

H3K4me2 marks that were not observed at the stem cell stage. These observations may suggest 

that 5hmC precede H3K4me1/2 at these regions in the chromatin activation process during HSC 

differentiation. In general gene-body 5hmC changes correlate with histone mark changes. Previ-

ous studies have shown that enhancer dynamics during hematopoiesis are critical for the differ-

ential access of transcriptional factors that drive lineage specification (19). Furthermore, studies 

in mESCs have suggested that the establishment and maintenance of enhancer regions primarily 

depend on TET-mediated active demethylation, and that the activity of these enhancers corre-

lates with the abundance of 5hmC (24, 25). Analysis of genome-wide data obtained by nano-

hmC-Seal allowed us to observe that 85.6% (41,450/48,415) of predicated enhancers (19), de-

fined by enriched H3K4me1/2 histone modification signatures, are co-localized with 5hmC 

peaks in hematopoietic cells. We therefore hypothesized that dynamic changes in lineage spe-

cific enhancers during hematopoiesis (particularly those marked by H3K4me1) are associated 

with corresponding changes in 5hmC. Indeed, 5hmC signatures at common enhancers are re-

markably similar across all cell types, whereas 5hmC signatures were gradually established in 

the myeloid specific enhancers during myeloid transition from LSK to GMP cells, but not in 

MEP cells (Fig. 3.3D). Moreover, 5hmC is highly enriched in erythroid specific enhancers in 

MEP cells, indicating a strong correlation of 5hmC distribution with lineage commitment. Fur-

ther analyses verified that 5hmC signals detected in these cells are not enriched at enhancers spe-

cific for T or NK cells (Fig. 3.3D). 
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3.2.4 Nano-hmC-Seal Analysis of Murine Leukemia Stem Cells with Tet2 Loss and Flt3ITD 

Mutation 

After mapping 5hmC dynamics during normal hematopoiesis, we next chose to focus our 

attention on AML, a disease marked by recurrent mutations in epigenetic regulators. We there-

fore applied nano-hmC-Seal to dissect how Tet2 loss, combined with other known AML disease 

alleles, could potentially dysregulate 5hmC and contribute to leukemogenesis. To this end, we 

generated global 5hmC maps of MPP and GMP isolated from wild-type mice and T2F3 mice (a 

murine AML model harboring Tet2 and Flt3ITD mutations;(26)). Of note, previous studies have 

shown that MPP, but not GMP, from Tet2 and Flt3ITD mice have leukemia stem cell (LSC) po-

tential with the ability to serially transplant in vivo (26). Unsupervised hierarchical clustering of 

a 5hmC-enriched region demonstrated clear separation of leukemic T2F3 samples from wild-

type (WT) samples in both cell types (Fig. 3.6A). To pinpoint specific loci that display differen-

tial 5hmC profiles between leukemic samples and WT samples, we proceeded to identify and 

characterize differentially hydroxymethylated regions (DhMRs). A total of 9,204 DhMRs were 

found in MPP and 5,008 DhMRs in GMP (Fig. 3.6B-C). We compared DhMRs in MPP with 

those identified in GMP and found that the majority (>80%) of these DhMRs are not shared be-

tween the two cell types, suggesting distinct 5hmC deposition and maintenance in these two cell 

types isolated from this AML model. Regions with 5hmC-loss and 5hmC-gain in MPP and GMP 

were examined for enrichment in lineage specific enhancers. Regions with increased 5hmC in 

MPP were found preferentially overlapping with the myeloid specific enhancers, while losses of 

5hmC in MPP were enriched for the erythroid-related enhancers (Fig. 3.6D). These results sug-

gest that the alterations of 5hmC deposition may favor an aberrant differentiation toward mye-

loid cells at the expense of erythroid cells, a conclusion consistent with previous observations of 
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increased GMP and reduced MEPs in T2F3 mice (26). To better understand the regulatory se-

quence codes that are associated with 5hmC changes, we performed de novo motif analysis 

within these DhMR regions. The most enriched recognition motifs in loci with reduced 5hmC 

matched the binding sites of known regulators implicated in AML pathogenesis, including 

GATA and MYB (Fig. 3.6E). In contrast, we detected a known PU.1 motif (AGAGGAAGTG, p 

= 1X10-106) in the regions that gained 5hmC (Fig. 3.7B), supporting the notion that reciprocal an-

tagonism between PU.1 and the GATA family is critical for the myeloid lineage commitment in 

normal and malignant hematopoiesis (27). Interestingly, we detected a PU.1:IRF composite mo-

tif in the regions that gained 5hmC (Fig. 3.6E).  
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Fig. 3.6 Nano-hmC-Seal Reveals 5hmC Redistribution in a Murine AML Model. (A) 

Comparison of 5hmC profiles in bone marrow MPP and GMP cells from WT and Tet2-/-; Flt3ITD 

mice. Hierarchical clustering applied to the matrix of sample-to-sample distance based on 

rlogtransformed read counts in 272,087 detected 5hmC-enriched peaks is shown. (B) Venn dia-

gram showing the overlap of detected DhMRs between MPP and GMP cells. (C) Distribution of 

5hmC signals at DhMRs (left: 5hmC loss and right: 5hmC gain) in MPP cells. (D) Relative en-

richment of the genomic overlap between DhMRs and lineage-specific enhancers. Only DhMRs 

with at least 2-fold 5hmC change, adjust p < 0.1, and mean of normalized counts >20 were used 

for analysis. All 5hmC peaks were used as control set. (E) De novo motif analysis by HOMER at 

DhMRs (left: 5hmC loss and right: 5hmC gain) in MPP cells. 
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We also observed an accumulation of 5hmC at the edge of DNA methylation canyons, 

which is a recently reported epigenetic feature of AML driven by mutations in epigenetic regula-

tors (28). Although no significant variations of 5hmC were noticed within the canyon, a decrease 

of 5hmC outside the canyon boundary region was observed in AML samples compared to the 

WT (Fig. 3.7C), suggesting that the disruption of 5hmC distribution in the leukemia model may 

affect the maintenance of methylation canyons. To further confirm the functional influence of the 

observed 5hmC alternation, we performed RNA-seq of mRNA obtained from the same cells. As 

expected, the alternation of 5hmC positively correlated with gene expression (Fig. 3.8A). In 

MPP, we identified 366 differentially expressed genes that were associated with significant 

5hmC changes. We performed gene ontology analysis (GO) and found that these genes are en-

riched in functions such as cell adhesion, inflammatory response, and regulation of immune ef-

fector process (Fig. 3.8B-C). Consistent with the motif analysis, we also confirmed the downreg-

ulation of Gata1/Gata2 and upregulation of Irf8 (Fig. 3.8D). Together, these results highlight the 

utility of nano-hmC-Seal as a sensitive tool to map 5hmC distribution and dynamic methyla-

tion/demethylation in rare cell populations. 
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Fig. 3.7 The relationship between 5hmC and functional regulatory elements in WT or 

AML model mice. (A) The activity of lineage specific enhancers during hematopoiesis. 

Heatmap showing lineage-specific hematopoiesis enhancers with k-means cluster analysis of 

H3K4me1 signals (K=9). The genomic location of hematopoietic enhancers and H3K4me1 

ChIP-Seq dataset were obtained from a previously published study (Lara-Astiaso et al., 2014). 

K-mean cluster analysis is performed by R package “pheatmap”. (B) Top enriched known tran-

scription factor binding motifs detected at DhMRs (left: 5hmC loss; right: 5hmC gain) in MPP 

cells. Motif information was obtained from the Homer motif database. (C) Normalized distribu-

tion profiles of 5hmC in MPP cells across DNA methylation canyon regions detected in hemato-

poietic stem cells. The genomic location of DNA canyon was obtained from a previously pub-

lished study (Jeong et al., 2014). 
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Fig. 3.8 Alternations of 5hmC in Gene Body Correlate with Gene Expression Changes 

in AML Model. (A) Cumulative distribution of 5hmC gain genes (blue) and 5hmC loss genes 

(red) correlate with expression changes in MPP cells from Tet2-/-; Flt3ITD (T2F3) mice versus 

WT mice. All genes were used as control. p values were calculated versus all genes (two-sided 

Wilcoxon rank-sum test). (B) GO enrichment analysis of 366 differentially expressed genes 

(|fold change| >2 and adjust p < 0.1) associated with significant 5hmC changes (adjust p < 0.1) in 

MPP cells. (C) Functional gene networks derived from GO enrichment analysis. The border 

color of the nodes denotes the upregulation (red) or downregulation (green) of genes in MPP 

cells from Tet2-/-; Flt3ITD versus WT mice. The genes in the same terms were linked to each 

other. The genes within the same clusters are surrounded by a common background color. (D) 

Heatmap of RNA expression to compare gene expression of hematopoietic transcriptional regu-

lators in different samples. The genes and samples were clustered by Euclidean distance using 

centered rlog-transformed expression counts. 
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3.2.5 Apply Nano-hmC-Seal on prognosis of clinical outcome for AML patients with DAC 

treatment. 

As Nano-hmC-Seal is proved to be a sensitive tool to map 5hmC distribution and dynamic 

methylation/demethylation in AML mice model, we then turned to apply this method to probe 

differential 5hmC in normal and pathologic disease states with limited samples and provide a ro-

bust platform to assess 5hmC localizations in tumor models and clinical samples in order to iden-

tify target loci and biomarkers with biologic and therapeutic relevance. We took bone marrow 

(BM) and peripheral blood (PB) from AML patients who received mito+hiDAC for treatment. 

As mito and hiDAC are both FDA approved drugs for potential AML cure by changing the dis-

tribution of epigenetic markers, we designed to utilize Nano-hmC-Seal to map the differential 

5hmC regions between patient samples before and after treatment. In addition, we also noticed 

that the clinical outcome is different among patients after mito+hiDAC treatment. The post-diag-

nosis displayed three outcomes: CR (complete remission), CRi (partially remission) and TF 

(treatment failure). Based on that, studying differential of 5hmC distribution in above 3 classifi-

ers could potentially help determining the prognosis outcome of mito+hiDAC treatment. Thus, it 

would benefit patients who are sensitive to the drug and at the same time, avoid tragic for poten-

tial treatment failure for patients who are resist to the drug. 

Firstly, as a pilot study, we obtained DNA of bone marrow (BM) and peripheral blood (PB) 

from 85 AML patients who received mito+hiDAC treatment and performed Nano-hmC-Seal. 

Based on the 5hmC profiling data, we selected 1,050 differential gene among 48 AML samples 

(Bone marrow and before mito+hiDAC treatment). Via Hierarchical Clustering analysis, we 

found genes in cluster II shows distinct patterns in subgroups divided by diagnosis or treatment 

response (Fig. 3.9A-B).  In addition, we carried out the PCA analysis for genes in cluster II and 
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found that CR (complete remission) samples showed distinct signatures and could be distin-

guished from TF (treatment failure) samples (Fig. 3.9C). To explore the function of 5hmC 

dysregulated genes, we performed GO term analysis for the differential 5hmC genes between TF 

and CR patients. We found that the leukemia related pathways such as lymphocyte activation 

and cytokine signaling were highly enriched in the up-regulated genes of CR patients (Fig. 

3.9D). 

 

Fig. 3.9 Differential 5hmC genes in AML patients. (A) Clustering result of 1,050 differen-

tial 5hmC genes in 48 bone marrow samples of AML patients. Three differential genes clusters 

(I, II, III) were detected. (B) Boxplots to show normalized 5hmC levels of genes in cluster II. 

Samples were divided into subgroups according to the clinical information. (C) PCA plot of 

5hmC levels of genes in the middle cluster from CR and TF samples. (D)GO enrichment analysis 

of 199 genes in the middle cluster. 

 

Next, we turned to utilize 5hmC characteristics to predict the response to treatment in AML 

patients. We divided 85 samples from batch 1 into training group (68 samples) and validation 

groups (17 samples). 40 additional samples from batch 2 were used as an independent testing set. 
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By using XGBoost algorithm, the prediction performance achieved AUC = 0.97 for validation 

sets and 0.93 for independent test set (Fig. 3.10A).  In contrast, models trained with random la-

beled samples showed a poor performance (AUC = 0.48). By applying our model, patients with 

TF response have significant lower predicted probability compared to CR and CRi patients (Fig. 

3.10B), while the RR patients (Relapsed/Refractory) have lower probability compared to denovo 

patients (Fig. 3.10C). Noticeably, our results show that samples obtained from peripheral blood 

(PB) were similar with bone marrow (BM) samples (Fig. 3.10C), indicating that our prognosis 

method could be successfully applied to PB samples. In addition, top genes were selected ac-

cording to the contribution in the model (Fig. 3.10D, E). The performance of classifier is stable 

with only five genes which show highest contribution (Fig. 3.10F).  
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Fig. 3.10 Prediction of treatment response for AML patients. (A) Performance of 5hmC clas-

sifier to predict AML treatment response. A prognosis model with 5hmC data of AML patients 

was trained by using XGBoost algorithm. 68 and 17 samples were used as training and validation 

set from batch 1, 40 samples from batch 2 were used as an independent testing set. ROC curve 

was used to evaluate the performance of our model. (B)The predicted CR (complete remission) 

probability from 5hmC classifier shows a significant difference between CR, CRi (complete re-

mission with incomplete blood count recovery) and TF (treatment failure) patients. (C)The prob-

ability was similar in bone marrow (BM) and peripheral blood (PB) samples. The RR samples 

(relapsed/refractory) show lower probability compared to denovo AML samples. (D)The top 400 

important genes in model training were selected to plot the heatmap of 5hmC in 125 AML sam-

ples. CR and TF samples were clearly separated. (E) Bar plot showing the F score of top 15 im-

portant genes based on their contribution (feature importance) in model training. (F) Classifier 

performance is stable upon reducing the number of contributive genes. 

 

 

Lastly, we compared the prognosis performance between classifier based on 5hmC profiling 

and RNA-Seq. We performed RNA-Seq in 59 AML samples.  The performance of RNA classi-

fier is similar to 5hmC classifier (RNA AUC=0.91, 5hmC AUC=0.87). However, if we build 

combination classifier based on both 5hmC-profiling and RNA-Seq, the model showed best per-

formance (AUC=0.98) (Fig. 3.11A). 54.76% of contributed features are obtained from 5hmC-
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profiling data. In addition, 72 genes were both detected in RNA and 5hmC classifier (Fig. 

3.11A), including HMGA2, KCTD1, ARHGAP32 and EBF1 (Fig. 3.11B). We further obtained 

published RNA-Seq and clinical information of AML patients from TCGA database. In this da-

taset, patients with abnormal expression of these genes also showed poor prognosis (Fig. 

3.11D).   

 

 
Fig. 3.11 Prognosis classifier between 5hmC and RNA-seq. (A) RNA-Seq was performed in 

59 samples. The Classifiers were trained by 5hmC features only, RNA features only and the 

combination of 5hmC/RNA features. The combination classifier achieves the best performance. 

The pie chart shows the proportion of 5hmC and RNA features in the combination model. 1,234 

5hmC features and 878 RNA features were detected as contributive genes in the classifier sepa-

rately. 72 genes were detected in both classifiers and top 10 genes were showed. (B) Both RNA 

and 5hmC features of these 4 genes contribute significantly to the combination model. The 

5hmC and RNA level of these genes are significantly different Between TF and CR patients. (C) 

The normalized 5hmC values of HMGA2 between CR and TF samples. (D) The survival curves 

based on TCGA Acute Myeloid Leukemia data. The samples were divided into two groups based 

on gene expression level. 
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3.3 Experiment section 

3.3.1 Nano-hmC-Seal Protocol  

Genomic DNA is extracted from cells using Quick-gDNA MicroPrep (Zymo) according to 

the manufacture’s instruction. Tagmentation reactions were performed in a 50 ml solution with 

13 tagmentation buffer from Nextera DNA Sample Preparation Kit (FC-121-1031). The input 

DNA ranged from 5 ng to 50 ng. Reactions were performed and purified according to the manu-

facturer’s instruction. In brief, the fragmentation reaction was performed in 50 ml solutions con-

taining 25 ml 23 tagmentation buffer, gDNA, and 0.5-5 3l Tagmentase, at 55 ˚C for 5 min. The 

fragmented DNA was eluted into 17.5 ml ddH2O. The glucosylation reactions were performed in 

a 20 ml solution containing 50 mM HEPES buffer (pH 8.0), 25 mM MgCl2, purified DNA, 100 

mM N3-UDP-Glc, and 1 mM βGT, at 37 ˚C for 1 hr. After the reaction, 2 ml DBCO-PEG4-bio-

tin (Click Chemistry Tools, 20 mM stock in DMSO) was added to the reaction mixture, and the 

mixture was incubated at 37 ˚C for 2 hr. Next, the modified DNA was purified by a Micro Bio-

Spin 30 Column (Bio-Rad). The purified DNA was incubated with 5 ml C1 Streptavidin beads 

(Life Technologies) in 2X buffer (1X buffer: 5 mM Tris [pH 7.5], 0.5 mM EDTA, and 1 M 

NaCl) for 15 min according to the manufacture’s instruction. The beads were subsequently un-

dergone six 5 min washes with 1X buffer. All binding and washing were done at room tempera-

ture with gentle rotation. The captured DNA fragments were amplified with 12–17 cycles of 

PCR amplification using the enzyme mix supplied in the Nextera kit. The PCR products were 

purified using AMPure XP beads according to the manufacture’s instruction. Separate input li-

braries were made by direct PCR from fragmented DNA without labeling and capture according 



145 

to the manufacture’s instruction in the Nextera kit. DNA concentration of each library was meas-

ured with a Qubit fluorometer (Life Technologies). Sequencing was performed on the HiSeq in-

strument.  

 

3.3.2 Cell Culture  

mESCs were cultured in feeder-free gelatin-coated plates in Dulbecco’s modified Eagle me-

dium (DMEM) (Invitrogen Cat. No. 11995) supplemented with 15% fetal bovine serum (FBS) 

(Gibco), 2 mM L-glutamine (Gibco), 0.1 mM 2-mercaptoethanol (Sigma), 13 nonessential amino 

acids (Gibco), 1,000 units/ml LIF (Millipore Cat. No. ESG1107), 13 pen/strep (Gibco), 3 mM 

CHIR99021 (Stemgent), and 1 mM PD0325901 (Stemgent). Half of the medium was changed 

every day for 5 days before harvesting mEBs by sedimentation.  

 

3.3.3 Isolation of Hematopoietic Progenitor Cells  

Mouse strains, antibody staining, and FACS protocol were as previously described (Shih et 

al., 2015). Briefly, leg and arm bones were isolated from mice and bone marrow was isolated by 

centrifugation at 6,000 rcf for 1 min. Cells were then lysed in ACK lysis buffer. Stem cell enrich-

ment was performed using the Progenitor Cell Enrichment Kit (STEMCELL Technologies). An-

tibodies used for flow cytometry were as follows: (anti-mouse) Gr1 (Ly6G), B220 (RA3-682), 

CD34 (RAM34), CD16/32 (93) Sca-1 (D7), cKit (2B8), Mac-1 (CD11b) (M1/70), NK1.1 

(PK136), Ter119 (Ter119,553673), CD3 (145- 2C11), CD150 (TC-15-12F2.2), and CD48 

(HM48-1) from BioLegend and eBioscience. The ‘‘lineage cocktail’’ included CD3, Gr-1, Mac-

1 (CD11b), NK1.1, B220, and Terr-119. FACS was performed on a BD FACSAria sorter. DNA 

and RNA were isolated using the AllPrep DNA/RNA Mini Kit from QIAGEN.  
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All animal procedures were conducted in accordance with the Guidelines for the Care and 

Use of Laboratory Animals and were approved by the Institutional Animal Care and Use Com-

mittees at Memorial Sloan Kettering Cancer Center.  

 

3.3.4 RNA-Seq and Analysis  

RNA-seq libraries were constructed by TrueSeq Stranded mRNA Sample Preparation Kit 

(Illumina). The reaction was performed according to the manufacture’s instruction. Sequencing 

reads were aligned to mm9 genome by STAR (29). Count matrices were generated by summa-

rizeOverlaps functionality from R package GenomicAlignments (30). Differential expression 

analysis was performed by R package DESeq2 (31).  

 

3.3.5 Data Processing and Analysis  

Illumina reads were post-processed and aligned to the mouse mm9 assembly using the bow-

tie program with default parameters. To visualize sequencing signals in the genome browser, we 

generated bedGraph files with HOMER (32). deepTools (33) software was used to plot the 

heatmap of signal distribution, perform K-means clustering, and calculate genome-wide correla-

tions (2,000-bp tiling regions). The identification of 5hmC-enriched regions (peaks) in each sam-

ple was performed using MACS (34). Peaks that were detected by all replicates were considered 

as high confident peaks. Peaks from all samples were combined into one unified catalog for each 

study separately by ‘‘mergePeak’’ functionality from HOMER (32) 2. Potential library complex-

ity was determined by using the PreSeq (15) package with extrapolate function. To show the cor-

relation between Nano-hmC-Seal and standard hmC-Seal in mESC (or between replicates), tag 

counts in merged high-confident peaks were calculated by HOMER. The log2 transform values 
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were then used to generate scatterplots and calculate the Pearson correlation. The data set of 

standard hmC-Seal using bulk mESCs was obtained from a previously published study (35). The 

fractions of reads in high density 5hmC clusters were calculated as a measure of specific enrich-

ment. High density 5hmC cluster were regions that contained at least five TAB-Seq detected 

5hmCs, each within 200 bp of each other. To detect 5hmC-containing CGIs from an ox-RRBS 

data set, R package methylKit (36) was used for analysis.  

To assess overall difference between samples, we calculated the Euclidean distance based on 

rlog-transformed 5hmC signals and visualized the distance in a heatmap figure by using an R 

package ‘‘pheatmap’’. To detect the genotype-specific DhMR or genes, the Bioconductor 

DESeq2 packages was used for analysis. Functional annotation of DhMRs was obtained with 

GREAT (23). To detect DMR from an RRBS data set, R package methylKit (36) was used for 

analysis. The HOMER software was used to perform de novo motif analysis at ±500bp around 

DhMR. GO term analyses were performed by DAVID (37) and visualized as functional gene 

network by FGNet (38). 

3.3.6 Definition of Lineage Specific Enhancer Subgroups  

The genomic locations of 48,415 enhancers identified across 16 stages of hematopoietic dif-

ferentiation were previously defined (19). To be consistent with previous studies, these enhanc-

ers were further grouped into nine major clusters based on log-transformed H3K4me1 level us-

ing K-means cluster, as described before (19).  
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3.4 Discussion and future perspective 

Several methods have been developed to map 5hmC genome wide. Bisulfite-based ap-

proaches such as TAB-seq (11) and oxBS-seq (5) provide the most comprehensive and quantita-

tive information because they are able to detect 5hmC at single-base resolution. However, these 

methods can be prohibitively expensive due to the requirement for high sequencing coverage. 

The oxidation and bisulfite treatments also lead to substantial degradation of genomic DNA, 

which limits their utility to investigate systems with limited input materials. By contrast, enrich-

ment-based profiling methods require lower sequencing costs and can be routinely applied to 

5hmC studies. However, antibody-based enrichment still requires microgram levels of input ge-

nomic DNA and can introduce sequence biases. In addition, it cannot be used to profile biologi-

cal processes or clinical samples where target cells or input DNA exist in rare quantities and of-

ten are difficult-toobtain. We show here that nano-hmC-Seal, an approach based on selective 

chemical labeling and capture, provides a highly sensitive and robust method to profile 5hmC 

with a few nanograms of genomic DNA (~1,000 cells). We have demonstrated the utility of this 

method in the study of HSC differentiation from mouse models. Importantly, we show that the 

covalent labeling and pull-down technology could be widely applied to profile 5hmC in sorted 

homogenous neurons and stem cells, clinical biopsy samples, circulating tumor cells, and cell-

free DNA. We anticipate expansion of this approach into the study of dynamics of 5mC with 

limited input DNA materials when combined with Tet-mediated covalent labeling of 5mC 

(TAmC-seq) (39). Because 5hmC serves as a potential indicator of active DNA demethylation, a 

crucial mechanism commonly associated with transcriptional activation, the distribution patterns 

of 5hmC not only provide a global view of gene activation, but also uncover insight into the use 

of lineage/disease-specific enhancers and promoters. As such, differential 5hmC patterns reflect 
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the underlying gene expression patterns and the binding activities of transcription factors at en-

hancer regions, especially for pioneer factors. Our studies using nano-hmC-Seal in normal HSC 

and progenitor cells and in AML LSCs allowed us to define multiple specific loci with dynamic 

changes in 5hmC patterns that are enriched in enhancers and gene bodies with a known or puta-

tive role in normal and malignant hematopoiesis and which strongly correlate with differential 

gene expression. Therefore, integrated states of 5hmC at enhancer and gene-body regions in pa-

tients can potentially unravel the molecular mechanisms that drive transformation from normal 

stem/progenitor cells to different malignancies. Our results reveal new insights of 5hmC dynam-

ics during HSC differentiation: (1) gene-associated 5hmC is positively correlated with active his-

tone modifications, in particular with H3K4me1/2 changes. The genes proximal to these regions 

are annotated to blood cell functions including leukocyte/erythrocyte differentiation and immu-

nological disorders and (2) 5hmC peaks tend to locate in genomic regions that are marked by less 

strong ATAC-seq signal intensity and are depleted in the center of ATAC-seq peaks that may 

mark high chromatin accessibility. We identified regions with gain and loss of the Tet2-deficient 

LSCs, indicating that the inactive mutation of Tet2 does not simply lead to loss of 5hmC, but in-

stead drives a redistribution of this modification (40). In addition, we identified PU.1 motifs, a 

key factor required for the generation of myeloid and lymphoid cells (27), as significantly en-

riched at sites with increased 5hmC. PU.1 is known to drive different normal and pathogenic 

hematopoietic functions by co-binding with various transcription factors including c-Jun, 

C/EBPA, GATA1/2, and IRF4/8 (41). The identification of a significant PU.1: IRF (p = 1 X 10-

321) motif discovered by de novo motif analysis in these loci implies a specific PU.1 regulatory 

mechanism associated with active demethylation and 5hmC distribution. It will be of interest to 
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investigate whether the PU.1/IRF complex has a functional role in leukemogenesis. These obser-

vations also open an interesting question about how the binding of PU.1, which was reported to 

physically interact with TET2 (42), contributes to 5hmC redistribution induced by inactivation of 

TET2. One possible explanation is that PU.1 might also interact with other Tet proteins, thus 

leading to a unique genomic binding pattern in the absence of TET2. Our 5hmC profiling further 

showed that regions with loss of 5hmC in AML stem cells exhibit significant enrichment of 

binding motifs for GATA factors, which are known to be mutated and altered by translocations 

and differential expression in AML (43). This result underscores our previous observation that 

LSCs have reduced expression of Gata2 in the same AML mice models, and that restoration of 

Gata2 expression abrogates leukemogenesis in Tet2/Flt3- mutant AML (26). Together, these 

findings suggest a multi-layered epigenetic regulation of GATA factors by repressing transcrip-

tion initiation and silencing of downstream binding sites. These studies demonstrate the utility of 

nano-hmC-Seal or similar approaches based on covalent 5hmC labeling to probe differential 

5hmC in normal and pathologic disease states with limited samples and provide a robust plat-

form to assess 5hmC localizations in tumor models and clinical samples in order to identify tar-

get loci and biomarkers with biologic and therapeutic relevance. 
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